
 
 
 
 
 
 
 

THE EFFECT OF SOLUBLE ORGANIC CARBON SUBSTRATES AND 

ENVIRONMENTAL MODULATORS ON SOIL MICROBIAL FUNCTION  

AND DIVERSITY 

 
 
 
 
 
 

Frances Carmen Hoyle     B. Sc. (Biology); M. Sc. (Agriculture) 

 
 

This thesis is presented for the degree of Doctor of Philosophy in Soil Biology  

University of Western Australia 

School of Earth and Geographical Sciences  

Faculty of Natural and Agricultural Science 

 
 
 
 
 

 Submitted June 2006 

 



DECLARATION 

I, Frances Carmen Hoyle, declare that this thesis was composed by me and that the research 

detailed within was designed, conducted and interpreted by myself, except in instances where 

the work and contribution of others has been acknowledged. 

 

 

Frances C. Hoyle 

ii 



ACKNOWLEDGEMENTS 

This research was a component of a Grains Research and Development Corporation Research 

Grant funded through the Soil Biology Initiative to investigate the role of soil biology in Western 

Australian arable farming systems (UWA395). Additional funding was received from the 

Department of Agriculture and Food Western Australia and the University of Western Australia.  

 

I would like to express my immense gratitude to Dr. Daniel Murphy for his enthusiasm, 

guidance, advice, discussions, friendship and support throughout my candidature. Also thanks 

to Alison Murphy for her friendship and listening capacity in helping me achieve this goal. 

Thanks also to Dr. Ian Fillery, Prof. Phil Brookes and Prof. Lyn Abbott for their patience and 

valued comments to this manuscript and various publications.  

 

Thanks to Dr. Richard Cookson for training in the extraction and analyses of phospholipid fatty 

acids from soil and for advice in statistical analyses. Radioisotope work was conducted using 

facilities provided by CSIRO (Western Australia), with support from Jan Briegel. Thanks to Lidia 

Bednarek for 15N/14N mass spectrometry analyses. The contributions of Dr. Nui Milton, Dr. 

Tamara Flavel, Jaymie Norris and Michael Smirk are acknowledged for their technical advice. 

The contributions of Glenn Riethmuller and the staff at the Merredin Research Station are also 

acknowledged. Their contributions include access to the long term stubble management trial at 

Merredin and historical grain yield and site history. Thanks to the many staff and fellow students 

who made the University a great place in which to learn and work. 

iii 



PUBLICATIONS ARISING FROM THIS THESIS 

Peer Reviewed Publications 
Hoyle, F.C., Murphy, D.V., Fillery, I.R.P. (2006) Temperature changes and stubble management 

influence microbial CO2-C evolution and gross N transformation rates. Soil Biology & 

Biochemistry 38, 71-80 (Chapter 5). 

Hoyle, F.C., Murphy, D.V. (2006) Seasonal changes in microbial function and diversity 

associated with stubble retention versus burning. Australian Journal of Soil Research 

44, in press (Chapter 6). 

Hoyle, F.C., Murphy, D.V. (submitted) Microbial response to the addition of soluble organic 

substrates. Australian Journal of Soil Research: submitted. Manuscript number 

SRO6012 (Chapter 4). 

Hoyle, F.C., Murphy, D.V., Brookes, P.C. (submitted) Microbial response to the addition of 

glucose in Western Australian soils. Biology and Fertility of Soils: submitted. (Chapter 

2). 

Hoyle, F.C., Murphy, D.V. (in preparation for Soil Biology & Biochemistry) Soluble carbon 

substrates influence microbial function and gross N process rates (Chapter 3). 

 
Conference presentations and papers 
D.V. Murphy, N. Milton, M. Osman, F.C. Hoyle, L.K Abbott, W.R. Cookson, S. Darmawanto 

(2004) Soil biology and crop production in Western Australian farming systems.  

Tamworth Soil Biology Workshop, New South Wales, 2004. Oral presentation and 

paper delivered by Dr. D.V. Murphy. 

D. V. Murphy, E. A. Stockdale, F. C. Hoyle, J. U. Smith, I. R. P. Fillery, N. Milton, W. R. 

Cookson, L. Brussaard, D. L. Jones (2004) Matching supply with demand – principle, 

practice and prediction. In: Controlling nitrogen flows and losses (Eds. D.J. Hatch, 

D.R. Chadwick, S.C. Jarvis, J.A. Roker). Wageningen Academic Publishers. Oral 

keynote delivered by Dr. D.V. Murphy 12th Nitrogen Workshop, United Kingdom, 

2004. 

Hoyle, F.C., Murphy, D.V. (2004) Can we manipulate resource availability to drive changes in 

microbial carbon assimilation and nitrogen cycling? Tamworth Soil Biology Workshop, 

New South Wales, 2004. Oral presentation and paper delivered by F.C. Hoyle. 

Hoyle, F.C., Murphy, D.V. (2004) Effect of stubble burning and seasonality on microbial 

processes and nutrient cycling, Tamworth Soil Biology Workshop, New South Wales, 

2004. Poster. 

Hoyle, F.C., Murphy, D.V. (2004) Effect of stubble burning and seasonality on microbial 

processes and nutrient cycling, Perth Crop Updates, February 2005. Oral 

presentation delivered by F. Hoyle. 

Hoyle, F.C., Murphy, D.V. (2006) Microbial response to the addition of glucose and 14C-[U] 

glucose in Western Australian Soils. 18th World Congress of Soil Science, 

Philadelphia, July 2006 (Poster). 

iv 



Hoyle, F.C., Murphy, D.V. (2006) Seasonal changes in microbial function and diversity 

associated with stubble retention versus burning. Biogeomon Conference, Santa 

Cruz, California, June 2006. Submitted for oral presentation.   

 
Other publications 
A number of papers and oral presentations have been made at regional field days. Examples of 

these are as follows: 

Hoyle, F.C. (2005) Influence of residue management on nutrient release and soil biological 

activity. Paper and oral presentation, WANTFA Field Day. Delivered by F. Hoyle. 

Hoyle, F.C. (2006) Plant residues: Effect of plant residue management on soil biology. Paper 

and oral presentation, Regional Crop Updates. Delivered by F. Hoyle. 

v 



ABSTRACT 

 The principal aim of this thesis was to examine the response of the microbial 

community to the addition of small amounts (<50 µg C g-1 soil) of organic C substrates (‘trigger 

molecules’) to soil. This addition is comparative to indigenous soluble C concentrations for a 

range of soil types in Western Australia (typically measured between 20 and 55 µg C g-1 soil). 

Previously it has been reported that the application of trigger molecules to European soils has 

caused more CO2-C to be evolved (up to six fold) than was applied. These findings have been 

attributed to either (i) a priming effect resulting in altered turnover of the microbial biomass 

and/or non-living components of the SOM, or (ii) the activation of a component of the microbial 

population pre-empting a forthcoming food event. This activation has been attributed to the 

microorganisms utilising their endocellular C to become metabolically alert on detecting low 

substrate concentration diffusing through the soil (trigger molecules). Such a strategy may gain 

a later benefit compared to a survival strategy based on spore formation if the ‘trigger 

molecules’ are followed by a more significant food event. Western Australian agricultural soils 

are inherently low in soil fertility and strongly C limited. In such an environment it could be 

expected that such a strategy would be of benefit.  It was therefore hypothesized that 

application of trigger molecules to Western Australian agricultural soils would cause an initial 

large positive release of CO2.  One possible constraint to this occurring in these soils however is 

high soil temperature. The temperature dependence of C mineralisation as measured by CO2-C 

evolution in field and laboratory studies has been reported over a relatively wide range in 

temperate systems. However, the Western Australian environment is of Mediterranean-type and 

typified by temperatures up to a maximum of 40-45 °C. Under such conditions and when water 

is not limiting, microbial activity is high. This may lead to a situation where microbial C utilisation 

is faster than diffusional gradients of CO2 in soil solution. In such instances, greater CO2 

responses may not be observed if there is instead subsequent autotrophic utilisation of the CO2. 

Nitrogen mineralisation and immobilisation have been reported to be less sensitive than 

nitrification to temperature fluctuations due to slower adaptation at low temperatures of nitrifying 

bacteria. However, few studies have published data on how the separate pathways and gross N 

transformation rates relate at temperatures between 15°C and 40°C as often experienced in a 

semi-arid environment. Therefore, a better understanding of the temperature kinetics for C and 

N is required at temperatures greater than 15°C, which are common in semi-arid environments. 

Under these conditions, environmental modulators may have a greater influence than trigger 

molecule application – contrasting with previous European temperate research. To address 

these concepts a series of experiments were conducted both in the field and laboratory to: i) 

determine the microbial response to the addition of a range of trigger molecules in WA soils, ii) 

determine if trigger molecules alter soil organic matter (SOM) transformation rates, iii) determine 

if the application of trigger compounds alters nitrogen cycling processes, iv) determine the effect 

of soil temperature on C and N mineralisation and v) examine inter-relationships between soil 

properties, in retained stubble or burnt stubble arable farming systems on microbial community 

structure and function.  
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Findings from this study indicated that there was an additional CO2 release (i.e. greater than the 

C added) on application of organic C substrates to some soil treatments. However, findings from 

this study indicate that the response of the microbial community to small additions of soluble C 

substrate is not consistent for all soil types and may vary due to greater availability of C, and 

supports the premise that microbial responses vary in a yet to be predicted manner between soil 

type and ecosystems. Differences in microbial response to the addition of soluble organic C are 

likely attributable to differences in soil attributes and environmental factors influencing both the 

diversity of microbes present and the frequency of food events. Theoretically, trigger molecules 

could also provide a possible control mechanism for microorganisms in arable farming systems. 

These mechanisms include stimulating either targeted pathogenic microorganisms that starve 

after depletion of a suitable substrate; or stimulating beneficial microorganisms to manipulate 

nutrient cycling, by targeting specific functional groups and altering mineralisation and 

immobilisation turnover rates. 
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CHAPTER 1  
GENERAL INTRODUCTION AND LITERATURE REVIEW 

 

1.0 General Introduction 
This thesis investigates the use of soluble organic carbon (C) substrates to manipulate soil 

microorganisms and their capacity to enhance the availability of nutrients for plant uptake in 

agricultural soils. To place this work in context it is necessary to understand the factors 

influencing soil organic matter (SOM) dynamics, and the asynchrony between soil nitrogen (N) 

supply and plant demand in a dry-land Mediterranean type environment. It is also necessary to 

understand the microbial processes and theoretical background associated with the application 

of C compounds as ‘trigger molecules’ to stimulate microbial activity. This extends from the 

environmental regulators and molecular mechanisms controlling microbial responses to external 

factors, to the quality, quantity and placement of organic inputs that may influence soil biota 

composition and microbial activity.  

 

1.1 Western Australian Agricultural Production Systems 
 The total land area under agricultural crop production in Australia from 1998 to 2004 

was approximately 21 million hectares per annum (ABARE, 2005). Of this, approximately seven 

million hectares was sown to annual crops (principally wheat, barley, oats, lupin, canola) in 

Western Australia (WA; ABARE, 2005), with 70% (or 4.9 million hectares) of the land area 

producing wheat (ABARE, 2005). The climate in the major agricultural regions of WA is 

reflective of a semi-arid environment, with annual rainfall ranging from less than 300 mm to 

more than 600 mm. Infrequent rainfall events and increasing temperatures (in excess of 40°C 

maximum) during the summer fallow period (November through to February), result in rapid soil 

drying and extended periods during which the soil remains dry. In these low rainfall dry-land 

agro-ecosystems, a significant part of the year is associated with little or no plant growth. 

Microbial activity in soil is often limited by the absence of water and readily available C and N 

based substrates (Magill and Aber, 2000), primarily obtained from new additions of organic 

residues (e.g. root turnover, root exudates, shoot residues).  

 

Agricultural production worldwide typically results in a decline in SOM from levels previously 

associated with ‘virgin’ soil until it reaches a new equilibrium (Campbell and Souster, 1982). 

This excludes some soils where the adoption of pastures can cause an increase in total N and 

SOM from initially low levels associated with sparse perennial vegetation cover (Post and Kwon, 

2000; Tate et al., 2000; Guo and Gifford, 2002). In WA, a single rain-fed winter (May to 

November) crop is grown each year, and since limited opportunities exist for summer cropping, 

plant cover for the remainder of the year generally consists only of the stubble remaining after 

crops are harvested and opportunistic summer germinating weeds. Based on an average wheat 

grain yield of 1.7 t ha-1 (1998-2004; ABARE, 2005), a harvest index of 0.35 for semi-dwarf and 

modern wheat cultivars in WA (French and Schultz, 1984; Perry and D’Antuono, 1989), and an 

average root biomass estimated at 26% of total plant biomass (Russell and Fillery, 1996; 
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Thorup-Kristensen, 2001; Atwell et al., 2002), harvest residues contribute approximately 4.0-4.5 

t ha-1 organic matter annually.  

 

1.1.1 Soil types 
Characteristic soils for the wheatbelt region of WA vary from deep sands (tenosols), 

through texture contrast (or duplex) soils (chromosols and sodosols) and sandy earths 

(kandosols), to loamy (sodosols, kandosols, chromosols) and clayey soils, and ironstone 

gravelly soils (Isbell, 1996; Schoknecht, 2002). Soils are ancient and highly weathered, and in 

the wheatbelt region of WA are often associated with low clay content. The predominant soils 

associated with crop production vary by region. However, approximately 59% of surface soils in 

the South West Land Division are coarse textured (sandy) with a medium to low pH (Frost, 

1991), and low organic matter content (Spain, et al., 1983). The soils studied in this thesis are 

typical of arable soils in WA and ranged from a sand (4% clay, pH(CaCl2) 5.5, 0.8% total C), to a 

sandy loam (13% clay, pH 6.1, 1.5%; 12% clay, pH 5.1, 1.7% total C) to a red clay loam (26% 

clay, pH 5.8, 1.3% total carbon).  

 
1.1.2 Asynchrony of N supply and demand 

Under low fertilizer conditions in dry-land agricultural systems plant N availability is 

predominantly derived from microbial decomposition of SOM and crop residues (Angus, 2001; 

Fillery, 2001), but may also be in part due to free-living N-fixing bacteria (Gupta and Roper, 

1993). For example, in southern Australia up to 80% of plant N uptake in wheat may be derived 

from biological processes (Angus, 2001), compared to 50% in temperate soils (Jenkinson, 

2001). The extent to which crop N demand is met by microbial turnover of this N is dependent 

on management and climatic factors (Murphy et al., 1998a, b). 

 

Nitrogen is often a primary nutrient limiting crop production in farming systems globally, yet 

continues to be a major environmental risk for the eutrophication of waterways (Hatch et al., 

2002). Thus, greater efficiency of N use, and strategies to reduce losses of N, by matching the 

supply of N (via fertiliser applications and biologically mediated processes) to crop N demand is 

critical and is dependent on the amount, timing and location of available N (Murphy et al., 2004). 

The availability of biologically derived N is difficult to either predict or manage, as both supply 

and demand capacity are regulated by external variables. Supply capacity (amount and timing) 

can be determined to some extent by the size, quantity and quality of organic material, the 

degree of soil contact and microbial turnover. The demand capacity (external to plant 

requirements) includes the microbial requirement for N, and N loss (atmospheric, leaching) from 

the rooting zone. The capacity of a soil to supply water and nutrients to meet demand (plant and 

microbial) is often dominated by abiotic factors (e.g. climate, soil properties), which largely over-

ride the effect of agricultural management practices (e.g. tillage, green manures, residue 

management) on N fluxes (Andrén et al., 1999; Murphy et al., 2003a; Cookson et al., 2006). 

Plant rooting architecture often interacts with physical soil constraints such as compaction 

layers for example to limit the capture of water and nutrient resources, thereby increasing the 

potential for NO3
- losses from arable soils (Diggle, 1988; McNeill and Kolesik, 2004).  

 2



 

Inorganic nitrogen accumulation following a legume phase can often reach up to 75-150 kg N 

ha-1 after a summer fallow period (Fillery, 2001) as demonstrated by Anderson et al. (1998a) in 

Western Australia. In many farming system rotations this amount of N cycling through soils 

annually is sufficient to satisfy crop N demand (Murphy et al., 1998a; Fillery, 2001). However, 

since N supply is closely linked to decomposition of organic material (which in turn is mediated 

by microbial processes), supply is often not synchronised to match plant demand, resulting in 

either a surplus or a deficit of nitrogen (Fig. 1.1).  
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Fig. 1.1. Differences in plant residues influence organic matter quality, decomposition rate, and 

hence the supply and demand of inorganic nitrogen (Source: Handayanto et al., 1997). ‘High’ 

quality residues (e.g. C/N<22:1) represent organic matter with a C/N resulting in N 

mineralisation, whereas ‘low’ quality residues (e.g. C/N ratio>30:1) represent material with a 

C/N ratio resulting in N immobilisation.  

 

This asynchrony is a feature of many agricultural systems, and the use of N fertilisers remains 

an important component of crop N uptake commonly adopted to overcome the difficulties of 

matching biological supply with plant N demand. The size of the N response can be strongly 

influenced by seasonal factors and paddock history, and hence N availability to the subsequent 

crop can be highly variable, making it difficult to interpret direct N effects resulting from plant 

residues. 

 

1.1.3 Soil organic matter status 
 The decline in SOM in WA results primarily from cultivation effects, which disrupt soil 

aggregation and make SOM more susceptible to decomposition (Buyanovsky et al., 1987; Kay, 

1990). Soils are often associated with low clay content. These coarse textured (sandy) soils 

have a low water holding capacity, offer less physical protection of easily bio-degradable 

substrates and thus have a lower capacity to build SOM and have an increased risk of soil 

fertility loss (Hassink, 1994; Sollins et al., 1996; Caravaca et al., 2002). Microbial activity is 

central to organic matter turnover and nutrient cycling. Low organic residue inputs to soils 

influence microbial population density and immobilisation of N, by limiting readily available C 

which is essential for maintaining microbial growth and activity (Rasmussen and Rohde, 1988).  
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Therefore, the incorporation of organic material into soil is desirable to promote microbial 

decomposition and conversion of residues to humus, enhancing the capacity of the soil to 

sequester or 'lock up' nutrients, and prevent them leaching from soil. Thus factors such as 

residue management, rotation and tillage, which directly influence microbial populations and 

activities, will also indirectly affect SOM decomposition (Chaney et al., 1994). However, despite 

a greater adoption of reduced tillage operations and stubble retention practices in response to 

poor fertility in WA dry-land arable systems, soils with low clay content combined with low 

annual inputs of fresh residues often result in relatively minor changes to SOM levels (Hamblin, 

1980; White, 1990; Carter and Mele, 1992). Consequently, SOM levels are typically low (< 5%; 

Spain et al., 1983; McArthur, 1991).  

 

1.2 Soil organic matter and biological fertility  
Soil organic matter is the fraction of soil that originates from living organisms and is 

composed of organic residues, either alive or in various stages of decay (Chaney et al., 1994). It 

is often defined in terms of several pools that differ in decomposition rate, due largely to the 

complex nature of organic residues which contain both readily decomposable and resistant 

material (Jenkinson and Rayner, 1977). The turnover of SOM provides a continued supply of 

nutrients to maintain plant growth and sustain crop production in agricultural soils (Bending et 

al., 2000). Microbial processes are fundamental in maintaining soil biological fertility and 

negating the effects of agricultural practices on soil physical, chemical and biochemical 

properties by mediating the processes of SOM turnover and nutrient cycling (Doran and Parkin, 

1994). Thus, changes in SOM content are one of the most widely used biochemical indices of 

soil quality (Bending et al., 2000) and the sustainability of cropping systems (Pankhurst et al., 

1995; Doran and Safley, 1997). 

 

1.2.1 Soil organic matter quantity 
Carbon generally makes up 41-55%, and N 0.6-8% of the molecules (by weight) in 

organic matter (Chaney et al., 1994; Müeller et al., 2003). Some organic matter fractions are 

readily available and turn over rapidly (active fraction), whilst others are more recalcitrant and 

stable (passive, slow fractions). Therefore, SOM can be defined as fractions that vary in size 

and decomposability. For example, Jenkinson and Rayner (1977) identified a number of pools 

(up to five) in their organic matter cycling model that differ in their decomposition rate. Typically 

three or more pools are used to describe organic C turnover (van Veen et al., 1984; Jenkinson 

et al., 1987). (i) The ‘passive’ fraction is chemically stabilised and has extremely recalcitrant 

molecules and some physically protected humus, and can take more than 2500 years to 

turnover. Consequently, it is the largest pool of SOM and the least likely to be influenced by 

changes in management practice. (ii) The ‘slow’ fraction, with a turnover rate of 20-40 years, 

consists primarily of organic compounds that are resistant to decomposition and/or physically 

protected organic compounds. Soil manipulations that decrease the structural integrity of soil 

aggregates can influence the turnover of this pool, by exposing previously protected SOM to 

microbial decomposition. (iii) The ‘active’ fraction which consists of smaller pools of more labile 

C (e.g. water-soluble C, amino acids and carbohydrates) that are readily utilised by 
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microorganisms (McClaugherty, 1983; Morita, 1988; Aber et al., 1990). This active fraction 

originates from new residues and living organisms (including micro-organisms), and turnover 

generally occurs within 2-3 years. The microbial component of this fraction represents only 4-

5% of the total SOM pool. Since these soil fractions are more sensitive to changes in 

management practice (Garcia et al., 1997), significant differences can generally be measured 

earlier than in larger, more inert pools (Blair et al., 1995; Abbott and Murphy, 2003). As different 

soil fractions are both physically and chemically distinct, they have different biological relevance 

within arable systems (Sohi et al., 2001). Charcoal type material resulting from historical fires 

and stubble burning for example, represents between 5-30% of the inert or passive fraction of 

soil (Skjemstad et al., 1996). This fraction is an important determinant of the cation exchange 

capacity in soil, whilst the microbial fraction which is much smaller has an important role in 

regulating nutrient turnover (Skjemstad et al., 2002; Wander, 2004). 

 

Therefore although significant quantities of SOM are usually present, microbial decomposition of 

SOM is often constrained due to the prevalence of complex or more recalcitrant compounds; 

and small changes in active fractions must be measured against a large, relatively unchanged 

background. Thus oligotrophic, or nutrient poor environments dominate in nature due to efficient 

microbial utilisation of available energy supplies, which with time, will be depleted in the 

environment unless constantly supplied (Morita, 1988). Because of the nutrient poor 

environment, oligotrophic environments preclude extensive bacterial growth and activity, 

providing only sufficient energy for a few cellular divisions of soil microorganisms per year (van 

Elsas and van Overbeek, 1993; Gray and Williams, 1971). Therefore changes in SOM quality 

associated with the adoption of different management practices, and the relative size of SOM 

fractions should be reflected in measurable differences in soil enzyme activity and microbial 

process rates (Caravaca et al., 2002). 

 

1.2.2 Soil organic matter quality
 Microbes require both C and N to sustain growth. As most soil microorganisms break 

down substrates primarily to obtain carbon, the benefits of SOM depend on the biochemical 

quality, rather than the quantity of organic matter, as this will determine the decomposition rate 

and subsequent nutrient availability (Heal et al., 1997; Bending et al., 2002; Booth et al., 2005). 

Often, the mass of microbes is dependent on the amount of C, whilst microbial diversity (and 

possibly function) are more likely to be dependent on the quality (Grayston et al., 2001; 

Cookson et al., 2005). SOM predominantly consists of structural components originating from 

plant and other organic residues such as cell walls (cellulose, hemicellulose, etc.) and other C 

forms (lignin, humic materials, tannins, phenols, waxes, etc.) that are more resistant to 

decomposition (Coleman et al., 1983; van Veen et al., 1984; Morita, 1988). By comparison, root 

exudates and metabolic components of plant residues (sugars, proteins, amino acids, etc.) are 

quickly assimilated and broken down by soil organisms (Coleman et al., 1983; van Veen et al., 

1984; Lynch and Whipps, 1990).  
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In the short term, the rates at which N mineralisation and immobilisation occur are related to the 

availability of both C and N and thus are influenced by the quantity and quality of new organic 

matter additions to soil (Watkins and Barraclough, 1996; Powlson et al., 1985; Ågren and 

Hansson, 2000; Ridley et al., 2004). Although the chemical composition of plant materials is not 

constant (Gunnarsson and Marstorp, 2002), determination of the C/N ratio of organic residues 

can indicate whether a net mineralisation or immobilisation of soil N is likely (see 1.2.3). 

Structural polymers such as lignin (Heal et al., 1997) and other C forms such as polyphenols 

also interact to control the rate of both mineralisation and immobilisation (Handayanto et al., 

1997; Bending et al., 2002). High lignin content, for example, is associated with enhancement of 

the stable organic pool as it is largely considered to be recalcitrant and is predominantly 

converted to humus (Kiem and Kögel-Knabner, 2003) and has been negatively correlated to N 

uptake in subsequent wheat crops (Russell and Fillery, 1999). Therefore the C/N ratio, but also 

the polyphenol and lignin content are considered important characteristics influencing organic 

residue decomposition and N release (Handayanto et al., 1997; Fillery, 2001; Kiem and Kögel-

Knabner, 2003).  

 

1.2.3 Soil organic matter decomposition 
Decomposers (bacteria, fungi, actinomycetes) are the predominant functional group of 

organisms in soil making up approximately 95% of the living biomass, whilst organisms that 

feed on decomposers (protozoans, nematodes, mites, insects) make up the remainder (Lee and 

Pankhurst, 1992). Although there is now some evidence to suggest the conversion of solid 

organic matter to dissolved organic matter is the rate limiting step to decomposition, there is 

ambiguity about whether this is controlled by biotic or abiotic factors (Jones et al., 2005; Fierer 

et al., 2005). However, since microorganisms are still likely to have a role in the transformation 

of organic matter, the amount of microbial activity will regulate the rate of decomposition, and 

hence, both the timing and amount of soil nutrient supply. Although this living component 

represents only 4-5% of the total SOM pool, it has a pivotal role as a source, sink and regulator 

of energy and nutrient transformations in soil (Murphy et al., 2003b). The C/N ratio of 

decomposers is usually between 5:1 and 15:1 (Chaney et al., 1994) and is reflective of either a 

bacterial (low C/N ratio) or fungal (high C/N ratio) dominated community. Since the typical 

microbial C efficiency of organic C substrates is generally 40-60% (van Veen et al., 1985; Shen 

and Bartha, 1996), approximately half the C in residues is respired as CO2-C. Therefore, 

organic matter with a C/N ratio of less than 25:1 is considered low as N is in excess of microbial 

requirements and released. Residues with a C/N ratio greater than ca. 25:1 however, have 

insufficient N to meet microbial demand and are therefore considered to have a high C/N ratio, 

which may be accompanied by N immobilisation from soil solution (Aber and Melillo, 1982; 

Whitmore and Handayanto, 1997). An optimal range for N retention and maximal decomposition 

is considered to be between 22:1 and 30:1 (Bartholomew, 1965). 

 

Plant type, age, relative contribution of plant components (Ågren and Hansson, 2000) and the 

size of organic particles (Bending and Turner, 1999) influence the decomposition of the residues 

by altering the quality of organic matter (see Section 1.1.2) entering soil and influencing the 
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surface area of the material exposed to colonisation by microorganisms. Typically, however, the 

C/N ratio of legume residues ranges from 12:1 to 40:1, and cereal straw from 70:1 to 100:1 

(Amato et al., 1987, Stevenson and van Kessel, 1996a, b), with younger plant material having a 

lower C/N ratio. Soil physical and chemical characteristics (i.e. pH, texture, organic matter 

content) can also influence decomposition of OM additions (Gunapala et al., 1998; Thomsen et 

al., 2001). However, the primary influence of agricultural practices including tillage, type and 

amount of plant residue added and crop rotation on the stability of the SOM and subsequent N 

availability, is the rate of decomposition as affected by the interaction between moisture and 

temperature (Campbell et al., 1981, MacDonald et al., 1995; Carter, 1996), and contact between 

organic residues and soil (Sparling et al., 1995).  

 

Dissolved organic matter is a key pool resulting from organic residue decomposition (Jones et 

al., 2005; Cookson and Murphy, 2004). Although the factors regulating the size, composition 

and turnover of this pool in soil in temperate forest systems are not well understood (Michalzik 

et al., 2001), changes in the dissolved organic matter pool have primarily been associated with 

the amount and type of plant residue inputs (Chantigney, 2003). In arable systems, Willett et al. 

(2004) hypothesise that significantly lower organic N (KCl extractable) in tilled soil, is reflective 

of increased  microbial activity and lower SOM caused by increased amounts of mechanical 

disturbance and fresh inputs of readily mineralisable plant material compared to other land 

uses.  

 

1.2.3.1 The role of enzymes in the decomposition of soil organic matter 

Microbial activity is responsible for the biochemical processes that break down more 

complex carbohydrates, lipids and proteins (Coleman et al., 1984) often through the use of 

catalysing enzymes. In soil, enzymatic activity results from the accumulation of enzymes from 

microbial turnover (Ladd, 1978), plants and organic residues (Tabatabai, 1994), as well as from 

enzymatic activity of active microorganisms (Kiss et al., 1975). The decomposition of organic 

matter and associated nutrient cycling is dependent on catalysing reactions carried out by soil 

enzymes (Ajwa et al., 1999). Decomposition of insoluble compounds is initiated by exoenzymes 

that hydrolyse the substrate and form soluble (decomposable) products (Dalenberg and Jager, 

1989). Increased soil enzyme activity is associated with changes in the functional diversity of 

the microbial community attributable to the incorporation of crop residues (Bending et al., 2002).  

 

Enzymes are associated with viable proliferating cells, but may be excreted from a living cell or 

released into solution from dead cells (Kiss et al., 1975; Tabatabai, 1994). Free enzymes 

complex with humic substances and may be stabilised (adsorbed) on mineral soil particles and 

OM (Kiss et al., 1975; Boyd and Mortland, 1990). The amount of enzymes in soil solution is 

generally much smaller than in the sorbed state (Kiss et al., 1975). Thus, the influence of 

seasonal fluctuations which are a potential difficulty of using biological measurements can be 

minimised. The mineralising action of microorganisms is inseparably related to activity of 

enzymes (Kiss et al., 1975). Enzymes involved in ammonification, including hydrolases, 

oxidases, deaminases and lyases, originate from plant, animal and microbial sources. For 
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example, an increase in activity of catabolic enzymes during C limitation whose purpose it is to 

increase the scavenging and metabolic capacity range of the cell (Matin, 1979) has been 

observed.  

 

As enzyme activities are affected by SOM (Caravaca et al., 2002), they are commonly used to 

indicate microbial activity and are also considered a useful indicator for soil fertility, because of 

ease of measurement and rapid response to changes in soil management (Kumar et al., 1992; 

Dick and Tabatabai, 1992; Dick, 1994). Enzymes such as cellulase are largely responsible for 

conversion (in this case hydrolytic) of more complex substrates, such as cellulose to a more bio-

available substrate such as glucose (Gander et al., 1994). Arylsulfatase and phosphatase are 

catalysts for biochemical reactions (Bandick and Dick, 1999) and are essential in SOM 

breakdown and nutrient turnover. Grierson and Adams (2000) also demonstrated specific 

associations between plant species and acid phosphatase activity, fungal biomass and 

microbial biomass-P, thus influencing nutrient availability. Cellulase enzyme activity signals the 

breakdown of cellulose associated with plant residues into more bio-available compounds, and 

β-glucosidase is active in the release of low molecular weight sugars that serve as an energy 

source for microorganisms (Bandick and Dick, 1999). Enzyme assays may also be useful as 

indicators of potential N supply, as has been demonstrated for arginine ammonification (Bonde 

et al., 2001). 

 

At an ecosystem scale enzyme activity in soil is a function of microbial and root activity, which in 

turn is regulated by temperature, soil moisture and substrate quality (Sinsabaugh et al., 1991). 

In fine textured soil, enzyme activity is likely to reflect both microbial activity as well as 

extracellular enzymes immobilised by soil colloids, and may not be as sensitive to 

environmental factors (Nannipieri, 1994). In sandy coarse textured soils, free enzymes in 

solution are short lived (Burns, 1982), therefore enzyme activity is due largely to intracellular 

enzymes, which are as sensitive to both environment and management, as to microbial activity 

(Caravaca et al., 2002). 

 

1.3 Soil nitrogen supply  
 Nitrogen occurs in large quantities in terrestrial (atmosphere, soils, minerals, etc.) and 

aquatic environments (oceans, rivers, etc), as well as being an essential requirement for all 

living organisms (nucleic acids, proteins and other cellular components). On a world scale, the 

N input to the terrestrial biosphere is estimated at 222 million t y-1, of which 63% results from 

biological fixation (Addiscott et al., 1991). An estimated 3550 kg N ha-1 (total N pool) has been 

calculated for the wheat growing regions of Australia within the root zone (Angus, 2001). As N 

often exists in complexes, or remains either physically or chemically protected, it is not always 

present in readily assimilated forms (Jenkinson et al., 1987). Thus if a high biological demand 

for N exists, this often results in N being a growth-limiting nutrient. In terrestrial ecosystems the 

majority of biologically available N is either fixed by microorganisms which form a symbiotic 

relationship with leguminous plants and transform N2 to NH3, or is deposited in soils via 

industrial pollution or application as inorganic fertilisers. The amount of biological N fixation in 
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arable soil is estimated to exceed 50% of total N inputs (Peoples and Craswell, 1992; Unkovich 

et al., 1995; Peoples and Baldock, 2001), and in Australia is estimated at approximately 1 

million metric tonnes per annum (Herridge et al., 2001). Although the net mineralisation for low 

organic matter arable soils is estimated at between 50-130 kg N ha-1 (Jarvis et al., 1996), the 

way in which this N is cycled within the soil determines its availability to microorganisms and 

plants, and its susceptibility to loss.  

 

1.3.1 Soil N pools 
A number of distinct N pools have been used to model the availability of N cycling 

through soil (Jenkinson et al., 1987; Jenkinson, 1990, Kirschbaum et al., 2001). (i) Inorganic N 

forms such as ammonium (NH4
+) and nitrate (NO3

-) exist either in solution or exchange 

complexes. Nitrate is subject to leaching from fresh organic matter and turnover of soil 

microorganisms, and is generally more plant available than NH4 which is usually adsorbed onto 

soil colloids or immobilised by microorganisms. (ii) The conversion of solid organic matter into 

dissolved organic matter has been shown to be the rate limiting step to the supply of N 

(Cookson and Murphy, 2004; Jones et al., 2005) and is therefore likely to influence C and N 

dynamics in soil (Murphy et al., 2003a). Potentially plant available N includes labile organic N 

sources such as the soil microbial biomass and high N residues, which after being utilised as a 

source for microbial metabolism result in net N release. (iii) Stable/passive organic N pools 

which turn over slowly at a rate of only 1-2 percent of content each year (Powlson et al., 1986; 

Jenkinson and Rayner, 1977).  

 

1.3.2 The carbon-nitrogen cycle  
Australian soils contain considerable quantities of fixed N (Angus, 2001; Fillery, 2001), 

the majority of which is in organic forms (Jarvis et al, 1996). The soil organic N pool is broken 

down by microorganisms to NH4
+ (Jarvis et al, 1996) - a process termed N mineralisation. Re-

assimilation of inorganic N by microorganisms into an organic pool is termed immobilisation. As 

these processes occur simultaneously, N is continually transferred from organic to inorganic 

forms and back again. Soil inorganic N is the net availability of N resulting from several 

competing processes which include mineralisation, immobilisation (by microorganisms and/or 

plants), nitrification, N loss via solute and/or gaseous phases and free-living nitrogen fixation 

(where C is not limiting).  

 

Mineral N constitutes only a small part of total N in soil, with only around 1% of the total N in 

unfertilised arable soils being mineral N (Bremner, 1965; Jarvis et al., 1996). Although only a 

small proportion of N is in an inorganic form at any one time, the relative dominance of these 

microbial transformation pathways characterises the mineralisation-immobilisation turnover 

(MIT) rate and defines the availability of soil derived N and the capacity of a soil to supply and/or 

leach nitrate in agricultural ecosystems (Fig. 1.2). Carbon availability often regulates the fate of 

NH4
+ between immobilisation and nitrification (Fig. 1.2), as heterotrophs compete effectively for 

NH4
+ during periods where C is not limited, whereas nitrifiers compete strongly when C 

availability declines (Hart et al., 1994). Previous research has also demonstrated that 
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nematodes play an important role in the turnover of the soil microbial biomass, and may be 

responsible for up to 40% of nutrient mineralisation (De Ruiter et al., 1993) and consequently, in 

the supply of plant nutrients (Bardgett et al., 1999). 

 

Although both plants and microorganisms are capable of utilising NH4
+ directly, it is the 

preferred source of N for most microorganisms (Jansson et al., 1955; Shen et al., 1984). This 

means that when residues containing high amounts of C are present, more NH4
+ will be 

immobilised as the microbial biomass increases (Chaney et al., 1994). Plant uptake of NH4
+ is 

often limited as the diffusion of NH4
+ into soil solution is slow, and access by plant roots limited. 

The benefit to microorganisms in preferentially assimilating NH4
+ (rather than NO3

-), is the 

reduced energy cost required to convert NH4
+ to glutamate (Recous et al., 1990). 
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Fig. 1.2 Major pathways influencing the supply and demand of inorganic nitrogen. Adapted 

from Hatch et al. (2002). 

 

Although inorganic NH4
+ is absorbed by soil microorganisms to sustain their N requirements, it 

is also used by nitrifying bacteria to produce NO3
- (Fig. 1.2). In arable soils this process is 

carried out mainly by a combination of autotrophic ammonia oxidising bacteria and autotrophic 

nitrite oxidising bacteria (Barraclough and Puri, 1995; Killham, 1986). Heterotrophic 

transformation can also occur but this is typically of importance only in acid woodlands 

(Barraclough and Puri, 1995) or extreme environments (Cookson et al., in press). Alternately, 
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NH4
+ can also be bound to organic matter and fixed in clay lattices and thus may accumulate in 

soil. In alkaline conditions, NH4
+ can also be lost as NH3 (gaseous form) from the soil in a 

process termed volatilisation (Fig. 1.2). In contrast to NH4
+, NO3

- is negatively charged and thus 

is generally not adsorbed by clay particles and soil organic materials which are also negatively 

charged, and which bind NH4
+. Consequently, NO3

- is mobile within the soil and readily available 

to both plants and microorganisms. Dissolved and soluble organic N can also be taken up 

directly by plant roots and microorganisms, supplementing inorganic N in systems where 

sufficiently low molecular weight dissolved organic N exists in soil solution (Németh et al., 1988; 

Hadas et al., 1992; Jones et al., 2005). The soluble organic pool is considered chemically 

distinct from the dissolved organic N pool, and is likely to influence both N transformation 

pathways and plant uptake as it contains easily mineralisable N. Although this pool comprises 

between 0.3-1.0% of total organic N in arable soils (Mengel, 1985; Murphy et al., 2000), it is 

considered important in the rapid cycling of readily available N pools. 

 

Where N is in excess of microbial demand, there is a greater release of N which is available for 

nitrification and thus the nitrification: immobilisation (N/I) ratio (Tietema and Wessel, 1992) 

increases. The N/I relationship has been used by previous researchers in temperate grassland 

soils (Stockdale et al., 2002) to demonstrate greater loss of NO3
- associated with an increasing 

N/I ratio. This relationship can be used to determine the risk of increasing NO3
- losses within a 

soil, and the impact of changing management practice on nitrogen retention vs. loss pathways 

(Stockdale et al., 2002). Although a small amount of nitrite is also present in soils, it is highly 

reactive and has a short residency time within soil (Burns et al., 1995). Thus, most inorganic N 

in soils is found as either NH4
+ or NO3

-, with plant available N resulting from competition 

between several opposing soil processes.  

 

1.4 Environmental regulators  
Microbial demand for N is linked to the availability of C substrates. In low rainfall dry-

land agricultural cropping systems, a significant part of the year is associated with little or no 

plant growth and therefore microbial activity in soil is limited by the absence of water and readily 

available C sources (e.g. root turnover, root exudates, shoot residues). Thus C substrate 

availability may be constrained by the rate of diffusion of dissolved organic C resulting from 

changes in soil pore volume and connectivity, or as a direct result of environmental ‘modulators’ 

(i.e. rainfall, temperature; Balser et al., 2001). For example, the decomposition of plant residues 

is dependent on soil moisture, temperature, pH and pore connectivity which influence both 

enzyme and microorganism activity (Waksman and Gerretsen, 1931; Bartholomew and 

Norman, 1946; Nommik, 1962). Soil texture is also a mediating factor through its influence on 

water retention, organic matter protection, soil structure, pore size distribution and the microbial 

biomass (Wardle, 1992; Murphy et al., 2003b). 

 

1.4.1 Water 
 Soil moisture limits soil respiration (microbial activity) by limiting substrate availability 

and through dormancy and/or death of microorganisms at low soil water potentials (Orchard and 
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Cook, 1983; Conant et al., 2004). Typically, the optimum soil moisture potential for residue 

decomposition occurs between soil water potentials of -0.03 and -0.1 MPa (Paul and Clark, 

1996). Moisture stress at water potentials below this directly influence microbial survival and the 

ability to access substrates (Paul and Clark, 1996). Relative microbial activity under aerobic 

conditions peaks at approx. 55-60% saturation of soil (Linn and Doran, 1984b). Although 

increased soil moisture content has been associated with increases in gross N mineralisation 

(Pilbeam et al., 1993; Willison et al., 1998; Booth et al., 2005), the effect of soil moisture in field 

studies can be inter-related to C availability (Booth et al., 2005). Nitrification also increases up to 

a threshold moisture content of approximately 60% saturation (Linn and Doran, 1984b; Stark 

and Firestone, 1995), but declines as the soil becomes more saturated and oxygen availability 

decreases (Brueuer et al., 2002). Because of its mobility, NO3
- is susceptible to loss from the 

soil via leaching and in anaerobic environments (such as waterlogged soils) can be lost via 

denitrification (NO3
- converted to gaseous N2 and nitrous oxides; Webster and Hopkins, 1996). 

Losses via denitrification are most likely once soil saturation is greater than 80% (Linn and 

Doran, 1984a). 

 

Wet-dry cycles also influence microbial activity, with the magnitude of the N mineralisation flush 

dependent on the dryness of the soil prior to wetting (Birch, 1958). The flush of microbial activity 

(CO2-C evolved) commonly observed upon rewetting of dry soil is thought to result from rapid 

mineralisation of highly enriched intracellular compounds as a response to rapid increases in 

water potential (Fierer and Schimel, 2003). In a semi-arid environment, where soils are often 

dry, this rewetting pulse may make up a large proportion of the total CO2-C flux from surface 

soils (Sparling et al., 1995; Saetre and Stark, 2005). This may explain the inability of soils in WA 

to maintain SOM, due to rapid humus decomposition during wetting events resulting in the run-

down of soil C and the mineralisation of soil N (Borken et al., 2003). Management strategies that 

disrupt soil aggregation may therefore contribute further to this process, by releasing OM from 

physical protection. The short term consequences of rapid rewetting, are therefore associated 

with increasing mineralisation of cytoplasmic solutes, and (in the long term), decreasing the total 

amount of SOM physically protected within microaggregates through breakage of existing bonds 

between soil particles or between clay platelets (Fierer and Schimel, 2003). Assimilation of NH4
+ 

and NO3
- can also be more inhibited by soil drying than mineralisation and nitrification (Low et 

al., 1997, Compton and Boone, 2002), suggesting the amount of inorganic N production can 

increase as soils dry.  

 

1.4.2 Temperature 
 Environmental regulators such as soil temperature influence the decomposition of 

SOM (Recous et al., 1999). For example, increasing soil temperature to 35°C has been 

demonstrated to influence the survival and activity of microorganisms in-situ (Joergensen et al., 

1990) due to substrate depletion. However, the optimum temperature for microbial growth and 

activity in previous studies ranges from 20°C to 50°C (Myers, 1975; Malhi and Magill, 1982; 

Stott et al., 1990; Paul and Clark, 1996), with optima for different soils reflective of communities 

adapted to their climatic region. For example, the temperature dependence of C mineralisation 
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as measured by CO2-C evolution in field and laboratory studies has been reported over a 

relatively wide range (Kirschbaum, 1995; Davidson et al., 1998; Raich and Schlesinger, 1992; 

Reichstein et al., 2000). Soil respiration responds positively to temperature, with soils from cold 

climates more sensitive to increases in temperature (Kirschbaum, 1995). Kirschbaum (1995) 

suggests this has implications for C sequestration, with a potential loss of over 10% of total soil 

organic C associated with a 1°C increase in temperature in regions with an average annual 

temperature of less than 5°C, compared to a loss of only 3% for regions where soil temperature 

averages 30°C. Therefore, in addition to temperature controlling the rate of C mineralisation, 

temperature also affects the quality of organic matter, so that material produced at higher 

temperatures is more recalcitrant than that conditioned at lower temperatures (Dalias et al., 

2001). A temperature co-efficient (Q10) derived from the Arrhenius equation (Ingraham, 1962) is 

often used to describe the relationship between microbial process rates and temperature. A Q10 

of between 3 and 3.5 has been reported for temperatures between 3 and 20°C (Davidson et al., 

1998; Borken et al., 2003).  

 

Decomposition of SOM is also strongly dependent on the interaction between temperature and 

precipitation (Carter, 1996). The affect of increasing temperature for example, is likely to be 

mediated by low soil moisture contents in semi-arid environments (Raich and Potter, 1995; 

Conant et al., 2004). Cool, wet conditions are generally favorable for slow turnover of organic 

material resulting in increased SOM accumulation, whilst moist, warm climates result in rapid 

decomposition and loss of SOM (Tate, 1992; Cole et al., 1993). The exception in warm climates 

to rapid SOM decomposition would be either too much or too little moisture (Ågren and 

Hansson, 2000). The effect of temperature on the rate of decomposition and N mineralisation, 

can be mediated by soil type, with a more rapid response to temperature observed on sandy 

soils which provide less physical protection to organic matter, compared to loam or clay soils 

(Campbell et al., 1984).  

 

Wetting and drying of soils is critical to microbial activity (McNeill et al., 1998) and the pattern of 

nitrogen release and availability. In general, the longer the period the soil is dry prior to being 

moistened, the greater the amount of C and N mineralisation (Birch, 1959) upon wetting. High 

soil temperatures, coupled with adequate soil moisture can result in significant mineralisation of 

organic matter and subsequent accumulation of mineral N (Murphy et al., 1998b). Therefore 

summer periods during which infrequent rainfall events are experienced, may result in higher 

accumulation of mineral N which is then subject to leaching, particularly for high nitrogen 

residues. This is likely to be the predominant pattern associated with N mineralisation in WA as 

demonstrated by Fillery (2001) where significant accumulation of inorganic N (primarily as NO3
-) 

can result from mineralisation of SOM over summer months after a legume phase. This can 

result in the accumulation of between 70-150 kg N ha-1, of which only 21-50% will be used by 

subsequent crops (Fillery, 2001).    

 

Previous work has also shown that the affinity of microorganisms for substrates is likely to be 

dependent on soil moisture status. In water limited environments, the microbial response to 
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increases in temperature may be constrained (Conant et al., 2004), whereas the response in 

systems where water is not limiting can be highly temperature dependent (Nedwell and Rutter, 

1994). Temperature fluctuations therefore have a role in nutrient supply since soil N supply in 

agricultural systems (Angus, 2001) is predominantly determined by microbial decomposition of 

organic matter. Mineralisation and immobilisation have been reported to be less sensitive to 

temperature fluctuations (Campbell and Biederbeck, 1972; Cookson et al., 2002) than 

nitrification at low (<5°C) temperature. Accumulation of NH4
+ in soils at these low temperatures 

results from comparably higher gross N mineralisation rates in relation to gross immobilisation 

and nitrification rates, and is reported to result from slower adaptation to low temperatures by 

nitrifying bacteria resulting in greater net release of N (Andersen and Jensen, 2001; Cookson et 

al., 2002). The optimum temperature for N mineralisation in different soils has been found to 

vary based on climatic region, with microbial communities adapted to temperatures within their 

climatic region (Mahendrappa et al., 1966; Malhi and McGill, 1982). Although specific 

microorganisms such as denitrifier populations are capable of utilising NO3
-, preferential uptake 

of NH4
+ occurs at low temperatures when the microbial affinity for NO3

- is reduced (Reay et al., 

1999). Nitrification is also influenced by temperature. Myers (1975) found the optimum 

temperature for nitrification in a tropical Australian soil at 35°C, whilst optima in other studies 

using soil from colder, more temperate climates have estimated the optima at between 20°C 

(Malhi and McGill, 1982). A Q10 of between 2 (Campbell and Biederbeck, 1972; Stanford et al., 

1973) and 3 (Agehara and Warncke, 2005) for N mineralisation has been reported within a 

temperature range of 5-35°C, whilst in Australian soil Russell et al. (2002) describe an atypically 

high Q10 for nitrification of approximately 5 for a narrower temperature range (5-20°C). Other 

studies (Recous et al., 1999) used a climatic factor described by Andrén and Paustian (1987) to 

standardise variable temperature conditions, to a reference temperature with a Q10 of 3.2 

obtained for soil incubated between 0-25°C. At low temperatures, both mineralisation and 

nitrification rates decrease (Belser, 1979). However, the accumulation of NH4
+ appears less 

constrained by temperature and occurs at both low (Campbell et al., 1971) and high 

temperatures up to 50°C (Myers, 1975).  

 
1.4.3 Soil pH 

Soil pH can limit the bacterial genera and other beneficial microbes (Alexander, 1961; 

Runge and Rode, 1991) and modify uptake of nutrients (Roper and Halsall, 1986). This has 

been demonstrated for alkaline soils in Australia, which were determined to have higher 

nitrogenase activity than acid soils with lower clay content (Roper and Halsall, 1986). The 

association of higher nitrogenous activity with clay soils and increasing water content in two 

soils (Roper and Halsall, 1986) correlates with a large proportion of N2-fixing bacteria requiring 

anaerobic conditions for nitrogenase activity, and higher moisture levels and/or small pore sizes 

likely to reduce aeration and become more favourable for N2 fixation (Alexander, 1961). Thus, 

the physical characteristics of the soil were also determined to be primary drivers for differences 

in the behaviour of N2-fixing populations (Roper and Halsall, 1986).  
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In naturally acid soils, acquisition of nutrients and survival of microbes has been associated with 

the development of acid tolerance genes such as evident in Rhizobia (Tiwari et al., 1996). The 

optimal soil pH for utilisation of amino acids is close to the native pH of the soil (Bååth, 1996). 

Changes to soil pH resulting form the application of lime and other soil ameliorants, can 

significantly affect the uptake and mineralisation of amino acids and other C substrates. This is 

further demonstrated in previous studies linking decreases in soil pH with increased catabolic 

unevenness attributable to changes in a range of substrate responses (Degens et al., 2001).  

Increased pH has also been associated with increasing rates of gross mineralisation in 

grassland soil (Tlustos et al., 1998) and in some studies increased activity of nitrifying bacteria 

(Dakora and Phillips, 2002). Darrah et al. (1987) suggested that pH microsites also exist in soil 

as a result of the activity of nitrifying microorganisms which acidify their immediate environment 

to a pH at which nitrification is greatly decreased (Strong et al., 1997), resulting in a 

heterogeneous distribution of acidity in the soil matrix that is not immediately influenced by 

nitrifier activity (Strong et al., 1997). A rapid decline in soil pH was noted by Strong et al. (1997) 

after amending soil with an NH4
+ source until the soil reached a pH at which further nitrification 

was limited. In this example, although Strong et al. (1997) noted that soil with a higher initial pH 

reached this point more rapidly and ceased nitrification earlier, they suggest that the difference 

results primarily from a slow diffusion of acidity away from the microsite and is thus more 

reflective of the bulk soil pH.  In some plants, the synthesis and release of organic acids in root 

exudates (Dakora and Phillips, 2002) can also result in acidification of the rhizosphere (Hoffland 

et al., 1989), and cause P (Haynes, 1990; Jones and Darrah, 1994) and micronutrients such as 

Mn, Fe and Zn to be more available in high pH soils (Dinkelaker et al., 1989). 

  

1.4.4 Pore size and connectivity 
Soil manipulation is an effective means to control microbial dynamics (Elliott and 

Coleman, 1988), although practical implications for broad-acre arable farming systems need to 

be considered. Microbial dynamics can be altered through changes in the spatial arrangement 

of soil pores (Young and Ritz, 2000) and both the size and distribution of soil aggregates which 

influence microbial access to organic matter (Foster, 1994).  Hassink et al. (1993) also 

demonstrated a link between soil pore volume classes, and nematode and bacterial biomass in 

soil. This relationship can also be influenced by the interaction between pores and water, as 

water films act as valves restricting the flow of oxygen and other gases, and as transport 

mechanisms for many soil organisms including nematodes and bacteria (Young and Ritz, 2000).  

 

The location of the microbial biomass relative to organic substrates and chemical gradients 

greatly affects microbial activity (Strong et al., 1998). Previous studies suggest for example that 

organic matter may accumulate in pore sizes of less than 0.6 µm (Scott et al., 1996; Hassink, 

1997; Strong et al., 1998) due to the exclusion of microorganisms; whereas larger pores (10-30 

µm) may not support prolonged microbial activity due to insufficient or transient moisture levels 

(Scott et al., 1996; Strong et al., 1998). Thus protection is also gained by both organisms and 

organic residues (‘physically protected OM’) in pores of appropriate size, due to physical 

exclusion of larger organisms and location of substrate in pores below/above a threshold size 

15



(providing no physical access by microorganisms) (Rovira and Greacen, 1957; Powlson, 1980; 

Strong et al., 1998). This mechanism is different from the physical protection of OM through 

occlusion (pores plugged with organic materials and fine clay particles) (Beare et al., 1994). 

Medium size pores are most conducive to SOM decomposition and allow microbes to both 

access organic matter and retain water under dryer conditions (Scott et al., 1996). Thus 

environmental parameters influence SOM decomposition by affecting the activity of decomposer 

populations and access to substrate, with moist soil and high temperatures most conducive to 

accelerating SOM decomposition (Chaney et al., 1994). Availability of C may be reduced by 

chemical or physical complexing within the soil, or adsorption to clay particles (Stotzky, 1986) 

and thus unavailable for decomposition. 

 

1.5 Management regulators 
1.5.1 Tillage 

Agricultural practices including tillage (Young and Ritz, 2000), crop rotation, and the 

quantity of retained plant residues have an indirect effect on the stability of the SOM and 

subsequent N availability. However, alterations in the rate of decomposition are also affected by 

soil moisture and the degree of contact between residue and soil (Sparling et al., 1995). Tillage 

affects microbial biomass, activity and function primarily through alterations in the size 

distribution and the physical arrangement of the pore network (Doran, 1987), which in turn 

regulates habitat space (Elliott and Coleman, 1988), as well as water, oxygen and substrate 

availability (Young and Ritz, 2000). For example, reduced tillage systems are commonly 

associated with higher organic matter levels, typically associated with cooler, wetter conditions 

(Linn and Doran, 1984a).  

 

Tillage can also result in redistribution of soil aggregates, increase the exposure of previously 

protected organic matter to decomposition and disrupt fungal hyphae networks. The community 

structure of no-till versus tilled soils is therefore often reflected in differences in the populations 

of fungi and bacteria which regulate decomposition of organic matter, with fungi dominant in no-

till systems and bacteria dominant in tilled soils (Hendrix et al., 1986). Therefore changes in 

tillage can affect SOM decomposition through alteration of biological activity in upper soil layers 

(Lynch and Panting, 1980; Doran, 1987; Dalal et al., 1991). Differences in microbial activity 

between tillage systems have also been demonstrated resulting from changes in the quality of 

organic matter, with a greater proportion of carbohydrates, amino acids and aliphatic C 

associated with no-till soils (Arshad et al., 1990).  

 

1.5.2 Stubble retention versus burning 
 Management strategies such as stubble retention have been shown to influence the 

capacity of a soil to buffer extremes in temperature, but their effectiveness is likely to be both 

spatially and temporally variable due to non-uniform distribution (Hatfield et al., 2001). In dry-

land, low rainfall environments only subtle changes in the soil microenvironment are likely to 

result from stubble retention due to high soil temperatures and low stubble loads. Therefore, 

differences in annual residue inputs and residue quality are more likely to influence microbial 
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processes affecting nutrient supply. These differences may be constrained due to belowground 

biomass which is not affected by burning and incomplete burning of above ground biomass. For 

example, a wheat crop with a total plant biomass of 6 t ha-1 of which 70% is above ground 

biomass and 30% may be belowground (Russell and Fillery, 1996; Thorup-Kristensen, 2001; 

Atwell et al., 2002), suggests the difference in annual residue inputs after harvest may be as 

little as 36% of the total plant biomass (also see section 1.1). In contrast to stubble retention, 

burning crop residues increases soil temperature and moisture deficits after harvest, and 

reduces the population and activity of microorganisms (Thompson, 1992; Murphy et al., 2003b). 

Heat from fire induces chemical oxidisation of SOM thereby altering C and N transformations 

(Choromanska and DeLuca, 2001). For example, increasing temperature (>50°C) can increase 

microbial mortality and the release of soluble sugars and NH4
+, contributing to the pulse of 

inorganic N often observed following burning (Diaz-Ravina et al., 1996). An enhanced substrate 

decomposition rate and soluble C release has also been observed at elevated temperatures in 

agroforestry soils from New Zealand (Zaman and Chang, 2004). Temperature interacts with soil 

water content, with low soil water potential at the time of heat exposure minimising potential 

losses of mineralisable N (Choromanska and DeLuca, 2001). This is due in part to lower 

mortality resulting from lesser heat penetration and dispersal associated with dry soil (Campbell 

et al., 1994). However, temperature, water and substrate type appear to be the most critical 

factors affecting gross N mineralisation rates and release of soluble organic C (Zaman and 

Chang, 2004). 

 

1.5.3 Plant residue quality/rotation 
In many farming systems the availability of N is determined by the input and chemical 

nature of organic residues, microbial C efficiency and N demand (MIT), and the amount of N lost 

as either soluble or gas phases (Fillery, 2001). In WA’s most leaching environments (coarse 

textured deep sands), soluble inorganic N can be a significant source of N for plant uptake but 

in soils with low water holding capacity, may provide little residual value (Anderson et al., 1998b; 

Fillery, 2001). Since microbial demand for N is linked to the availability of C, substrate addition 

could, in theory, be utilised to either inhibit or stimulate mineralisation patterns, and potentially 

synchronise N release to following crops (Rahn et al., 2003). Since the amount of organic 

matter retained in arable farming systems in WA is constrained due to low biomass production, 

alternate rotational sequences such as continuous pasture should be considered. In temperate 

environments which support a minimum of two crops a year, a catch crop or green manure crop 

(crop residues returned to soil) is used as an alternate method of taking up freely available N to 

prevent leaching and providing added organic matter to soil (Chater and Gasser, 1970; 

Macdonald, 2000). In WA, which is predominantly limited to an annual crop due to winter 

dominant rainfall patterns (June-August) and soil moisture deficits during late spring (October-

November), a green manure phase is only economic where crop yields have been constrained 

by more than 20% due to seasonal conditions, weeds or low fertility (Hoyle, pers. observation).  

 

Legume green manures or phase pastures provide a large input of organic matter which 

provides a slower net release of N upon decomposition of the residue. The potential loss of 
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mineralised residue N is therefore generally considered small for Mediterranean-type climates, 

with the greatest risk of loss via NO3
- leaching associated with low demand for mineralised N at 

the onset of seeding or during summer rainfall events when crop demand is low (Fillery, 2001). 

Therefore the use of pasture or green manure phases may act as N 'traps' and enhance the 

utilisation of N, due to changes in the timing and amount of N release more suited to the uptake 

of N in subsequent crop phases. Optimally this would best be achieved during the non-cropping 

phase (December-April) to 'trap' nutrients released from residues (Murphy et al., 2000). 

However, as crops are often sown on stored soil water received in autumn, limited opportunities 

exist in continuous cropping systems due to the risk of crop failure in subsequent months due to 

moisture stress. Similarly, any benefits from the establishment of summer crops, perennial 

grasses or weeds (e.g. capeweed) over summer fallow periods to reduce potential N loss by 

acting as a 'sink' for N uptake, are offset by establishment problems, an increased risk of 

moisture deficits and over-summering of various crop pathogens.  

 
The chemical composition of plant residues changes as plant tissue breaks down, with above 

ground fractions losing N through time. This suggests that the release and subsequent uptake 

of N during the growing season is largely influenced by the characteristics of the residue, which 

in turn is associated with changes in the rate of microbial mineralisation and/or immobilisation. 
Rapid decomposition (up to 40% of leguminous plant residue is mineralised within 12 months; 

Fillery, 2001) of organic residues with a low C/N ratio of less than 20:1 (i.e. legumes, N% over 

2%) generally results in the production of N in excess of microbial demand, resulting in N 

release (Chaney et al., 1994; Rahn et al., 2003). This can result in greater losses of N from the 

system via leaching on highly fertile soils due to excessive N levels which exceed plant and/or 

microbial demand (Marstorp and Kirchmann, 1991), as well as leading to potential acidification 

of the soil. High C/N ratio stubble (i.e. non-legumes, harvest residue) in comparison increases 

the microbial demand for N (Chaney et al., 1994) in order to sustain growth. In this case, where 

insufficient N is available from decomposition of the residues, an alternate source of N (often 

soil derived) is required (McCalla and Russell, 1948; Sims and Frederick, 1970) making N 

temporarily unavailable to plants. In current WA farming systems, this is a commonly 

encountered problem associated with the retention of straw after harvest and high C/N residues 

such as wheat (C/N ratio of approximately 78:1), oats (70:1) and barley (58:1) which can result 

in significant immobilisation of N (Chaney et al., 1994) during the establishment of a subsequent 

crop. This can have negative implications for N management in subsequent grain crops, and 

may result in poor plant establishment, low biomass production and low grain yields. Mixed 

species cropping for feed or green manures, and under-sowing annual cereal crops with legume 

pastures has also been used to influence the C/N ratio of the residues. In WA this has led to 

changes in the amount of N supplied to subsequent crops (Hoyle and Murphy, unpublished), 

and has been used as a management a tool to increase decomposition in stubble retention 

systems dominated by cereal production. 

 

Thus rotational sequences can influence the limiting factors associated with nutrient turnover 

and availability. The application of residues, composts and other C substrates could therefore 
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be used to alter nutrient release, by retaining soil N and making it unavailable to plants, as well 

as reducing environmental risks associated with leaching (Chaney et al., 1994) and potential 

eutrophication of waterways. Due to the low organic inputs to farming systems in WA, any 

changes in SOM are likely to result only in small transitory changes to gross N mineralisation 

rates as demonstrated by Rahn et al. (2003) for low rates (<3 t ha-1) of C amendment, 

compared with higher rates of more than 10 t ha-1 which have resulted in longer term effects.   

 

1.5.4 Effect of management on the microbial biomass 
 Management practices that retain organic matter and minimise soil disruption such as 

reduced tillage, tend to increase the abundance of soil fauna (Doran, 1980; Hendrix et al., 1986) 

and microorganisms (Anderson and Domsch, 1989; Martens, 2001). Mixed cropping rotations 

increase the abundance and diversity of soil fauna, whilst pesticide application and mono-

cultures tended to decrease the diversity and increase abundance in only some species 

(Crossley et al., 1992). The use of fertilisers has had both negative and positive effects on 

microbial biomass (Murphy et al., 2003b). Fertiliser applications under nutrient limited conditions 

for example, may have a stimulatory effect on microbial growth, whereas high concentrations of 

N fertilizer initially induce a decline in microbial biomass (Murphy et al., 2003b). Arable rotations 

that increase the duration of plant cover generally increase the microbial biomass (Campbell et 

al., 1991), although these changes are dependent on crop type (Murphy et al., 2003b).   

 

1.6 Maintenance requirements of the microbial biomass 
The microbial biomass is largely driven by energy within photosynthetically fixed C 

and is therefore primarily derived from plant material. The enzymatic oxidation of SOM provides 

energy, and is a primary source of both C and N for microbes. However, the continuous cycling 

and recycling of C results in SOM that is generally stabilised both chemically and physically 

against oxidation (Schnitzer, 2000), resulting in slow metabolism of OM and insufficient energy 

to increase or maintain the microbial biomass (Joergensen et al., 1990) without further organic 

inputs from plants or animals. 

 

Plant roots which release soluble organic compounds (root exudates) and fresh plant/animal 

residues are primary suppliers of this energy for microorganisms. The total estimated 

rhizodeposition in soil is between 10-40% of total plant assimilated C (Marschner, 1986; Lee 

and Pankhurst, 1992), of which Lambers (1987) estimated only 1.7% of photosynthetically fixed 

C could be lost from roots. Often, microorganisms show increased activity in the rhizosphere 

where high levels of root released compounds (exudates) are more decomposable than other 

compounds in the soil (Newman, 1985; Trofymow et al., 1987). This region and the surface and 

inner parts of soil aggregates, which are protected or maximise surface area therefore represent 

regions with enhanced availability of energy sources, and potentially greater availability of 

inorganic N (Clarholm, 1985).  

 

As bulk soil is often nutrient poor, however, maintenance energy requirements of microbial 

communities are often greater than the energy available in the soil substrate (Morita, 1988). 
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Therefore microbial activity and growth in arable systems is often limited by the absence of 

readily available C and N based substrates (Magill and Aber, 2000). In environments where N is 

unlimited, but fresh C inputs such as root exudates or decomposition of OM are constrained, 

then mineralisation of N could be limited by lack of a labile C source (Magill and Aber, 2000). 

Similarly, in environments where labile C is unlimited, N is rapidly immobilised and availability is 

inadequate to meet both microbial requirements and plant demand. Typical microbial 

decomposition of labile organic-C substrates usually results in 40-60% of the C being 

mineralised (van Veen et al., 1985; Shen and Bartha, 1996), with any additional C respired as 

CO2-C indicative of enhanced mineralisation of alternate C substrates such as the SOM i.e. a 

‘priming’ effect. Organic C substrates suitable for microbial decomposition need to have a low 

molecular weight and be readily diffusable (De Nobili et al., 2001). In low nutrient environments, 

readily assimilated C may be immobilised and stored as carbohydrate (Knapp et al., 1983) 

rather than be converted to biomass (Nickels et al., 1979). Thus, insufficient nutrient levels in 

soil can result in irregular development of microbial populations (Dawes, 1984) due to the lack 

of readily available energy sources sufficient for reproduction and growth (Morita, 1988). Thus 

only a small proportion of the microbial population may be active (growing) at any one time, 

while others are in a starvation-survival state (Morita, 1988). The active bacterial population in 

soil, for example, is estimated at only 5% of the total bacterial population (Christensen et al., 

1999). A 50% metabolic efficiency is assumed and therefore a 50% conversion of substrate C to 

CO2-C signifies complete or near-complete biodegradation (Shen and Bartha, 1996). This 

efficiency varies with substrate energy content and experimental conditions. Therefore, when 

using unlabelled substrate only net CO2-C evolution greater than 100% of the added substrate 

constitutes evidence of a priming effect. An incubation time of 3-5 weeks is generally necessary 

to reach this (Shen and Bartha, 1996).  

 

1.6.1 Microbial evolution strategies  
Although microbial activity in soil is usually limited by the absence of readily available 

C, the active soil microbial biomass maintains an adenosine 5'-triphosphate (ATP) level, and 

adenylate energy charge (AEC) ratio reflective of actively growing microorganisms in vitro 

(Brookes et al., 1983; Contin et al., 2000). De Nobili et al. (2001) proposed that this was a result 

of microorganisms expending energy to maintain a state of metabolic alertness. A difference 

exists between the maintenance C requirements of an active, versus a dormant population 

(Anderson and Domsch, 1985a). The term ‘dormant’ is based on assumption that under field 

conditions, energy limitations allow only small parts of the potentially active population to be 

active at any given time (Anderson and Domsch, 1985a, b). Dormancy is believed to be a 

characteristic state for a major part of the total microbial biomass for most of the year. A 

‘dormant’ population is “that part of the living microbial biomass which survives in a reduced 

state of metabolic activity” (Gray and Williams, 1971).  

 

Gram negative bacteria (E. coli) for example have three phases: the lag phase in which cell 

growth must occur prior to division; the exponential growth phase in which all readily available 

nutrients are rapidly metabolised; and the stationary phase in which, as nutrients become 
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depleted the population size no longer increases (Finkel et al., 2000; Hicks et al., 2005). Once 

starvation begins, cells become smaller to conserve energy (Kim et al., 2001) and produce 

storage compounds such as glycogen, and synthesis enzymes that serve a protective function 

(Hengge-Aronis, 1996). Cells in this phase are still metabolically active and capable of re-

entering log-phase growth (Finkel et al., 2000; Hicks et al., 2005). After 3 days, 99% of cells will 

have lost viability and most are metabolically inactive. However, a small fraction of cells remain 

viable, change morphology and resemble cells in dividing exponential phase (Zambrano et al, 

1993). The survival capacity of bacteria (E. coli) has been linked to their metabolic activity, with 

survival times in C or N starved cells under imposed heat stresses (57°C), more than 40 times 

greater than those in an exponential growth phase (Matin, 1990). 

 

Starving cells are able to utilise biosynthetic enzymes, as well as other endogenous enzymes 

not required for obtaining energy from the environment during periods in which external sources 

of energy are low (Morita, 1988). Dawes (1976) interpreted this endogenous metabolism as a 

survival strategy of microorganisms that endure for significant periods of time in the absence of 

nutrients. Thus sufficient energy is provided for viable, but non-replicating (i.e. no growth phase) 

bacterial cells to survive. The length of time from which recovery occurs is related to 

environmental conditions and length of exposure to conditions (Roszak and Colwell, 1987). 

Dependent on the duration of starvation, the genome generally remains intact, and cellular 

enzymes are again restored (synthesised again) when sufficient nutrients (including those 

required for energy) are present (Morita, 1988). Although starvation does not inhibit uptake of 

substrates, a lag phase during which endocellular enzymes are restored is evident when 

microbes are placed in a high nutrient environment (Morita, 1988). The extent of this lag phase 

may be influenced by the quality (young & active, or old & dormant) of the biomass (Dalenberg 

and Jager, 1989), the length of starvation (Amy et al. 1983), or perhaps the solubility and 

composition of the residues (Dalenberg and Jager, 1989) in soil. Under starvation conditions 

beneficial mutations can arise leading to evolution of microbial diversity, whereas when nutrients 

are abundant the selective pressure to increase genetic variation and any mutation is low 

(Finkel and Kolter, 1999). 

 

Under hunger conditions gene adaptations and mutant takeovers in non-differentiating bacteria 

(Kim et al., 2001) can occur within 7 generations (Notley-McRobb and Ferenci, 1999). These 

populations for example, keep improving their scavenging ability and can become highly 

heterogeneous and genotypically differentiated from starting populations (Notley-McRobb and 

Ferenci, 1999) within this time. Hunger conditions for different microbial populations are likely to 

vary, with slow growing bacteria able to scavenge low (i.e. nM) concentrations of substrate 

(Schut et al., 1995) whilst for bacteria adapted to a higher nutrient supply (e.g. E. coli), these 

levels may represent starvation (Notley and Ferenci, 1996). A major factor in the regulation of 

glucose hunger response is the intracellular concentration of endogenous inducers of the 

mal/lamB and mgl systems responsible for glucose scavenging (Death and Ferenci, 1994; 

Notley and Ferenci, 1995).  
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1.6.2 Trigger molecules and priming effects 
 The addition of a range of soluble organic substrates has either been shown to 

accelerate or decrease the rate of CO2-C evolved from soil (Dalenberg and Jager, 1981, 1989; 

Bremer and Kuikman, 1994; De Nobili et al., 2001; Bell et al., 2003; Mondini et al., 2006). The 

increase in CO2-C evolution resulting from large (1000 or 5000 µg glucose-C g-1 soil) additions 

of glucose to soil has previously been linked to either an accelerated turnover of the C in the 

microbial biomass (Dalenberg and Jager, 1989; Wu et al., 1993), or an accelerated 

mineralisation of non-biomass soil organic matter (Shen and Bartha, 1996). This supports 

previous studies which proposed that available C (root exudates) may act as a primer in the 

decomposition of more stable C existing in the larger SOM pool (Helal and Sauerbeck, 1983; 

Bottner et al., 1988). Thus the availability of labile C sources is likely to influence the 

mineralisation of other C substrates (Swift et al., 1979).  

 

In some cases however, the addition of small amounts of labile C substrates such as glucose, 

amino acids and root exudates (‘trigger molecules’; De Nobili et al., 2001) to soil, has caused a 

proportionally larger degree of priming than previously observed and was attributed to utilisation 

of endocellular C. This has been demonstrated recently (Mondini et al., 2006) where the 

application of small amounts (5-15 µg C g-1 soil) of organic substrates evolved more CO2-C from 

soil than the amount of C applied (after adjusting for CO2-C from non-amended control soil). 

Additionally, the application of more complex organic substrates was proposed to have resulted 

in activation of a more diverse microbial population (Mondini et al., 2006). This is in agreement 

with Morita (1988) who suggests that the assimilation of endocellular C reserves can occur 

under C starved conditions, but that metabolisation of reserves may not occur due to metabolic 

arrest. Thus the microbial biomass by investing energy and relying on this endogenous energy 

reserve for long-term survival (Anderson and Domsch, 1985a, would take advantage of more 

significant forthcoming food event by detecting ‘trigger molecules’ diffusing through soil and gain 

a later benefit compared to a survival strategy based on spore formation.  

 

Previous researchers (Dalenberg and Jager, 1981) suggest the priming effect resulting from the 

addition of glucose to soil, is due to rapid biosynthesis of the substrate in the starving cells, with 

the newly introduced energy and building material replacing endocellular C which is 

preferentially used for energy production. Thus the priming effect results from conversions in the 

living microbial biomass. This suggests that if microbial biomass were an important source of C 

in the priming effect, the extent of priming would be dependent on the amount of microbial 

biomass that can be activated rather than the amount of material added, provided the amount is 

sufficient to supply all members of the microbial biomass that can be activated (Dalenberg and 

Jager, 1981). 

 

Although Fontaine et al. (2004) suggest that priming effects are more common in nutrient-poor 

soils, it is likely that the magnitude and direction of the response is also dependent on both the 

composition of the organic substrate applied to soil and the diversity of the soil microbial 

community (Bell et al., 2003; Hamer and Marschner, 2002). The priming effect of different 
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substrates may also be dependent on the metabolic pathway (Dalenberg and Jager, 1989). For 

example, glucose causes a small short-term priming effect; whilst amino acids such as 

glutamate and aspartate can cause relatively large and longer lasting effect (Dalenberg and 

Jager, 1989). Complex substrates such as wheat straw are likely to produce two peaks - one 

from readily decomposable (soluble) substances and the second later peak from the 

decomposition of cellulose & hemicellulose, (Dalenberg and Jager, 1989). However, these straw 

residues are often poor in readily utilisable sugars and proteins, and therefore decomposition 

depends on colonisation of residues and growth of microorganisms producing extracellular 

cellulases and hemicellulases – an activity in which fungi play a dominant role (Swift et al., 

1979). Thus the application of soluble organic C substrates such as glucose and molasses to 

soil is currently being promoted as a means of promoting microbial activity and enhancing 

decomposition of more stable soil organic matter pools and more recalcitrant stubble residues 

(Murphy et al., 2003b). 

 

1.7 Thesis outline 
The primary objectives of this study were to answer the following questions:  

i) Does the microbial response to the addition of trigger molecules in WA arable soils 

result in extra CO2-C release?  (Chapters 2, 3, 4) 

ii) How does a complex substrate alter the microbial response compared to a simple 

one? (Chapters 3, 4)  

iii) Does the amount of substrate applied as a trigger molecule to soil alter the 

microbial response? (Chapters 2, 3, 4) 

iv) Does the application of trigger molecules result in changes to soil organic carbon 

transformation rates? (Chapter 3) 

v) Does the application of trigger molecules alter C and/or N cycling? (Chapter 3, 4, 5, 

6).  

vi) Does the application of trigger molecules stimulate different components of the 

microbial population and subsequently promote soil organic matter breakdown?  

(Chapters 2, 3, 4, 5, 6) 

vii) How do carbon substrates under variable temperature field conditions influence 

microbial processes? Does increasing soil temperature result in a separation of the 

kinetic relationships for C, and the gross N mineralisation, immobilisation and 

nitrification of N? (Chapter 3, 5, 6)  

 

To meet the objectives posed, several different approaches have been taken. 

1) Infra-red gas analysis (IRGA) was used to assess microbial activity and responsiveness to 

simple carbon substrates by determining CO2-C concentrations for a range of WA soils (De 

Nobili et al., 2001; Mondini et al., 2006).  

2) Uniformly labelled 14C-glucose was used to separate mineralisation of soil organic matter 

(SOM) versus glucose-C. 
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3) Rates of mineralisation, nitrification and immobilisation in soils from WA were determined 

analytically using 15N isotopic pool dilution assays (Brookes et al., 1989), and modelled 

using FLUAZ (Mary et al., 1998).  

4) Phospholipid fatty acid (PLFA) extraction was used to determine variation in PLFA profiles 

associated with the application of soluble C substrates, and their relationship with microbial 

biomass, microbial activity, inorganic N and other microbial parameters (Zelles and Bai, 

1993; Zelles, 1997; Griffiths et al., 1999). 

5) Communities were characterised using substrate utilisation patterns (Magurran, 1988; 

Degens and Harris, 1997; Degens et al., 2000; Degens et al., 2001) 

6) Estimates of enzyme activities including arginine ammonification (Bonde et al., 2001), 

cellulase (Hope and Burns, 1987), β-glucosidase (Eivazi and Tabatabai, 1988), acid 

phosphatase (Tabatabai and Bremner, 1969, Eivazi and Tabatabai, 1977), and 

arylsulphatase (Tabatabai and Bremner, 1970) were used to determine short term changes 

in functional diversity.  
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CHAPTER 2  
MICROBIAL RESPONSE TO THE ADDITION OF SMALL AMOUNTS OF GLUCOSE IN LOW 

FERTILITY SOILS 

 

FOREWORD 
This chapter presents results from a laboratory study designed to investigate the microbial 

response to the addition of small amounts of glucose-C. The aim was to determine whether a 

trigger molecule response could be invoked on low fertility soils as reported by De Nobili et al. 

(2001) in a temperate system. The work of De Nobili et al. (2001) proposes an evolutionary 

strategy used by soil microorganisms to become ‘metabolically alert’ in response to trace 

amounts of substrate in soil solution which indicate a forthcoming ‘food event’. Results of this 

study suggest that the ‘trigger molecule’ response observed by De Nobili et al. (2001) is not 

universal, and that instead extra CO2-C evolved from soil on application of a small amount of C 

substrate stimulated enhanced mineralisation of more stable soil C pools.  

 

2.0 Abstract 
 Addition of soluble organic substrates to soil has been shown to either accelerate or 

constrain the rate of microbial CO2-C evolution. Previously, this has been attributed to a priming 

effect resulting from accelerated turnover of the soil organic matter including the microbial 

biomass. However, in some cases, a proportionally larger amount of priming (up to six fold 

greater) was observed on addition of small amounts (5-34 µg C g-1 soil) of carbon (C) substrate 

(‘trigger molecules’). This has been attributed to utilisation of endocellular C by microorganisms 

to maintain metabolic readiness in anticipation of a more significant food event diffusing through 

soil. In this study, the microbial response to small glucose-C additions (10-50 µg C g-1 soil) in 

three Western Australian arable soils either amended or not with cellulose was investigated. 

Organic matter inputs to these soils are typically small and the microbial population remains 

largely dormant during extended dry periods. An immediate CO2-C release between 0-69 h 

(equivalent to 59% of glucose-C applied) was measured. However, only half the CO2-C respired 

could be attributed to the utilisation of glucose-C substrate, based on the percentage of 14C-CO2 

evolved following the addition of a 14C-labelled glucose tracer. Thus although no evidence of an 

immediate release of ‘extra’ C above the rate applied as glucose-C was observed, the pattern of 

decomposition for 14C-glucose suggested utilisation of an alternate C source (as would be 

consistent with a priming effect). This is founded on the assumption that the percentage of 14C-

CO2 evolved on addition of 14C-glucose was reflective of the microbial utilisation of the total 

glucose-C pool. Based on this, a positive priming effect (1.5 to 4.3 times the amount CO2-C 

evolved that was attributed to glucose-C decomposition) was observed for at least 170 h in non-

cellulose amended soil and 612 h in cellulose amended soil. Two further phases of microbial 

activity in cellulose-amended soils were attributed to either activation of different microbial 

populations or end-product inhibition of cellulase activity following glucose addition. During 

these subsequent phases, a negative priming effect of between -0.1 and -1.5 times was 

observed. At the end of the incubation (2500 h) 2.7 % of the 14C from the added glucose was in 
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the microbial biomass, 3.1% was recovered as K2SO4 extractable C and 35% was assumed to 

have been retained in soil organic matter. Findings from this and previous studies indicate that 

the response of the microbial community to small additions of soluble organic C substrate is not 

consistent, and supports the premise that microbial response varies in a yet to be predicted 

manner between soil type and ecosystems. It may be that the response to soluble organic 

substrates is related to differences in the microbial community structure activated by the 

addition of organic C, and the timing of soluble organic substrate addition with respect to the 

current dissolved organic C status of the soil. 

 

Keywords: Microbial respiration; Carbon; Cellulose; Trigger molecule theory. 

 

2.1 Introduction 
 Although a significant quantity of organic matter is usually present in soil, the majority 

does not exist in a form that is readily available for microbial decomposition, nor does it provide 

sufficient maintenance energy for the soil microbial biomass (Joergensen et al., 1990). In 

Western Australia for example, rain-fed grain production systems are often typified by 7 months 

of active crop growth (average growing season rainfall 200-400 mm) and 5 months summer 

fallow (0-100 mm rainfall). Thus, annual organic matter inputs are often small due to relatively 

low production levels (e.g. average wheat production 2.0 t ha-1) and are comprised largely of 

animal and  plant residues and root exudates. Under these conditions, limited C and water 

availability often constrain microbial activity.  

  

The increase in CO2 evolution resulting from large (1000 or 5000 µg glucose-C g-1 soil) 

additions of glucose to soil has previously been linked to either an accelerated turnover of the C 

in the microbial biomass (Dalenberg and Jager, 1989; Wu et al., 1993), or an accelerated 

mineralisation of non-living soil organic matter (Shen and Bartha, 1996). However, small 

additions (5-34 µg C g-1 soil) of soluble C substrates such as glucose, amino acids and root 

exudates to soil (termed ‘trigger molecules’; De Nobili et al., 2001) have, unusually, been 

reported to cause more CO2-C to be evolved than was contained in the original substrate in 

soils from England (De Nobili et al., 2001) and Northern Italy (Mondini et al., 2006). De Nobili et 

al. (2001) proposed that this increased CO2-C evolution may result from an evolutionary 

strategy used by soil microorganisms to become ‘metabolically alert’ in response to trace 

amounts of substrate in soil solution which indicate the front of a diffusional gradient for a 

forthcoming ‘food event’. Thus the food event would initially be detected as ‘trigger molecules’ 

diffusing through the soil solution to the waiting microorganisms. The microorganisms, by 

investing more energy than was contained in the original substrate (derived from endocellular 

reserves) are able to maintain a metabolically active state. The active microorganisms may 

therefore gain a benefit with respect to limited resource condition, compared to a survival 

strategy based on spore formation. This supports previous studies in which the soil microbial 

biomass maintained an adenosine 5'-triphosphate (ATP) concentration, and adenylate energy 

charge (AEC) ratio comparable to microorganisms growing exponentially in vitro (Brookes et al., 

1983).  
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Although microbial assimilation of soluble C substrates such as glucose can be rapid, even 

under C limited conditions (Bremer and Kuikman, 1994), the proportion of substrate mineralised 

by microorganisms may be low due to ‘metabolic arrest’ (Morita, 1988). For example, the 

availability of labile C sources such as root exudates and/or readily decomposing compounds 

from plant residues is associated with greater mineralisation of added C substrates in non C 

limited soils (Swift et al., 1979), whereas under C limited conditions increased storage by 

microorganisms is observed (Nguyen and Guckert, 2001). Thus, the utilisation efficiency of low 

molecular weight soluble C substrates such as glucose under C limited conditions is likely to 

differ from soil to soil (Bremer and Kuikman, 1994; Bremer and van Kessel, 1990; Nguyen and 

Guckert, 2001). The aim of this study was therefore to determine whether a ‘trigger molecule’ 

response similar to that of either De Nobili et al. (2001) or Mondini et al. (2006) occurred in the 

rainfall limited, low fertility coarse textured soils from Western Australia. 

 

2.2 Materials and Methods 
2.2.1 Experiment 1: 12CO2

 Composite samples (0-5 cm) of three arable soils typically cropped under an annual 

spring wheat: legume rotation, were collected during the dry season (i.e. absence of growing 

plant), sieved (< 2 mm) and stored for 21 d at 4°C. Soil 1 was a sand (5.9% gravimetric field 

moisture water content, 3.54% clay, pH(CaCl2) 5.54, 0.83% total C).   Soil 2 was a sandy loam 

(5.8% gravimetric field moisture water content, 12.63% clay, pH 6.1, 1.45% total C).  Soil 3 was 

a sandy loam (6.4% gravimetric field moisture water content, 11.57% clay, pH 5.1, 1.74% total 

C). Soils were adjusted to 50% water holding capacity (WHC), sub-sampled (25 g dry weight 

equivalent) and conditioned in air-tight 523 ml glass containers at 25°C for 4 d to overcome any 

pretreatment effects. Lids modified with gas septum ports were used to seal the containers. 

Soils were then either amended, or not, with 1 mg cellulose-C g-1 soil added as a finely ground 

dried powder and mixed thoroughly into soil to determine whether the response to glucose was 

more sustained in the presence of cellulose, and equilibrated at 25°C for a further 24 h at 100% 

relative humidity to reduce the effect of soil disturbance.  

  

‘Trigger molecule’ solutions were prepared by adding C (glucose), N and P at a ratio of 10:1:1 

as described by De Nobili et al. (2001) to each of three treatment replicates. The N and P were 

added to ensure that these nutrients did not limit microbial processes.  The glucose-C was 

added to provide either 30 or 50 µg C g-1 soil in 1 ml aliquots. Appropriate control solutions 

containing inorganic N (applied as (NH4)2SO4) and P (applied as KH2PO4), but no glucose-C 

were also applied to soil. On d 1, soils received a single application (1 ml applied as multiple 

droplets and mixed) of either the glucose-C solution (at a rate of 30 or 50 µg C g-1 soil), or the 

control solution. Multiple application treatments were also applied to separate soil samples 

using the same total amount and volume of glucose-C but in smaller aliquots (10 µg C g-1) on d 

1, 7, and 16 (i.e. total of 30 µg g-1 soil) and d 1, 4, 7, 9 and 16 (i.e. total of 50 µg g-1 soil). The 

final soil WHC in all treatments was 63%. 
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Following the application of glucose-C or control solutions, soils were incubated at 25±2°C and 

soil CO2-C evolution measured for 536 h using an infra-red gas analyser (IRGA) at intervals 

ranging from 4-72 h (depending on the rate of buildup in the headspace), by extracting 1 ml of 

gas with a syringe after first homogenising the headspace gas. Treatments were analysed 

against different volumes of a CO2 standard (4.95 ± 0.10% CO2 in helium, BOC Ltd.). After each 

sampling, all containers were opened and the headspace gas exchanged with fresh air. The 

effective volume of gas space in the container was adjusted on the basis of soil water content, 

CO2 solubility at 25°C and soil volume. The CO2 results are reported as either the average rate 

of CO2-C evolved over a 24 h period, or as the difference in cumulative CO2-C evolved between 

soils treated with glucose-C solution and control solutions either not amended, or amended with 

cellulose. 

 

2.2.2 Experiment 2: 14CO2

 The most responsive soil from the previous experiment (Soil 3: sandy loam) was used 

to demonstrate the relative contribution of glucose-C to total soil CO2-C evolution using 

uniformly 14C labeled D-glucose (specific activity 7852 MBq mmol-1). Soil (0-5 cm) was collected 

field moist from a planted system and conditioned as described above. The soil was sub-

sampled and weighed (25 g dry weight) into airtight glass containers and rates of total CO2-C 

and 14C-CO2 measured independently for each of three replicates. Non-amended and cellulose 

amended soil samples were mixed with 1 ml of a solution (as multiple droplets) containing 30 µg 

of unlabelled glucose-C g-1 soil in addition to 0.01 µg 14C-glucose g-1 soil to give 26 kBq 14C-

glucose g-1 soil (3.3 nmol glucose ml-1) and incubated for a total of 2500 h (104 d). Appropriate 

control solutions (1 ml) containing inorganic N (applied as (NH4)2SO4) and P (applied as 

KH2PO4) only, were also prepared.   

 

The experiments were performed in a controlled temperature room kept at 25±2°C.  The 14C-

CO2 evolved was monitored for 2500 h (104 d) by placing KOH traps (7.5 ml of 0.5 M KOH) 

inside each airtight container. Traps were replaced at regular intervals (d 2, 4, 7, 14, 25, 36, 46, 

and 71) and stored in a CO2 free environment until analysed. Headspace 14C-CO2 accumulation 

from a 1 ml aliquot of the KOH trapping solution and the activity of the initial 14C-glucose 

solutions were measured by liquid scintillation counting in 10 ml of ‘Starscint’ scintillation 

cocktail. Total CO2-C evolution (µg CO2-C g-1 soil d-1) was measured by IRGA as described 

above for a total of 2326 h (approximately 97 d) and reported both as an average daily (24 h) 

rate of CO2-C evolved and as the difference in cumulative CO2-C evolved from  soils treated 

with glucose-C and control solutions either not amended, or amended with cellulose. The  14C 

activity is reported as the average number of disintegrations per minute (DPM) for each soil 

sample (25 g dry weight soil) in cellulose amended or non-amended soil, and the cumulative 

activity of 14C-CO2 evolved reported as a percentage of total activity of the 14C applied. The 

priming effect (P) resulting from the addition of glucose-C was calculated as follows: P = 

(unlabelled CO2-C + 14C-CO2 evolved from glucose amended soil) - (unlabelled CO2-C evolved 

from soil without added glucose). 
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Microbial biomass-C was determined by fumigation extraction (Vance et al., 1987) prior to 

addition of treatments. Non-fumigated and CHCl3 fumigated soil (10 g dry weight soil), were 

extracted with 40 ml 0.5 M K2SO4 and extracts filtered (Whatman No. 42). Microbial biomass-C 

was analysed by measuring total oxidisable C (Shimadzu Model 5050) and adjusted by a factor 

of 2.22 (Wu et al., 1990). Fumigated and non-fumigated 14C labeled soil extracts were also 

analysed to determine K2SO4 extractable 14C and microbial biomass-14C at the completion of 

the experiment. 

 
2.2.3 Statistics 
 General analysis of variance and repeat sampling ANOVA was used after testing for 

normal distribution to determine significant treatment effects on average daily CO2-C evolution, 

cumulative CO2-C evolution and 14C activity using GENSTAT 7th edition. Analytical data are 

given as mean ± least significant difference (LSD), or mean ± standard error (n=3). Statistical 

tests were considered significant at the level P≤0.05 unless otherwise stated. 

 

2.3 Results 
2.3.1 Experiment 1: 12CO2

 Microbial biomass-C was measured as 71, 265, and 138 µg C g-1 in soil 1, 2, and 3 

respectively at the start of the experiment. The CO2-C evolution rates in control soils were 

relatively constant during incubation; soils not amended with cellulose evolved on average 5, 

14, and 8 µg C g-1 soil d-1 and cellulose amended soils evolved 16, 41, and 31 µg C g-1 soil d-1 in 

soils 1, 2, and 3 respectively. Although average daily rates calculated at the end of the 

incubation for glucose amended soil were similar, the initial rate of CO2-C evolved (observed 

between 0 and 72 h after glucose addition) was between 1.4 and 2.5 times the rate of CO2-C 

evolved in control soils (data not presented). In non-cellulose amended soils, cumulative CO2-C 

evolved was significantly greater (P≤0.05) following the addition of a single pulse of glucose-C 

compared to the control. Cumulative differences in CO2-C evolved (treatment minus control) 

reached the equivalent of 21-51% of the glucose-C applied in Soil 1 (Fig. 2.1a), 60-71% in Soil 

2 (Fig. 2.1b), and 77-128% in Soil 3 (Fig. 2.1c) after 536 h depending on treatment. Multiple 

application of glucose-C solution as either 3 or 5 applications of 10 µg C g-1 soil caused a lesser 

amount of CO2-C to be evolved compared to the equivalent amount of glucose-C solution 

applied as a single application, with the exception of one treatment (Soil 1, 50 µg C g-1 soil; Fig. 

2.1a). However, in all other treatments (Fig. 2.1a, b, c), between 6 and 30 µg CO2-C g-1 soil less 

CO2-C was evolved from multiple applications compared to the equivalent single application (i.e. 

30 or 50 µg CO2-C  g-1 soil) indicating no additional effect from multiple ‘trigger molecule’ 

applications in these soils.   

 

 



Fig. 2.1. Cumulative CO2-C (treatment minus control) evolved during incubation of non-cellulose amended a) Soil 1, b) Soil 2 and c) Soil 3 and cellulose-amended d) 

Soil 1, e) Soil 2 and f) Soil 3 after a single addition of glucose-C solution at 30 µg C g-1 soil (●), 50 µg C g-1 soil (◆), 3  applications of 10 µg C g-1 soil (○) at 24, 168, 

384 h, and 5 applications of 10 µg C g-1 soil (◇) at 24, 96, 168, 216, 384 h in soils from Western Australia. Capped bars representing standard errors (n=3) are 

plotted for each sampling point, and may be smaller than symbols. 
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A third, highly variable phase of CO2-C accumulation was observed after 300 h with the rate of 

CO2-C evolved either increasing or remaining close to that of the control treatment. At the end 

of the incubation, the average microbial biomass-C in non-cellulose amended soil had declined 

(P<0.001, LSD=39) from initial estimates in soil 2 (173 µg C g-1 soil) and 3 (99 µg C g-1 soil). 

Microbial biomass-C was also lower in non-cellulose amended treatments at the end of the 

incubation in soil 1 (75 µg C g-1 soil, P<0.01, LSD=22), soil 2 (152 µg C g-1 soil, P<0.01, 

LSD=12), and soil 3 (92 µg C g-1 soil, P<0.02, LSD=11), compared to cellulose amended soil 

which measured 103, 181, and 109 µg C g-1 soil in soils 1, 2, and 3 respectively. 

 

2.3.2 Experiment 2: 14CO2

 Microbial biomass-C determined prior to incubation measured 121 µg C g-1 soil. The 

average daily rate of 14C-CO2 production from soil amended with 26 kBq 14C-glucose g-1 soil 

(Fig. 2.2) demonstrated a peak of activity within 43 h of application equivalent to 18% of the 

original 14C-glucose addition and was consistent with the non-labeled glucose-C responses 

observed in Experiment 1.  
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Fig. 2.2.  Average specific activity (activity d-1) measured as the number of disintegrations per 

minute (DPM) of 14C-CO2 in Soil 3 evolved after the addition of 0.01 µg 14C-glucose g-1 soil. 

Capped bars representing LSDDPM (P=0.05) are plotted for each sampling point and may be 

smaller than symbols. 

 

However, the response to application of 14C-glucose was brief and within 170 h the average 

daily rate of activity had declined rapidly (Fig. 2.2). Another much smaller increase in 14C-CO2 

evolution was observed between 170 h and 331 h, after which 14C activity gradually declined 

(Fig. 2.2). A total of approximately 59% of the applied 14C-glucose was evolved as 14CO2-C by 

2500 h (Fig. 2.3). Data are presented as the average DPM for non-cellulose and cellulose 

amended soils, as the pattern and rate of 14C-CO2 evolution was not significantly different 

(P=0.05) between these treatments. A mean of 2.7% of 14C-glucose was recovered as microbial 

biomass-C after incubation for 2500 h. The remainder of the 14C-glucose (38%) was assumed to 

have been retained within the soil organic matter pool of which 3.1% was recovered in 0.5M 

K2SO4.  
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Fig. 2.3. Cumulative 14C-CO2 evolved expressed as a percentage of the initial 14C-glucose 

applied. Data is the average of cellulose and non-cellulose amended treatments. 

 

At the end of the incubation, microbial biomass-C was significantly (P≤0.05, LSD=24) greater in 

cellulose amended (121 µg g-1 soil), compared to the non-cellulose amended (59 µg g-1 soil) 

treatments. The non-cellulose amended soil at the end of the incubation, also had significantly 

lower (P<0.05, LSD=36) microbial biomass-C than the initial value. There was no difference 

(P=0.05) in microbial biomass-C between the control and glucose-C treatments.  

 

An increase in the rate of unlabelled CO2-C evolved was observed (within 4 h) after amendment 

with glucose-C in non-cellulose amended soil (Fig. 2.4a). This resulted in an immediate 

difference in the cumulative CO2-C evolved of approximately 18% in glucose-C treated soil (30 

µg C g-1 soil) compared to the control (0 µg C g-1 soil) treatments (Fig. 2.4b). After 48 h, the 

equivalent of 37% of the applied glucose-C had been respired. The rate of CO2-C evolution in 

non-cellulose amended soil then gradually declined (Fig. 2.4a) and after 7 d (185 h) the 

equivalent of approximately 50% of the added glucose-C had been respired. Between 185 and 

535 h, the cumulative difference in CO2-C declined until it reached a similar rate of CO2-C 

evolution to the control soil, after which less CO2-C was evolved from the glucose treated soil 

than the control (Fig. 2.4c). 

  

The response to glucose addition in the cellulose amended soils during the first 66 h after 

amendment with glucose-C (Fig. 2.4b) was similar to non-cellulose amended soil (Fig. 2.4a). 

However, a second phase of rapid CO2-C evolution in cellulose amended soil was observed 

between 66 and 230 h in both glucose amended, and control soils (Fig. 2.4b). The resulting 

difference in cumulative CO2-C evolved between glucose treated and control soils (Fig. 2.4d) 

was equivalent to up to two times the amount of glucose-C added (30 µg C g-1 soil) after 500 h, 

but less than the total amount of C added as glucose and cellulose (1030 µg C g-1 soil). 

However, cumulative respiration at the end of the incubation (2300 h) was suppressed in soil 

with glucose added, compared to the control. In both non-cellulose and cellulose amended soil, 

the relative difference measured in cumulative CO2-C evolved in glucose-C treatments (Fig. 

2.4b, d) was less than 5% of the total basal CO2-C evolved from soil organic matter 

decomposition during this experiment. 
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Fig. 2.4. Average CO2-C evolution rate (µg CO2-C g-1 soil d-1) in a) non-cellulose and b) 

cellulose amended soil for 0 (□) and 30 µg glucose-C g-1 soil (■) treatments; and the cumulative 

difference (▲) in c) non-cellulose amended and d) cellulose amended soil  between non-

glucose and glucose amended treatments at each sampling interval. Capped bars represent 

LSD (P=0.05). Note: Different scale on graphs. 

 

 

As specified above, the total amount of cumulative CO2-C evolved was generally less than the 

total amount of glucose-C applied. However, more CO2-C was recovered from the addition of 30 

µg C g-1 soil than expected based on the percentage of microbial decomposition of 14C-labeled 

glucose. This was interpreted as a positive priming effect equivalent to 1.5 to 1.8 times the 

anticipated CO2-C evolution within the initial 43 h period after application of glucose-C in both 

non-cellulose and cellulose amended soil (Table 2.1). This positive priming effect continued for 

170 h in non-cellulose amended and 612 h in cellulose amended soil. A negative priming 

response was then observed (-0.1 to -1.5 times), which resulted in less CO2-C than expected 

(Table 2.1). At the end of the incubation (1692 h), the priming effects calculated from cumulative 

differences between the control soil and glucose-C treated soil were negative in non-cellulose 

amended, and only 30% of the expected respiration in cellulose amended soil; indicating that 

the positive priming effect was only related to the initial phase of the experiment. Thus the 

interpretation of the priming effect depends on the time period chosen. 
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 Time 

(h)  

Priming effect (P; 

µg C g-1 soil) 

Evolution of 
14C-CO2 (%) 

Expected (E) amount of CO2-C evolved 

(30 µg glucose-C x % 14C-CO2 evolved; µg C g-1 soil) 

Additional CO2-C  

(P-E; µg C g-1 soil) 

Ratio  

((P-E)/E) 

43 h 15.3 18.33 5.5 9.8 1.8 

97 h 18.2 22.12 6.6 11.6 1.7 

170 h 23.6 24.74 7.4 16.2 2.2 

331 h 7.4 32.58 9.8 -2.4 -0.2 

612 h -2.9 40.39 12.1 -15.0 -1.2 

852 h -6.8 44.89 13.5 -20.2 -1.5 

1092 h -1.6 46.92 14.1 -15.7 -1.1 

Non-cellulose 

amended 

1692 h -6.7 51.02 15.3 -22.0 -1.4 

43 h 14.2 19.1 5.7 8.5 1.5 

97 h 20.3 22.6 6.8 13.5 2.0 

170 h 34.6 24.8 7.4 27.2 3.7 

331 h 50.5 31.8 9.5 41.0 4.3 

612 h 53.4 39.3 11.8 41.6 3.5 

852 h 8.5 44.5 13.4 -4.9 -0.4 

Cellulose 

amended 

1092 h 12.6 47.2 14.2 -1.6 -0.1 

 1692 h 20.3 51.4 15.4 4.9 0.3 

Table 2.1. Priming effect (P; µg glucose-C g-1 soil) resulting from the application of 30 µg C g-1 soil as either glucose, at eight sampling times in cellulose and non-

cellulose amended soil. P = (unlabelled CO2-C + labeled 14C-CO2 evolved from glucose amended soil) - (unlabelled CO2-C evolved from soil without added glucose).  
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2.4 Discussion 
 The addition of a small amount of 14C-glucose to soil (0.01 µg 14C-glucose g-1 soil + 

30 µg glucose-C g-1 soil), caused a rapid peak of 14C-CO2 respiratory activity during the first 48 

h in both cellulose and non-cellulose amended soil treatments as previously observed by 

Nguyen and Guckert (2001) within 15 min of 14C-glucose application to soil. In this study, 21% 

of added 14C-glucose was evolved as 14CO2-C within 3 d. This is comparable to other studies, in 

which between 23 and 42% of glucose was evolved as CO2-C within 3 d (Bremer and van 

Kessel, 1990; Bremer and Kuikman, 1994; Nguyen and Guckert, 2001). In total, 50 to 66% 

(average 59%) of 14C-glucose was evolved as 14C-CO2 during the incubation.  This is typical of 

microbial decomposition of labile organic-C substrates which usually results in 40-60% of the C 

being mineralised (van Veen et al., 1985; Shen and Bartha, 1996).  

 

Since glucose is uncharged, it is not sorbed on to soil particles (Darrah, 1991; Jones and 

Edwards, 1998) and thus the component of the 14C-glucose (38%) not evolved as 14C-CO2 

should either be immobilised into the microbial biomass, be present in the soil as microbial 

metabolites or incorporated into the humified soil organic matter pool. In this study, a small 

percentage (3%) of 14C-glucose was recovered after 2300 h from soil solution, supporting 

previous studies which determined a low recovery (<1%) of 14C-glucose from soil solution due to 

rapid microbial assimilation of glucose (Bremer and van Kessel, 1990; Bremer and Kuikman, 

1994; Nguyen and Guckert, 2001). Less than 3% of the 14C-glucose was immobilised in the 

microbial biomass and thus the remaining 35% of added glucose (after accounting for CO2-C 

respiration) was assumed to have been retained within a non-labile (i.e. non-extractable in 0.5 

M K2SO4) soil C fraction.  

  

In Experiment 1, soils amended with glucose-C predominantly evolved less CO2-C than was 

added in the glucose. Therefore, the cumulative amount of respired C measured in non-

cellulose amended soil during the first 374 h of incubation generally indicated no additional 

release of CO2-C from the microbial biomass following application of non-labeled glucose to 

soils. This is in contrast to observations by De Nobili et al. (2001), who measured a greater 

release of C as CO2-C in excess of applied treatments (4.6 times the original application of 11.3 

µg C g-1 soil as root extracts) in soil not amended with cellulose, 100-160 h after the application 

of root extracts and in some cases up to 1.4 times the original application of 11.3 µg glucose-C 

g-1 soil.  They attributed this response to endocellular utilisation of C. In many cases, there was 

a lag-phase of up to 100 h before more CO2-C was evolved than applied as a C substrate 

indicating that the ‘trigger molecule’ response was not immediately apparent. If the response 

observed by De Nobili et al. (2001) resulted from the use of endocellular C, ‘extra’ CO2-C may 

have been anticipated to have evolved within minutes or hours following glucose application. 

However, given the application of glucose-C is likely to only stimulate a component of the 

population, it is difficult to determine whether endocellular C is being utilised. In contrast, 

Mondini et al. (2006) reported no lag phase when adding a wide range of substrates to soil 

including glucose, amino acids, compost extract and protein hydrolysates at concentrations 

ranging from 5 to 15 µg C g-1 soil.  
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Similarly, in cellulose-amended soils, the cumulative CO2-C evolved (4-69 h) indicated no 

‘additional’ immediate evolution of CO2-C following application of glucose. The equivalent of 33-

61%, 7-60%, and 34-44% of the C applied as glucose was respired in Soils 1, 2, and 3 

respectively. Unexpectedly, in contrast to non-cellulose amended soil the rate of CO2-C 

evolution in cellulose-amended soils receiving glucose then declined (relative to control CO2-C 

evolution), indicating a decrease in microbial activity. One possible explanation is that the 

glucose inhibited cellulase activity through end-product inhibition (Paul and Clark, 1989), and it 

took some time for enzyme activity to recover. The response observed in cellulose amended 

soil then suggests a highly variable secondary phase of C mineralisation distinct from the initial 

glucose mineralisation phase, associated with partial recovery of microbial activity after 300 h. 

However even after 560 h, the rate of CO2-C evolution in some cellulose-amended treatments 

receiving glucose-C still remained below that of the control soil. In all cases, no additional CO2-

C was evolved in cellulose amended soils following addition of glucose.  

 

The CO2-C evolved from non-cellulose amended soil by comparison lacked the secondary 

phase of glucose-C mineralisation observed in cellulose amended soil, suggesting a C limitation 

in these soils. The exception was soil 3, where the addition of 30 µg glucose-C g-1 soil caused 

approximately 38 µg CO2-C g-1 soil to be evolved after accounting for background CO2-C (Fig. 

2.1c). However, ‘extra’ CO2-C was not evolved until after approximately 374 h, indicating a 

delayed response on application of glucose-C which could not be directly associated with the 

utilisation of endocellular C. Subsequent testing of Soil 3 (Experiment 2), also failed to obtain a 

similar response and the amount of CO2-C evolved was less than the amount applied as 

glucose-C. An alternative interpretation of these findings and those of De Nobili et al. (2001) 

suggest this delayed CO2-C evolution is therefore more likely an indirect result of the applied 

glucose. For example, delayed CO2-C evolution may result from an accelerated turnover of the 

microbial biomass, or the formation of a glucose-derived metabolite more readily decomposed 

by a greater diversity of microorganisms.  
  

Both De Nobili et al. (2001) and Mondini et al. (2006) found that repeated applications of small 

amounts of glucose-C caused more CO2-C to be evolved, compared to a single application of 

the equivalent amount of glucose. This supports findings by Bremer and Kuikman (1994) where 

greater mineralisation of glucose-C was observed in soils where the microbial biomass had 

been ‘activated’ by a prior addition of glucose-C to soil. However in C limited soils, Morita (1988) 

suggested that although the assimilation of soluble C may be uninhibited, the stored substrate 

may not be immediately metabolised due to metabolic arrest. Thus in this study, where less 

CO2-C was evolved following  repeated applications of glucose-C compared to an equivalent 

single application, a lower rate of assimilation and metabolism of glucose-C may be due to the 

microbial biomass in these soils having a  lower metabolic rate due to a significant C limitation 

(Bremer and Kuikman, 1994). Hamer and Marschner (2002) concluded that the direction and 

magnitude of response in CO2-C evolution after addition of soluble organic substrates to soil 

could not be predicted as there was no relationship to soil properties. Instead it is likely that the 
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type of organic substrates applied and diversity of the active soil microbial community will have 

a large influence on the resulting response. This is in agreement with the results of both De 

Nobili et al. (2001) and Mondini et al. (2006) showing that complex organic substrates (e.g. root 

extracts) result in more ‘extra’ CO2-C evolution; presumably due to activation of a larger 

component of the soil microbial community. 

 

The variable responses observed in Experiment 1 and 2 on application of glucose-C to Soil 3 is 

likely to be due to differences in soil conditions related to sampling time. Soil for experiment 1 

was sampled during summer in the absence of growing plants, whilst soil for experiment 2 was 

sampled from the same site but in the presence of growing plants. Despite these differences, 

the peak in activity associated with the addition of glucose-C to soil in small amounts was of 

relatively short duration in both cases and does not suggest enhanced mineralisation of soil 

organic matter or the use of endocellular C during the first 250 h of incubation. However, the 

total amount of CO2-C anticipated due to the application of glucose-C, as determined by the 

pattern of 14CO2-C evolved, indicates an additional release of CO2-C from the microorganisms 

that was not attributable to utilisation of the applied glucose-C substrate.  

 

Priming effects from large substrate additions (>1000 µg C g-1 soil, Dalenberg and Jager, 1989; 

Wu et al., 1993), usually involve a change of between 10-20% in evolution of unlabelled CO2-C, 

whereas trigger molecules may give up to 6 times more (Brookes, pers. comm.). In this study, 

the application of glucose to soil resulted in a short term positive priming effect of between 1.5-

4.3 times the expected CO2-C resulting from decomposition of the glucose-C, supporting the 

‘trigger molecule’ theory of De Nobili et al. (2001). However, longer term, the application of 

glucose-C in non-cellulose amended soil actually resulted in less CO2-C than in soils with no 

glucose applied. Findings from this study with low glucose-C applications suggested additional 

CO2-C was evolved that could not be directly attributed to decomposition of the glucose-C 

substrate. However, it is not possible to determine whether this CO2-C was derived from 

endocellular utilisation of C, increased microbial turnover or enhanced mineralisation of soil 

organic matter (and in this study cellulose) resulting from stimulation of the native microbial 

biomass, which may vary for different soil types. Thus differences observed in response 

patterns between the soils used here and those used in similar studies on a range of different 

European soils (De Nobili et al., 2001, Mondini et al., 2006) suggest the mechanisms resulting 

in activation of the soil microbial biomass are unlikely to be universal.    

  

Since microbial biomass-C was not significantly influenced by glucose-C application to soil, this 

suggests that any potential loss in microbial biomass due to the application of glucose-C was 

either i) too small to be measurable; or ii) that increased CO2-C evolution was not associated 

with increased microbial turnover and exhaustion of endocellular C reserves after triggering with 

glucose. Data from De Nobili et al. (2001) also showed no significant decline in microbial 

biomass after multiple additions of ‘trigger molecules’. By comparison, amending soil with 

cellulose resulted in significantly greater (P≤0.05) microbial biomass-C at the end of the 
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incubation compared to non-cellulose amended treatments, suggesting extra CO2-C may 

primarily result from microbial growth and turnover.   

  

The prolonged secondary response observed in cellulose amended soil is proposed to have 

resulted from the turnover of the microbial biomass and subsequent mineralisation of cellulose 

(a more complex substrate) as proposed by Dalenberg and Jager (1989). If the glucose-C 

addition had stimulated enhanced mineralisation of soil organic matter, this would also have 

occurred in the non-cellulose amended soil. Thus it is plausible that extra CO2-C (difference 

between the expected amount of CO2-C based on labeled 14C-glucose and the unlabelled CO2-

C evolved) resulted from the mineralisation of endocellular C reserves previously assimilated 

under C starved conditions, but which had not been metabolised due to metabolic arrest 

(Morita, 1988). This theory is supported by previous studies (Bremer and Kuikman, 1994; 

Nguyen and Guckert, 2001) in which more 14C-glucose was recovered in an intermediary 

chloroform-labile pool from soils with low C availability.  

 

2.5 Conclusions 
 Evidence of a trigger molecule response (De Nobili et al., 2001) resulting in extra C 

mineralisation (above the amount of substrate applied) was not immediately obvious in this 

study using unlabelled glucose-C. However, when considering the percentage of 14C-glucose 

evolved as CO2-C significantly greater amounts of unlabelled CO2-C were evolved than 

expected. Thus some evidence for the utilisation of endocellular C exists during the initial 

response phase. This response may be associated with maintaining an internal concentration 

gradient against acquired substrates (Button, 1991) as it is unlikely there would be sufficient 

substrate at these application levels to sustain growth (Nguyen and Guckert, 2001). However, it 

is suggested that any delayed or prolonged response (after the first 48 h) to the application of 

glucose-C as seen in this study and that of De Nobili et al. (2001) is more likely attributable to: 

 (i)  differences in basal CO2-C evolution measured between glucose-amended and non-

amended soil due to the activation of different microbial populations on addition of 

glucose-C  

(ii)  the formation of secondary metabolites from microbial transformation of added glucose-C 

which then stimulate CO2-C evolution via a secondary response 

(iii) enhanced decomposition of cellulose and/or soil organic matter on application of a readily 

available substrate such as glucose 

(iv) differences in community structure of the active microbial biomass, and timing of soluble 

organic substrates in relation to the availability of soil organic C. 
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CHAPTER 3  
SOLUBLE C SUBSTRATES INFLUENCE MICROBIAL FUNCTION, COMMUNITY 

STRUCTURE AND GROSS NITROGEN PROCESS RATES 

 

FOREWORD 
This chapter presents results from a laboratory study designed to detect differences in the 

contribution of organic C substrates to C and N processes and community composition, 

associated with the previously observed response to the addition of small amounts of C 

substrate (Chapter 2). In this study, the change in microbial activity in cellulose-amended soils 

could not be attributed to end-product inhibition of cellulase activity following glucose addition. 

This suggests that any delayed or prolonged response observed after the first 48 h to the 

application of glucose-C, as seen in this study (Chapter 2) and that of De Nobili et al. (2001) is 

likely to be attributable to activation of different components of the microbial community on 

addition of glucose-C; formation of secondary metabolites from microbial transformation of 

added glucose-C used by a wider range of microorganisms; or enhanced decomposition of 

cellulose and/or soil organic matter on application of a readily available substrate such as 

glucose. The hypothesis that the differences in microbial response to the addition of small 

amounts of C substrate were due to differences in the community structure of the active 

microbial population and the timing of soluble organic substrate addition with respect to the 

current dissolved organic C status of the soil, was only partially supported by changes in 

microbial community structure determined by phospholipid fatty acid extraction. 

 

3.0 Abstract   
 Microbial response to the addition of soluble carbon (C) substrates has previously 

caused both positive and negative priming effects. The different responses observed are likely 

to be due to variations in previous soil history, soil type and environmental conditions. Based on 

a survival strategy where readily available C is decomposed rapidly, we might anticipate the 

microbial response to vary based on the chemical structure of the organic substrate and the 

diversity of microorganisms present. Evidence of a positive priming response in arable soils has 

been demonstrated within hours following application of glucose with increased CO2-C evolved.  

However, given the application of glucose-C is likely to only stimulate a component of the 

population, it is difficult to determine the cause of this priming effect. The aim of this experiment 

was to detect differences in the contribution of C and N processes to microbial function and 

community composition after the addition of either a simple (glucose) or complex (synthetic root 

exudate) organic C substrate to soil with a high or low C background. Evidence of an immediate 

release of ‘extra’ CO2-C, greater than the amount applied as soluble organic C, suggests 

utilisation of an alternate C source (as would be consistent with a priming effect). This may 

result from microbial turnover and enhanced mineralisation of soil organic matter (SOM), 

endocellular C storage, or activation of different microbial populations. The qCO2 (metabolic 

quotient) values indicated the ratio of metabolically active to dormant portions of the biomass 

increased during the initial decomposition phase of the soluble C substrate, as well as after a 
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lag phase in cellulose amended soil. This suggests more rapid turnover of C, reflecting a 

greater capacity for microbial assimilation and utilisation of C. There were small changes 

evident in microbial community structure (PLFA) within the first 13 d in treatments with greater 

available C, and more rapid changes in microbial function (CO2-C evolution, gross N 

transformation rates, cellulase activity) noted. Although a transitory effect (within 48 h) of 

glucose-C on CO2-C evolved was observed that was equivalent to between 31-61% of added C, 

there was no effect of glucose-C on microbial community composition determined by PLFA at 

the end of the incubation. Although no effect of soluble organic C substrates (glucose or root 

exudate solutions containing 3-50 µg C g-1 soil) was observed on microbial biomass-C (MB-C) 

in this experiment, the effect of cellulose (amended at 1000 µg C g-1 soil) was consistent in all 

treatments and resulted in a greater mass of microorganisms. Thus, the addition of cellulose 

provided sufficient C for a sustained priming effect and microbial growth, leading to greater 

opportunities for microbial turnover and substrate adaptation and resulting in changes to the 

PLFA profile. In this study, the effect of adding glucose-C or a synthetic root exudate on the size 

of the microbial biomass was dependent on whether cellulose was also present and indicates 

that the response of the microbial community to small additions of soluble C substrate is not 

consistent and varies in a yet to be predicted manner. 

 

Keywords: Microbial respiration; Glucose; Carbon; Cellulose. 

 

3.1 Introduction 
 Although significant quantities of soil organic matter (SOM) are usually present, 

microbial decomposition of SOM is often constrained due to the prevalence of complex or more 

recalcitrant compounds. Consequently, heterotrophic microbial growth and activity are often 

limited by the absence of readily available (labile) organic carbon (C) substrates (Rasmussen 

and Rohde, 1988). A large component of the labile C available to microorganisms originates 

from plant root exudates and decomposing residues. Thus, it is the dissolved SOM pool which 

is more readily bio-available, which has a significant influence on the supply of N (Cookson and 

Murphy, 2004; Jones et al., 2005), due primarily to either increased microbial immobilisation 

(Gibbs and Barraclough, 1998) or enhanced mineralisation of N. Yet, the amount of bio-

available C is often not sufficient (or is of a sporadic nature) to provide the maintenance energy 

(Joergensen et al., 1990) to sustain microbial growth and activity.  

 

Edaphic limitations to microbial activity can also be associated with low rainfall dry-land 

agricultural cropping systems, such as those commonly experienced in Western Australia (WA) 

where SOM levels are typically low (< 5%; McArthur, 1991). The importance of organic residue 

inputs to soil which influence the amount of readily available C to microorganisms (Hoyle and 

Murphy, 2006; Hoyle et al., 2006) is therefore paramount. Organic matter inputs to Western 

Australian arable soils can be small due to relatively low productivity, and the microbial 

population remains largely dormant during extended dry periods. Organic substrates deposited 

in soil from roots include water soluble exudates, complex high molecular weight substances, 

cell lysates, gasses and mucilage (Grayston et al., 1996). Root exudates from annual crops are 
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a primary source of the ‘new’ C (up to 40% of total plant assimilated carbon) that is biologically 

available within farming systems (Whipps and Lynch, 1983; van Veen et al., 1991; Grayston et 

al., 1996). This C pool is otherwise considered the major limiting factor to microbial growth in 

soil (Wardle, 1992), where the availability of inorganic nutrients is in excess of microbial 

requirements. Previous studies have estimated the C input from roots to be approximately 100 

µg C g-1 soil d-1 (Trofymow et al., 1987). Since much of the labile C in soil is released from roots 

either via cortical cell death or root exudation (Robinson et al., 1989), it has been proposed that 

greater microbial activity and enhanced availability of inorganic N would be associated with the 

release of soluble C substrates within the rhizosphere (Newman, 1985; Clarholm, 1985).  

 

Previous studies have also proposed that root exudates may act as a primer in the 

decomposition of more stable C existing in the larger SOM pool (Helal and Sauerbeck, 1983; 

Bottner et al., 1988). As a consequence, the availability of labile C sources from plant residues 

can influence the utilisation of other C substrates (Swift et al., 1979). For example, high 

amounts of labile C in soil has been associated with greater mineralisation of added C 

substrates, whereas under C limited conditions increased storage by microorganisms is 

observed (Nguyen and Guckert, 2001). Although under C limited conditions, rapid microbial 

assimilation of labile C substrates has been shown to occur, mineralisation is often considered 

to be dependent on the metabolic status of the microbial population (Morita, 1988; Bremer and 

Kuikman, 1994). Thus, under low fertility semi-arid conditions which largely only support low 

biomass crops and often experience extended dry periods, microbial activity and nutrient cycling 

may be constrained by a lack of available C.  

 

Addition of a range of soluble organic substrates to soil has been shown to either accelerate or 

constrain the rate of CO2-C evolution from soil (Dalenberg and Jager, 1981, 1989; Bremer and 

Kuikman, 1994; De Nobili et al., 2001; Bell et al., 2003; Mondini et al., 2006). Previously, 

Fontaine et al. (2004) suggested that priming effects are more common in nutrient-poor 

environments, whilst Bell et al. (2003) argue that the magnitude of the priming effect is also 

dependent on both the composition of the organic substrate applied to soil and the diversity of 

the soil microbial community (Hamer and Marschner, 2002). This has been demonstrated 

recently (Mondini et al., 2006) where the application of small amounts (5-15 µg C g-1 soil) of 

organic substrates evolved more CO2-C from soil than the amount of C applied (after adjusting 

for CO2-C from non-amended control soil). Additionally, the application of more complex organic 

substrates was proposed to have resulted in activation of a more diverse microbial population 

(Mondini et al., 2006).  

 

Under WA conditions, the microbial biomass is often low (50-421 µg C g-1 soil) in arable soils 

(Sparling and Zhu, 1993; Sparling et al., 1994, 1996; Hoyle et al., 2006; Hoyle and Murphy, 

2006) and is subjected to C starvation conditions for the majority of the year compared to other 

more temperate environments such as in New Zealand for which estimates have ranged 

between 344-1517 µg C g-1 soil (Saggar et al., 1999). Thus, it would be anticipated that the 

microbial community would respond rapidly to the detection of suitable substrates as the soil is 
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only infrequently at a moisture level sufficient to support microbial activity. Differences in 

response to a range of substrates has been demonstrated previously where the addition of 

glucose-C caused a small and short lived response, compared to glutamate and aspartate 

which caused a relatively large response of longer duration and were attributed to differences in 

metabolic pathways (Dalenberg and Jager, 1989). Conversely, the application of a more 

recalcitrant compound such as cellulose which represents the major chemical form of C entering 

soil does not always result in enhanced CO2-C (Fontaine et al., 2004). In some cases, a labile C 

source must also be applied to stimulate enhanced mineralisation of the cellulose resulting in a 

second larger response after an initial lag phase (Dalenberg and Jager, 1989). Thus, the easily 

utilisable C substrates act as a primer for starving populations which are then able to 

decompose more recalcitrant substrates (Dalenberg and Jager, 1989). This response is likely to 

be dependent on the amount and quality of labile C in soil and the degrading capacity of 

microorganisms. These can be evaluated through estimates of enzyme activity such as 

cellulase that are released to degrade insoluble material (Burns, 1982) and which directly 

influence the decomposition of plant residues (Sinsabaugh et al., 1991), and the release of 

soluble substrates such as glucose. Soil cellulase activity has been shown to alter with 

incorporation of plant residues in arable soils (Hoyle and Murphy, 2006), and reflects changes 

attributable to the functional diversity of the microbial community (Bending et al., 2002). 

 

Changes in C and N mineralisation rates in soils held at a constant moisture content, may be 

attributable to changes in the abundance within the microbial community resulting from the 

development of substrate adapted microorganisms (Zogg et al., 1997; Avrahami et al., 2003) 

through increased microbial turnover. Phospholipid fatty acid extraction (PLFA) has been used 

previously to characterise the effect of adding C substrates and other practices on the 

composition of soil microbial communities in respect to other environmental properties (Griffiths 

et al., 1999; Pankhurst et al., 2001). The composition of fatty acids varies widely between 

groups of organisms and can be used to reflect species composition and relative abundance 

within microbial communities (Bååth et al., 1998). In this study, the effect of adding small 

amounts (30 µg C g-1 soil) of glucose-C which is the dominant sugar in soil (Oades, 1972) or 

synthetic root exudates on the size of the microbial community (microbial biomass-C), microbial 

community structure (PLFA) and function (CO2-C evolution, gross N transformation rates, 

cellulase activity) was investigated at 4 different sampling times. The experiment was conducted 

under controlled conditions to detect differences in the contribution of C and N processes to 

microbial function and community composition.  

 

3.2 Materials and Methods 
3.2.1 Laboratory incubation 
 A composite sample (0-5 cm) of an arable soil (Soil 3, Chapter 2) was collected field 

moist (7.1% gravimetric water content) from under an annual spring wheat, sieved (< 2 mm) and 

stored for 3 d at 4°C. The soil tested was a sandy loam (11.57% clay, pH 5.1, 1.74% total C). 

Soils were either sub-sampled (25 g dry weight equivalent, 3 replicates) into air-tight 523 ml 

glass containers sealed with a modified lid to allow gas extraction through a gas septum port, or 
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weighed into ventilated plastic containers (700 g dry weight equivalent) and pre-incubated for 4 

d at 25°C to overcome any pretreatment effects.  

 

A glucose solution or synthetic root exudate (50mM fructose, 50mM glucose, 50mM sucrose, 

25mM succinic acid, 25mM malic acid, 12.5mM arginine, 12.5mM serine, 12.5 mM cysteine; 

Griffiths et al., 1999) containing C, N and P at a ratio of 10:1:1 were prepared as described by 

De Nobili et al. (2001) to provide either 0, 3, 10, 30 or 50 µg C g-1 soil in 1 ml aliquots, with 

appropriate control solutions containing inorganic N (applied as (NH4)2SO4) and P (applied as 

KH2PO4) only. N and P were applied to ensure no nutrient limitation. On d 0 of the incubation, 

soils were amended, or not, with 1 mg cellulose-C g-1 soil added as a finely ground dried 

powder and mixed thoroughly into soil. Soils then received a single application (1 ml applied as 

multiple droplets) of either the control, glucose or root exudate solution before being thoroughly 

mixed into soil. Final soil WHC after application of treatments was 59%. Soil respiration (CO2-C 

evolved) was measured on glucose and root exudate treatments (0, 3, 10, 30 or 50 µg C g-1 

soil) in both cellulose amended and non-amended soil incubated at 25˚C. All other soil 

measurements were determined only on samples which received either 0 or 30 µg C g-1 soil.   

 

3.2.2 Sample Analyses 
3.2.2.1 CO2-C evolution (microbial respiration) 

 Following the application of control, glucose or root exudate solutions, soil CO2-C 

evolution was measured for 97 d (2327 h) using an infra-red gas analyser (IRGA) at intervals 

ranging from 3-170 h (depending on the rate of buildup in the headspace), by extracting 1 ml of 

gas with a syringe after first homogenising the headspace gas. Treatments were run against a 

CO2 standard (4.75 ± 0.10% CO2 in helium, BOC Ltd.). After each sampling, all containers were 

opened and the headspace gas exchanged with fresh air. Data was adjusted for CO2 solubility 

in water and soil volume. CO2 results reported are the differences in cumulative CO2-C evolution 

measured between control soils and those treated with either glucose or root exudate solutions 

for cellulose amended and non-amended treatments.  

 

3.2.2.2 Microbial Biomass-C 

 Microbial biomass-C (MB-C) was determined by fumigation extraction (Wu et al., 

1990) on d 0, d 2, d 13, d 23 and d 37. Moist soils (20 g dry weight equivalent, 3 laboratory 

replicates) were fumigated using chloroform containing amylene (0.006% v/v) as the stabilising 

agent for 24 h and extracted with 80 ml 0.5 M K2SO4 for 1 h. Filtered extracts for both non-

fumigated and fumigated samples (Whatman No. 42) were frozen at -20°C until analysed for 

total oxidisable C (Shimadzu Model 5050). Microbial biomass was calculated from the flush in 

total oxidisable C between fumigated and non-fumigated soil. The resulting flush was then 

adjusted by a factor of 2.22 for MB-C (Wu et al., 1990). Microbial biomass-C (MB-C) determined 

prior to incubation measured 77 µg C g-1. 

 

 

 

 43



3.2.2.3 Inorganic N and Gross N Transformation Rates  
 15N enriched solutions (60 atom % excess) were prepared using (NH4)2SO4 to contain 

5 µg N g-1 soil in 1 ml of solution and applied as multiple droplets on each of five separate 

occasions (d 0, d 2, d 13, d 23 and d 37) to 50 g dry weight soil to estimate gross N 

mineralisation. Following application of treatments, all soils were mixed thoroughly and final soil 

moisture determined (53% WHC, approx. -85 kPa, 0.14 g H2O g-1 soil). Two extraction times 

were used (T0=4 h, T1=24 h for gross N mineralisation) to determine inorganic N and obtain 

samples for 15N analysis. At each sampling time, soil inorganic N was determined by extracting 

20 g d.w. soil with 80 ml 0.5 M K2SO4 (soil:solution ratio=1:4) for 1 h and filtered through 

Whatman No. 42. Extracts were analysed for NH4
+ concentration colorimetrically using the 

salicylate-nitroprusside method (Krom, 1980; Searle, 1984), and NO3
- concentration using the 

hydrazinium reduction method (Kamphake et al., 1967; Kempers and Luft, 1988) on a Skalar 

Auto-analyser (Skalar San plus).  

 

A modified diffusion technique (Brookes et al., 1989) was used to prepare samples for 15N 

analysis. In short, extracts from each sampling time were diffused in plastic vials for 7 d in a 

vertical rotary shaker at 20°C. Soil extracts with low inorganic NH4
+ were spiked with 60 µg N as 

(15NH4)2SO4 at natural abundance prior to diffusion to increase N content and to dilute 15N 

enrichment for mass spectrometry (MS) analysis. Separation of NH4
+ and NO3

- was achieved by 

first diffusing extracts with MgO, and subsequently with Devarda’s alloy (Brookes et al., 1989). 
15N:14N isotope ratios for NH4

+ and NO3
- fractions were determined for diffusion discs and soil 

(50 mg) by Tracer MS (Europa 20:20). Standards of 15NH4 at 5 atom% and 10 atom% were also 

diffused. Gross N mineralisation rates were calculated analytically (Kirkham and Bartholomew, 

1954) after 15N labeling with (15NH4)2SO4. Using this equation, NH4
+ consumption represents the 

rate of removal of N from the NH4
+ pool and in these incubation chambers can consist of 

immobilisation, nitrification and gaseous loss. Gross N mineralisation was also simulated using 

first order kinetics in the numerical model FLUAZ (Mary et al., 1998). FLUAZ was used to 

estimate the potential nitrification capacity in the presence of an NH4
+ substrate (gross 

nitrification rate), and to determine microbial immobilisation (NH4
+ and NO3

-).  

 

3.2.2.4 Cellulase enzyme assay 
 Total cellulase activity (endoglucanase, exoglucancase and β-glucosidase) was 

determined after incubation of 1.5 g dry weight (d.w.) soil with 0.5 g-1 Avicel and 5 ml acetate 

buffer (pH 5.5) at 40°C for 16 h (Hope and Burns, 1987). Reducing sugars were determined 

colorimetrically using the method of Nelson and Somogyi (Spiro, 1966) on a UV/VIS 

spectrophotometer (GBC) at 520 nm and adjusted using a correction factor for soil water 

content. Enzyme activity was calculated from the flush between samples treated with respective 

substrates and blank samples using a correction factor for soil water content. All measurements 

and blanks were carried out in duplicate for each of three field replicates. 
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3.2.2.5 Phospholipid Fatty Acid Extraction (PLFA) 

 Total lipids were extracted using the one-phase procedure of Zelles and Bai (1993). 

Extraction of the lipid phase (includes phospholipid fatty acids) was completed on previously 

freeze-dried soil (6.0 ± 0.1 g dry weight) using a single-phase procedure in 28.5 ml of a 

CHCl3:MeOH:K2HPO4 buffer solution (1.25:2:1 vol:vol:vol). After sonication of soil solution for 90 

s, samples were centrifuged (3500 rpm for 4 min) and phases allowed to separate before 

supernatant was decanted into a sterile 50 ml centrifuge tube. Both CHCl3 (3 ml) and DDI water 

(3 ml) were then added to the supernatant, and this solution centrifuged (3000 rpm for 3 min) 

until separation of phases was achieved and the chloroform (lipid) phase removed. A second 

extraction phase was undertaken after the addition of a further 3 ml CHCl3. This CHCl3 (lipid) 

phase was also separated, removed and added to the first volume extracted. Removal of the 

chloroform (CHCl3) from the lipid phase was primarily achieved using a rotor evaporator and 

remaining solution dried down under a continuous flow of N2 (Zelles, 1997).  

 

Prior to fractionation of the lipid phase into three fractions (neutral lipids, glycolipids and 

phospholipids), solid phase silica-bonded extraction columns (SPE-Si, Supleco, Poole, UK) 

were conditioned sequentially twice with 1 ml MeOH and twice with 1 ml CHCl3 under vacuum, 

prior to conditioning with 1 ml CHCl3 under gravitation (Zelles, 1997). The lipid material was re-

dissolved and transferred to the extraction column in 4 aliquots (4 x 250 µl) of CHCl3. Lipid 

material was then sequentially eluted under vacuum twice with 1 ml CHCl3 and twice with 1 ml 

acetone prior to the collection of polar lipids with 2 ml MeOH (Zelles, 1997). An internal 

standard (200 µl nonadecanoic acid methyl ester solution containing 15 ng hexane µl-1) was 

added and samples were dried under N2. Samples were derivatised by subjecting the 

phospholipid fraction to mild alkaline hydrolysis by re-suspending in MeOH:toluene (1:1, vol:vol, 

200 µl) to liberate the ester-linked (EL) fatty acids, prior to adding 500 µl 0.2 M KOH:MeOH 

(Zelles, 1997). Samples were then sequentially shaken and heated to 75°C, cooled to room 

temperature and neutralised with acetic acid (0.2 M, 500 µl). One ml each of CHCl3 and DDI 

water were added to the lipid fraction, vortexed 3 times for 3 s and centrifuged (3000 rpm for 2 

min) until separation of phases was achieved and the CHCl3 phase extracted (Zelles, 1997). A 

second extraction phase was undertaken after the addition of a further 1 ml CHCl3 after which 

the extracted lipid phase was dried down under a continuous flow of N2 and frozen at -20°C until 

analysed. Peak areas were quantified from blanks containing methyl nonadecanoate (C19:0, 15 

ng µL-1 Sigma) and the total amount of PLFA from each aliquot (2 µL) calculated with 19:0 as an 

internal standard. The microbial community was characterised according to Zelles (1999) and 

Dickens and Anderson (1999). An estimate of the bacterial to fungal ratio was obtained by 

comparing the relative amounts of PLFA’s considered to be bacterial, to those that denote fungi 

(Griffiths et al., 1999). 

 
3.2.3 Statistical Analysis 
 General analysis of variance (ANOVA) was used after testing for normal distribution 

to determine significance of treatment effects on average daily CO2-C evolution, inorganic N, 

gross N transformation rates, cellulase activity and microbial biomass using GENSTAT 7th 
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edition. Variation in selected parameters was investigated using regression analyses. Analytical 

data are given as mean ± the least significant difference (LSD) and statistical tests were 

considered significant at the level P=0.05. FLUAZ derived estimates of gross N transformation 

rates are given as the simulation value ± 95% confidence interval. Data were also considered a 

set of repeated measurements as the same treatments were sampled through time (Webster 

and Payne, 2002). Repeat sampling analysis of variance was used after testing for normal 

distribution to determine significant treatment effects using GENSTAT 7th edition. The focus of 

the analysis was to model biological trends with time and to examine treatment effects on these 

soil properties. All multivariate tests of PLFA data were based on normalised, log transformed 

data using Bray-Curtis dissimilarities.  Tests of the multivariate null hypotheses of no differences 

among a priori defined groups was examined using permutation multivariate analysis of 

variance (PERMANOVA, Anderson, 2001; McArdle and Anderson, 2001) and canonical 

analysis of principle coordinates (CAP; Anderson and Robinson, 2003; Anderson and Willis, 

2003). The F-ratio constructed in PERMANOVA is analogous to Fisher’s F-ratio and is 

constructed from sums of squared distances within and between groups. CAP accounts for the 

correlation structure among variables, and provides a constrained ordination that maximises the 

differences among a priori groups (Anderson and Willis, 2003).  

 
3.3 Results  
3.3.1 CO2-C evolution 
 The total cumulative amount of CO2-C evolved from control treatments after 1500 h 

demonstrates that with one exception (3 µg NP g-1 soil in cellulose amended soil), there was no 

nutritional (N, P) limitation to microbial activity (Fig. 3.1a, b). A significant interaction (P<0.001) 

was observed between the type of soluble C treatment applied, the rate of C substrate applied 

and cellulose amendment.  

 

In non-cellulose amended soil, the cumulative amount of CO2-C evolved after 1500 h was 

significantly lower (P<0.05) in glucose treatments receiving the lowest rate of amendment (3 µg 

glucose-C g-1 soil) compared to the control treatment (Fig. 3.1a). However, there were no 

differences (P>0.05) observed at higher rates of application (10, 30 or 50 µg glucose-C g-1 soil) 

between control and glucose treatments (Fig. 3.1a). Similarly, in root exudate treatments, no 

significant differences (P>0.05) were observed from total CO2-C evolved in control treatments, 

with the exception of root exudate applied at 30 µg C g-1 soil which resulted in greater (P<0.05) 

cumulative CO2-C evolved than the control treatment in non-cellulose amended soil (Fig. 3.1a). 

In cellulose amended soil, the application of glucose and root exudate treatments resulted in 

greater (P<0.05) total CO2-C evolution compared to the control treatment (Fig. 3.1b). In contrast 

to non-cellulose amended soil, a greater amount of cumulative CO2-C was evolved at higher 

rates of C amendment (Fig. 3.1b). This response was generally only significant (P<0.05) for 

glucose treatments (Fig. 3.1b). This data demonstrates the primary response in cellulose 

amended soils with either glucose or root exudate treatments applied, was largely due to the 

cellulose alone (Fig. 3.1a, b) 
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Fig. 3.1. Cumulative CO2-C evolved (µg CO2-C g-1 soil) after the application of control, glucose-

C and root exudate treatments at 3, 10, 30 and 50 µg C g-1 soil in a) non-cellulose and b) 

cellulose amended soil at the end of the incubation (1500 h). Capped bars represent the LSD 

(P≤0.05) for the treatment interaction between glucose, rate of application and cellulose. 

 

A comparison of the cumulative difference in CO2-C evolved between control and glucose 

treated soils for each sampling time in non-cellulose amended soil, suggests no additional CO2-

C respired after 1500 h (with one exception; Fig. 3.2a) that could not be attributed to utilisation 

of the added substrate. Only one treatment (30 µg root exudate-C g-1 soil) resulted in a positive 

net increase in CO2-C evolved compared to the background CO2-C evolved from non-cellulose 

amended soil (Fig. 3.2b). Root exudate treatments also had significantly greater CO2-C evolved 

(P<0.05) compared to glucose treatments at the same rate of C per gram DW soil (3, 30 µg C g-

1 soil).  

 

In cellulose amended soil by comparison, the majority of treatments resulted in higher amounts 

of CO2-C evolved compared to control soils (Fig. 3.2c, d). The amount of CO2-C evolved due to 

the application of treatments during the first 180 h of the incubation showed no difference 

between non-cellulose and cellulose amended soil (Fig. 3.2a, b, c, d). However, after this time 

cellulose amended treatments generally evolved significantly (P<0.05) more CO2-C than non-

cellulose amended treatments (Fig. 3.2a, b, c, d). After 48 h, the cumulative difference in CO2-C 

evolved had reached between 32-57% of the C added as glucose for the glucose treatments. 

The response in CO2-C evolution attributable to glucose or root exudate treatments in non-

cellulose amended soil during the first 48 h reached the equivalent of 4.5% of the total 

cumulative CO2-C response measured during incubation but decreased after this time. In 

comparison, differences in CO2-C evolution attributable to cellulose increased through time from 

10% to 70%.  
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Fig. 3.2. Cumulative difference (minus control) in CO2-C evolved (µg CO2-C g-1 soil) after the 

application of glucose (a) and root exudate (b) treatments in non-cellulose amended (open 

symbols) soil; and glucose (c) and root exudates (d)in cellulose amended soil (closed symbols) 

at a rate of 3 (○,●), 10 (□,■), 30 ( , ) and 50 ( , ) µg C g-1 soil. The dashed lines represent 

the LSD (P≤0.05) at each sampling point (i.e. any point above or below these lines is 

significantly different from the control soil at 0).  

 

The main effects of sampling time, cellulose, substrate and rate of application were highly 

significant (P<0.001) for the average daily rate of CO2-C evolved (µg CO2-C g-1 soil d-1). Soil 

amended with either 30 µg C g-1 soil as either glucose or root exudate showed an increased 

rate of CO2-C evolution (µg CO2-C g-1 soil d-1) in non-cellulose amended soil between 43 and 66 

h (Fig. 3.3a). In cellulose amended soil, the application of glucose and root exudate treatments 

similarly increased (P<0.01) the average rate of CO2-C evolved for up to 48 h prior to declining 

(Fig. 3.3b). The addition of cellulose in all treatments (control, glucose, root exudate) 

significantly (P<0.01) increased the rate of CO2-C evolved from d 5 until the end of the 

incubation (approximately 1500 h; Fig. 3.3b).  

 

Few differences were observed in the microbial response between glucose and root exudate 

treatments during the initial phase (approximately 240 h) of CO2-C evolution in either cellulose 

amended or non-amended soil (Fig. 3.3a, b). The rate of CO2-C evolved in root exudate 

treatments was greater (P<0.05) than in glucose treatments primarily between 700-1300 h in 

non-cellulose amended soil, and between 600-960 h in cellulose amended soil. Application of 
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glucose-C to non-cellulose amended soils (Fig. 3.3a) caused an immediate and short term 

evolution of CO2-C (within 24 h) similar to that observed on cellulose amended soil (Fig. 3.3b). 

However, a secondary prolonged response in cellulose amended soils was observed after 700 

h and continued for up to 1300 h (Fig. 3.3b), demonstrating a delayed response to the 

application of a more complex substrate. The initial pattern of CO2-C evolved was similar at all 

rates (3, 10, 30, 50 µg C g-1 soil) of applied C (data not presented).  
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Fig. 3.3. Average rate of CO2-C evolved (µg CO2-C g-1 soil d-1) in control ( , ), glucose (○, ●) 

and root exudate (□, ■) treatments in a) non-cellulose amended soil and b) cellulose amended 

soil. Capped bars represents LSD (P=0.05) for the treatment interaction between glucose and 

cellulose. Data are the average rate (24 h) of CO2-C evolved for each treatment at each 

sampling time. 

 

3.3.2 Microbial biomass-C 
 Microbial biomass-C (MB-C) was 77 µg C g-1 soil when sampled, but increased to 106 

µg C g-1 soil after pre-incubating for 4 d at 45% water holding capacity. After applying 1 ml of 

each treatment (control, glucose, root exudate) the soil water content increased further to 59% 

water holding capacity. A significant increase (P<0.001) in MB-C was observed in all treatments 

48 h after the application of either control, root exudate or glucose treatments in both cellulose 

and non-cellulose amended soil (Fig. 3.4). However, no differences (P>0.05) in MB-C were 

observed at any sampling time between glucose, root exudate and control treatments (data not 

presented). A significant interaction (P<0.001) was observed between the time of sampling and 

cellulose amendment, which resulted in greater MB-C for cellulose amended soil sampled after 
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300 h compared to non-cellulose amended soil (Fig. 3.4). After this time, MB-C declined rapidly 

(P<0.001) to pre-treatment levels with no further differences observed between cellulose and 

non-cellulose amended treatments (Fig. 3.4). The microbial biomass in cellulose amended soil 

returned to pre-treatment levels (measured on d 0) after approximately 600 h, whereas the 

mass of microorganisms in non-cellulose amended soil remained below initial levels (Fig. 3.4).  
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Fig. 3.4. Microbial biomass-C (µg MB-C g-1 soil) estimated for cellulose amended (●) and non-

cellulose amended (○) soil. Data is the average of treatments (0, 30 µg C g-1 soil as either 

glucose or root exudates). Capped bars represent the LSD (P≤0.05) for the treatment 

interaction between time and cellulose. 

 

The metabolic quotient (rate of CO2-C evolved per unit MB-C; qCO2`) was significantly greater 

(P<0.001, LSD=0.022) in cellulose amended soil (0.168 µg CO2-C MB-C-1) than in non-cellulose 

amended soil (0.094 µg CO2-C MB-C-1). Soil treatments sampled between 312-984 h after 

treatment application also demonstrated significantly greater (P<0.001, LSD=0.048) qCO2 

values for cellulose amended soil (0.114-0.450 µg CO2-C MB-C-1) than non-cellulose amended 

soil (0.052-0.184 µg CO2-C MB-C-1). 

 

3.3.3 Inorganic N and Gross N Transformation Rates 
3.3.3.1 Inorganic N 

Inorganic N (NH4
+-N and NO3

--N) in soil sampled prior to treatment application 

measured 16 µg NH4
+-N g-1 soil and 40 µg NO3

--N g-1 soil (Fig. 3.5 a-d). Application of either 

glucose or root exudates resulted in lower NH4
+-N concentration (P<0.05) compared to control 

treatments in non-cellulose amended soil (Fig. 3.5 a). The decline in the amount of NH4
+-N was 

more rapid in soil treated with root exudates (P<0.001), compared to soil amended with glucose 

(Fig. 3.5 a). In all non-cellulose amended treatments including the control, the amount of NH4
+-N 

declined further (P<0.05) between 300-600 h after treatments were applied (Fig. 3.5 a, b).  

 

NH4
+-N concentration was also lower (P<0.001) in root exudate treatments compared to glucose 

treatments (Fig. 3.5a). A larger, more rapid decline in NH4
+-N concentration (P<0.001) was 

observed within 48 h on application of cellulose to soil, which constrained any smaller treatment 

differences between soluble organic C substrate treatments (Fig. 3.5 b). This response was 
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evident for up to 300 h after treatments were applied (Fig. 5.3 b). After this time, NH4
+-N 

increased marginally (P≤0.05). However, concentrations measured in soil may have been too 

low for accurate measurement (<0.2 ppm NH4
+-N). Soil NH4

+-N concentrations in cellulose 

amended treatments were significantly lower (P<0.001) than in non-cellulose amended soil for 

up to 550 h in root exudate treatments and up to 1000 h in glucose treatments (Fig. 3.5 a, b).  
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Fig. 3.5. Inorganic NH4
+-N measured in control ( , ), glucose (○, ●) and root exudate (□, ■) 

treatments in a) non-cellulose (open symbols) and b) cellulose amended soil (closed symbols); 

and inorganic NO3
--N (µg N g-1 soil) measured in c) non-cellulose (open symbols as previously) 

and d) cellulose amended soil (closed symbols as previously). Capped bars represents LSD 

(P=0.05) for the treatment interaction between cellulose and carbon treatments. 

 

Soil NO3
--N concentration increased (P<0.05) after 48 h in all non-cellulose amended treatments 

(Fig. 3.5 c). Differences in non-cellulose amended soil between the control soil and organic C 

substrate treatments were evident, with significantly greater (P<0.05) amounts of NO3
--N 

measured in glucose treatments after 48 h compared to the control, and after 300 h for root 

exudate treatments (Fig. 3.5 c). In contrast, a significant decrease (P<0.001) in the 

concentration of NO3
--N was observed in root exudate and glucose treatments in cellulose 

amended soil, compared to the control (Fig. 3.5 d). After the application of organic C treatments, 

the amount of NO3
--N in cellulose amended soil was lower than in non-cellulose amended soil 

(Fig. 3.5 c, d). By comparison, in either cellulose or non-cellulose amended soil, the control 

treatments showed fewer changes in NO3
- concentration than soils treated with either glucose 

or root exudates (Fig. 3.5d). 
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3.3.3.2 Gross N transformation rates 

 Gross N mineralisation rates measured using 15N pool dilution or calculated 

analytically were similar for all treatments (control, glucose and root exudate) in non-cellulose 

amended soil and for control and glucose treatments in cellulose amended soil and averaged 

5.3 µg NH4
+-N g-1 soil d-1 (Fig. 3.6a-e). The gross N mineralisation rate under root exudate 

treatments for cellulose amended soil was however significantly lower (P≤0.05) at 2.1 µg NH4
+-

N g-1 soil d-1 (Fig. 3.6f) than all other treatments. In the control treatment, gross N mineralisation 

rates in non-cellulose amended soil declined significantly (P<0.001) between 300-600 h (Fig. 

3.6 a), compared to glucose (Fig. 3.6 b) and root exudate (Fig. 3.6 c) treatments which 

demonstrated an immediate (within 48 h) decrease in gross N mineralisation rates(P<0.001). 

Gross mineralisation rates in soluble organic C treatments were lower than in the control, when 

measured after 300 h of incubation (Fig. 3.6 a, b, c).   

 

In cellulose amended soil, gross N mineralisation rates declined more rapidly in control 

treatments compared to non-cellulose amended soil, and demonstrated significantly (P<0.05) 

lower rates than in non-cellulose amended soil when sampled 300 h after treatments were 

applied (Fig. 3.6 a, d). In contrast, no changes (P>0.05) in gross N mineralisation rates were 

observed for glucose treatments between cellulose and non-cellulose amended soil within 300 h 

of application (Fig. 3.6 b, e). In both control and glucose treatments this trend was reversed 

after 550 h, with gross N mineralisation rates in cellulose amended soil significantly greater 

(P<0.05) than in non-cellulose amended soil. Differences in gross N mineralisation rates 

between cellulose and non-cellulose amended soil were no longer evident for control treatments 

after 1000 h (Fig. 3.6 a, d). However, the rate of gross N mineralisation in glucose treatments 

measured between 600-1000 h after treatment application was higher (P<0.05) than in non-

cellulose amended soil (Fig. 3.6 b, e).  

 

A more rapid influence of root exudate treatments on gross N process rates was evident in 

cellulose amended soil (Fig. 3.6 f). In contrast to the control and glucose treatments, root 

exudates initially demonstrated a significantly (P<0.05) lower gross N mineralisation rate (within 

48 h) in cellulose amended soil, which recovered inside 300 h (Fig. 3.6 f). No differences 

(P>0.05) in gross N mineralisation were observed between control, root exudate and glucose 

treatments for cellulose amended soil after 300 h. Therefore, the primary differences in gross N 

mineralisation rates between the control and glucose treatments were observed after 300 h; and 

between 48-300 h for root exudate treatments. 

 
 

 

 



Fig. 3.6. Effect of treatment on the gross N mineralisation determined analytically (solid line) and modeled using FLUAZ (dashed line) after application of 

(15NH4)2SO4 in non-cellulose amended (open symbols) and cellulose amended (closed symbols) for control (a, d), glucose (b, e) and root exudate (c, f) treatments. 

Capped bars represent the standard error for analytical solutions and the 95% confidence intervals derived from FLUAZ. 
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3.3.3.3 FLUAZ modelling 

 The gross N mineralisation rate calculated analytically was relatively well matched to 

the potential gross N mineralisation rate determined using FLUAZ in the presence of excess 

NH4
+ (Fig. 3.7). Analytical recovery of 15N averaged between 85-124%, whilst recovery of 15N 

determined using FLUAZ was generally lower (85% in non-cellulose amended soil and 69% in 

cellulose amended soil).  
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Fig. 3.7. Relationship between gross N mineralisation determined analytically and modeled 

using FLUAZ after application of (15NH4)2SO4 for all treatments x sampling time.  

 

Potential nitrification in the presence of excess NH4
+ was similar across treatments and 

demonstrated that nitrification rates are likely to be constrained in some instances by a slower 

rate of gross N mineralisation (Table 3.1). This was demonstrated for the last sampling date 

(1000 h) in cellulose amended soil (Table 3.1). Similarly, the immobilisation capacity derived 

using FLUAZ indicates an increased rate of immobilisation in cellulose amended soil measured 

after 300 h, which exceeded the potential gross N mineralisation capacity of the soil (Table 3.1).  

 

This compares to non-cellulose amended soil, in which the mineralisation immobilisation 

turnover (MIT) was closely matched (Table 3.1). The immobilisation potential in non-cellulose 

amended soil was significantly lower when measured after 300 h compared to cellulose 

amended treatments, suggesting a transitory N limitation in these treatments (Table 3.1). 

However, this is generally not true for rates when measured after 550 h and 1000 h. In soils with 

a low soil N supply capacity (determined by potential gross mineralisation rate), potential 

nitrification rates are higher than immobilisation rates determined using FLUAZ, suggesting 

preferential uptake of NH4
+ (Table 3.1).    
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Table 3.1. Gross N mineralisation (µg N g-1 soil d-1), immobilisation (NH4
+ and NO3

-) and 

potential nitrification derived using FLUAZ in non-cellulose and cellulose amended soils 

measured at four sampling times. 95% confidence intervals derived from FLUAZ are presented. 

 Treatment Sample 

time 

Gross N 

mineralisation 

Potential 

nitrification 

Immobilisation 

(NH4
+ + NO3

-) 

48 h 7.42 ± 3.79 1.57 ± 0.05 1.05 ± 2.53 

300 h 5.29 ± 0.61 1.32 ± 0.00 0.99 ± 0.71 

550 h 0.00 ± 0.94 1.72 ± 0.02 0.76 ± 0.18 

Control 

1000 h 0.63 ± 0.12 0.57 ± 0.00 0.41 ± 0.02 

48 h 5.56 ± 0.55 1.55 ± 0.00 0.92 ± 0.65 

300 h 3.01 ± 1.35 1.47 ± 0.05 1.51 ± 0.91 

550 h 1.18 ± 0.09 1.59 ± 0.02 0.58 ± 0.05 

Glucose  

1000 h 0.30 ± 0.54 0.80 ± 0.05 0.41 ± 0.29 

48 h 4.86 ± 1.47 1.98 ± 0.04 2.40 ±1.36 

300 h 2.99 ± 0.67 1.35 ± 0.05 1 .28 ± 0.47 

550 h 1.84 ± 0.37 1.59 ± 0.07 0.35 ± 0.08 

Nil 

cellulose 

Root 

exudates  

1000 h 0.00 ± 0.92 0.93 ± 0.07 0.58 ±0.27 

48 h 6.67 ± 2.01 2.00 ± 0.03 0.86 ± 2.00 

300 h 1.60 ± 0.60 1.39 ± 0.12 4.67 ± 1.87 

550 h 4.10 ± 0.19 2.78 ± 0.07 0.23 ± 0.97 

Plus 

Cellulose 

Control  

1000 h 2.03 ± 0.59 2.71 ± 0.07 1.35 ± 0.13 

48 h 4.31± 1.09 2.07 ± 0.02 1.15 ± 0.59 

300 h 2.18 ± 0.99 1.31 ± 0.09 6.59 ± 1.31 

550 h 4.50 ± 0.14 3.84 ± 0.03 0.00 ± 0.47 

 Glucose  

1000 h 1.15 ± 0.32 2.35 ± 0.05 1.35 ± 0.16 

48 h 1.76 ± 1.46 2.38 ± 0.02 0.99 ± 0.50 

300 h 2.38 ± 1.59 1.29 ± 0.20 8.06 ± 4.06 

550 h 4.27 ± 0.54 4.02 ± 0.03 1.80 ± 3.64 

 Root 

exudates  

1000 h 0.00 ± 0.26 2.53 ± 0.06 1.23 ± 0.14 

 
3.3.4 Cellulase enzyme assay 
 Cellulase enzyme activity (averaged for sampling time and cellulose treatments) was 

significantly greater (P=0.006, LSD=6.9) in soil after the application of root exudates (96.8 µg D-

glucose monohydrate g-1 soil 16 h-1), compared to either the control (86.5 µg D-glucose 

monohydrate g-1 soil 16 h-1) or glucose (84.4 µg D-glucose monohydrate g-1 soil 16 h-1) treated 

soil. The addition of cellulose to soil increased cellulase activity significantly (P<0.001) for all 

treatments after an initial lag phase between 48-300 h (Fig. 3.8).  
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Fig. 3.8. Cellulase activity (µg D-glucose monohydrate g-1 soil 16 h-1) in non-cellulose (○) and 

cellulose amended soil (●). Data are the average of treatments (control, glucose, root 

exudates). Capped bars represents LSD (P=0.05) for sampling time x cellulose interaction. 

 
3.3.5 PLFA analyses 

Canonical analyses of principal coordinates indicated 71.6% of variability in microbial 

community composition (PLFA analyses) between substrate (glucose, control) and cellulose 

treatments, and sampling time was explained by 3 principal axes. However, further analyses 

based on a distance matrix for principal coordinates for centroids of taxonomically relevant 

groups, indicated 90.3% of variation in community composition in treatments was explained by 

2 principal axes (Fig. 3.9). 

PCO 1 (73.4%)

PC
O

 2
 (1

6.
9%

)

 
Fig. 3.9. Canonical analysis of principal coordinates based on centroid in distance matrix in non-

cellulose (open symbols) and cellulose amended (closed symbols) soil for control ( , ) and 

glucose (○, ●) treatments at 4 sampling times on 4th root transformed data. Each data point is 

the centroid position of n=3 replicates. 

 

Permutational multivariate analyses of variance indicated that the community structure was 

dependent on sampling time (P<0.02), and an interaction (P<0.01) between substrate and 

cellulose amendment, with a shift in the population structure observed between 550 h and 1000 

h. In control treatments (nil glucose), a significant change (P<0.01) in community structure was 

associated with the addition of cellulose, whilst in glucose treated soils, although there was a 

change in community structure associated with cellulose amendment, it was only significant at 
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P=0.06. Within each level of the cellulose treatment (i.e. non cellulose and cellulose amended) 

community structure was significantly (P≤0.05) influenced following the addition of glucose 

compared to control treatments.  

 

Analyses of variance demonstrated a significant (P<0.01) change in taxonomically relevant 

phospholipid groups for glucose treatments in cellulose amended soil sampled on d 13 of the 

incubation (Table 3.2). These differences were evident in increased (P<0.05) concentrations of 

saturated, hydroxylated, branched, mono-unsaturated and poly-unsaturated fatty acids, 

although increased concentrations (P<0.05) of branched fatty acids were also demonstrated on 

d 23 and d 37 (Table 3.2). The application of glucose did not result in any change (P>0.05) to 

the ratio of saturated to mono-unsaturated fatty acid groups (S:US; Table 3.2). However, the 

S:US ratio was significantly decreased (P<0.05) in the presence of cellulose with only one 

exception (Table 3.2).  The application of cellulose to root exudate treatments resulted in similar 

S:US ratios to control treatments.  

 

Analysis of taxonomically relevant phospholipid groups using permutational multivariate 

statistics indicated that the community structure was dependent on sampling time (P<0.002), 

with a shift in the population structure observed for the third sample date (550 h) from both the 

previous two sample dates (48 h, P=0.001; 13 P=0.043) and the last sample date (1000 h, 

P=0.002). Although a significant effect (P=0.008) of treatment on taxonomically relevant 

phospholipid groups was observed in glucose compared to control treatments, there was no 

effect of cellulose versus non-cellulose amended treatments on community structure as 

measured by PLFA. However, the application of cellulose was observed to result in a higher 

ratio of bacteria to fungi (Table 3.2).  

 



Table 3.2. Concentration of key phospholipids fatty acid groups (ng PLFA/g soil) in soil sampled at four times in non-cellulose amended (control and glucose 

treatments only) and cellulose amended (control, glucose and root exudate treatments) soil. Data presented for saturated (sat.), hydroxylated (hydrox.), branched 

(branch), mono-unsaturated (mono.), poly-unsaturated (poly.), and cyclopropyl (cycloprop.) fatty acids, the ratio of saturated to mono-unsaturated (ratioA:B) fatty 

acids and total fatty acids. 
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Treatment Sample time Sat.A Mono.B Ratio A:B Hydrox. Branch Poly. Total Bacteria Fungi RatioB:F

48 h (d 2) 45.2 12.7 3.02 4.22 34.4 39.2 192 50.4 39.2 1.3 
300 h (d 13) 102.4 17.0 5.99 13.24 88.5 65.0 398 106.8 65 1.6 
550 h (d 23) 66.0 12.5 5.38 8.95 50.1 44.6 297 66.1 44.6 1.5 

Control 

1000 h (d 37) 124.1 19.8 6.14 17.07 89.6 73.1 433 118.0 73.1 1.6 
48 h (d 2) 36.3 22.5 1.60 6.20. 23.9 22.7 269 52.5 22.7 2.3 

300 h (d 13) 15.7 36.8 0.42 8.36 54.4 29.5 300 64.1 29.5 2.2 
550 h (d 23) 21.6 23.4 0.94 8.19 26.4 19.4 155 40.1 19.4 2.1 

Control 

(cellulose amended) 

1000 h (d 37) 33.1 20.3 1.64 8.28 21.8 15.4 187 46.4 15.4 3.0 
48 h (d 2) 70.3 17.7 4.08 7.33 48.5 48.2 302 71.3 48.2 1.5 

300 h (d 13) 54.6 11.6 4.78 3.46 44.0 45.6 217 58.5 45.6 1.3 
550 h (d 23) 37.0 6.0 5.32 7.82 20.0 22.2 151 28.6 22.2 1.3 

Glucose 

1000 h (d 37) 82.3 16.7 4.91 11.07 63.0 49.2 339 86.9 49.2 1.8 
48 h (d 2) 79.7 12.0 7.07 4.68 85.0 104.8 350 99.5 104.8 0.9 

300 h (d 13) 289.5 87.6 3.31 26.02 262.2 231.3 1451 353.2 231.3 1.5 
550 h (d 23) 86.2 29.2 2.85 8.67 118.6 91.1 439 150.8 91.1 1.7 

Glucose 

(cellulose amended) 

1000 h (d 37) 200.0 76.4 2.56 8.51 187.6 124.4 785 272.7 124.4 2.2 
48 h (d 2) 15.7 24.5 0.64 6.39 27.5 21.3 126 37.1 21.3 1.7 

300 h (d 13) 5.6 23.6 0.24 3.73 20.5 18.8 97 26.5 18.8 1.4 
550 h (d 23) 16.0 28.5 0.55 6.51 26.1 24.1 139 38.6 24.1 1.6 

Root exudate 

(cellulose amended) 

1000 h (d 37) 28.9 21.9 1.33 4.55 19.8 17.0 202 44.0 17.0 2.6 
l.s.d. (P=0.05)  76.1** 20.9*** 1.3*** 9.2* 67.5* NS 396.5* 89.8* NS  

NS- not significant, * P<0.05, ** P<0.01, ***P<0.001 
 



3.4 Discussion 
 Altered turnover of the microbial biomass (Dalenberg and Jager, 1989; Wu et al., 

1993) and non-living components of the soil organic matter (Shen and Bartha, 1996), and 

activation of a wider range of microorganisms have been proposed as possible causes for 

increased CO2-C evolution from soil on application of large additions of soluble organic C 

substrates (Bell et al., 2003). However, these studies differ from those which, on addition of 

small amounts of C substrate (‘trigger molecules’) resulted in a much greater priming effect 

(measured as CO2-C evolved), attributed to utilisation of endocellular C (De Nobili et al., 2001; 

Mondini et al., 2006). However, due to the small amounts of substrate added it has often been 

difficult to discern the real cause of this priming effect.  

 

In this experiment, the application of a soluble C substrate (as either glucose or root exudates) 

to non-cellulose amended soils, did not result in any differences in the amount of CO2-C evolved 

after 1500 h compared to the control soil, where only N and P were added. However, there was 

a transitory effect noted during the first 48 h of incubation which was more clearly demonstrated 

in rapid decomposition of glucose-C, with the equivalent of between 34-61% of added glucose-

C evolved as CO2-C. The application of root exudates at low rates (3, 10 µg C g-1 soil) during 

this same time period caused a negative priming effect, whilst at higher rates (30, 50 µg C g-1 

soil) the equivalent of 36-49% of added C was evolved. Variation in CO2-C responses observed 

with increased rates of C applied as either glucose or root exudates in non-cellulose amended 

soil meant few consistent differences were observed in the cumulative amount of CO2-C 

evolved at application rates of between 3-50 µg C g-1 soil.  

 

In cellulose amended soil, a similar response was observed to non-cellulose amended soil with 

the equivalent of between 31-52% of added glucose-C, and 22-87% of added root exudates 

evolved as CO2-C during the first 48 h. However, the microbial response in cellulose amended 

soil was extended, with treatments predominantly evolving more CO2-C compared to the control 

and non-cellulose amended treatments. This indicated a larger priming effect due to accelerated 

mineralisation of the cellulose, as evidenced by the increased rate of CO2-C evolved and 

paralleled changes in cellulase activity. The presence of cellulose also resulted in greater 

amounts of total evolved CO2-C resulting from the application of glucose and root exudate 

treatments of between 1-4 times the amount of substrate applied at 30 or 50 µg C g-1 soil, 9-12 

times the amount of substrate applied at 10 µg C g-1 soil and up to 36-57 times the amount of 

substrate applied at 3 µg C g-1 soil. This may be similar to responses observed for soils where 

available C is not limiting. Given that previous studies have determined 23- 42% of glucose was 

recovered as CO2-C within 3 d (Bremer and van Kessel, 1990; Bremer and Kuikman, 1994; 

Nguyen and Guckert, 2001) and typical microbial decomposition of labile organic-C substrates 

usually results in 40-60% of the C being mineralised (van Veen et al., 1985; Shen and Bartha, 

1996), these differences suggest additional release of CO2-C from microorganisms that is not 

directly attributable to the utilisation of the added substrate.  
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By comparison, the CO2-C evolved from non-cellulose amended soil lacked the secondary 

phase of C mineralisation observed in cellulose amended soil, suggesting a C limitation in these 

soils. Application of a complex organic substrate (e.g. root exudate) resulted in either the same 

(10, 50 µg C g-1 soil) or a greater (3, 30 µg C g-1 soil) amount of CO2-C evolution than a simpler 

one (glucose) as suggested by De Nobili et al. (2001) and Mondini et al. (2006) who attributed 

this to the activation of a larger component of the soil microbial community. Thus it appears that 

although the response observed by De Nobili et al. (2001) can be replicated in soil from 

Western Australia, seven of the eight priming responses were observed for cellulose amended 

soil, suggesting sufficient C is required for a sustained priming effect. It is difficult to determine 

whether extra CO2-C is the result of mineralisation of endocellular C as proposed by De Nobili 

et al. (2001), or enhanced decomposition of SOM and/or cellulose, given the application of 

glucose-C is only likely to stimulate a small proportion of the population. Since incubation of 

soils was conducted at a constant WHC, the fluctuations in CO2-C observed are more likely to 

be a result of C depletion and availability. 

 

Previously, microbial biomass measured in the rhizosphere was found to increase during 

periods of rapid plant development due to high rates of root exudation (Gardner et al., 1983). 

Any increase in microbial biomass after application of C substrates is likely to be an indirect 

effect of substrate limitations in the soil tested. In this experiment, the application of either root 

exudates or glucose to soil had no effect on microbial biomass. However, the application of 

cellulose to soil resulted in a transitory increase in microbial biomass measured after 

approximately 300 h. It is likely that any change in microbial biomass resulting from the 

application of glucose and/or root exudate treatments, was either too small or too rapid to be 

measurable, providing further evidence of a substrate limitation to growth. This is in agreement 

with observations by De Nobili et al. (2001) who were unable to measure a significant decline in 

microbial biomass after small additions of glucose and root exudates. This implies that the 

addition of soluble C substrates was not associated with an increase in microbial turnover, or 

with the exhaustion of endocellular C reserves which would result in a decline in microbial 

biomass. As C mineralisation is dependent on substrate availability, the increased rates of CO2-

C evolution measured during the initial decomposition phase of glucose and root exudate, 

suggest that sufficient C was available to sustain short term stimulation of activity. Due to 

substrate limitations it was insufficient to sustain population growth. The qCO2 (metabolic 

quotient) values however, indicate that the ratio of metabolically active to dormant portions of 

the biomass increased after the initial application of the soluble C substrate treatments. After a 

lag phase in the cellulose amended soil the qCO2 values were also greater than in non-cellulose 

amended soil. This suggests greater availability and a more rapid turnover of C (Anderson and 

Domsch, 1985b) reflecting rapid microbial assimilation and utilisation of C, and an increased 

efficiency of microorganisms.  

 

In contrast to gross N mineralisation, microbial consumption of N is influenced by the release of 

available C (Gibbs and Barraclough, 1998; Hoyle et al., 2006). In non-cellulose amended soil, 

the application of a readily available C substrate (glucose or root exudate) caused a rapid 
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decline in the concentration of soil NH4
+ compared to the control soil. This decline was greatest 

in the root exudate treatment and resulted in greater microbial assimilation of soil NH4
+ 

compared to other treatments. As the root exudate treatment was composed of a more complex 

range of soluble C substrates, it is possible that the decline of NH4
+ in soil resulted from either i) 

additional N required to mineralise more complex C substrates or the ii) activation of a more 

diverse population resulting in greater utilisation of C and N. In parallel, soil NO3
- concentration 

was observed to increase during the early stages of the incubation (d2, d13), suggesting 

nitrification to be the dominant pathway in soil with a low C background.  

 

In cellulose amended soil, a rapid decline in inorganic N (NH4
+-N) observed on d 2 of the 

incubation, was accompanied by a decrease in the concentration of NO3
—N. This suggests 

rapid microbial immobilisation of an available NH4
+ source caused by increased C availability (in 

this case cellulose) and constrained nitrification capacity. Previous studies (Murphy et al., 

1998a, 1999; Burger and Jackson, 2003) have determined a rapid turnover for the NH4
+ pool in 

arable soils, particularly where background soil N status is low (< 2 µg NH4
+-N g-1 soil). Low soil 

NH4
+ concentration in this study is likely to constrain nitrifier activity. Therefore, the application 

of cellulose resulted in greater immobilisation and retention capacity of N in an arable soil, 

compared to the application of a labile source of C. This is reflected in increased immobilisation 

rates calculated using FLUAZ for cellulose amended treatments during early stages of the 

incubation. This may also be an indirect result of higher cellulase activity resulting in the 

formation of secondary metabolites from microbial transformation of added cellulose to more 

readily utilisable C forms such as glucose. Consequently, higher rates of immobilisation can 

result from greater use of more labile forms of C substrates by microorganisms that were 

incapable of utilising more complex organic substrates (Gibbs and Barraclough, 1998). 

However, it is likely that immobilisation of soil N was higher in cellulose treated soil due to 

insufficient N in solution (due to the addition of a wider C/N ratio material i.e. cellulose). 

 

Low NH4
+-N concentration in non-cellulose amended soils suggests the potential for gross N 

mineralisation capacity is lower than the microbial demand (immobilisation and nitrification) and 

is likely to have been constrained by low C availability. The lower gross N mineralisation rates 

observed on d 13 were associated with a significant decline in soil NH4
+-N concentration by d 

23. In cellulose amended soil, gross N mineralisation was more likely to have been constrained 

by lack of available N due to high rates of microbial immobilisation. This study therefore 

demonstrated that the potential to consume NH4
+ exceeded the supply capacity in soil following 

the application of a labile C substrate to soil. Although the FLUAZ derived and analytical 

determination for gross N mineralisation match relatively closely, a lower recovery of 15N 

determined using FLUAZ may indicate that either potential nitrification, or microbial 

immobilisation have been underestimated in model simulations. This is particularly apparent in 

cellulose amended soil, for which recovery of 15N derived using FLUAZ was low.  

  

Changes in C and N mineralisation rates in soils held under constant moisture may be 

attributable to changes in microbial community composition. Various phases of microbial activity 
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may be observed that are associated with the development of substrate adapted 

microorganisms (Zogg et al., 1997; Avrahami et al., 2003) through increased microbial turnover, 

or enhanced mineralisation of endocellular reserves and SOM. For example, both negative and 

positive priming effects have been observed in CO2-C evolved from cellulose-amended soils 

provided with a soluble C substrate. This may be attributable to activation of a greater range of 

microorganisms utilising a more complex substrate resulting in a positive priming effect, or end-

product inhibition of cellulase activity on glucose-C addition resulting in a negative priming 

effect. Any changes in the PLFA profile which provide a fingerprint of the microbial community 

(Petersen and Klug, 1994) could be used as an indicator of change in composition of the 

community. Previously, differences in PLFA profiles associated with C substrate loading rates 

were only able to separate treatments when substrate loading rates exceeded 375 µg C g-1 soil 

(Griffiths et al., 1999).  Similarly, analysis of PLFA profiles in this experiment revealed 

differences only when both cellulose and glucose (total of 1030 µg C g-1 soil) were added to soil. 

These differences were primarily associated with greater abundance of fungal fatty acids (poly-

unsaturated fatty acids) at the earliest sampling time, and both bacterial (terminally branched 

saturated fatty acids,; mono-unsaturated fatty acids) and fungal fatty acids. Changes in the 

abundance of bacteria and fungi demonstrated PLFA profiles were dominated by changes in 

bacterial fatty acids at later sampling dates. Unsaturated fatty acids increase the elasticity of 

membranes (Madigan et al., 1997) and could signify increased resistance of the microbial 

community to stress (Zelles, 1999) or the capacity to store readily assimilated substrates. These 

results indicate sampling time was the primary factor influencing PLFA profiles (Hoyle and 

Murphy, 2006), suggesting a change in the community composition to a less fungal dominated 

community associated with the depletion of readily available C. The decreasing distance 

between replicate treatments suggest that the community composition becomes more similar 

over time and is likely to be associated with depletion of available C.    

 

In this study, the addition of a soluble C substrate resulted in no measurable change to soil 

microbial biomass or gross N transformation rates, but demonstrated an increase in the rate of 

CO2-C evolution. However, the changes in microbial processes in cellulose amended soil 

compared to non-cellulose amended soil could be attributed to the availability of organic C and 

evidence of limitations to microbial activity caused by a substrate deficiency. Although the 

change in fatty acid profiles of the microbial community in treatments which received both 

glucose and cellulose reflected a greater ability of this community to adapt, findings from this 

study on a single soil type indicate microbial responses to the addition of small amounts of 

soluble C substrate varied in a non-consistent manner. 
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CHAPTER 4  
MICROBIAL RESPONSE TO THE ADDITION OF SOLUBLE ORGANIC SUBSTRATES 

 
FOREWORD 
The previous chapters (Chapter 2, 3) have determined that the response of the microbial 

community to small additions of soluble C substrate is not consistent and supports the premise 

that microbial responses vary in a yet to be predicted manner between soil type and 

ecosystems. The addition of soluble C substrates to soil was not associated with a measurable 

increase in microbial turnover or the exhaustion of endocellular C reserves (Chapter 2, 3) as 

indicated by changes in microbial biomass. Since C mineralisation is dependent on substrate 

availability, increased rates of CO2-C evolution measured during the initial decomposition phase 

of glucose and root exudate suggest sufficient C was available to sustain short term stimulation 

of activity but due to substrate limitations, was insufficient to sustain population growth. 

 

The aim of this study was to determine whether the addition of a range of soluble organic 

substrates to this soil evoked a rapid release of ‘extra’ CO2-C as reported by Mondini et al. 

(2006) or a delayed secondary response similar to that of De Nobili et al. (2001). If 

mineralisation of endocellular C results from the application of a simple substrate such as 

glucose, greater turnover of the microbial biomass could be expected to be associated with the 

application of more complex molecules which require more energy to metabolise. Therefore if 

the true trigger response denotes greater expenditure of energy to metabolise more complex 

substrates, the microbial response and changes in microbial processes are attributable to the 

availability and range of organic C substrates available will alter. Such information is required at 

a fundamental level to understand what regulates microbial populations in soil. 

 
4.0 Abstract 
 Soil microbial activity is often limited by the absence of readily available carbon (C) 

based substrates. Addition of a range of soluble organic substrates to soil has been shown to 

either accelerate or constrain the rate of CO2-C evolution. This has previously been attributed to 

either (i) a priming effect resulting in altered turnover of the microbial biomass and/or non-living 

components of the soil organic matter, or (ii) the activation of a component of the microbial 

population. Rain-fed grain production systems in Western Australian are typified by 7 months of 

active crop growth (average growing season rainfall 200-400 mm) and 5 months summer fallow 

(0-100 mm rainfall). Annual organic matter inputs are small due to relatively low production 

levels (e.g. average wheat production 2 t ha-1) and are composed largely of plant roots/exudates 

and standing stubble after harvest. Stubble remaining in a paddock after the harvest of a grain 

crop is often burnt as a management practice to reduce disease loadings and enable easier 

seeding in the following season. Under these conditions, C and water availability are often 

limited and the microbial community remains dormant for extended periods. The aim of this 

study was to investigate the capacity of the microbial population to become activated in 

response to small additions of glucose-C (10-50 µg C g-1 soil) and nineteen other soluble 

organic substrates (30 µg C g-1 soil) in soil either amended or not with cellulose.  
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4.1 Introduction 
 Soil microbial activity is often limited by the absence of readily available organic 

carbon (C) substrates. Although significant quantities of soil organic matter (SOM) are usually 

present, the complex structure of these compounds hinders microbial decomposition and thus 

does not provide sufficient maintenance energy for the soil microbial biomass (Joergensen et 

al., 1990). The physical location of microorganisms within a soils three dimensional matrix 

(within pores and micro-sites) can also alter the supply of carbon and nutrients via diffusion in 

soil solution (Strong et al., 1998; 1999). Under these conditions, a large component of the 

microbial population remains dormant in soil in response to infrequent rainfall and sparse food 

events. Addition of a range of soluble organic substrates to soil has been shown to either 

accelerate or constrain the rate of CO2-C evolution from soil (Dalenberg and Jager, 1981, 1989; 

Bremer and Kuikman, 1994; De Nobili et al., 2001; Bell et al., 2003; Mondini et al., 2006).  This 

priming effect is frequently reported in the literature but no relationship between soil properties 

and the magnitude or direction of the priming effect have been found (Hamer and Marschner, 

2002). Although Fontaine et al. (2004) has suggested that priming effects are more common in 

nutrient-poor soils, it is likely that the priming effect is also dependent on both the composition 

of the organic substrate applied to soil and the diversity of the soil microbial community (Bell et 

al., 2003; Hamer and Marschner, 2002). This has been demonstrated recently by Mondini et al. 

(2006) where more CO2-C was evolved from soil after the addition of more complex organic 

substrates compared to glucose, and was attributed to activation of a more diverse microbial 

population (Mondini et al., 2006).  

  

Previously, De Nobili et al. (2001) reported that small additions (11-34 µg C g-1 soil) of glucose, 

amino acids or root exudates to soil caused more CO2-C to be evolved (i.e. extra CO2-C) than 

was contained in the original substrate. They measured up to several times more CO2-C 

evolved than applied in their solutions, and suggested this ‘extra’ C was derived from 

endocellular reserves. In this theory, De Nobili et al. (2001) hypothesised that detection of these 

organic molecules by microorganisms would indicate the pending arrival of fresh substrate, and 

cause the microorganisms to become ‘metabolically alert’ in anticipation of a more significant 

forthcoming food event. Thus the microorganisms, by investing more energy than was 

contained in the original substrate (derived from endocellular reserves), may gain a later benefit 

compared to a survival strategy based on spore formation. This theory was based on previous 

studies in which the soil microbial biomass maintained an adenosine 5'-triphosphate (ATP) 

concentration and adenylate energy charge (AEC) reflective of actively growing microorganisms 

in vitro (Brookes et al., 1983). The premise is that by maintaining such an active energy state 

the microorganisms are able to readily benefit from forthcoming food events. However, in the 

study by De Nobili et al. (2001) ‘extra’ CO2-C attributed to the application of glucose-C and root 

exudates to soil did not occur until after a minimum lag phase of 100 h at low rates of 

application (11.3 µg C g-1 soil) and up to 300 h at higher rates (34 µg C g-1 soil). De Nobili et al. 
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(2001) did not comment on the reason for this lag phase, which could be argued is not 

consistent with their hypothesis of rapid changes in metabolic alertness of the active microbial 

community. Instead the delayed pattern of ‘extra’ CO2-C release measured by De Nobili et al. 

(2001) is more reflective of a subsequent priming effect. Recently, Mondini et al. (2006) further 

examined the concepts presented in De Nobili et al. (2001) by using a wider range of soluble 

organic substrates and lower C concentration levels (5-15 µg C g-1 soil). Their findings 

contrasted markedly with those of De Nobili et al. (2001) as ‘extra’ CO2-C was released 

immediately (within 12 hours) from soils with no evident lag phase. Mondini et al. (2006) provide 

no real explanation for the discrepancy in CO2-C responses between studies but comment that 

a very rapid activation of a component of the soil microbial community is more consistent with a 

survival strategy suited to a nutrient-poor soil environment.    

 

Western Australian soils are some of the most ancient and infertile soils managed for 

agricultural production globally. Soils of this region are highly weathered and nutrient poor.  The 

Merredin long-term stubble management trial is located in the low rainfall region (<325 mm) of 

the agricultural production zone and is characterised by a relatively low grain production 

average of 1.4 t ha-1 (1995-2001 average shire wheat yield). Under these conditions microbial 

biomass-C is low (98-153 µg C g-1 soil, Hoyle et al., 2006) and is subjected to C starvation 

conditions for the majority of the year. Thus it would be anticipated that the microbial community 

would respond rapidly to food events as the soil is only infrequently at a moisture level high 

enough to enable microbial activity to occur. The aim of this study was to determine whether the 

addition of soluble organic substrates to this soil evoked a rapid release of ‘extra’ CO2-C as 

reported by Mondini et al. (2006) or a delayed secondary response similar to that of De Nobili et 

al. (2001). Such information is required to understand what regulates microbial populations in 

soil, and practically to aid with recommendations on the usefulness of soluble C based products 

that are becoming common place in the Australian agri-business sector as a means of 

activating dormant microbial communities. 

  

4.2 Materials and Methods 
4.2.1 Field Site Description 
 The soil was collected during the summer fallow period (i.e. in the absence of growing 

plants) from a long term trial established in 1987 in the low rainfall (< 325 mm annually) region 

of Western Australia on a Red-Brown Earth (Red Chromosol, 26% clay content, pH 5.9, 1.26% 

total C). A composite sample of 12 cores were collected using a hand ‘push-in’ auger (70 mm 

diameter x 50 mm depth) from each of 3 replicated field plots, using a ‘Z’ sampling pattern at a 

single soil depth (0-5 cm), from treatments where crop stubble had either been historically burnt 

(SB treatment) or retained as standing stubble (SR treatment) continuously for 17 years in a 

wheat:legume rotation. In the case of SB treatments soil was sampled both prior to (pre-SB), 

and immediately following burning (post-SB), giving a total of six composite samples for the SB 

treatment (3 pre-SB and 3 post-SB). The rotation phase prior to the time of sampling was wheat 

(Triticum aestivum L.).  
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Following collection, soil was sieved (<2 mm) and stored field moist at 4°C. Soil chemical and 

physical soil properties are provided (Table 4.1). Soils were adjusted to between 45 and 50% 

water holding capacity (WHC, approx. -100 kPa, 0.12 g H2O g-1 soil) and pre-incubated for 5 d 

prior to application of treatments. Soils were sub-sampled (50 g dry weight equivalent) into air-

tight 523 ml glass containers and then either amended, or not, with 1 mg cellulose-C g-1 soil 

added as a finely ground dried powder and mixed thoroughly into soil to determine whether the 

response to glucose was more sustained in the presence of a larger quantity of more slowly 

decomposable C compared to soluble additions, and equilibrated at 25°C for a further 24 h at 

100% relative humidity to reduce the effect of soil disturbance. Lids modified with gas septum 

ports were used to seal containers.  

 

Table 4.1. Soil properties determined under a long term (17 y) rotational trial for stubble retained 

and stubble burnt treatments (sampled prior to annual burning in autumn).  

 Stubble 

retained  

Stubble burnt LSD 

Total C (%; total combustion LECO) 1.30 1.15 0.05* 

Total N (%; total combustion LECO) 0.14 0.10 NS 

Soluble organic C (K2SO4 extractable) 73.8 70.3 NS 

Dry bulk density of soil (0-10 cm; Mg/m3) 1.37 1.32 NS 

Soil pHCaCl2 (mS cm-1; 1:5 soil to 0.01 mol/L CaCl2) 5.39 5.22 NS 

Electrical conductivity1:5 (µS cm-1) 43.6 45.9 NS 

Cation exchange capacity (cmol kg-1; silver-thiourea 

extraction) 

10.97 11.10 NS 

NS signifies treatment differences were not significant at P=0.05. * signifies treatments 

differences were significant at P<0.05. 

 

4.2.2  Laboratory incubation 
4.2.2.1 Experiment 1  

 Solutions (in double deionised water; DDI) were prepared by adding C, N and P at a 

ratio of 10:1:1 (C:N:P) to each of three treatment replicates as described by De Nobili et al. 

(2001) to ensure that N and P did not limit microbial processes. Glucose-C was added to 

provide either 30 or 50 µg C g-1 soil in 1 ml aliquots to SR and pre-SB treatments, with 

appropriate control solutions containing inorganic N (applied as (NH4)2SO4) and P (applied as 

KH2PO4) only. On d 1, soils received a single application (1 ml applied as multiple droplets and 

mixed) of either the glucose-C solution (at a rate of 30 or 50 µg C g-1 soil) or the control solution. 

Multiple application treatments were also applied to separate soil samples for SR and pre-SB 

treatments using the same total amount and volume of glucose-C but in smaller aliquots (10 µg 

C g-1) on d 1, 7, and 16 (i.e. total of 30 µg g-1 soil) and d 1, 4, 7, 9 and 16 (i.e. total of 50 µg g-1 

soil). The post-SB treatments only received a single treatment rate of 30 g C g-1 soil as a 

comparison to pre-SB treatments. Final soil WHC in all treatments was approximately 58% after 

the addition of glucose-C and control solutions. 
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4.2.2.2 Experiment 2 

 A second experiment was then conducted over a 5 week period (approximately 800 

h) to evaluate the microbial response to a range of organic C compounds (Table 4.2) added to a 

single soil treatment (SR) at a C:N:P ratio of 10:1:1.   

 

Table 4.2. Treatments used to evaluate the microbial response to a range of organic C 

compounds (solutions prepared to provide 30 µg C g-1 soil at a C:N:P ratio of 10:1:1).  

Group Organic C Compound 

Amino acid L-asparagine, L-arginine, glycine, L-serine 

Alcohol Mannitol 

Carbohydrate D-Glucose, Sucrose 

Carboxylic acid Citric Acid, α-ketobutyric acid, α-ketoglutaric acid, succininc acid, uric acid 

Vitamin Thiamin, riboflavin 

Aromatic Urocanic acid 

Amide Glutamine 

Other Cellulose, fulvic acid, humic acid, synthetic root exudates (50 mM fructose, 

50 mM D-glucose, 50 mM sucrose, 25 mM succinic acid, 25 mM DL-malic 

acid, 12.5 mM arginine, 12.5 mM serine, 12.5 mM cysteine) 

 

4.2.3 Microbial CO2-C evolution 
 Soil CO2-C evolution was measured in experiment 1 for 544 h using an infra-red gas 

analyser (IRGA) following the application of control and glucose-C treatments applied in single 

aliquots at 30 µg C g-1 soil (SR, pre-SB, post-SB) and 50 µg C g-1 soil (SR, pre-SB), or in 

multiple aliquots (SR and pre-SB treatments only). CO2-C was measured at intervals ranging 

from 1-72 h (depending on the rate of buildup in the headspace), by extracting 1 ml of gas with 

a syringe after first homogenising the headspace gas. In experiment 2, soil CO2-C evolution was 

measured for 800 h at intervals ranging from 2-98 h (depending on the rate of buildup in the 

headspace) following the application of a range of organic C compounds (Table 4.2). 

Treatments were analysed against different volumes of a CO2 standard (4.71 ± 0.09% CO2 in 

helium, BOC Ltd.). After each sampling, all containers were opened and the headspace gas 

exchanged with fresh air. A CO2 solubility factor of 0.69 in water at 25°C was used to adjust the 

effective volume of the container on the basis of soil water content and soil weight. CO2 results 

are reported as either the average 24 h rate of CO2-C evolved, or as the difference in 

cumulative CO2-C evolution measured between soils treated with organic C solutions and 

control solutions either not amended, or amended with cellulose and adjusted for soil porosity 

and CO2 solubility in soil water. 

 

4.2.4 Microbial Biomass  
 In both experiment 1 and 2, microbial biomass-C (MB-C) was determined by 24 h 

fumigation extraction both prior to incubation and on completion of the experiment (Wu et al., 

1990). Non-fumigated and CHCl3 (containing amylene 0.006% v/v) fumigated soil (10 g dry 

weight equivalent, 3 laboratory replicates) were extracted with 40 ml 0.5 M K2SO4 for 1 h to 
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determine the flush in organic-C. Filtered extracts (Whatman No. 42 pre-washed in DDI water) 

were frozen at -20°C until analysed for total oxidisable C (Shimadzu Model 5050). The resulting 

flush (fumigated minus non-fumigated) in organic C was adjusted by a factor of 2.22 to calculate 

MB-C (Wu et al., 1990).  

 
4.2.5 Inorganic N  
 In experiment 1, soil inorganic N was determined prior to the addition of organic C 

compounds and at the end of the experiment. In experiment 2, soil inorganic N was determined 

on addition of a range of organic substrates and at weekly intervals until the end of the 

experiment (801 h). Soil (10 g dry soil weight) was extracted with 40 ml 0.5 M K2SO4 (soil: 

solution ratio=1:4) for 1 h and filtered (Whatman No. 42). Extracts were analysed 

colourimetrically for NH4
+ concentration using the salicylate-nitroprusside method (Krom, 1980; 

Searle, 1984), and NO3
-/NO2

- concentration using the hydrazinium reduction method 

(Kamphake et al., 1967; Kempers and Luft, 1988) on a Skalar Auto-analyser (Skalar San plus).  

 

4.2.6 Statistical Analysis 
 General analysis of variance (ANOVA) and repeat sampling ANOVA was used after 

testing for normal distribution to determine significant treatment (soil, cellulose, glucose) effects 

on average daily CO2-C evolution, cumulative CO2-C evolution, MB-C and inorganic N using 

GENSTAT 7th edition. Analytical data are given as mean ± the least significant difference (LSD), 

or mean ± standard error (n=3). Statistical tests were considered significant at the level P≤0.05 

unless otherwise stated.  

 

4.3 Results 
4.3.1  Experiment 1 
4.3.1.1 Microbial CO2-C evolution 

 In both non-cellulose and cellulose amended soil, the relative difference measured in 

cumulative CO2-C evolved between glucose treatments was less than 5% of the total 

background CO2-C evolved from SOM decomposition during this experiment. CO2-C evolution 

rates in control soils were greatest immediately after mixing but then remained relatively 

constant during incubation, with non-cellulose amended soils evolving on average 9-10 µg CO2-

C g-1 soil d-1 and cellulose amended soils 62-64 µg C g-1 soil d-1 (data not presented). In non-

cellulose amended soils, cumulative CO2-C was significantly greater (P<0.05) following the 

addition of a single pulse of glucose-C compared to the control, and evolved the equivalent of 

51% of the glucose-C applied in SR treatments (Fig. 4.1a),  29% (30 µg glucose-C g-1 soil) to 

57% (50 µg glucose-C g-1 soil) in pre-SB treatments (Fig. 4.1b), and 122% (30 µg glucose-C g-1 

soil) in post-SB treatments (Fig. 4.1c) after 544 h.  
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Fig. 4.1. Cumulative CO2-C (treatment minus control) evolved from non-cellulose amended soil 

in a) stubble retained, b) pre- burnt and c) post- burnt stubble treatments and cellulose-

amended soil in d) stubble retained, e) pre-burnt and f) post- burnt stubble treatments after a 

single addition of glucose-C at 30 µg C g-1 soil (●), 50 µg C g-1 soil (■), 3 applications of 10 µg C 

g-1 soil (○) at 24, 168, 384 h, and 5 applications of 10 µg C g-1 soil (□) at 24, 96, 168, 216, 384 h. 

Capped bars representing standard errors (n=3) are plotted for each sampling point, and may 

be smaller than symbols. 

 

Multiple applications of glucose solution as either 3 or 5 applications of 10 µg C g-1 soil, caused 

a lesser amount of CO2-C to be evolved in both SR (between 9 and 27% of the glucose-C 

applied) and pre-SB (between 15 and 17%) treatments than the equivalent single rate of 

application indicating no additional effect from multiple applications in this soil.   
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The response to application of glucose in non-cellulose amended soil (Fig. 4.1a, b, c) during the 

first 70 h was similar to cellulose amended soils (Fig. 4.1d, e, f). In cellulose-amended soils, the 

total cumulative CO2-C evolved was generally less where glucose solutions were applied 

compared to the control (Fig. 4.1d, e, f) with only one exception (30 µg C g-1 soil, Fig. 4.1e). The 

rate of CO2-C evolved increased in all treatments receiving a single pulse of glucose from 0 to 

70 h after application in treatments receiving 30 µg C g-1 soil and from 0 to 162 h in treatments 

receiving 50 µg C g-1 soil (Fig. 4.1d, e, f), during which time CO2-C evolved reached the 

equivalent of between 35-57% of glucose-C applied in SR treatments (Fig. 4.1d), 20-22% in 

pre-SB treatments (Fig. 4.1e), and 22% in post-SB treatments (Fig. 4.1f). The rate of CO2-C 

evolution in cellulose amended soils receiving glucose then declined, generally resulting in a 

negative net difference between treatments receiving control and glucose solutions (Fig. 4.1d, 

e, f). Multiple applications of the equivalent amount of glucose resulted in a small increase in 

CO2-C evolved during the first 24 h but after this time, the rate of CO2-C evolved declined below 

the control treatment (Fig. 4.1d, e, f).  

 

4.3.1.2 Microbial biomass-C  

 Prior to amending soil with cellulose and glucose-C, MB-C was significantly lower in 

SR treatments (135 µg C g-1 soil) and pre-SB treatments (118 µg C g-1 soil) compared to post-

SB (301 µg C g-1 soil) treatments (Fig. 4.2).  
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Fig. 4.2. Microbial biomass-C (MB-C) measured prior to incubation in stubble retained (SR), 

stubble burnt both pre (pre-SB) and post (post-SB) burning treatments. Capped bars represent 

LSD (P≤0.05). Values are the means of composite samples (n=3). 

 

A significant interaction (P<0.001) was observed for soil treatment, cellulose, and the rate of 

glucose-C application in both the SR (Fig. 4.3a) and pre-SB (Fig. 4.3b) treatment. Whilst the 

application of glucose-C in non-cellulose amended treatments increased MB-C in SR 

treatments, the response varied markedly in cellulose amended treatments (Fig. 4.3a). Similarly 

the response in pre-SB treatments varied for each treatment, with few significant (P≤0.05) 

changes in MB-C observed (Fig. 4.3b). 
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Fig. 4.3. The change in microbial biomass-C (treatment minus control) in a) stubble retained 

and b) burnt stubble (pre-SB) treatments measured after addition of glucose-C to non-cellulose 

and cellulose amended soil at a rate of 10, 30 and 50 µg C g-1 soil; or repeated (3 and 5 

applications) of 10 µg C g-1 soil. Shaded area represents LSD (P≤0.05) for the treatment 

interaction between cellulose, glucose and burning treatment factors - treatments outside this 

area are significantly different to the control. 

 

The application of cellulose to SR and pre-SB treatments in which no glucose-C was added 

resulted in a small, but significant (P≤0.05) increase in MB-C (Fig. 4.4). However, in SR soils 

receiving a single application of 30 µg glucose-C g-1 soil, MB-C declined (Fig. 4.4). This is in 

contrast to pre-SB treatments in which an increase (P≤0.05) in MB-C was observed for soil 

receiving a single application of glucose-C (data not presented).  
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Fig. 4.4. The effect of cellulose on the change in microbial biomass-C (MB-C) in stubble 

retained soil tretaments either amended ( ) or not ( ) with glucose-C (cellulose treatment minus 

control) at a single rate of 10, 30 and 50 µg C g-1 soil; or repeated application (3 or 5) of 10 µg C 

g-1 soil. The shaded area represents LSD (P≤0.05) for the treatment interaction between 

cellulose, glucose and burning treatment factors. Any treatments lying outside this area are 

considered significantly different to the control treatment. 
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At the end of the incubation there was no effect (P≥0.05) of cellulose observed on the average 

MB-C measured in SR treatments which had received glucose-C, whilst in pre-SB treatments 

the addition of cellulose resulted in significantly (P≤0.05, LSD=12) greater MB-C (199 µg MB-C 

g-1 soil) compared to non-cellulose amended soil (161 µg MB-C g-1 soil). The metabolic quotient 

(rate of CO2-C evolved per unit MB-C; qCO2) was significantly greater (P≤0.05, LSD=0.32) in 

SR treatments (4.72 x 10-3 µg CO2-C µg-1 MB-C) than in pre-SB treatments (3.77 x 10-3 µg CO2-

C µg-1 MB-C). There was also a significant (P<0.001, LSD=0.32) effect of cellulose in amended 

(5.78 x 10-3 µg CO2-C µg-1 MB-C) versus non-amended treatments (2.71 x 10-3 µg CO2-C µ g-1 

MB-C). However, there was no effect (P≥0.05) of glucose treatment on the qCO2. Thus there 

was an increase in qCO2 in SR treatments of 26% compared to pre-SB treatments, and a 114% 

increase associated with cellulose amendment. 

 

4.3.3.1 Inorganic N 

 The application of cellulose to SR treatments generally increased the concentration of 

NH4
+ in the presence of added glucose-C substrate (Fig. 4.5a). There was also significantly 

greater NH4
+ (P≤0.05, LSD=4.1) present in post-SB treatments amended with cellulose (8.9 µg 

NH4
+ g-1 soil) compared to non-amended soil (2.5 µg NH4

+ g-1 soil). There was, however no 

effect of cellulose in pre-SB treatments on NH4
+ concentration (Fig. 4.5b).  
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Fig. 4.5. Inorganic N measured as NH4
+ in a) stubble retained (SR) and b) stubble burnt (pre-

SB) treatments; and measured as NO3
- in c) stubble retained (SR) and d) stubble burnt (pre-SB) 

treatments for non-cellulose (open bars) and cellulose amended (solid bars) soils after 

application of glucose-C at 0, 10, 30, or 50 µg C g-1 soil in a single application or multiple (3, 5) 

applications of 10 g C g-1 soil. Capped bars represent LSD (P≤0.05) for the treatment interaction 

between cellulose, glucose and burning treatment factors. 
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For both SR, and pre-SB treatments, NH4
+ concentration in non-cellulose amended soil was not 

influenced by the addition of glucose-C (Fig. 4.5a, b). Higher amounts of NH4
+ were observed in 

SR treatments amended with a single rate of glucose-C (Fig. 4.5a) compared to pre-SB 

treatments (Fig 4.5b) in cellulose amended soil. This was not tested for post-SB treatments. 

Nitrate was the predominant form of N present in both SR and pre-SB treatments (Fig. 4.5c, d). 

In contrast to pre-SB treatments (Fig. 4.5d), the application of cellulose to SR treatments (Fig. 

4.5c) resulted in significantly (P≤0.05) less NO3
- than in non-cellulose amended soil for selected 

glucose treatments (30, 50 µg C g-1 soil). In cellulose amended soil there was generally no 

effect of SR treatments on NO3
- concentration. Less NO3

- was also observed in SR compared to 

pre-SB treatments, reflecting either a slower rate of nitrification in SR treatments or more NO3
- 

consumption (Fig. 4.5c, d). No differences (P≥0.05) in NO3
- concentration were observed in 

non-cellulose amended soil.  

Fig. 4.6. Inorganic N measured as a) NH4
+ and b) NO3

- in non-cellulose and cellulose amended 

soils for stubble burnt (Pre-SB), immediately post stubble burning (Post-SB) and stubble 

retained (SR) treatments. Capped bars represent LSD (P≤0.05). 

 A positive response to the application of a range of organic C substrates in non-

cellulose amended soil was observed during the first 24 h in all treatments (Fig. 4.7a, b, c). After 

800 h, the total cumulative CO2-C evolved for citric acid, uric acid, α-ketobutyric acid and D-

glucose was no different than the control soil (Fig. 4.7a). Eight further treatments (humic acid, 

mannitol, sucrose, root exudates, thiamin, urocanic acid, cellulose, fulvic acid) showed an 

increase in the amount of cumulative CO2-C respired compared to the control solution, but this 

was less than or equivalent to the total amount of substrate applied (30 µg C g-1 soil; Fig. 4.7b).  

 

The concentration of NH4
+ increased in cellulose amended soil receiving 30 µg glucose-C g-1 

compared to the non-cellulose amended control soil for both SR and post-SB treatments (Fig. 

4.6a). Whilst the concentration of NO3
- in cellulose amended soil also increased in post-SB 

treatments compared to non-cellulose amended soil, it decreased in SR treatments (Fig. 4.6b). 

The application of cellulose did not influence either NH4
+ or NO3

- concentration in pre-SB 

treatments (Fig. 4.6a, b).    

4.3.2.1 Microbial CO2-C evolution 

4.3.2 Experiment 2 
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Fig. 4.7. Cumulative CO2-C (treatment minus control) evolved during incubation of non-cellulose amended soil in stubble retained (SR) treatments (n=3) after the 

application of a) citric acid, uric acid, α-ketobutyric acid, D-glucose; b) humic acid, mannitol, sucrose, root exudates, thiamin, urocanic acid, cellulose, fulvic acid; c) 

glutamine, glycine, L-arginine, L-asparagine, L-serine, riboflavin, succinic acid, α-ketoglutaric acid at 30 µg C g-1 soil. Capped bars represent SEM at each sampling 

time for each treatment. 
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 Microbial biomass-C measured 111 µg C g-1 soil (dry weight) prior to amending soil 

with organic C substrates. After incubation for 800 h at 25ºC, no change (P≥0.05) in MB-C was 

observed in control treatments (119 µg C g-1 soil; Fig. 4.8) compared to the initial value. Thirteen 

of the twenty treatments applied to soil (succinic acid, α-ketoglutaric acid, mannitol, urocanic 

acid, L-asparagine, riboflavin, sucrose, uric acid, cellulose, root exudates, L-serine, α-

ketobutyric acid, humic acid) resulted in significantly lower (P≤0.05) MB-C compared to the 

control treatments (Fig.4.8). There was no relationship between cumulative CO2-C respired (Fig. 

4.7) and the size of the microbial biomass (Fig. 4.8). The remainder of treatments, did not differ 

significantly (P≥0.05) from the control treatment (Fig. 4.8).  

However, eight of the treatments (glutamine, glycine, L-arginine, L-asparagine, L-serine, 

riboflavin, succinic acid, α-ketoglutaric acid) respired more CO2-C than was applied (Fig. 4.7c), 

demonstrating a positive priming effect of between 1.2 and 2.9 times the amount of C applied. 

 

 After amending soil with a range of organic C substrates, soil treated with uric acid 

resulted in an initial increase in the amount of total N (NH4
+ and NO3

-) compared to the control 

treatment and remained greater (P≤0.05) than the control for approximately 500 h (Fig. 4.9a). 

All other organic C treatments resulted in either no change or a decline in total inorganic N (Fig. 

4.9b, c). The amount of NO3
- was significantly greater (P≤0.05) when sampled after this time 

(data not presented) resulting in greater amounts of total available N (Fig. 4.9a).  

Fig. 4.8. Microbial biomass-C (MB-C) measured prior to incubation (initial) and after the 

incubation of soil amended with a range of substrates at 30 µg C g-1 soil. Capped bars represent 

LSD (P≤0.05). * indicates treatments where MB-C is significantly lower than the initial value. 

4.3.2.2 Microbial biomass-C 

 

4.3.3.2 Inorganic N  
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With the exception of uric acid, treatments either resulted in no significant (P≥0.05) change (α-ketobutyric acid, cellulose, citric acid, D-glucose, fulvic acid, humic 

acid, L-arginine), or a significant (P≤0.05) decline in NH4
+ concentration (α-ketoglutaric acid, glutamine, glycine, L-asparagine, L-serine, mannitol, riboflavin, root 

exudates, succinic acid, sucrose, thiamin, urocanic acid) within the first 7 d of incubation (data not presented). In the first 7 d of incubation, the concentration of NO3
- 

in soil treated with root exudates (28.4 µg NO3
- g-1 soil) and thiamin (38.0 µg NO3

- g-1 soil) treatments was significantly lower (P≤0.05, LSD=2.2) than the control 

treatment (41.4 µg NO3
- g-1 soil). At the end of the incubation soils treated with urocanic acid (77.4 µg NO3

- g-1 soil), root exudates (60.6 µg NO3
- g-1 soil) and thiamin 

(72.2 µg NO3
- g-1 soil) had significantly lower NO3

- concentration (P≤0.05, LSD=3.2) than the control (81.3 µg NO3
- g-1 soil).  
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Fig. 4.9. Differences in total inorganic N (NH4
+ and NO3

-) measured as the difference between control treatments and a range of soluble C substrates in non-

cellulose amended soil for stubble retained (SR) treatments at each sampling time. Capped bars represent LSD (P≤0.05) at each sampling time. 
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4.4 Discussion 
 Increased CO2-C evolution resulting from glucose-amended soils has previously been 

linked to either an accelerated turnover of the C in the microbial biomass (Dalenberg and Jager, 

1989; Wu et al., 1993), or an accelerated mineralisation of non-biomass SOM (Shen and 

Bartha, 1996). However, these studies have been conducted in soils receiving considerably 

larger amounts of glucose-C substrate application (e.g. 5000 µg C g-1 soil, Wu et al., 1993; 

>1000 µg C g-1 soil, Dalenberg and Jager, 1989). In this study, the effect of glucose added to 

soil in small amounts (10-50 µg C g-1 soil) on the kinetics of CO2-C evolved was demonstrated 

in a rapid peak of respiratory activity during the first 48 h in both cellulose and non-cellulose 

amended soil treatments, as previously observed by Nguyen and Guckert (2001). In experiment 

1, the pattern of evolution of CO2-C indicates a rapid utilisation of glucose resulting in the 

equivalent of a maximum 35% of glucose-C evolved as CO2-C within 3 d. Similarly in 

experiment 2, 25% of glucose-C was respired as CO2-C within 4 d. This is comparable to other 

studies where between 23 and 42% of glucose was evolved as CO2-C within 3 d (Bremer and 

van Kessel, 1990; Bremer and Kuikman, 1994; Nguyen and Guckert, 2001).  

 

In total, the equivalent of between 29 and 57% of glucose (applied as a single application) was 

mineralised during the incubation. This is reflective of microbial decomposition of organic-C 

substrates which usually results in 40-60% of the C being evolved as CO2 (van Veen et al., 

1985; Shen and Bartha, 1996). Thus soils amended with glucose-C predominantly evolved less 

CO2-C than contained in the applied treatments. Therefore, the cumulative amount of respired C 

in either experiment 1 or 2 indicated no additional release of CO2-C from the microorganisms 

following application of glucose to soils. This is in contrast to De Nobili et al. (2001), who 

demonstrated greater release of C as CO2-C in excess of applied treatments (4.6 times the 

original application of 11.3 µg C g-1 soil) in non-cellulose amended soil 100-160 h after the 

application of root extracts. In some cases the application of glucose-C also resulted in extra 

CO2-C (1.4 times the original application of 11.3 µg glucose-C g-1 soil), with extra CO2-C 

attributed to endocellular mineralisation of C resulting from a physiological response by 

microorganisms to prepare for a forthcoming food event. 

 

Similarly in cellulose-amended soils, the cumulative CO2-C evolved indicated no ‘extra’ 

immediate release of CO2-C from the microorganisms following application of glucose. 

Unexpectedly, in contrast to non-cellulose amended soil and in direct contrast to data previously 

described by De Nobili et al. (2001) and Mondini et al. (2006), the rate of CO2-C evolution in 

cellulose-amended soils receiving glucose solutions then declined, indicating a decrease in 

microbial activity. One possible explanation of this result is that the glucose inhibited cellulase 

activity through end-product inhibition (Paul and Clark 1989), and it took some time for enzyme 

activity to recover. In the single soil treatment where cumulative CO2-C respired was greater 

than the amount of glucose applied (Fig. 1c), ‘extra’ CO2-C was not evolved until after 

approximately 350 h, indicating a delayed response on application of glucose-C which, given 

the time delay, is unlikely to be associated with the mineralisation of endocellular C. This 

indicates that the response observed by Mondini et al. (2006) is not representative of all nutrient 
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poor soils. An alternative interpretation of our findings and those of De Nobili et al. (2001) 

suggest this delayed CO2-C evolution is more likely an indirect result of the applied glucose via 

a priming effect. The response observed for cellulose amended soil therefore suggests a highly 

variable secondary phase of C mineralisation distinct from the initial glucose mineralisation 

phase, resulting in lower microbial activity in cellulose-amended treatments compared to control 

soils. This is consistent with conclusions of Hamer and Marschner (2002) suggesting that the 

response to substrate application based on soil properties is highly variable and unpredictable.  

 

De Nobili et al. (2001) also found that repeated applications of glucose-C caused a greater 

amount of CO2-C evolution, compared to a single application of the equivalent amount. This 

supports findings by Bremer and Kuikman (1994) where greater metabolisation of glucose-C 

was observed for microorganisms that had been ‘activated’ by a prior addition of glucose-C. 

However, in C starved soils, Morita (1988) suggests that although the assimilation of soluble C 

is uninhibited, the stored substrate may not be immediately metabolised due to metabolic arrest. 

Thus, in our study, where repeated applications of glucose-C solution generally caused a lesser 

amount of CO2-C evolution compared to an equivalent single application, we suggest a lower 

rate of assimilation and metabolism of C was likely to be associated with a lower metabolic state 

of the microbial biomass (Bremer and Kuikman, 1994).  

   

In experiment 1, increased CO2-C evolution was observed under treatments which had a long 

term history of residue retention (SR) compared to burning (pre-SB). Interestingly, increased 

microbial biomass and activity observed in treatments where soil was sampled immediately after 

burning (post-SB) suggests greater availability of C substrates. This may have resulted from 

incomplete burning of the stubble resulting in a higher proportion of smaller residue particles in 

contact with soil, or from the chemical transformation of the substrate. In this study, where total 

CO2-C evolution was greater than the amount of C substrate applied (as in soil sampled 

immediately after burning), there is therefore some evidence of an accelerated microbial 

turnover. It is likely that a wider range/larger amount of C substrate suited to microbial 

decomposition is associated with indigenous SOM and thus influences MB-C to a greater extent 

than small additions of organic C compounds. However, this is clearly influenced by soil type 

and the organic C substrate applied (as evident in experiment 2 where a priming effect is 

demonstrated for a range of different substrates). Evidence of extra CO2-C resulting from a 

decline in MB-C was also observed in experiment 1 for post-SB treatments, suggesting the 

priming effect may be dependent on the amount of biomass, as suggested by Dalenberg and 

Jager (1989).  

 

An increase in the utilisation of readily available C substrates such as glucose is associated with 

higher maintenance requirements (Scow, 1997) in microbial populations reflective of a non-C 

limited environment. This compares to a C limited environment (such as might be anticipated in 

a dry, low rainfall environment), in which cell size becomes smaller (Gottschal, 1992), microbial 

growth stops (resulting in lower maintenance requirements), and substrates are stored. This 

might result in a lower proportion of glucose being mineralised by microorganisms due to 
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metabolic arrest (Morita, 1988), even though microbial assimilation of glucose remains rapid 

under C limited conditions (Bremer and Kuikman, 1994). This may partly explain the differences 

in microbial response to organic C substrates demonstrated in this study from that reported by 

De Nobili et al. (2001) and Mondini et al. (2006). For example, the availability of labile C sources 

such as root exudates and readily decomposing compounds from plant residues that are 

associated with greater mineralisation of added C substrates in non C-limited soils (Swift et al., 

1979) is likely to be higher in European soils, compared to more rain limited environments, 

where under C limited conditions increased storage by microorganisms is more likely to be 

observed (Nguyen and Guckert, 2001). Thus, the utilisation efficiency of low molecular weight 

soluble C substrates (such as glucose) under C limited conditions is likely to be lower (Bremer 

and Kuikman, 1994; Bremer and van Kessel, 1990; Nguyen and Guckert, 2001), as has been 

demonstrated in this study.  

 

The effect of a wider range of soluble C substrates tested in experiment 2 was represented by 

three types of response curve, the majority of which demonstrated an initial increase in the 

amount of CO2-C evolved compared to a control soil. The complexity and chemical diversity of 

organic substrate inputs influences the diversity of enzymes released, and thus is more likely to 

result in a priming effect (Wu et al., 1993; Fontaine et al., 2004) by increasing metabolic activity 

in a greater proportion of the microbial population. A number of C substrates resulted in ‘extra’ 

CO2-C being evolved compared to the initial amount of substrate applied. In the case of glycine, 

this effect was observed just 92 h after application of the substrate solution, but for other 

substrates was not observed until after 200-500 h after application of the substrate. Therefore in 

contrast to previous studies (Wu et al., 1993; Fontaine et al., 2004), no obvious association 

between the response observed and the chemical structure of each substrate was observed. 

 

Similar to results presented by Fontaine et al. (2004), soil amended with cellulose in experiment 

1 stimulated microbial activity after an initial lag phase of approximately 3 d. In the study by 

Fontaine et al. (2004), a transitory increase in MB-C in soil amended with cellulose indicated 

growth of cellulose specialised microbes that were then unable to utilise SOM as an energy 

source once the cellulose was exhausted, but also a second component of SOM decomposing 

microbes which continued to survive on SOM. In almost all cases, the application of glucose 

and cellulose in this study resulted in more C in the soil than was lost due to priming, resulting in 

a net positive effect on soil C. A number of studies suggest not only the size (Anderson and 

Domsch, 1978), but the composition of the microflora influences the decomposition and cycling 

of C substrates (Bell et al., 2003).  Specifically it has been suggested, that the duration of the 

initial priming effect is associated with the fungal:bacterial ratio, with greater amounts of C 

priming with an increased proportion of fungi (Bell et al., 2003).  

 

4.5 Conclusions 
 The trigger molecule response as proposed by De Nobili et al. (2001) resulting in 

extra C mineralisation (above the amount of substrate applied) was not observed in experiment 

1 with the application of glucose-C and therefore cannot be considered as a universal microbial 
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response in nutrient poor soils. Differences in microbial response to the addition of glucose-C 

are likely to be attributable to differences in soil quality attributes such as SOM quality and 

quantity, and edaphic factors influencing both diversity of microbes present and the frequency of 

food events. The application of glucose-C to non-cellulose amended soil resulted in a rapid 

activation of the microbial population, prior to returning to a steady state level of activity not 

dissimilar to control soils. In cellulose amended soils, it appears as though there was a 

background stimulation of microorganisms metabolising cellulose which was different to those 

responding to the application of glucose. The rapid decline in CO2-C evolved in cellulose 

amended soil compared to control soils, was not accompanied by a decline in MB-C suggesting 

a reduced level of activity due to increased competition for C substrates or end product 

inhibition once glucose was exhausted. However, the microbial response to a wider, more 

diverse range of C compounds does suggest it is possible to induce a positive priming effect 

even in nutrient poor soils. 
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CHAPTER 5  
TEMPERATURE AND STUBBLE MANAGEMENT INFLUENCE MICROBIAL CO2-C 

EVOLUTION AND GROSS N TRANSFORMATION RATES 

 

FOREWORD 
Changes in C and N mineralisation rates in soils held at a constant moisture content and 

incubated over a range of temperatures, may be attributable to changes in microbial community 

composition. These changes may result from the development of substrate adapted 

microorganisms (Zogg et al., 1997; Avrahami et al., 2003) through increased microbial turnover, 

a modification of substrate transformation pathways influencing dissolved organic C (Dalias et 

al., 2001; Marschner and Bredow, 2002), or a slower rate of decline in residue quality at low 

temperature (Andersen and Jensen, 2001; Dalias et al., 2001).  

 

Prior chapters (Chapters 2, 3, 4) have provided evidence of changes in microbial function and 

community structure associated with labile and more resistant fractions of C. This chapter 

reports differences in C and N process rates in burnt versus retained stubble treatments; and to 

determine separate kinetic relationships for C, and the gross N mineralisation, immobilisation 

and nitrification of N at a range of temperatures (5, 10, 15, 20, 30 and 40°C) that reflect a semi-

arid environment.  

 
5.0 Abstract 
 Few studies have examined the kinetics of gross nitrogen (N) mineralisation, 

immobilisation and nitrification rates in soil at temperatures above 15°C. In this study, 15N 

isotopic pool dilution was used to evaluate the influence of retaining standing crop residues after 

harvest versus burning crop residues on short term gross N transformation rates at constant 

temperatures of 5, 10, 15, 20, 30 and 40°C. Gross N mineralisation rates calculated per unit soil 

organic carbon were between 1 and 7 times lower in stubble burnt treatments than in stubble 

retained treatments. In addition significant declines in soil microbial biomass (P=0.05) and CO2-

C evolution (P<0.001) were associated with stubble burning. Immobilisation rates were of 

similar magnitude to gross N mineralisation rates in stubble retained and burnt treatments 

incubated between 5°C and 20°C, but demonstrated significant divergence from gross N 

mineralisation rates at temperatures between 20°C and 40°C. Separation in the mineralisation 

immobilisation turnover (MIT) in soil at high temperatures was not due to a lack of available C 

substrate, as glucose-C was added to one treatment to test this assumption. Nitrification 

increased linearly with temperature (P<0.001) and dominated over immobilisation for available 

ammonium in soil incubated at 5°C, and above 20°C indicating that nitrification is often the 

principal process controlling NH4
+ consumption in a semi-arid soil. These findings illustrate that 

the MIT at soil temperatures above 20°C is not tightly coupled, and consequently that the 

potential for loss of N (as nitrate) is considerably greater due to increased nitrification.   
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5.1 Introduction 
 Low organic residue inputs to soil can influence microbial population density, microbial 

diversity and immobilisation of nitrogen (N) by limiting readily available carbon (C) which is 

essential for maintaining microbial growth and activity (Rasmussen and Rohde, 1988). Burning 

stubble for example, has been associated with increased nutrient availability, depletion of soil 

organic matter (SOM), and declines in microbial biomass and/or activity (Powlson et al., 1987). 

The conversion of solid organic matter into dissolved organic matter has been shown to be the 

rate limiting step to the supply of N (Cookson and Murphy, 2004; Jones et al., 2005) and is 

therefore likely to influence C and N dynamics in soil (Murphy et al., 2003a). For example, Gibbs 

and Barraclough (1998) have previously demonstrated that the addition of a labile fraction of 

SOM to soil did not affect gross N mineralisation, but markedly increased immobilisation. They 

propose that on addition of this SOM fraction, bacteria incapable of utilising more complex 

organic substrates were able to utilise the labile form, resulting in higher rates of immobilisation. 

Carbon substrate availability may be further constrained by the rate of diffusion of dissolved 

organic C (DOC) as a result of environmental ‘modulators’ (i.e. rainfall, temperature; Balser et 

al., 2001). For example, the temperature dependence of C mineralisation as measured by CO2-

C evolution in field and laboratory studies has been reported over a relatively wide range 

(Kirschbaum, 1995; Davidson et al., 1998; Raich and Schlesinger, 1992; Reichstein et al., 

2000). However, a better understanding of the temperature kinetics for C and N is required at 

temperatures greater than 15°C, which are common in semi-arid environments. 

 

Under low fertiliser conditions in dry-land agricultural systems plant N availability is 

predominantly derived from microbial decomposition of SOM and crop residues (Angus, 2001; 

Fillery, 2001), but may also be in part due to free-living N-fixing bacteria (Gupta and Roper, 

1993). For example, in southern Australia up to 80% of plant N uptake in wheat may be derived 

from biological processes (Angus, 2001), compared to 50% in temperate soils (Jenkinson, 

2001). The extent to which crop N demand is met by microbial turnover of N is dependent on 

management and climatic factors (Murphy et al., 1998a, b). It is therefore important to identify 

and understand the primary factors influencing microbial transformation of substrates, and 

potential limitations to gross N transformation rates in this environment.  

 

The soil inorganic N pool is the net availability of N resulting from several competing processes 

which include mineralisation, immobilisation (by microorganisms and/or plants), nitrification, N 

loss via solute and/or gaseous phases and free-living nitrogen fixation (where C is not limiting). 

The 15N isotopic pool dilution method (Kirkham and Bartholomew, 1954; Murphy et al., 2003a) 

estimates independent rates for gross N mineralisation and nitrification without the confounding 

influence of immobilisation and has been used to examine the effect of crop residues and OM 

on gross N transformation rates (Recous et al., 1999; Macdonald, 2000; Burger and Jackson, 

2003). Recently 15N isotopic pool dilution techniques used to examine the effects of temperature 
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on gross N mineralisation, nitrification and immobilisation, have demonstrated the importance of 

determining the rates of individual processes (Stark and Firestone, 1996; Andersen and Jensen, 

2001; Cookson et al., 2002). For example, many N cycling models assume the same 

temperature relationship for mineralisation and immobilisation, yet immobilisation of mineral N 

has been shown to vary considerably in relation to gross mineralisation rates (Recous et al., 

1999; Cookson et al., 2002). 

 

Mineralisation and immobilisation have been reported to be less sensitive than nitrification to 

temperature fluctuations (Campbell and Biederbeck, 1972; Cookson et al., 2002). Accumulation 

of NH4
+ in soils at low temperature results from comparably higher gross N mineralisation rates 

in relation to gross immobilisation and nitrification rates. This is reported to result from slower 

adaptation to low temperatures by nitrifying bacteria (Andersen and Jensen, 2001; Cookson et 

al., 2002) and a reduced affinity to immobilise substrates at low temperature (Nedwell, 1999). 

However, there are no previously published data on how the separate pathways and gross N 

transformation rates relate at temperatures between 15°C and 40°C as often experienced in a 

semi-arid environment. Recous et al. (1999) demonstrate the importance of understanding 

temperature kinetics in normalising seasonal variation for gross N mineralisation rates which 

may otherwise mask treatment effects. 

 

Nitrogen in excess of microbial demand results in N release. Increased N is therefore available 

for nitrification and thus the rate of nitrification increases, compared to the rate of immobilisation 

(N/I ratio; Tietema and Wessel, 1992). The ratio between nitrification and immobilisation can be 

used to determine the risk of increasing NO3
- losses within a soil, and the impact of changing 

management practice on N retention vs. loss pathways (Stockdale et al., 2002). This study was 

conducted to quantify differences in C and N process rates in retained stubble (SR) versus burnt 

stubble (SB) treatments; and to determine separate kinetic relationships for CO2-C evolution, 

and the gross N mineralisation, immobilisation and nitrification rates at a range of temperatures 

(5, 10, 15, 20, 30 and 40°C) that reflect a semi-arid environment. 

 
5.2 Material and Methods 
5.2.1 Field Site Description 

 The study area was located at the Department of Agriculture Merredin Research Station 

(31°28’S, 118°16’E) on a trial established in 1987 in the low rainfall (< 325 mm annually) region 

of Western Australia on a Red-Brown Earth (Red Chromosol, 26% clay content). The 

experiment used was in a 2 y cropping rotation (wheat:legume) and had been maintained for 17 

y prior to sampling, with stubble either retained as standing stubble after harvest or burnt prior to 

sowing (autumn burn). Mean monthly temperature based on 17 y of climatic data (1987 to 2003) 

ranged from 5.6 to 34.1°C, and mean annual rainfall (winter dominant) was approximately 294 

mm (Fig. 5.1). In 2003, temperatures were in the range -1.7 to 42.2°C, and annual rainfall 

reached 356 mm of which 190 mm fell during the winter cereal growing season (May to 

November). 
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Fig. 5.1. Mean monthly rainfall (mm) and temperature (°C; minimum (■) and maximum (□)) 

measured at Merredin (data averaged from 1987 to 2003).    

 

5.2.2 Experimental Design 

 The experiment was conducted using composite soil samples collected from SR and 

SB treatments prior to sowing with wheat in May 2003. Soil was collected (0-5 cm) using a hand 

‘push-in’ auger (70 mm diameter x 50 mm depth) in each of the three replicated plots. A 

composite sample of 12 cores were collected from each plot using a Z sampling pattern, sieved 

(<2 mm) and stored field moist at 4°C for 6 d prior to characterising physical, chemical and 

biological soil properties (Table 5.1).  

 

Three composite soil samples from replicate field plots were used in the laboratory to estimate 

the effects of stubble management and temperature on microbial activity and gross N 

transformation rates. At each of six incubation temperatures (5, 10, 15, 20, 30 and 40°C), soils 

sampled under SR and SB treatments were either amended or not with glucose-C. Non-glucose 

and glucose amended soils received 15N enriched (60 atom % excess) solutions of (NH4)2SO4 to 

estimate gross N mineralisation and immobilisation measured analytically, whereas only non-

glucose amended soils received 15N enriched KNO3 to obtain an estimate for gross nitrification 

and NO3
- consumption. These rates were also simulated for non-glucose amended soils using 

the numerical model FLUAZ (Mary et al., 1998). 

 

5.2.3 Sample Analyses 

5.2.3.1 Microbial Biomass 

 Microbial biomass-C (MB-C; Wu et al., 1990) and microbial biomass-N (MB-N; 

Joergensen et al., 1990) were determined by fumigation extraction. Moist soils (20 g dry weight 

equivalent, 3 laboratory replicates) were fumigated with chloroform containing amylene (0.006% 

v/v) as the stabilising agent for 24 h to determine the flush of C and N by extraction with 80 ml 

0.5 M K2SO4 for 1 h. Filtered extracts (Whatman No. 42) were frozen at -20°C until analysed for 

total oxidisable C (Shimadzu Model 5050) and ninhydrin-reactive N (GBC UV-VIS 920 

Spectrophotometer). MB-C was calculated from the flush in organic-C, and MB-N from the flush 
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in ninhydrin-reactive N between fumigated and non-fumigated soil. Data were then adjusted by 

a factor of 2.22 for MB-C (Wu et al., 1990) and 5 for MB-N (Joergensen et al., 1990). 

 

5.2.3.2 Microbial Respiration 

 Soil samples were adjusted to 45% water holding capacity (WHC, approx. -100 kPa, 

0.12 g H2O g-1 soil) and mixed thoroughly prior to sub-sampling soil (100 g dry weight) into 108 

air-tight 523 ml glass containers. Lids modified with gas septum ports were used to seal the 

containers. Soils were incubated for 9 d at 5, 10, 15, 20, 30 or 40°C at 100% humidity. 

Headspace CO2 concentrations were measured using an infra-red gas analyser (IRGA) at 

intervals ranging from 15-72 h (depending on the rate of buildup in the headspace), by 

extracting 1 ml of air after first mixing the headspace gas. Treatments were run against a CO2 

standard (4.95 ± 0.10% CO2 in helium, BOC Ltd.). After each sampling, all containers were 

opened and the headspace gas exchanged with fresh air. The CO2-C results presented are the 

average daily rate (µg CO2-C g-1 soil d-1) measured for each soil type and treatment minus a 

control (no soil) measured prior to (d 1-7), and after (d 7-9) the application of 15N solutions as 

described below.  

  

5.2.3.3 Inorganic N and Gross N Transformation Rates  
 15N enriched solutions (60 atom % excess) were prepared on d 7 of the incubation 

using either (NH4)2SO4 to contain 5 µg N g-1 soil, or KNO3 to contain 2 µg N g-1 soil in 4 ml of 

solution. Soils were either amended or not with glucose at a rate of 50 µg glucose-C g-1 soil 

applied as multiple droplets (total aliquot of 1 ml) prior to the application of 15N enriched 

solutions to assess if a C limitation occurred during 15N isotopic pool dilution assays. 

Corresponding control solutions contained double distilled water. Both non-glucose and glucose 

amended soils received the 15N enriched (NH4)2SO4 solution applied as multiple droplets to 

estimate gross N mineralisation and immobilisation, whereas only non-glucose soils received 
15N enriched KNO3 solution to obtain an estimate for gross nitrification and NO3

- consumption. 

Following application of treatments, all soils were mixed thoroughly and final soil moisture 

determined (53% WHC, approx. -85 kPa, 0.14 g H2O g-1 soil).  

 

Three extraction times were used (T0=4 h, T1=24 h, T2=48 h for gross N mineralisation and T0=4 

h, T1=24 h, T2=120 h for gross nitrification) to determine inorganic N and obtain samples for 
15N/14N analysis. Three time intervals were selected within a 48 h period as recommended by 

Murphy et al. (2003a), as the rate of 15N enrichment decline was previously unknown in this soil. 

Analysis determined that T0 to T1 was the optimal sampling interval for determination of gross N 

mineralisation rates, whereas T0 to T2 was the optimal sampling interval determined for gross 

nitrification. Calculations for estimating gross N transformation rates are converted to a per hour 

basis and provide a valid comparison of different N pathways. Soil inorganic N at each sampling 

period was determined by extraction with 80 ml 0.5 M K2SO4 (soil:solution ratio=1:4) for 1 h and 

filtered through Whatman No. 42. Extracts were analysed for NH4
+ concentration colorimetrically 

using the salicylate-nitroprusside method (Krom, 1980; Searle, 1984), and NO3
- concentration 

using the hydrazinium reduction method (Kamphake et al., 1967; Kempers and Luft, 1988) on a 
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Skalar Auto-analyser (Skalar San plus). Remaining N in soil solution was removed using 

Buchner funnels under vacuum by repeated extraction twice with 0.5 M K2SO4 and twice with 

double distilled water in non-glucose amended soil labeled with 15N enriched (NH4)2SO4. Soil 

remaining after extraction of N was then dried at 40°C and ground to a fine powder using a 

Sibertechnic mill. 

 

A modified diffusion technique (Brookes et al., 1989) was used to prepare samples for 15N/14N 

isotope ratio analysis. In short, extracts from each sampling time were diffused in plastic vials 

for 7 d in a vertical rotary shaker at 20°C. Soil extracts with low inorganic NH4
+ were spiked with 

60 µg 15N at natural abundance as (NH4)2SO4 prior to diffusion to increase N content and to 

dilute 15N enrichment for mass spectrometry (MS) analysis. Soil extracts labeled with 15N 

enriched KNO3 were not spiked. Separation of NH4
+ and NO3

- was achieved by first diffusing 

extracts with MgO, and subsequently with Devarda’s alloy (Brookes et al., 1989). 15N/14N 

isotope ratios for NH4
+ and NO3

- fractions were determined for diffusion discs and soil (50 mg) 

by Tracer MS (Europa 20:20). Standards of 15N enriched (NH4)2SO4 at 5 atom % excess and 10 

atom % excess were also diffused.  

  

5.2.4 Analytical calculations, FLUAZ Modelling and Statistical Analysis  
 Gross N mineralisation and NH4

+
 consumption rates were calculated analytically 

(Kirkham and Bartholomew, 1954) after 15N/14N labeling with 15N enriched (NH4)2SO4. Using this 

equation, NH4
+ consumption represents the rate of removal of N from the NH4

+ pool and in 

these incubated soils can consist of immobilisation, nitrification and gaseous loss. Gross 

nitrification and NO3
- consumption rates (i.e. immobilisation and gaseous loss) were also 

calculated analytically (Kirkham and Bartholomew, 1954) after 15N/14N labeling with 15N enriched 

KNO3. In addition, gross N mineralisation and immobilisation rates were simulated (for non-

glucose amended soils) using first order kinetics in the numerical model FLUAZ (Mary et al., 

1998). FLUAZ derived gross nitrification rates were also simulated to provide an estimate of 

nitrification capacity in the presence of an NH4
+ substrate.  

 

General analysis of variance (ANOVA) was used after testing for normal distribution to 

determine significant treatment effects for stubble treatment and temperature on average daily 

CO2-C evolution, inorganic N and gross N transformation rates using GENSTAT 6th edition. 

Variation in selected parameters was investigated using regression analyses. Analytical data 

are given as mean ± the least significant difference (LSD) and statistical tests were considered 

significant at the level P=0.05. FLUAZ derived estimates of gross N transformation rates are 

given as the simulation value ± 95% confidence interval.  

 

5.3 Results 
 The total amount of above ground organic matter returned to soil in SR (1.2 t ha-1 y-1) 

versus SB treatments (0.2 t ha-1 y-1), did not increase the percentage of soil organic carbon 

(SOC) significantly (P=0.05, Table 5.1). However, after adjustment for bulk density a significant 
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difference (P=0.09) between treatments was measured in the total amount of soil carbon per 

unit area (Table 5.1).  

 

MB-C was significantly (P<0.02) lower in SB compared to SR treatments (Table 5.1). However, 

no corresponding decline in MB-N (P=0.05) was observed for SB treatments, resulting in a 

lower (P=0.08) microbial C/N ratio in SB treatments (Table 5.1). Despite differences in MB-C 

between treatments, MB-C as a percentage of total SOC was similar in both SR and SB 

treatments (average 1.6%).  

 

Table 5.1. Soil physical chemical and biological properties (0-5 cm depth) determined for 

stubble retained and stubble burnt treatments in a long term (17 y) trial at Merredin. 

 Stubble 

Retained 

Stubble 

Burnt 

LSD 

(P=0.05) 

Bulk density (0-10 cm; g cm-3) 1.44 1.37 NS 

Water content (%) at field capacity (-10 kPa) 23.2 19.7 0.3 

Water content (%) at wilting point (-1500 kPa) 6.9 6.8 NS 

Total plant available water content (mm m-1) 163 129 - 

Soil pHCaCl2 (mS cm-1;;1:5 soil to 0.01 mol/L CaCl2) 5.8 5.9 NS 

Electrical conductivity1:5 (µS cm-1) 138.6 106.1 NS 

Cation exchange capacity (cmol kg-1; silver-thiourea 

extraction) 

9.8 10.2 NS 

Total C (%; total combustion LECO) 1.2 1.0 NS 

Total C (t ha-1) 8.7 6.6 1.9* 

MB-C (kg C ha-1) 153 98 23 

MB-N (kg N ha-1) 24 25 NS 

Microbial C/N ratio 6.6 3.9 2.3* 

NS = not significantly different at P=0.05; * differences significant at P<0.1 

 

5.3.1 Microbial respiration (CO2-C evolution) 

 The average daily rate for CO2-C evolution measured at incubation temperatures 

between 10°C and 40°C was significantly lower (P<0.001) in SB treatments compared to SR 

treatments (Fig. 5.2a, b). Average daily CO2-C evolution demonstrated a linear relationship with 

increasing temperature (Fig. 5.2a, b). The average daily CO2-C evolution for non-glucose 

amended soil was 1.4 µg CO2-C g-1soil °C-1 in SR treatments and 0.7 µg CO2-C g-1 soil °C-1 in 

SB treatments. Amendment of soil treatments with glucose-C resulted in a significant (P<0.001) 

increase in CO2-C evolution in both SR and SB treatments at all incubation temperatures (Fig. 

5.2b).  
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Fig. 5.2. The effect of incubation temperature on average daily CO2-C evolution (µg CO2-C g-1 

soil d-1) in soil treatments a) prior to application of glucose-C in stubble retained (open symbols) 

and stubble burnt treatments (closed symbols); and b) after the application of glucose-C in 

either stubble retained treatments for glucose (□) and non-glucose (○) amended soil; or stubble 

burnt treatments for glucose (■) and non-glucose (●) amended soil. Capped bars represent LSD 

(P=0.05) for the interaction between temperature, stubble treatment and glucose-C treatments.  

 

5.3.3 Inorganic N 

 After incubation for 7 d at prescribed temperatures, the NH4
+ concentration in SR 

treatments was greatest (P=0.001) in soils incubated at 40°C compared to soil incubated 

between 5°C and 30°C (Fig. 5.3a). In SB treatments it was highest (P=0.001) in soils incubated 

at both 5°C and 40°C (Fig. 5.3a). This resulted in higher NH4
+ concentration for SB compared to 

SR treatments in soils incubated at 5°C, and in SR compared to SB treatments incubated at 

40°C (Fig. 5.3a).  
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Fig. 5.3. Effect of soil temperature on a) unlabelled NH4

+ (µg N g-1 soil) in stubble retained (○) 

and stubble burnt (●) treatments; and b) unlabelled NO3
- (µg N g-1 soil) in stubble retained (□) 

and stubble burnt (■) treatments measured seven days after application of 15N enriched 

(NH4)2SO4 (solid line) and KNO3 (dashed line) labeled solutions. Data presented for non-

glucose amended treatments. Capped bars represent LSD (P=0.05) for the interaction between 

temperature, stubble and 15N label treatments. 

`  
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Soil NO3
- concentration demonstrated a positive linear relationship with increasing temperature 

(P<0.001) in both SR and SB treatments (Fig. 5.3b) and was the dominant form of N throughout 

the incubation. However, no significant (P=0.05) differences in NO3
- concentration were 

observed between stubble treatments (Fig. 5.3b). No change in the unlabelled NH4
+ or 

unlabelled NO3
- pool size was observed after the application of 15N enriched solutions as 

(NH4)2SO4 or KNO3 to soil in SR treatments (Fig. 5.3a, b). In SB treatments a small but 

significant (P<0.05) increase in the concentration of unlabelled NH4
+ and unlabelled NO3

- was 

observed after application of 15N enriched KNO3 solution to soil incubated at 40°C (Fig. 5.3a, b). 

Amending stubble treatments with glucose-C did not significantly (P=0.05) influence NH4
+ or 

NO3
- concentration (data not presented).  

 

3.3 Gross N Transformations  

 Analytical recovery (15NH4
+, 15NO3

- and ground soil organic 15N) of the applied 15N 

enriched (NH4)2SO4 label from T0 to T1 in non-glucose amended soil was between 101 and 

112% for SR treatments, with the FLUAZ derived recovery calculated from the simulated 

content in 15N of the various N pools between 70 and 92%. In SB treatments, the analytical 

recovery of the 15N enriched (NH4)2SO4 label (92 and 100%) was lower than in SR treatments 

whilst the FLUAZ derived recovery (81 and 100%) was greater. Gross N mineralisation rates 

derived using FLUAZ corresponded closely to gross N mineralisation rates calculated 

analytically for SR (R2=0.99) and SB (R2=0.98) treatments. As a result, subsequent references 

to gross N mineralisation rates refer only to analytical solutions unless otherwise specified.   

 

A linear relationship was demonstrated for gross N mineralisation between 5°C and 30°C in SR 

treatments, and between 5°C and 40°C in SB treatments. No difference (P=0.05) was observed 

in the gross N mineralisation rate between SR and SB treatments, when incubated between 5°C 

and 30°C (Fig. 5.4a, b). However at 40°C, gross N mineralisation rates in SR treatments (13.0 

µg N g-1 soil d-1; Fig. 5.4a) were substantially higher (P<0.001, LSD=2.9) than in SB treatments 

(2.7 µg N g-1 soil d-1; Fig. 5.4b). Gross N mineralisation rates in SR treatments (Fig. 5.4a) were 

also significantly higher at 40°C (P<0.001) than at other incubation temperatures (0.8-2.9 µg N 

g-1 soil). Gross N mineralisation demonstrated a logarithmic relationship with C mineralisation 

(estimated from CO2-C evolution) in both SR (R2=0.97) and SB (R2=0.88) treatments (data not 

shown). 

 

Temperature did not influence gross immobilisation rates derived using FLUAZ in either the SR 

or SB treatment (Fig. 5.4a, b). Immobilisation rates (0.12 to 1.23 µg N g-1 soil d-1) were similar to 

FLUAZ derived gross N mineralisation rates in SR and SB treatments incubated between 5°C 

and 20°C, but were significantly lower than gross N mineralisation in soil incubated at 30°C and 

40°C (Fig. 5.4a, b). At high temperature (30°C and 40°C), immobilisation rates in soil incubated 

were between 7 and 25% of gross N mineralisation rates in SR treatments, compared to 

between 32 and 38% in SB treatments. A rapid increase in gross N mineralisation rate observed 

in SR treatments demonstrates a separation in the MIT rate at 40°C (Fig. 5.4a). Gross N 

mineralisation derived using FLUAZ demonstrated a strong linear relationship with net N 
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mineralisation in both SR (R2=0.98) and SB treatments (R2=0.88). Net N mineralisation rates in 

SR treatments (Fig. 5.4a) were higher than in SB treatments (Fig. 5.4b) in soils incubated at 

30°C and 40°C. Temperature also influenced net N mineralisation rates in SR (Fig. 5.4a) and 

SB (Fig. 5.4b) treatments, with lower net N mineralisation rates observed in soils incubated 

below 20°C compared to soils incubated at 30°C and 40°C. 
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Fig. 5.4. Effect of soil temperature on gross N mineralisation (●), immobilisation (x) and net N 

mineralisation (○) rates (µg N g-1 soil d-1) derived using FLUAZ in a) stubble retained and b) 

burnt stubble treatments after application of 15N enriched (NH4)2SO4. Data presented for non-

glucose amended treatments. Capped bars may be smaller than symbols and represent the 

95% confidence intervals derived from FLUAZ. 

 

Gross nitrification rates calculated analytically from T0 to T2 in non-glucose amended soil 

increased linearly with temperature in SR and SB treatments (Fig. 5.5a, b). The gross 

nitrification rate derived using FLUAZ (i.e. measured in the presence of an NH4
+ source) was 

higher (95% confidence interval) than that derived analytically at temperatures between 10°C 

and 30°C in SR treatments (Fig. 5.5a). FLUAZ derived gross nitrification rates were however 

lower than analytical solutions at 40°C in SR treatments (Fig. 5.5a).  
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Fig. 5.5. Effect of temperature in a) stubble retained treatments on gross nitrification rates 

determined analytically (○) and derived using FLUAZ (□); and in b) burnt stubble treatments on 

gross nitrification rates determined analytically (●) and derived using FLUAZ (■).  Data 

presented for non-glucose amended treatments (µg N g-1 soil d-1). Capped bars represent 95% 

confidence interval for FLUAZ derived gross nitrification rates and the LSD (P=0.05) for 

analytically derived gross nitrification rates in each treatment, and may be smaller than symbols. 
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Average NH4
+ consumption (immobilisation + nitrification + gaseous loss) in SR treatments was 

approximately twice that in SB treatments, with the exception of SR treatments in glucose 

amended soil at 40°C which were 4 times greater (Fig. 5.6a). There was no effect (P=0.05) of 

glucose-C on NH4
+ consumption in soil incubated between 5°C and 30°C in either SR or SB 

treatments (Fig. 5.6a). However, at 40°C NH4
+ consumption in glucose amended soil was higher 

(P<0.001) than in non-glucose amended soil for SR treatments (Fig. 5.6a). A significant 

interaction (P<0.001) was observed for NH4
+ consumption between stubble treatment, 

temperature and the application of glucose-C (Fig. 5.6a).  
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Fig. 5.6. Effect of temperature on a) NH4
+ consumption rates (µg N g-1 soil d-1) for non-glucose 

amended (○) and glucose amended (∆) treatments in stubble retained soils, and for non-glucose 

amended (●) and glucose amended (▲) treatments in burnt stubble soils and b) NO3
- 

consumption rates for non-glucose amended soil (µg N g-1 soil d-1) in stubble retained (○) and 

stubble burnt (●) treatments. Capped bar represents LSD (P=0.05) for the interaction between 

temperature, stubble and glucose-C treatments.  

 

Nitrate consumption (immobilisation + gaseous loss) was significantly (P=0.014) higher in the 

SB treatment compared to the SR treatment at 40°C (Fig. 5.6b). A significant interaction 

(P=0.014) was observed for NO3
- consumption between stubble treatment and temperature 

(Fig. 5.6b). Consumption of NO3
- in SB treatments was not influenced by temperature between 

5°C and 20°C, but increased significantly (P=0.014) at both 30°C and 40°C (Fig. 5.6b). In SR 

treatments, NO3
- consumption did not change between 5°C and 30°C (Fig. 5.6b). In contrast to 

NH4
+ consumption, demand for NO3

- in SR treatments was generally lower than in SB 

treatments.  

 

Ammonium consumption was greater than NO3
- consumption at all temperatures in SR 

treatments, and between 5°C and 30°C in SB treatments (Fig. 5.6a, b). However, at high 

temperature (40°C), NO3
- consumption was greater than NH4

+ consumption in SB treatments 

(Fig. 5.6a, b). Although the dominant form of N consumed changed at 40°C in SB treatments, 

there was no significant (P=0.05) difference in the total amount of N consumed (NH4
+ and NO3

-) 

between SR treatments and SB treatments in this study (Fig. 5.7). Total N consumption 

increased significantly (P<0.001) with temperature (Fig. 5.7).  
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Fig. 5.7. Effect of temperature on total NH4 and NO3 consumption rate (µg N g-1 soil d-1) in 

stubble retained (○) and stubble burnt (●) treatments. Data presented for non-glucose amended 

treatments. Capped bar represents LSD (P=0.05) the interaction between temperature and 

stubble treatments. 

 

In this study, the ratio of nitrification to immobilisation (N/I ratio) was used to assess the relative 

dominance of NH4
+ consumptive processes. Immobilisation rates increased between 5°C and 

15°C and remained relatively constant at temperatures greater than 15°C. This resulted in an 

approximate N/I ratio of 1:1 in the SR treatment incubated at 10°C and 15°C, and in the SB 

treatment incubated at 15°C and 20°C (Fig. 5.8). At other incubation temperatures, gross 

nitrification rates were higher than N immobilisation rates, resulting in an N/I ratio greater than 1. 

This was most pronounced in SR and SB treatments incubated at 5°C, 30°C and 40°C. 
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Fig. 5.8. Effect of temperature on the ratio of nitrification in relation to immobilisation (N/I ratio) in 

stubble retained (○) and stubble burnt (●) treatments. Data presented for non-glucose amended 

treatments. Dashed line represents a ratio of 1 (i.e. gross nitrification=microbial immobilisation). 

 

5.4 Discussion 
 In this study, changes in microbial processes attributable to the retention of stubble 

were evident in higher MB-C and increased CO2-C evolution. A positive relationship was 

established between temperature and the rate of CO2-C evolution from soil, as has been 

previously demonstrated (Conant et al., 2004; Marschner and Bredow, 2002). It is possible that 

limitations to microbial activity observed with declining temperature may be associated with a 
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reduction in substrate affinity and/or ability to access substrates (Nedwell, 1999). In both SR 

and SB treatments, CO2-C evolution increased on addition of a glucose-C substrate. However, it 

is evident that the CO2-C response to glucose amendment was not further constrained by 

temperature in either treatment. Therefore limitations to microbial activity at high temperature 

caused by rapid utilisation of DOC (Marschner and Bredow, 2002) was considered unlikely in 

this study due to the short length of incubation and the addition of sufficient C as glucose.  

 

Changes in C and N mineralisation rates in soils held at constant moisture content and 

incubated over a wide range of temperatures may be attributable to changes in microbial 

community composition (Zogg et al., 1997; Avrahami et al., 2003). These changes can affect 

the size of the labile C pool in soil via a modification of transformation pathways resulting in 

greater amounts of DOC associated with increasing temperature (Dalias et al., 2001; Marschner 

and Bredow, 2002). Evidence of a shift in community composition may be implied by the change 

in MB-C relative to MB-N which resulted in a higher C/N ratio in SR treatments compared to SB 

treatments. Alternately the higher C/N ratio may denote increased assimilation and storage of C 

in SR treatments. Therefore, increased CO2-C evolution in SR treatments at temperatures 

between 5°C and 40°C is likely to have resulted from higher crop residue inputs (and potentially 

greater labile fraction of SOM), a larger and possibly more diverse population of 

microorganisms, and a greater assimilation of C with increasing temperature. However, a 

reduction in the rate of CO2-C evolved per unit biomass observed for SB treatments may also 

be construed as a strategy to survive starvation conditions caused by a substrate deficiency 

(Kurath and Morita, 1983). 

 

The effect of temperature and glucose-C on gross N transformations in SR and SB treatments 

Gross N mineralisation and gross nitrification determined analytically demonstrated a stronger 

relationship with increasing temperature than immobilisation derived using FLUAZ as previously 

demonstrated by Cookson et al. (2002) in temperate soils (2°C to 15°C). In contrast to gross N 

mineralisation, microbial consumption of N was influenced by the release of available C in this 

study, as demonstrated by the increase in NH4
+ consumption in SR treatments at 40°C on 

application of glucose-C (though this response was not apparent in FLUAZ derived 

immobilisation rates). Gibbs and Barraclough (1998) proposed, on the basis of similar 

responses, that higher rates of immobilisation resulted from greater utilisation of simpler (or 

more labile) forms of C substrates by bacteria that were incapable of utilising more complex 

organic substrates, but that gross N mineralisation was not affected. Therefore, it is likely that at 

high temperature (40°C), rapid assimilation of labile C in SR treatments depletes available C 

surrounding micro-organisms (i.e. microbial consumption>diffusion) thus constraining 

immobilisation. This study therefore demonstrates that in soils incubated at a range of 

temperatures, the potential to consume NH4
+ exceeds the gross N mineralisation capacity in 

both SR and SB treatments (with the exception of soils incubated at 40°C).  

 

Andersen and Jensen (2001) suggested that residue quality had a greater effect on the ratio 

between gross N mineralisation and immobilisation (M/I ratio) at low temperature (3°C) 

 93



compared to higher (9, 15°C) temperature, due to slower adaptation of nitrifying bacteria to low 

temperatures in temperate soils, but did not test this relationship above 15°C. In this study, the 

rate of mineralisation to immobilisation (M/I ratio) in SR and SB treatments incubated between 

10°C and 20°C generally demonstrated a similar response to increasing temperature. However, 

gross N mineralisation rates were also greater than immobilisation rates at high temperature 

(30°C and 40°C), and resulted in a significant build up of NH4
+ and NO3

-. Therefore a higher M/I 

ratio was observed in SR treatments at low (5°C) and high (30°C, 40°C) temperature, compared 

to incubation at 10, 15, and 20°C. In contrast, no difference in the M/I ratio was observed at 5°C 

for treatments where stubble was burnt, suggesting that residue quality influenced gross N 

transformation rates at low temperature as demonstrated by Andersen and Jensen (2001).  

 

Changes in temperature are therefore considered likely to have a greater influence on microbial 

activity and microbial processes such as gross N mineralisation and immobilisation in more 

extreme environments (at lower and higher temperature). These changes have resulted in an 

increasing separation in the MIT rate observed for SR treatments at 30°C and 40°C which is 

less apparent in SB treatments. Free-living N-fixation as previously measured on a similar soil 

type (Roper, 1985) is unlikely to have contributed significantly to gross N transformation rates in 

this study. Therefore the increase in inorganic NH4
+ pools observed for soils incubated at 40°C 

resulted primarily from an increase in gross N mineralisation rates together with a reduction in 

the rate at which NH4
+ was consumed.  

 

Microbial transformation of N in arable soils with different organic matter inputs and soil N 

supply capacity is likely to differ in the rate of competition for NH4
+ by immobilisers and nitrifiers 

(Burger and Jackson, 2003). In arable soils where background N supply is low (< 2 µg NH4
+-N 

g-1 soil), previous studies have determined a rapid turnover for the NH4
+ pool where nitrification 

is often considered the primary fate of NH4
+ (Murphy et al., 1998a, 1999; Burger and Jackson, 

2003). Low immobilisation rates suggested nitrification was the dominant process controlling 

consumption at temperatures from 5°C to 40°C and is in agreement with previous studies where 

nitrification was greater than immobilisation under limited C supply (Cookson et al., 2002). The 

N/I ratio compares the rate at which inorganic N is nitrified, to the rate at which it is being 

immobilised by soil microorganisms. An N/I ratio greater than 1:1 would indicate potentially 

significant losses via leaching (Tietema and Wessel, 1992; Stockdale et al., 2002). The N/I ratio 

observed for soil treatments indicate gross nitrification rates are highest for soils incubated at 

5°C, 30°C and 40°C compared to immobilisation rates in both SR and SB treatments where the 

ratio greatly exceeds 1, demonstrating the potential NO3
- loss in these soils.  

 

Our data demonstrates that the FLUAZ model generally overestimated gross nitrification rates 

compared to analytical solutions. This was attributed to the presence of 15N labeled NH4
+ 

providing an additional substrate for nitrification in the soil used to determine gross 

mineralisation, immobilisation and nitrification by FLUAZ. These data demonstrate that gross 

nitrification rates calculated analytically are lower than FLUAZ derived rates, indicating a 

potential NH4
+ substrate limitation in the system for ammonia and nitrite oxidisers. For this 
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reason FLUAZ derived gross nitrification rates should be considered as potential rates (i.e. in 

the presence of excess NH4
+ substrate). However, continued increases in inorganic NO3

- 

concentration with higher temperature, suggest both mineralisation and nitrification processes 

remain active at higher temperature. This suggests the FLUAZ model has significantly 

underestimated the potential nitrification rate at 40°C.   

 

Implications of changes in C and N cycling in semi-arid environments  

Limitation in the movement of solutes (e.g. DOC) by diffusion due to low soil water content is not 

likely to be the factor reducing microbial immobilisation of NH4
+ at temperatures greater than 

20°C, given soil moisture was maintained at 53% WHC for the duration of the experiment. This 

is supported in our study by continued consumption of NO3
- at high temperature. However, N 

consumption may be occurring at a rate greater than solute diffusion. For example, diffusion of 

NH4
+ (0.1 mm 24 h-1) is relatively slow compared to diffusion of NO3

- (10 mm 24 h-1) (Nye and 

Tinker, 1977), allowing continued consumption of NO3
- whilst NH4

+ consumption is limited. 

Changes in microbial diversity adapted to high temperatures may also favor microorganisms 

capable of mineralisation and disadvantage immobiliser populations (Zogg et al., 1997), as 

immobilisation is likely to be constrained by mineralisation capacity i.e. immobilisers capable of 

faster assimilation of NH4
+ than the supply (mineralisation) capacity.  

 

High soil temperatures, coupled with low soil moisture content are associated with low microbial 

activity. However, rapid recovery of microbial activity has been associated with summer rainfall 

events, and although short in duration, can result in significant mineralisation of organic matter 

and subsequent deposition of mineral N (Murphy et al., 1998b). The implications in semi-arid 

environments are thus related to an imbalance in the MIT observed under hot, moist conditions 

caused by continued mineralisation of inorganic N, and a reduction in the capacity to retain N 

via microbial immobilisation, which may be exacerbated in unplanted or low C input systems. In 

annual cropping systems, this is likely to result in a propensity for NO3
- accumulation and 

increased risk of leaching.  

 

5.5 Conclusions 
i. Changes to the amount and quality of available C in soil, as demonstrated by 

increased CO2-C evolution and MB-C in stubble retained treatments were associated 

with long term (>17 yr) differences in organic matter input.  

ii. Differences in microbial transformations of nitrogen (N) between stubble retained and 

burnt treatments were due to a difference in the rate of competition for NH4
+ by 

immobilisers and nitrifiers at low (5°C) and high (30-40°C) temperatures, as evidenced 

by a separation in the mineralisation immobilisation turnover (MIT).  

iii. Sufficient labile C was present to maintain gross N mineralisation rates up to 40°C. 

Therefore the increase in inorganic NH4
+ in stubble retained treatments at 40°C, 

suggests a carbon substrate limitation influencing NH4
+ consumption at high 

temperature (40°C).  
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CHAPTER 6  
SEASONAL CHANGES IN MICROBIAL FUNCTION AND DIVERSITY ASSOCIATED WITH 

STUBBLE RETENTION VERSUS BURNING 

 

FOREWORD 
Chapter 5 illustrated that the mineralisation immobilisation turnover at soil temperatures above 

20°C is not tightly coupled, and consequently that the potential for loss of N (as nitrate) is 

considerably greater due to increased nitrification in climates where warm, moist conditions are 

prevalent. This separation was more pronounced in the retained stubble systems suggesting C 

increased the N supply capacity of the soil. Limitations to microbial activity at high temperature 

caused by rapid utilisation of DOC (Marschner and Bredow, 2002), were considered unlikely in 

this study due to the short length of incubation and the addition of sufficient C as glucose. This 

site was therefore selected for a field study of capacity for changes in total SOM-C to occur in 

the low input rainfall limited system of WA.  

 

The aim was to determine whether increased microbial activity and biomass in soil with a history 

of organic matter retention (as previously determined, Chapter 5), was reflected in changes to 

microbial community structure and function associated with (i) seasonal fluctuations in C 

resource availability and (ii) stubble retention within a planted system. 

 

6.0 Abstract 
 The long term (16 y) effect of stubble management (i.e. retained or burnt) on microbial 

community structure (PLFA) and functional diversity (microbial biomass-C, CO2-C evolution, 

gross N process rates, enzymatic activity and catabolic diversity) was investigated on four 

occasions during a single wheat growing season using soil collected from the low rainfall (< 250 

mm) region of Western Australia. Significant differences (P<0.001) in microbial community 

structure and functional diversity were determined for different sampling times by phospholipid 

fatty acid (PLFA) analyses and community level physiological profiles (CLPP). However, neither 

PLFA nor CLPP analyses identified differences between stubble treatments. In contrast to total 

soil organic matter-C for which no treatment differences were evident, microbial biomass-C was 

34% and CO2-C evolution 61% greater in stubble retained treatments than in burnt stubble 

treatments in the 0-5 cm soil layer. Seasonal increases in microbial biomass-C (P=0.05) were 

on average twice as large and CO2-C evolution (P<0.001), nearly 4 times greater in September 

during crop flowering compared to other sampling times. In contrast, MB-N remained constant 

throughout the entire sampling period. Stubble retained treatments also demonstrated greater 

levels of arginine ammonification, acid phosphatase and β-glucosidase enzyme activity on 

average compared to burnt stubble treatments. However, the effect (P=0.05) of stubble 

treatment on gross N mineralisation, nitrification or immobilisation rates was seasonally 

dependent with burnt stubble treatments demonstrating lower gross N mineralisation rates than 

retained stubble treatments in November. Gross N mineralisation was lower (between 37 and 

83% on average) than potential gross nitrification rates (estimated in the presence of excess 

NH4
+) measured from May to September. The rate of potential gross nitrification was observed 
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to decline significantly (P=0.06) in November and as a result, more closely matched gross N 

mineralisation rates. Potential gross nitrification rates were also up to 6 times greater than 

microbial immobilisation of NH4
+ indicating that this would be the primary consumptive process 

in the presence of NH4
+. Whilst potential nitrification rates in the presence of excess NH4

+ were 

high, low soil NO3
- concentrations indicate that plant/microbial demand for NO3

- and NH4
+ 

exceeded the supply capacity. For example, actual gross nitrification rates (determined in the 

presence of 15N-labelled NO3
-) were only greater than gross N mineralisation in May, indicating 

N supply constrained nitrification at other sampling times. Findings illustrate that increased 

wheat yields of 31% in this study were associated with the retention of stubble. Further they 

demonstrate that changes in stubble management significantly influenced the mass and activity 

of micro-organisms (and in some cases N cycling), whilst having little influence on community 

diversity. 

 

Keywords 
Burning; Stubble retention; 15N isotopic pool dilution; FLUAZ; Nitrogen; Carbon.  

 
6.1 Introduction 
 In low rainfall dry-land agricultural cropping systems, a significant part of the year is 

associated with little or no plant growth, and microbial activity in soil is limited by the absence of 

water and readily available carbon (C) sources (e.g. root turnover, root exudates, shoot 

residues). In Western Australia (WA), a single rain-fed winter (May to November) crop is grown 

each year and since limited opportunities exist for summer cropping, plant cover for the 

remainder of the year generally consists only of the stubble remaining after crops are harvested 

and opportunistic summer germinating weeds. Consequently, soil organic matter (SOM) levels 

are typically low (< 5%; McArthur, 1991).  

 

Historically, benefits associated with lower stubble loads such as reduced disease carry over 

(Mayfield and Clare, 1984; Murray et al., 1991), enhanced weed control (Stynes and Wise, 

1980; Orr et al., 1997), increased availability of nutrients (Turpin et al., 1998), easier passage of 

seeding equipment and an even seed bed (Smil, 1999) has resulted in the adoption of stubble 

burning as a management tool. However, the loss of organic residues via stubble burning has 

also been associated with longer term nutritional and chemical imbalances in soil (Chan et al., 

1992) that are often manifested in subsequent crops. In response to this perceived decline in 

SOM fertility and to address soil erosion problems (Littleboy et al., 1992), strategies such as 

stubble retention and reduced tillage have evolved and become more widely adopted in WA 

farming systems with the development of technological capacity (i.e. disc seeders, controlled 

traffic).  

 

The capacity for stubble retention and reduced tillage to increase the amount of labile C in soil, 

and provide a suitable substrate to promote microbial growth and activity is clearly 

demonstrated by Powlson et al. (1987) for a temperate agricultural soil. In their long term study 

(18 y) total soil organic C (SOM-C) increased by only 5% despite high plant biomass returns of 

 97



straw and stubble (5 t ha-1 y-1), whilst microbial biomass-C (MB-C) increased by between 37 and 

45%. Similarly, Carter and Mele (1992) demonstrated no change in total SOM-C in retained 

versus burnt stubble treatments under high crop stubble loads (4-6 t ha-1) in north-eastern 

Victoria after 10 y. We therefore question the capacity for changes in total SOM-C to occur in 

the low input rainfall limited system of WA, particularly given a significant proportion of the total 

plant biomass (14-38%) that may be contributed from below ground (i.e. roots) is actually 

retained at harvest (Russell and Fillery, 1996; Thorup-Kristensen, 2001; Atwell et al., 2002). 

Since the work by Powlson et al. (1987), new methods to assess aspects of the functional 

diversity and community structure of the microbial population in soil are available. Degens and 

Harris (1997), for example, established that patterns of microbial substrate utilisation were more 

sensitive to management effects than either SOM or the microbial biomass pool (Bending et al., 

2000).  

 

Environmental regulators such as soil temperature also influence the mineralisation of SOM 

(Murphy et al., 1998b; Recous et al., 1999; Hoyle et al., 2006). Increasing soil temperature has 

been demonstrated to influence the survival and activity of micro-organisms in-situ (Joergensen 

et al., 1990), and a relatively wide range has been reported for the temperature dependence of 

C mineralisation as measured by CO2-C evolution in field and laboratory studies (Kirschbaum, 

1995; Davidson et al., 1998; Raich and Schlesinger, 1992; Reichstein et al., 2000). 

Temperature fluctuations therefore have a role in nutrient supply since soil N supply in 

agricultural systems is predominantly determined by microbial decomposition of organic matter 

(Angus, 2001). Management strategies such as stubble retention have been shown to influence 

the capacity of a soil to buffer extremes in temperature, but their effectiveness is likely to be 

both spatially and temporally variable due to non-uniform distribution (Hatfield et al., 2001). In 

dry-land, low rainfall environments only subtle changes in the soil microenvironment are likely to 

result from stubble retention due to high soil temperatures and low stubble loads. Therefore 

differences in annual residue inputs and residue quality are more likely to influence microbial 

processes affecting nutrient supply.  

 

Soil enzyme activity has also been shown to alter with stubble management, with increasing 

enzyme activity associated with incorporation of crop residues attributable to changes in the 

functional diversity of the microbial community (Bending et al., 2002). In soil, enzymatic activity 

results from the accumulation of enzymes from microbial turnover (Ladd, 1978), plants and 

organic residues (Tabatabai, 1994), as well as from enzymatic activity of active microorganisms 

(Kiss et al., 1975). Arylsulfatase and phosphatase for example are catalysts for biochemical 

reactions (Bandick and Dick, 1999) essential in SOM breakdown and nutrient turnover that 

becomes plant available. Grierson and Adams (2000) also demonstrate specific associations 

between plant species and acid phosphatase activity, fungal biomass and microbial P, thus 

influencing nutrient availability. Cellulase enzyme activity signals the breakdown of cellulose 

associated with plant residues into more bio-available compounds, and β-glucosidase is active 

in the release of low molecular weight sugars that serve as an energy source for 
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microorganisms (Bandick and Dick, 1999). Enzyme assays may also be useful as indicators of 

potential N supply, as has been demonstrated for arginine ammonification (Bonde et al., 2001).   

 

The aims of this study were therefore to quantify changes in microbial community structure and 

function associated with (i) seasonal fluctuations and (ii) stubble management on a low fertility 

sandy loam soil in Western Australia. 

 

6.2 Materials and Methods 
6.2.1 Field site description and experimental design 
 The study area was located at the Department of Agriculture Merredin Research 

Station (31°28’S, 118°16’E) on a trial established in 1987 in the low rainfall region of Western 

Australia on a Red-Brown Earth (Red Chromosol, 26% clay). The experiment was maintained 

for 16 y prior to sampling in 2003 and was in a continuous cropping rotation (predominantly 

legume-wheat based) with stubble either burnt (SB) prior to sowing (autumn burn) or retained as 

standing stubble (SR) after harvest. Mean temperature (1987 to 2002) calculated monthly 

ranged from a minimum of 5.6°C to a maximum 34.1°C, with mean annual rainfall estimated at 

294 mm (Fig. 6.1). In 2003, temperatures were in the range -1.7 to 42.2°C and annual rainfall 

reached 356 mm of which 190 mm fell during the winter cereal growing season (May to 

November), indicating a potential wheat yield of 3.80 t ha-1 based on production of 20 kg grain 

mm-1 effective rainfall (French and Schultz, 1984).  
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Fig. 6.1. Mean (1987 to 2002) annual rainfall (mm; shown as bars), minimum (■) and maximum 

(□) monthly air temperature (°C) for Merredin.  

 

The rotation phase at the time of sampling was wheat (Triticum aestivum L.). The trial was 

seeded in plots (5.0 m in width and 30 m in length) in a randomised block design with replicate 

treatment structures of stubble management and row spacing. Each individual treatment was 

replicated three times. Plots were sown (direct drilled) on the 4th June (180 mm row spacing), 

with 150 kg/ha ammonium phosphate (Agras No.1: 17.5% N, 7.6% P, 17.0% S, 0.06% Zn) 

basal fertiliser applied at seeding and using 80 mm wide press wheels with following chains. 

Wheat cultivar ‘Wyalkatchem’ was sown at 110 kg ha-1 (after adjustment for seed size and 

assuming a field emergence of 70%), to achieve a target density of 200 plants m2. The 

experiment was conducted using composite soil samples from each field plot (n=3) for SR and 
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SB treatments collected on four occasions under a wheat crop at key growth stages (8th May: 

pre-sowing; 21st July: terminal spikelet; 15th September: anthesis; 28th November: physiological 

maturity). Baseline soil sampling (8th May) was conducted for 0-5 cm and 5-10 cm soil layers 

using a hand ‘push-in’ auger (70 mm diameter x 50 mm depth), and deeper sampling (10-20 

cm, 20-30 cm) conducted using a ‘screw’ auger to assess stratification of microbial biomass-C 

(MB-C) with depth. Subsequent soil sampling (21st July, 15th September and 28th November) 

was restricted to the initial two soil layers (0-5, 5-10 cm) as there was only a significant (P=0.05) 

difference in MB-C between SR and SB in the 0-5 cm soil layer.  

 

A composite sample of 12 cores were collected from each plot using a ‘Z’ sampling pattern, 

sieved (<2 mm) and stored field moist at 4°C for < 6 d prior to characterising chemical and 

physical soil properties (Table 6.1). Soil from each field plot was used to estimate changes in 

microbial growth and activity, biochemical processes and gross N transformation rates under 

SR and SB treatments at two soil depths (0-5, 5-10 cm). Community level physiological profiles 

(CLPP) and phospholipid fatty acids (PLFA) were determined only on surface (0-5 cm) soils. 

Soils were adjusted to between 45 and 50% water holding capacity (WHC, approx. -100 kPa, 

0.12 g H2O g-1 soil) and pre-incubated at average field soil temperature (20°C for 8th May 

sampling; 10°C for 21st July sampling; 15°C for 15th September sampling; 30°C for 28th 

November sampling) for 4 d prior to analysis for microbiological parameters.  

 

Soil pH and EC were determined in 1:1 (v/v) soil:CaCl2 extracts. Cation exchange capacity 

(CEC) was determined using the silver-thiourea method (Rayment and Higginson, 1992). Soil 

moisture was determined by drying at 105°C for 24 h. Total C and total N were determined on 

oven-dried, finely ground soil (<4 mm) by total combustion using a CHN-2000 analyser (Leco 

Corporation, St. Joseph, MI). Quantities of C and N in the light fraction were determined from 

the same soil samples at densities of <1 g/cm3 (using DI H2O) and C and N contents of organic 

matter fractions determined by total combustion (LECO) after extraction, drying and grinding. A 

commercial DNA analysis service (Predicta-B) was used to determine the risk of crop damage 

due to the presence of major cereal root diseases or pathogenic nematodes at this site (0-10 

cm).  

 

6.2.2 Laboratory Incubation 
6.2.2.1 Microbial Biomass  

 Microbial biomass-C (MB-C; Wu et al., 1990) and microbial biomass-N (MB-N; 

Joergensen et al., 1990) were determined by fumigation extraction. Moist soils (20 g dry weight 

equivalent, 3 laboratory replicates) were fumigated with chloroform containing amylene (0.006% 

v/v) as the stabilising agent for 24 h to determine the flush of C and N by extraction with 80 ml 

0.5 M K2SO4 for 1 h. Filtered extracts (Whatman No. 42) were frozen at -20°C until analysed for 

total oxidisable C (Shimadzu Model 5050) and ninhydrin-reactive N (GBC UV-VIS 920 

Spectrophotometer). MB-C was calculated from the flush in total oxidisable C, and MB-N from 

the flush in ninhydrin-reactive N between fumigated and non-fumigated soil. The resulting flush 
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in organic-C and ninhydrin-reactive N was then adjusted by a factor of 2.22 for MB-C (Wu et al., 

1990) and 5 for MB-N (Joergensen et al., 1990). 

 

6.2.2.2 Microbial CO2-C evolution 

 Soil samples (100 g dry weight) were weighed into air-tight 523 ml glass containers 

and sealed using lids modified with gas septum ports. Soils were incubated for 7 d under 

average field soil temperature at 100% humidity. Headspace CO2 concentrations were 

measured using an infra-red gas analyser (IRGA) at intervals ranging from 15-72 h (depending 

on the rate of buildup in the headspace), by extracting 1 ml of air after first mixing the 

headspace gas. Treatments were run against a CO2 standard (4.95 ± 0.10% CO2 in helium, 

BOC Ltd.). After each sampling, all containers were opened and the headspace gas exchanged 

with fresh air. The CO2-C results presented are the average daily rate of evolution measured (1-

7 d) for each treatment, minus a control treatment (no soil) prior to the application of 15N 

solutions as described below.  

  

6.2.2.3 Inorganic N and gross N transformation rates  
 At each of the four separate sampling times incubations were carries out to determine 

gross N transformation rates. 15N enriched solutions (60 atom % excess) were prepared using 

either 15N labeled (NH4)2SO4 to contain 5 µg N g-1 soil, or 15N labeled KNO3 to contain 2 µg N g-1 

soil in 4 ml solution and applied on day 7 of the incubation. Soils (100 g dry wt soil) received 4 

ml 15N enriched (NH4)2SO4 solution applied as multiple droplets. Following application of 

treatments, all soils were mixed thoroughly and final soil moisture determined (53-60% WHC, 

approx. -85 kPa, 0.14 g H2O g-1 soil). Soils continued to be incubated at average field soil 

temperature as previously described prior to analysis. Two extraction times were used (T0=4 h, 

T1=24 h for gross N mineralisation and T0=4 h, T2=120 h for gross nitrification) to determine 

inorganic N and obtain samples for 15N analysis, based on the rate of 15N enrichment decline 

previously determined for this soil (Hoyle et al., 2006). Soil inorganic N was determined by 

extraction with 80 ml 0.5 M K2SO4 (soil: solution ratio=1:4) for 1 h and filtered (Whatman No. 

42). Extracts were analysed for NH4
+ concentration colourimetrically using the salicylate-

nitroprusside method (Krom, 1980; Searle, 1984), and NO3
- concentration using the 

hydrazinium reduction method (Kamphake et al., 1967; Kempers and Luft, 1988) on a Skalar 

Auto-analyser (Skalar San plus). Remaining N in soil solution was removed using Buchner 

funnels under vacuum by repeated extraction twice with 0.5 M K2SO4 and twice with double 

distilled water in soil labeled with 15N enriched (NH4)2SO4. Soil remaining after extraction of N 

was then dried at 40°C and ground to a fine powder using a Sibertechnic mill. 

 

A modified diffusion technique (Georges and Dittert, 1998; Herrmann et al., 2004) was used to 

prepare K2SO4 soil extracts for 15N:14N analysis. In short, 5 ml extract was placed in a 20 ml 

plastic scintillation vial and separation of NH4
+-N and NO3

--N pools achieved by first diffusing 

extracts with ca. 200 mg MgO, and subsequently with ca. 400 mg Devarda’s alloy. Soil extracts 

were spiked with 60 µg 15N at natural abundance as (NH4)2SO4 prior to diffusion to increase N 

content to ca. 100-120 µg N and to dilute 15N enrichment for mass spectrometry (MS) analysis. 
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Soil extracts labeled with 15N enriched KNO3 were not spiked. Evolved NH3 was trapped by 10 

µl 2.5 M KHSO4 placed on a glass fibre filter disk (Whatman GFC) sealed between a double 

layer of PTFE tape. Samples were then shaken for 7 d in a vertical rotary shaker at 20°C, glass 

fibre disks removed and dried down prior to analyses for 15N:14N. Dried disks and 15N soils (ca. 

50 mg) were then placed into tin capsules and 15N:14N isotope ratios for NH4
+ and NO3

- fractions 

determined by Tracer Mass Spectrometry (Europa 20:20). Standards of 15N enriched solution 

containing NH4 at 5 atom% and 10 atom% were also diffused and analysed as internal 

standards to assess recovery and possible isotopic discrimination in the diffusion process.  

 

6.2.2.4 Analytical calculations, FLUAZ Modelling and Statistical Analysis  

 Gross N mineralisation and NH4
+

 consumption rates (immobilisation, nitrification and 

gaseous loss) were calculated analytically (Kirkham and Bartholomew, 1954) after 15N/14N 

labeling with 15N enriched (NH4)2SO4. Gross nitrification and NO3
- consumption (i.e. 

immobilisation and gaseous loss) were also estimated analytically (Kirkham and Bartholomew, 

1954) after 15N/14N labeling with 15N enriched KNO3 solution. Additionally gross N 

mineralisation, potential gross nitrification rates (i.e. in the presence of excess NH4
+) and NH4

+ 

and NO3
- immobilisation rates were also simulated using first order kinetics in the numerical 

model FLUAZ assuming a NH4
+:NO3

- partition rate (β) of 0.05 (Mary et al., 1998).  

 

6.2.2.5 Normalised temperature 

 The climatic factor model (equation 6b from Andrén and Paustian, 1987) was used to 

normalise differences in temperature between sampling times to a reference temperature of 

20°C. The number of days with variable temperature (at constant soil water content) was 

standardised to a number of ‘normalised’ days using Q10 temperature relationships derived for C 

mineralistion and gross N mineralisation using temperature relationship curves previously 

reported by Hoyle et al. (2006) for this trial site. The Q10 temperature relationships for C 

mineralisation were between 1.75 and 2.65 in SR treatments, and 1.66 and 3.03 in SB 

treatments. The Q10 temperature relationships for gross N mineralisation rates were between 

1.97 and 2.14 in SR, and between 1.51 and 3.28 in SB treatments.  

  

6.2.2.6 Biochemical enzyme assays 

 Arginine ammonification activity was assessed following incubation of 1.0 g dry weight 

(d.w.) soil with 200 µl 10 mM L-arginine and 1800 µl double distilled water (final concentration of 

1 mM arginine) for 1 h at 20°C (Bonde et al., 2001). Control samples also received 200 µl 10 

mM L-arginine solution following incubation, with mineralisation of arginine terminated after 

application of 8 ml cold 2 M KCl (Bonde et al., 2001). Filtered extracts (Whatman No. 1) were 

analysed for NH4
+ concentration colorimetrically as described above and corrected for 

gravimetric soil water content. Total cellulase activity (endoglucanase, exoglucancase and β-

glucosidase) was determined after incubation of 1.5 g dry weight (d.w.) soil with 0.5 g-1 Avicel at 

40°C for 16 h (Hope and Burns, 1987). Reducing sugars were determined colorimetrically using 

the method of Nelson and Somogyi (Spiro, 1966) on a UV/VIS spectrophotometer (GBC) at 520 

nm and adjusted using a correction factor for soil water content. β-glucosidase (Eivazi and 
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Tabatabai, 1988) and acid phosphatase activity (Tabatabai and Bremner, 1969, Eivazi and 

Tabatabai, 1977) were determined following a 1 h incubation of soil at 37°C with 0.25 ml 

toluene, 4 ml universal buffer, and 1 ml of 25 mM p-nitrophenyl-β-D-glucosidase (PNG) or 1 ml 

15 mM sodium p-nitrophenyl phosphate (PNP) respectively. The p-nitrophenyl concentration 

was determined colourimetrically using a UV/VIS spectrophotometer (GBC) at 400 nm, after 

extraction of supernatant with 1 ml CaCl2 and 4 ml NaOH (phosphatase activity) or 4 ml Tris 

(hydroxymethyl) aminomethan (THAM, pH 12) for β-glucosidase and centrifugation at 1917 

times gravity for 3 min. Arylsulphatase activity was determined on soil after a 1 h incubation at 

37°C with 0.25 ml toluene, 4 ml acetate buffer (0.5M, pH 5.8), and 1 ml 25 mM p-nitrophenyl 

sulphate (Tabatabai and Bremner 1970). After centrifugation at 3500 rpm for 3 min, supernatant 

was analysed for p-nitrophenol concentration colorimetrically using a UV/VIS spectrophotometer 

(GBC) at 400 nm after extraction of supernatant with 1 ml CaCl2 and 4 ml NaOH. Enzyme 

activity was calculated from the flush between samples treated with respective substrates and 

blank samples using a correction factor for soil water content. All measurements and blanks 

were carried out in duplicate for each of three field replicates. 

 

6.2.2.7 Catabolic diversity (community level physiological profiles) 

 Catabolic response profiles were determined by applying a range of 25 organic 

substrates to soil (Degens et al., 2001). Organic substrate solutions (2 ml) and a control solution 

of double deionised (DDI) water were each added to separate glass vacutainers (9 ml) 

containing 1.0 g field moist soil, and treatments replicated three times (Degens and Harris, 

1997; Degens et al., 2001). Organic substrates were adjusted to a pH of between 5.8 and 6.2 

(Degens, 1998) and included two amines (D-glucosamine, L-glutamine) and six amino acids (L-

arginine, L-asparagine, L-glutamic acid, L-histidine, L-lysine, L-serine) added at 10 mM;  two 

carbohydrates (D-glucose, D-mannose) added at 75 mM; and 15 carboxylic acids (L-ascorbic 

acid, citric acid, fumaric acid, gluconic acid, α-ketobutyric acid, α -ketoglutaric acid, α-ketovaleric 

acid, DL-malic acid, malonic acid, pantothenic acid, quinic acid, succinic acid, tartaric acid, uric 

acid and urocanic acid) added at 100 mM (Degens and Vojvodic-Vukovic, 1999). Immediately 

after amendment of soil with solutions vacutainers were sealed with a septum, vortexed and 

subsequently incubated in the dark for 4 h at 25°C. Samples were mixed after 2 h and again 

immediately prior to sampling to homogenise the gas head space, after which evolved CO2-C 

was measured by taking a 1 ml syringe sample. CO2-C was analysed for each of the treatments 

using an infra-red gas analyser (Model LI-6252, LI-COR, Inc., Lincoln, Nebraska), calibrated 

against a CO2 standard (4.95 ± 0.10% CO2 in helium, BOC Ltd.).  

 

Diversity indices were calculated from the average rate of CO2-C evolution measured after 4 h 

for each treatment, minus the control (DDI). Catabolic diversity requires both the number of 

substrates metabolised (richness) and variation in substrate use (evenness) to be analysed 

(Degens et al., 2000). In this study, richness is the number of substrates metabolised in each 

treatment. The Simpson diversity index (D) was calculated from the CO2-C evolution of each 

substrate as a proportion of the total CO2-C response (pi) where D=1/∑pi
2 (Magurran, 1988) and 

used as a measure of catabolic evenness (E). Equitability (ED) can be calculated by taking 

 103



Simpson's index (D) and expressing it as a proportion of the total number of substrates. If ED=1, 

this would indicate that all substrates were utilised evenly.  

 

6.2.2.8 Phospholipid Fatty Acid Extraction (PLFA) 

 Total lipids were extracted using the one-phase procedure of Zelles and Bai (1993). 

Extraction of the lipid phase (includes phospholipid fatty acids) was completed on previously 

freeze-dried soil (6.0 ± 0.1 g dry weight) using a single-phase procedure in 28.5 ml of a 

CHCl3:MeOH:K2HPO4 buffer solution (1.25:2:1 vol:vol:vol). After sonication of soil solution for 90 

s, samples were centrifuged (3500 rpm for 4 min) and phases allowed to separate before 

supernatant was decanted into a sterile 50 ml centrifuge tube. Both CHCl3 (3 ml) and DDI water 

(3 ml) were then added to the supernatant, and this solution centrifuged (3000 rpm for 3 min) 

until separation of phases was achieved and the chloroform (lipid) phase removed. A second 

extraction phase was undertaken after the addition of a further 3 ml CHCl3. This CHCl3 (lipid) 

phase was also separated, removed and added to the first volume extracted. Removal of the 

chloroform (CHCl3) from the lipid phase was primarily achieved using a rotor evaporator and 

remaining solution dried down under a continuous flow of N2 (Zelles, 1997).  

 

Prior to fractionation of the lipid phase into three fractions (neutral lipids, glycolipids and 

phospholipids), solid phase silica-bonded extraction columns (SPE-Si, Supleco, Poole, UK) 

were conditioned sequentially twice with 1 ml MeOH and twice with 1 ml CHCl3 under vacuum, 

prior to conditioning with 1 ml CHCl3 under gravitation (Zelles, 1997). The lipid material was re-

dissolved and transferred to the extraction column in 4 aliquots (4 x 250 µl) of CHCl3. Lipid 

material was then sequentially eluted under vacuum twice with 1 ml CHCl3 and twice with 1 ml 

acetone prior to the collection of polar lipids with 2 ml MeOH (Zelles, 1997). An internal standard 

(200 µl nonadecanoic acid methyl ester solution containing 15 ng hexane µl-1) was added and 

samples were dried under N2. Samples were derivatised by subjecting the phospholipid fraction 

to mild alkaline hydrolysis by re-suspending in MeOH:toluene (1:1, vol:vol, 200 µl) to liberate the 

ester-linked (EL) fatty acids, prior to adding 500 µl 0.2 M KOH:MeOH (Zelles, 1997). Samples 

were then sequentially shaken and heated to 75°C, cooled to room temperature and neutralised 

with acetic acid (0.2 M, 500 µl). One ml each of CHCl3 and DDI water were added to the lipid 

fraction, vortexed 3 times for 3 s and centrifuged (3000 rpm for 2 min) until separation of phases 

was achieved and the CHCl3 phase extracted (Zelles, 1997). A second extraction phase was 

undertaken after the addition of a further 1 ml CHCl3 after which the extracted lipid phase was 

dried down under a continuous flow of N2 and frozen at -20°C until analysed. Peak areas were 

quantified from blanks containing an internal standard (C19:0, 10 ng µl-1 Sigma) and the 

microbial community characterised according to Zelles (1999) and Dickens and Anderson 

(1999). 

 

6.2.3 Plant biomass and grain yield components 
 Organic matter inputs were calculated on SR treatments assuming a constant harvest 

index of 45% (Table 6.1). The remaining plant biomass (55%) was assumed to have been 

retained following harvest operations. Due to low residue levels in some years, stubble burning 
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was not complete and was estimated to be 80% effective. In 2003, six quadrats (each 0.33 m2) 

were sampled in each treatment (two per plot) at anthesis (15th September) and harvest (28th 

November) to determine plant biomass. Grain yield components measured were total dry matter 

production, head number, average grain weight, total grain weight, and harvest index. Grain 

yield was also measured by mechanically harvesting a 1.44 m strip in the center of each plot to 

a length of 10 m. Grain quality was assessed for grain protein, weight by volume (hectolitre 

weight) and small grain screenings (% of grain passing through a 2 mm sieve).  

 

6.2.4 Statistical Analysis 
 General analysis of variance (ANOVA) was used after testing for normal distribution to 

determine significant treatment effects for stubble treatment and temperature on average daily 

CO2-C evolution, inorganic N and gross N transformation rates using GENSTAT 7th edition. 

Variation in selected parameters was investigated using regression analyses. Analytical data 

are given as mean ± the least significant difference (LSD), and statistical tests were considered 

significant at the level P=0.05. FLUAZ derived estimates of gross N transformation rates are 

given as the simulation value ± 95% confidence interval. Data were also considered a set of 

repeated measurements, as the same plots were sampled through time (Webster and Payne, 

2002). Repeat sampling analysis of variance was used after testing for normal distribution to 

determine significant treatment effects using GENSTAT 7th edition. The focus of the analysis 

was to model biological trends with time and to examine the effects of stubble management 

techniques on these soil properties. All multivariate tests of DGGE and CLPP data were based 

on Bray-Curtis dissimilarities calculated among observations that were 4th root transformed. 

Tests of the multivariate null hypotheses of no differences among a priori defined groups 

(DGGE and PLFA profiles to the 2-fatcor design) was examined using permutation multivariate 

analysis of variance (PERMANOVA, Anderson, 2001; McArdle and Anderson, 2001) and 

canonical analysis of principle coordinates (CAP; Anderson and Robinson, 2003; Anderson and 

Willis, 2003). The F-ratio constructed in PERMANOVA is analogous to Fisher’s F-ratio and is 

constructed from sums of squared distances within and between groups. CAP accounts for the 

correlation structure among variables, and provides a constrained ordination that maximises the 

differences among a priori groups (Anderson and Willis, 2003). Relationships between DGGE 

and CLPP profiles and environmental variables (described in Table 4) were analysed using 

nonparametric multivariate multiple regression (McArdle and Anderson, 2001). Individual 

variables were analysed separately for their relationship with multivariate species data (ignoring 

other variables), and variables were then subjected to a step-wise forward selection procedure 

to develop a model of the data obtained using 9999 permutations (DISTLM, McArdle and 

Anderson, 2001). 

 

6.3 Results 
 The total amount of above ground organic matter retained during the 16 y history of 

this trial differed by 11.7 t ha-1 with an estimated average annual contribution of 0.91 t ha-1 in SR 

treatments and 0.02 t ha-1 in SB treatments. However, this annual contribution of new plant 

organic matter (average 0.89 t ha-1) did not result in any measurable difference in total soil C 
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(P=0.05) for either the 0-5 cm or 5-10 cm soil layer. However, a significant difference (P=0.007) 

in the K2SO4 extractable soluble organic C pool was observed in May between SR and SB 

treatments (Table 6.1).  

 

Table 6.1. Soil properties determined for a long term (16 y) rotational trial comparing stubble 

retention (SR) and burning (SB) at four sampling times.  

 Sample date Stubble 

Retained 

Stubble 

burnt 

LSD (P=0.05) 

Total C (%; LECO) 8/05/2003 1.363 1.163 NS 

Total N (%, LECO) 8/05/2003 0.11 0.10 0.01 (P=0.069) 

8/05/2003 72.9 55.0 8.8 (**) 

21/07/2003 63.4 59.9 NS 

15/09/2003 65.7 58.6 NS 

Soluble organic C  

(K2SO4 extractable) 

28/11/2003 73.8 70.3 NS 

8/05/2003 1.41 1.37 NS 

21/07/2003 1.37 1.38 NS 

15/09/2003 1.32 1.22 NS 

Dry bulk density of soil (0-10 

cm; Mg/m3) 

28/11/2003 1.37 1.32 NS 

8/05/2003 5.83 5.93 NS 

21/07/2003 5.66 5.76 NS 

15/09/2003 5.80 5.73 NS 

Soil pHCaCl2 (mS cm-1;;1:5 soil 

to 0.01 mol/L CaCl2) 

28/11/2003 5.39 5.22 NS 

8/05/2003 137.7 106.1 NS 

21/07/2003 81.8 63.8 5.55 (**) 

15/09/2003 70.7 54.3 10.15 (*) 

Electrical conductivity1:5  

(µS cm-1) 

28/11/2003 43.6 45.9 NS 

8/05/2003 9.77 10.18 NS 

21/07/2003 10.29 9.84 NS 

15/09/2003 9.62 9.34 NS 

Cation exchange capacity  

(cmol kg-1; silver-thiourea 

extraction) 

28/11/2003 10.97 11.10 NS 

NS signifies treatment differences were not significant at P=0.05, * P<0.05, ** P<0.01 denotes 

significance level. 

 

Total soil N was also significant at P=0.07 (Table 6.1) in the 0-5 cm soil layer. No change in soil 

pHCaCl2 or CEC was observed between SR and SB treatments, whilst soil EC was significantly 

lower (P=0.05) in SB treatments measured both in July and September (Table 6.1). Lower EC 

concentrations were observed in soil at 5-10 cm depth compared to surface soil, with no 

treatment differences extending to this layer (data not presented). Cation exchange capacity 

was higher (P<0.001) at depth (5-10 cm) than in surface soils. Soil pH did not change with soil 

depth but declined steadily from an average pH of 5.8 in May, to a pH of 5.3 in November (data 

not presented). 
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6.3.1 Microbial Biomass  
 Microbial biomass-C measured in May was positively (P=0.05) influenced by the 

retention of crop residues, with treatment differences most evident in surface soils (0-5 cm; Fig. 

6.2). Although approximately 65% of the total microbial biomass (0 to 30 cm) was located below 

a depth of 5 cm, no differences in MB-C were detected between stubble treatments in deeper 

soil layers (Fig. 6.2). 
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Fig. 6.2. The effect of sampling depth on MB-C (µg C g-1 soil) in stubble retained and burnt 

stubble treatments (8th May sampling). Capped bar represents LSD, P=0.05 for the interaction 

between sampling depth and stubble treatments. 

 

The average mass of microorganisms measured between May and November (0 to 5 cm soil 

depth) was significantly (P<0.001, LSD=11) influenced by the retention of crop residues and 

measured 203 kg MB-C ha-1 in SR treatments and 143 kg MB-C ha-1 in SB treatments (Fig. 

6.3a). Although there was no effect of stubble treatment on MB-C in the 5 to 10 cm soil layer, 

significant seasonal variability (P<0.001) in MB-C was observed in both soil layers (Fig. 6.3a). 

Microbial biomass-C in both SR and SB treatments sampled on the 15th September was higher 

(P<0.001) than at other sampling times, demonstrating that seasonal variability was of a greater 

magnitude than management (Fig. 6.3a).  

 

There was no significant interaction (P=0.05) observed between stubble treatment and sampling 

time. Higher (P<0.05, LSD=5.7) microbial biomass-N (MB-N) was also measured in SR 

treatments (0 to 5 cm depth; 41.2 mg N kg-1 soil) compared to SB treatments (31.1 mg N kg-1 

soil). However, contrary to observations for MB-C there was no significant change in MB-N 

(P=0.05) associated with sampling time (Fig. 6.3b). Consequently, the resulting microbial 

biomass C/N ratio is altered in September. The microbial C/N ratio at this time was measured at 

14:1 and differed significantly (P=0.05, LSD=2.3) from other sampling dates (range 6 to 7:1). 
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Fig. 6.3. The effect of sampling time on MB-C (µg C g-1 soil) in (a) SR and (b) SB treatments 

and MB-N (µg N g-1 soil) in (c) SR and (d) SB treatments at two sampling depths (0-5, 5-10 cm). 

Capped bar represents LSD, P=0.05 for the interaction between sampling time, depth and 

stubble treatments. 

 

6.3.2 Microbial CO2-C evolution 
 Average CO2-C evolution in SR treatments was significantly higher (P<0.001) than SB 

treatments at all sampling dates and in both soil layers (Fig. 6.4a). CO2-C evolution measured in 

surface soil (0-5 cm) was higher (P<0.001) in both SR and SB treatments than at depth (5-10 

cm; Fig. 6.4b). Seasonal differences in CO2-C evolution associated with sampling date, 

demonstrated greater variability than treatment effects (Fig. 6.4a, b).  
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Fig. 6.4. The effect of sampling time on average CO2-C evolution (mg CO2-C kg-1 soil d-1) in (a) 

SR and (b) SB treatments at two soil depths (0-5, 5-10 cm). Capped bar represents LSD, 

P=0.05 for interaction between sampling date and stubble treatment. 
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Standardising C transformation rates at variable temperature and moisture to the number of 

‘normalised’ days (Recous et al., 1999) at a reference temperature (20°C) and moisture (45% 

WHC) did not reduce the variability associated with sampling periods in CO2-C evolution (data 

not presented).  

 

The metabolic quotient (qCO2) was greater (P=0.002, LSD=0.0003) in SR treatments compared 

to SB treatments as demonstrated by the increase in CO2-C evolution per unit MB-C. The 

metabolic quotient in SR treatments averaged 0.0037 µg CO2-C µg MB-C-1 h-1 (range 0.0028-

0.0056 h-1), compared to SB treatments which averaged 0.0029 µg CO2-C µg MB-C-1 h-1 (range 

0.0015 – 0.0046 h-1). The qCO2 also varied significantly (P<0.001) with sampling date and was 

on average 1.9 times greater on the 15th September (0.0051 µg CO2-C µg MB-C-1 h-1) compared 

to other sampling dates in both SR and SB treatments (0.0023-0.0029 µg CO2-C µg MB-C-1 h-1).  

 

6.3.3 Inorganic N and Gross N Transformation Rates  
 After incubation for 7 d at prescribed temperatures, average soil NH4

+ concentration 

when assessed over all sampling times was significantly higher (P=0.04, LSD=0.5) in SR 

treatments (1.4 mg N kg-1 soil) than in SB treatments (0.9 mg N kg-1 soil). However, this was 

primarily influenced by differences observed between stubble treatments in September (Fig. 

6.5a). In contrast, NO3
- concentrations in SR treatments were significantly lower (P=0.009) than 

in SB treatments at the first sampling date with no significant differences for other sampling 

times (Fig. 6.5b).  
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Fig. 6.5. The effect of sampling time on available N as determined from inorganic NH4
+ (µg N g-1 

soil) and NO3
- (µg N g-1 soil) measured in the 0 to 5 cm layer for (a) SR and (b) SB treatments, 

and in the 5-10 cm layer for (c) SR and (d) SB treatments. Capped bar represents LSD, P=0.05 

for the interaction between stubble treatment and time of sampling. 
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Nitrate was the dominant form of available N at the first sampling date (Fig. 6.5a, b). Soil NH4
+-

N concentration remained low between May and September (0.2 and 1.3 mg N kg-1 soil), and 

increased significantly (P=0.05) in November (Fig. 6.5a). Prior to plant uptake, NO3
- 

concentration was greatest in SB treatments. However, a rapid decline in soil NO3
--N 

concentration was observed in both SR and SB treatments after May (Fig. 6.5b). The decline in 

NO3
--N was attributed to strong demand for nutrients by plants during the cropping season and 

resulted in little or no separation between stubble treatments for NO3
- during later sampling 

periods. No change in the unlabelled NH4
+ or unlabelled NO3

- pool size was observed after the 

application of 15N enriched solution as (NH4)2SO4 or KNO3 to soil in SR or SB treatments. Low 

microbial nitrate consumption observed at all sampling dates also suggests plant uptake of NO3
-

, although at such low concentrations of inorganic soil NO3
-, accurate measurement of NO3

- 

consumption was difficult. 

 

6.3.4 Gross N Transformations  
 Analytical recovery (∑15NH4

+, 15NO3
-, ground soil organic 15N) of the applied 15N 

enriched (NH4)2SO4 label was between 67 and 101% for SR treatments, with the recovery 

derived using FLUAZ between 78 and 86% (mean weighted error, MWE 0.50). In SB 

treatments, the recovery efficiency of the 15N enriched (NH4)2SO4 label was between 68 and 

97% for analytical measurement, and between 70 and 100% using FLUAZ (MWE 0.89). FLUAZ 

derived gross N transformation rates have been reported in this study to compare treatment 

effects.  

 

Due to relatively large confidence intervals, there were no differences (P=0.05) observed in 

gross N mineralisation rates between SR and SB treatments, or as a result of sampling date. 

However, if only the November sampling is considered, significantly greater (P=0.08, LSD=0.71) 

rates of gross N mineralisation were observed in SR treatments (2.85 µg N g-1 soil d-1) 

compared to SB treatments (2.01 µg N g-1 soil d-1). Normalising gross mineralisation data for 

temperature (Hoyle et al., 2006) resulted in higher rates of gross mineralisation (P=0.05) in July 

under SR treatments (Fig. 6.6a). Increased rates were also evident for the July sampling in SB 

treatments but were not significantly (P=0.05) different to gross N mineralisation rates at other 

sampling times (Fig. 6.6b).  

 

Immobilisation (NH4
+ and NO3

-) derived using FLUAZ (Fig. 6.6 c, d) was significantly (P=0.021) 

influenced by sampling time, with the highest rates of NH4
+ immobilisation (P=0.003) occurring 

in July (1.3 mg N kg-1 soil d-1) and September (2.2 mg N kg-1 soil d-1) at the same time as NO3
- 

immobilisation was at its lowest (P<0.001; 0.1 mg N kg-1 soil d-1). Microbial immobilisation of 

NH4
+ accounted for between 60 and 62% of total immobilisation derived using FLUAZ (NH4

+ and 

NO3
-) in May and November, but increased to between 93 and 96% for July and September 

(Fig. 6c, d). Gross N mineralisation was greater than NH4
+ immobilisation (NH4

+ consumption 

minus gross nitrification), with the exception of soils sampled in May and November which more 

closely matched gross N mineralisation rates. 
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The potential nitrification derived from FLUAZ in the presence of an NH4
+ substrate was higher 

than gross nitrification rates calculated analytically in which gross nitrification has been 

constrained by NH4
+ availability (Fig. 6.6e, f). Gross nitrification rates in the presence of an NH4

+ 

source were greatest (P=0.057) from May to September in both SR and SB treatments (Fig. 

6.6e, f). The potential for gross nitrification was also greater (P=0.09, LSD=0.91) in SR 

treatments (2.91 µg N g-1 soil d-1) in November compared to SB treatments (1.94 µg N g-1 soil d-

1). 
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Fig. 6.6. a, b) Average gross N mineralisation, c, d) immobilisation and e, f) potential gross 

nitrification derived using FLUAZ and e, f) actual gross nitrification rates calculated analytically 

(µg N g-1 soil d-1) in SR (a, c, e) and SB (b, d, f) treatments measured at four sampling times. 

Capped bar represents LSD, P=0.05 for the interaction between stubble treatments and time of 

sampling. 

 

The ratio of nitrification to immobilisation (N/I ratio) was used to assess the relative dominance 

of NH+ consumptive processes (Tietema and Wessel, 1992; Stockdale et al., 2002). This 

resulted in an approximate N/I ratio nearing to 6:1 in both the SR and SB treatment sampled in 

May, which subsequently decreased to approximately 2:1 between July and November. This 

indicates significant potential for NO3
- losses associated with leaching rainfall events received 

prior to sowing a crop. 
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6.3.4 Biochemical enzymatic assays  
 Stubble retained treatments demonstrated significantly greater cellulase (P=0.051), 

acid phosphatase (P=0.004) and β-glucosidase enzyme activity (P=0.002) than SB treatments 

when measured in the 0-5 cm soil layer (Table 6.2). Arginine ammonification (P=0.035) was 

also higher in SR treatments when averaged over both soil depths (Table 6.2). With the 

exception of arylsulfatase in which no treatment differences were observed (P=0.05), enzyme 

activity decreased at depth (Table 6.2).  

 

Seasonal fluctuations were observed, with increased activity in both SR and SB treatments in 

arginine ammonification (P=0.012; LSD=49) and β-glucosidase (P<0.001; LSD=25) activity 

during the September sampling. At this sampling time, arginine ammonification was 121 µg 

NH4
+-N g-1 soil h-1 compared to 36-38 µg NH4

+-N g-1 soil h-1 at other sampling periods, and β-

glucosidase was 155 µg p-Nitrophenol g-1 soil h-1 compared to 75-97 g p-Nitrophenol g-1 soil h-1. 

Significant variability in acid phosphatase activity was also noted across sampling times 

(P<0.001) with the lowest activity in September (Table 6.2).  

 

Table 6.2. The effect of stubble retention (SR) versus stubble burning (SB) on a range of 

enzymatic processes at two sampling depths. Data are the average of all sampling times. 

 Stubble retained Stubble burnt  

 0–5 cm 5-10 cm 0–5 cm 5-10 cm LSD* 

Acid phosphatase (µg PNP g-1 soil h-1) 243.4 b 151.0 a 161.0 a 120.9 a 42.6 

Arginine ammonification (µg NH4
+-N g-1 

soil h-1) 

105.7 b 63.8 ab 54.7 ab 34.5 a 51.4 

Arylsulphatase (µg PNP g-1 soil h-1) 18.0 a 8.5 a 5.3 a 2.2 a 19.6 

Cellulase (µg glucose g-1 soil h-1) 124.5 b 65.0 a 82.4 ab 55.7 a 39.7 

β-Glucosidase (µg PNP g-1 soil h-1) 158.9 c 90.6 ab 122.8 b 62.4 a 34.7 

Lower case letters (a, b, c) denote significant difference (*P=0.05) between values within 

treatments for each enzyme assay. 

 

6.3.5 Catabolic diversity (substrate induced respiration) 
Repeat sampling ANOVA demonstrated a significant interaction (P<0.001) between 

substrate and sampling time on CO2-C evolution (Fig. 6.7). A significant (P<0.001) decline in 

CO2-C evolution was observed in September compared to July for 22 of the 25 substrates 

tested with the remainder declining in the November sampling (Fig. 6.7). The largest responses 

(P<0.001) observed were associated with a subset of the carboxylic acids (citric acid, α-

ketoglutaric acid, α-ketobutyric acid, α-ketovaleric acid, DL-malic acid, fumaric acid and L-

ascorbic acid) in at least two of three sampling dates (Fig. 6.7). Substrate utilisation generally 

decreased after the July 21st sampling date, with the exception of glucose which increased in 

September (Fig. 6.7).  On average, SR treatments (7.1 µg CO2-C g-1 soil 4h-1) evolved 

significantly (P<0.001, LSD=0.28) more CO2-C than SB treatments (6.4 µg CO2-C g-1 soil 4h-1).  



Fig. 6.7. The effect of different organic substrate amendments on CO2-C evolution (catabolic response profiles) over 4 h at three sampling times for a) carboxylic 

acids, b) amino acids, c) aromatic compounds, d) amides and e) carbohydrates. Data are the average of SR and SB treatments. Capped bars represent LSD 

(P=0.05) for the interaction between substrate and sampling time. 
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All organic substrates (n=25) were utilised in this study indicating no difference in the catabolic 

richness (number of substrates used) between stubble treatments (Fig. 6.7). No significant 

(P=0.05) difference in catabolic evenness was observed between SR and SB treatments as 

determined by both Shannons H’ index (range 2.90-2.95), and Simpson’s D index (range 14.9-

15.9) for which a maximum possible value of 25 is possible. Equitability (ED) in substrate 

metabolism was significantly higher (P=0.035, LSD=0.05) in November (0.66) than in July 

(0.60), with an ED value of 1 indicating complete equitability in substrate utilisation. However, 

permutational multivariate analysis of variance identified a significant effect (P<0.001) of 

sampling time on community level physiological profiles (CLPP), whilst no effect of stubble 

management was observed. 

 

Canonical analyses of principal coordinates indicate 93.9% of variability in catabolic response 

profiles between stubble treatments and sampling time was explained by 2 principal axes (Fig. 

6.8). Significant predictor variables (P<0.05) relating to the variation in CLPP include soil 

inorganic N concentration (NH4
+, NO3

-), MB-C, microbial activity, qCO2, gross N mineralisation, 

immobilisation, cellulase activity, arginine ammonification and β-glucosidase activity (Table 6.3).  
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Fig. 6.8. Canonical analysis of principal coordinates for catabolic response profiles at 3 

sampling times. Symbols represent SR (♦) and SB (◊) treatments sampled 8th May; SR (■) and 

SB (□) treatments sampled 21st July; SR (▲) and SB (∆) treatments sampled 15th September; 

SR (●) and SB (○) treatments sampled 28th November. 

 

6.3.6 Phospholipid Fatty Acid (PLFA) Analyses  
 Microbial community composition (PLFA analyses) was estimated using canonical 

analyses of principal coordinates with two principal coordinate axes accounting for 81.8% of 

variation between treatments (Fig. 6.9).  
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Fig. 6.9. Canonical analysis of principal coordinates for phospholipid fatty acid analyses at 4 

sampling times for SR and SB treatments. Symbols represent SR (♦) and SB (◊) treatments 

sampled 8th May; SR (■) and SB (□) treatments sampled 21st July; SR (▲) and SB (∆) 

treatments sampled 15th September; SR (●) and SB (○) treatments sampled 28th November. 

Permutational multivariate analyses of variance indicate that the community structure was 

dependent on sampling time (P<0.001), with a shift in the population structure observed 

between each pair of sample dates. Significant predictor variables (P<0.05) associated with the 

variation in community structure included inorganic N concentration (NH4
+, NO3

-), MB-C, 

microbial C/N ratio, microbial activity, qCO2, potential nitrification, cellulase activity, arginine 

ammonification and β-glucosidase (Table 6.3).  
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Table 6.3. The influence of soil physio-chemical properties, soil resources and soil processes on phospholipid fatty acid (PLFA) profiles and community level 

physiological profiles (CLPP) of stubble management treatments analysed using PERMANOVA (Anderson, 2001). Numbers are t-values (F), with associated P-

value (P) and % variation attributable to each variable (Var.). 

CLPP    PLFA    

Variable F P Var. Variable F P Var. 

Full Model (Groups)        

Soil physio-chemical 9.26 <0.001 0.912 Soil physio-chemical 2.38 0.005 0.605 

Pools (resources) 1.69 0.163 0.601 Pools (resources) 2.22 0.012 0.542 

Processes (function) 6.07 0.002 0.918 Processes (function) 1.61 0.070 0.596 

Soil physio-chemical        

Bulk density 0.39 0.615 0.024 Bulk density 0.91 0.421 0.040 

% Clay 0.42 0.598 0.026 % Clay 0.68 0.564 0.030 

EC 0.40 0.737 0.024 EC 2.81 0.025 0.113 

pH 1.87 0.179 0.105 pH 2.87 0.049 0.116 

CEC 0.96 0.353 0.057 CEC 0.83 0.468 0.036 

Soil NH4
+ conc. 38.74 <0.001 0.708 Soil NH4

+ conc. 8.12 <0.001 0.270 

Soil NO3
- conc. 3.92 0.032 0.197 Soil NO3

- conc. 7.09 <0.001 0.244 

Pools (resources)        

Light fraction OM (%C) 2.59 0.108 0.139 Light fraction OM (%C) 0.32 0.827 0.015 

Light fraction OM (%N) 0.85 0.376 0.050 Light fraction OM (%N) 0.22 0.914 0.010 

Light fraction C/N ratio 1.97 0.164 0.110 Light fraction C/N ratio 0.22 0.918 0.010 

Soil total C (%) 1.69 0.188 0.095 Soil total C (%) 0.63 0.580 0.028 

Soil total N (%) 0.89 0.373 0.053 Soil total N (%) 0.64 0.578 0.028 
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Table 6.3 continued from previous page 

CLPP    PLFA    

Variable F P Var. Variable F P Var. 

Soil C/N ratio 1.09 0.307 0.064 Soil C/N ratio 0.45 0.725 0.020 

Soluble organic C 0.39 0.626 0.024 Soluble organic C 0.37 0.799 0.017 

MB-C 7.36 0.006 0.315 MB-C 9.73 <0.001 0.307 

MB-N 1.77 0.182 0.100 MB-N 1.73 0.156 0.073 

MB C/N ratio 1.51 0.221 0.086 MB C/N ratio 4.92 0.006 0.183 

Processes (function)        

CO2-C evolution 9.90 <0.001 0.310 CO2-C evolution 6.89 0.009 0.301 

qCO2 (µg CO2-C MB-C-1) 8.73 <0.002 0.284 qCO2 (µg CO2-C MB-C-1) 12.76 <0.001 0.444 

Gross N mineralisation 2.91 0.042 0.117 Gross N mineralisation 1.59 0.213 0.090 

Immobilisation 4.01 0.011 0.154 Immobilisation 1.31 0.269 0.075 

Potential nitrification 2.34 0.083 0.096 Potential nitrification 8.45 0.005 0.346 

Cellulase  5.06 0.005 0.187 Cellulase  5.73 0.016 0.264 

Phosphatase  1.76 0.155 0.074 Phosphatase  1.51 0.223 0.086 

Arginine ammonification 6.97 <0.001 0.241 Arginine ammonification 7.97 0.008 0.333 

Arylsulphatase 0.58 0.668 0.026 Arylsulphatase 0.56 0.586 0.034 

β-glucosidase  7.50 <0.001 0.254 β-glucosidase  13.07 <0.001 0.450 

 117 



 118 

A detailed analysis of taxonomically relevant phospholipid groups further supported the influence of sampling time on microbial community structure, 

and indicated the microbial community composition was most different during September (Table 6.4). No significant effect of stubble treatment was 

observed on PLFA analyses. 

 

Table 6.4. Concentration of key phospholipids fatty acid groups (ng PLFA g-1 soil) in soil sampled at four times from SB and SR treatments. Data 

presented for saturated (sat.), hydroxylated (hydrox.), branched (branch), mono-unsaturated (mono-unsat.), poly-unsaturated (poly-unsat.), and 

cyclopropyl (cycloprop.) fatty acids, the ratio of saturated to mono-unsaturated (ratioA:B) fatty acids and total fatty acids. 

Treatment Sample date Sat.A Mono-unsat.B Ratio A:B Hydrox. Branch Poly-unsat. Cycloprop. Total 

8/05/2003 59.9 a 7.5 a 8.04 b 5.0 a 33.0 a 29.5 a 0 157.7 a 

21/07/2003 396.4 b 54.3 ab 7.42 b 21.6 a 209.9 a 248.7 b 0 1073.2 b 

15/09/2003 628.4 c 121.1 b 5.18 a 61.7 b 494.8 b 607.1 c 0 2299.3 c 

Stubble 

retained 

28/11/2003 125.6 a 15.6 a 8.38 b 12.4 a 66.7 a 76.8 ab 0 336.4 ab 

8/05/2003 79.2 a 11.1 a 7.46 bc 6.4 a 53.3 a 53.8 a 0 236.1 a 

21/07/2003 619.2 b 96.5 a 7.59 c 44.3 b 40.7 a 452.9 b 0 1920.9 b 

15/09/2003 935.7 c 333.6 b 3.31 a 98.9 c 646.0 b 693.1 c 0 3281.8 c 

Stubble 

burnt 

28/11/2003 181.2 a 31.3 a 5.95 b 19.8 ab 144.7 a 165.9 a 0 613.1 a 

LSD date  217.3*** 108.5* 1.62** 30.3** 218.2** 199.5** NA 851.5** 

* P<0.05, ** P<0.01, ***P<0.001 denotes significance level. Lower case letters (a, b, c) denote significant difference between values within treatments 

for each fatty acid group separately. 



A 2-way crossed analysis of distance-based similarities, resulted in a significant separation of 

data points for stubble treatment (P=0.001) and sampling time (P=0.001) based on soil physio-

chemical properties, resources and function (Table 6.5).  

 

Table 6.5. A two-way crossed analysis of distance-based similarities based on soil physio-

chemical properties, resources and function. 

Variable Stubble treatment Sampling time 

Soil physio-chemical ** ** 
Pools (resources) *** NS 

Processes (function) ** *** 
All data combined *** *** 

* P<0.05, ** P<0.01, ***P<0.001 denotes significance level. 

 

Non-metric multi-dimensional scaling based on Euclidean distance of normalised data (all data 

combined) indicates a cyclical (seasonally based) change in similarity between different 

treatment groups (Fig. 7.0). Greater dissimilarity (represented by greater distance between 

points) was observed in SB treatments between sampling times compared to SR treatments 

(Fig. 7.0). 

Stubble burnt
Stubble retained

Nov

Nov

May
MayJuly

July

Sept

Sept

2D Stress: 0.05

Transform: Log 
Resemblance: Euclidean 

di t  

Fig. 7.0. Non-metric multi-dimensional scaling based on Euclidean distance in SR (●) and SB 

treatments (○) at four sampling times on log transformed, normalised data (soil biochemical 

parameters). 

 

6.3.5 Plant Response 
 Although no difference (P=0.05) in plant biomass was measured between stubble 

treatments at anthesis, harvest plant biomass in SR treatments was significantly (P=0.029) 

greater than in SB treatments (Table 6.6).  Grain yield was also significantly higher (P=0.05) in 

SR than in SB treatments (Table 6.6). Grain protein and total N uptake were similar in SR and 

SB treatments. A significant difference (P=0.018) was observed between treatments in grain 

weight (Table 6.6). A water use efficiency of 20 kg grain mm-1 growing season rainfall was 

attained in SR treatments, 33% higher than in SB treatments which achieved 15 kg grain mm-1. 
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Table 6.6. Plant yield and yield components measured under a long term (16 year) rotational 

strategy involving stubble retention (SR) or stubble burning (SB).  

 Stubble retained Stubble burnt LSD (P=0.05) 

Plant anthesis biomass (t ha-1) 6.3 5.7 NS 

Plant harvest biomass (t ha-1) 7.8 6.1 1.3 

Grain yield (t ha-1) 3.8 2.9 0.8  

Grain protein (%) 8.2 9.5 NS 

N uptake (kg N ha-1) 73 62 NS 

Average grain weight (mg) 42.3 36.3 3.5 

 

6.4 Discussion 
 In a low rainfall environment plant growth is often limited, resulting in relatively low 

annual inputs of crop residues which contribute to the SOM-C pool. Physiological adaptations 

such as leaf drop in legume crops (Heenan et al., 2004) and the relative contribution of above 

ground versus below ground (i.e. root) biomass also serve to reduce the differences in organic 

material ‘lost’ through burning. Partial burns resulting from low residue loads or spatial 

dislocation of stubble, and leaching of labile C and nutrients from stubble between harvest and 

autumn burning (Amato et al., 1987) may also negate the relative losses associated with 

burning stubble. Burning stubble also produces black carbon, which because of its low 

decomposition rate, tends to lower SOM losses. Therefore although stubble burning influences 

C input (De-Bano and Conrad, 1978), it is not surprising that negligible changes to total SOC 

content may result in this low production system when considered over extended time periods. 

This is because it compares the relative contribution of a small change in the amount of new 

crop residues (which are rapidly decomposing), to a very large historically derived SOC pool. 

This is clearly demonstrated in this study, with no change in total SOM-C measured after 16 y of 

stubble retention versus stubble burning. This agrees with previous studies in a similar 

environment (Carter and Mele, 1992) and in some temperate systems (Powlson et al., 1987), 

but contrasts to other studies which have demonstrated increases in SOM-C associated with 

retaining stubble (Chan et al., 1992). Thus, to consider the effect of stubble burning on microbial 

processes and nutrient turnover it is more appropriate to distinguish changes in factors which 

influence biological processes, such as the short term flux of labile SOM pools (i.e. dissolved 

organic matter, light fraction SOM) for which changes due to management may be more readily 

measured and which has been linked to N mineralisation in this environment (Cookson and 

Murphy, 2004; Cookson et al., 2005). The resulting difference in microbial biomass-C (MB-C) as 

a component of the ‘labile’ or available pool of SOM is therefore likely to be a more sensitive 

indicator of changes in management practice compared to total SOM-C in retained versus burnt 

stubble treatments in both a temperate and semi-arid environment.  

 

Significant declines in soil MB-C (P<0.001, 0-5 cm) and CO2-C evolution (P<0.001) in SB 

treatments, reflect a greater impact of burning on microbial population growth and activity in 

surface soils compared to soils below 10 cm, in which no significant differences were observed 
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between stubble treatments. In the WA rain limited environment, low OM production and 

residual biomass may have resulted in a low intensity burn unlikely to cause significant microbial 

death. Andersson et al. (2004) determined soil temperature measured at 1 cm depth increased 

from 25°C to 37°C when the equivalent of 4.8 t ha-1 grassland (approximately 4 times the 

stubble remaining in SR treatments) was burnt. Since the average soil temperature in a WA 

environment can reach more than 40°C, we hypothesise the established microbial community is 

resistant to these burn intensities. Therefore a decrease in the microbial biomass is more likely 

an indirect effect of substrate limitations in SB treatments. Further evidence of a substrate 

limitation to growth is demonstrated in the seasonal biomass fluctuations observed in both SR 

and SB treatments, in which MB-C increases during the September sampling period. This 

supports previous work in which microbial biomass measured in the rhizosphere increased 

during periods of rapid plant development due to high rates of root exudation (Gardner et al., 

1983). Since C mineralisation is also dependent on substrate availability, this supports the 

increased rates of CO2-C evolution measured in September. The increase in MB-C could 

therefore reflect microbial assimilation and storage of C prior to utilisation (Barz, 1970), rather 

than an increase in the mass or efficiency of microorganisms per se, since a corresponding 

increase in MB-N was not observed. Subsequently, seasonal changes in CO2-C evolution may 

therefore not result directly from an increase in microbial biomass but through increased 

utilisation of rapidly assimilated C substrates associated with the production of root exudates. 

This is further supported by a corresponding increase in the qCO2 (metabolic quotient) values 

associated with higher microbial biomass (Anderson and Domsch, 1985b) which indicate that 

the ratio of metabolically active to dormant portions of a biomass experienced significant 

seasonally related fluxes, or alternately suggests a rapid turnover of C during these periods.  

 

Typically, the oxidisation of SOM and turnover of heat sensitive microorganisms associated with 

burning contributes to a pulse of inorganic N (Raison, 1979; Diaz-Ravina et al., 1996; 

Choromanska and DeLuca, 2001) and the release of soluble sugars (Choromanska and 

DeLuca, 2001). Raison (1979) suggests these fire induced changes are in part related to the 

intensity of soil heating contributing to the chemical oxidation of SOM and therefore its chemical 

composition (Fernandez et al., 1997; Choromanska and DeLuca, 2001). The relative sensitivity 

of microorganisms to heat is reported in the range 50 to 120°C, with bacteria considered more 

resistant to heat stress (Neary et al., 1999). Thus, fire may influence microbial community 

composition and N turnover as demonstrated by Andersson et al. (2004) where nitrifying 

bacteria were stimulated by fire. However, a lack of change in the composition of the microbial 

community between SR and SB treatments suggests the fire intensity at this site was not 

sufficient to influence microbial diversity.  

 

The adaptation of microorganisms through increased microbial turnover (Zogg et al., 1997; 

Avrahami et al., 2003) or modification of transformation pathways for DOC (Dalias et al., 2001; 

Marschner and Bredow, 2002) may also cause changes in community composition and thus 

changes in C and N mineralisation rates in soils held at a constant moisture content and 

incubated over a range of temperatures. In this study, changes in substrate utilisation and 
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community composition (determined by CLPP and PLFA respectively) largely resulted from 

seasonal modifications in environment, resources and processes as demonstrated between 

sampling times. The change in C quality between SR and SB treatments did not alter diversity. 

 

Edaphic factors are likely to be rate limiting factors associated with biological activity and gross 

process rates in this environment. Differences in gross N mineralisation during November were 

consistent with previous studies (Hoyle et al., 2006) in which differences between stubble 

treatments were most evident when incubated above 20°C. Normalising CO2-C data to a 

reference temperature (20°C) did not result in reduced variability between sampling dates, 

indicating that temperature was not the only factor influencing microbial activity. Since 

incubation of soils was conducted at a constant 45-50% WHC, the fluctuations in CO2-C 

observed are more likely to be a result of C depletion and availability, reflecting changes 

associated with plant growth and crop residues. Normalising gross N mineralisation data for 

temperature resulted in higher rates of gross N mineralisation in July under SR treatments 

which may be attributable to increased C substrate availability. This contrasts to findings of 

Recous et al. (1999) where the majority of seasonal fluctuation in gross N mineralisation for a 

temperate environment could be attributed to temperature and moisture. However, their field 

incubation study was conducted in the absence of growing plants. In contrast, we found a 

strong influence of growing plants on normalised gross N mineralisation rates. Normalised gross 

N mineralisation rates were between 2 and 6 times greater in the presence of a growing plant 

(July, September) compared to periods during which there is no active plant growth (May, 

November). We attribute this to greater microbial activity associated with the presence of a root 

rhizosphere. During periods of active plant growth, NH4
+ immobilisation was greater than actual 

gross nitrification rates implying sufficient C was available for heterotrophic micro-organisms to 

out-compete autotrophic nitrifiers for NH4
+ as demonstrated by Ross et al. (2001). However, in 

the absence of growing plants and under drying soil conditions, heterotrophic assimilation of 

NH4
+ was low and actual gross nitrification dominated NH4

+ consumption. Actual gross 

nitrification rates were constrained by low NH4
+ availability as demonstrated by the significantly 

larger potential gross nitrification rates in the presence of excess NH4
+.   

 

Cellulase activity results in the release of a readily available energy source for microorganisms 

and is therefore considered an indicator of microbial biomass turnover (Gander et al., 1994). 

Differences in OM inputs due to the retention of stubble in this experiment were sufficient to 

cause changes in cellulase activity in the surface (0-5 cm) layer. Cookson et al. (1998) suggest 

the influence of crop residues on microbial activity and N supply is influenced by residue quality 

and pre-conditioning of the microbial community resulting in the development of substrate-

adapted microorganisms (Killham et al., 1988). Therefore we expect cellulase function in SB 

treatments to be constrained due to low amounts of fresh residue. Since β-glucosidase activity 

is the rate limiting enzyme in the microbial degradation of cellulose to glucose (Alef and 

Nannipieri, 1995), an increase in β-glucosidase activity is likely to reflect greater C availability 

thus influencing biological turnover of N. However, contrary to previous research demonstrating 

reasonable seasonal stability in β-glucosidase activity (Bandick and Dick, 1999), sampling time 
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significantly (P=0.05) influenced β-glucosidase indicating a possible C substrate limitation to 

activity caused by a depletion of fresh plant material (Caravaca et al., 2002) in SB treatments. 

This suggests that the potential to mineralise OM in SB treatments is reduced compared to SR 

treatments.  

 

Arginine ammonification has been proposed as an index of gross N mineralisation (Bonde et al., 

2001), and is considered a key process for determining N availability to the crop. Arginine 

ammonification activity successfully discriminated between stubble treatments at all sampling 

times and appeared to be a more suitable technique than gross N mineralisation in reflecting 

changes to N cycling under different management practices. The peak activity in September 

was associated with increased β-Glucosidase activity, successfully linking biological turnover of 

C and N. Hoyle et al. (2006) found no differences in gross N mineralisation between SR and SB 

treatments at temperatures less than 20°C. However, larger differences were apparent between 

30°C and 40°C. This implies a C substrate difference between treatments which is only 

important at high temperature. Therefore the main difference in N cycling between SR and SB 

treatments is likely to occur over summer months.  

 

In this study, separation between stubble treatments for acid phosphatase activity (µmol p-NP g-

1 soil h-1) was possible only during periods of high soil moisture in surface soils (0-5 cm), but in 

comparison to previous studies in natural ecosystems did not strictly reflect seasonal 

wetting/drying patterns (Grierson and Adams, 2000). Thus its use as an early indicator of 

available P may be limited by a lack of available soil moisture. Although arylsulphatase activity 

has previously been correlated with SOM-C content, total N and CEC (Tabatabai and Bremner, 

1970), differences in arylsulphatase activity could not be determined on either a seasonal or soil 

treatment basis. Large within season variation in enzyme activity emphasises the importance of 

adequate sampling in determining treatment and/or seasonal effects on biological turnover of 

OM and nutrient cycling (Grierson and Adams, 2000). Despite changes in soil enzyme activity 

through the growing season, the variability observed for different enzymes demonstrated similar 

fluctuations, as described previously by Kirchner et al. (1993). 

 

6.5 Conclusions 
i. Stubble retention increased microbial biomass, CO2-C evolution and some enzyme activities. 

ii. No effect of stubble treatment was observed on community diversity or substrate utilisation 

at temperatures assessed.  

iii. Differences in gross N cycling between SR and SB treatments were only apparent at high 

(30°C) temperature  

iv. Biochemical measurements demonstrated greater seasonal variability than under different 

stubble management treatments. 

v. Estimates of management induced changes in microbial and/or biochemical processes as a 

result of burning stubble were most apparent between July and September when rapid crop 

growth and development was likely to have influenced root exudation and hence C 

availability. 
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vi. The increase in grain size and dilution of grain protein content associated with SR 

treatments, suggests it is possible that differences in phonological development and timing of 

plant N uptake influenced crop development and allowed greater assimilation and 

redistribution of carbohydrates during grain development. 
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CHAPTER 7 
GENERAL DISCUSSION AND CONCLUSIONS FOR FUTURE RESEARCH 

7.1 Does the microbial response to the addition of trigger molecules in WA arable 
soils result in extra CO2-C release?  
De Nobili et al. (2001) proposed a survival strategy in soil microorganisms associated 

with the utilisation of endocellular mineralisation of C in response to the addition of trace 

amounts of soluble organic substrate. They proposed that on detection of trigger molecules 

diffusing through soil, the microbial biomass would become metabolically alert in anticipation of 

a forthcoming food event. Their findings supported this as a greater release of CO2-C in excess 

of applied soluble C substrate (1-5 times the original application) was measured when trace 

amounts of an organic C substrate were applied to soil.  

 

The hypothesis that the addition of small amounts of soluble organic C to WA soils would trigger 

the microbial biomass in WA arable soils was tested in Chapters 2, 3 and 4 and confirms that, 

although variable in different soils, additional CO2-C was evolved, signifying greater microbial 

activity than in control soils. In this study, there were two distinct microbial response phases in 

respiratory activity observed after the addition of glucose-C at either 11 or 34 µg C g-1 soil. The 

first was a rapid relatively short-lived peak in CO2-C evolved, which occurred within 48 h of 

glucose-C application. This response was observed in both cellulose and non-cellulose 

amended soil, indicating that short-term utilisation of the glucose-C substrate was not affected 

by differing C status. In treatments with comparatively high C backgrounds (simulated with the 

addition of cellulose), a highly variable secondary phase of CO2-C evolution was observed that 

resulted in either a negative or positive net difference in CO2-C evolved (Chapter 2, 3). These 

responses were typically characterised by an increased rate of CO2-C evolution compared to 

the control soil, after a lag phase of up to 300 h. The application of glucose to non-cellulose 

amended soil therefore resulted in a small but rapid activation of the microbial population, prior 

to returning to a steady state level of activity not dissimilar to control soils. The importance for 

sampling time and the duration of the incubation on the interpretation of the microbial response 

to the application of trigger molecules is evident in these studies, as indicated by the positive 

priming effect observed in the short term response versus a longer term negative response. In 

my initial experiments (Chapters 2, 3), it is possible that where less CO2-C was evolved, 

glucose inhibited cellulase activity through end-product inhibition (Paul and Clark, 1989), and it 

took some time for enzyme activity to recover. However, subsequent measurement of cellulase 

activity suggests this not to be the cause (Chapter 3). In cellulose amended soils, it therefore 

appears as though there was a background stimulation of microorganisms metabolising 

cellulose which was different to those responding to the application of glucose.  

 

In both cellulose and non-cellulose amended soil, 21% of added 14C-glucose was evolved as 
14CO2-C within 72 h and was comparable to other studies, in which between 23 and 42% of 

glucose was evolved (Bremer and van Kessel, 1990; Bremer and Kuikman, 1994; Nguyen and 

Guckert, 2001). In total, the equivalent of between 50 and 66% (average 59%) of 14C-glucose 
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was mineralised during the incubation (Chapter 2). This is typical of microbial decomposition of 

labile organic-C substrates, which usually results in 40-60% of the C being mineralised (van 

Veen et al., 1985; Shen and Bartha, 1996). Therefore, in soil with a low C background, the 

microbial response to the addition of glucose-C was relatively short lived and was generally of 

lower magnitude than previously reported (De Nobili et al. 2001; Mondini et al., 2006), 

compared to a soil with a high C background in which larger and less transient responses were 

observed. There were few examples where the net difference (glucose-C minus control) in CO2-

C evolved in non-cellulose amended soil was greater than the amount of substrate applied 

(Chapters 2, 3, 4) as determined by De Nobili et al. (2001). However, short term priming effects 

in this study resulted in between 1-4 times the anticipated amount of CO2-C being evolved than 

expected in non-cellulose amended soil, and 1-57 times in cellulose amended soil, based on the 

decomposition of 14C-labelled glucose (Chapters 2, 3).  

 

Findings in this study with small amounts of glucose-C, found that only 50% of the total CO2-C 

response evolved during early decomposition of a soluble C substrate could be directly 

attributed to mineralisation of the labeled 14C-glucose-C substrate (Chapter 2). This indicates 

utilisation of an as yet unidentified C source, which may, or may not be derived from 

endocellular reserves (Chapter 2, 3, 4) and supports evidence of a ‘trigger’ or priming effect 

resulting from the addition of small amounts of soluble C to Western Australian soils. Previous 

studies have also determined greater mineralisation of soluble C substrates in soils where the 

microbial biomass had been ‘activated’ by prior additions of glucose-C to soil (Bremer and 

Kuikman, 1994; De Nobili et al., 2001). In contrast, a lesser amount of CO2-C was evolved from 

soil after the repeated application of glucose-C in this study, compared to the equivalent amount 

applied in a single application, indicating a decline in microbial activity (Chapter 2).  

 

In C limited soils such as those tested in this study, Morita (1988) suggested that although 

assimilation of soluble C may be uninhibited, the stored substrate may not be immediately 

metabolised due to metabolic arrest. Confirmation of this response in other studies is supported 

by greater recovery of 14C-glucose in an intermediary chloroform-labile pool from soils with low 

C availability (Bremer and Kuikman, 1994; Nguyen and Guckert, 2001). Thus, in Chapter 2, 

where less CO2-C was evolved following repeated application of glucose-C compared to the 

equivalent single application, limited C availability is likely to have resulted in metabolic arrest 

and a lower rate of glucose-C metabolism. This could explain differences observed in the 

microbial response (measured as evolved CO2-C) to the application of soluble organic 

substrates in a range of soils (Chapters 2, 3, 4). Differences in microbial response between non-

cellulose and cellulose amended soil to small amounts of C substrate, are therefore likely to be 

attributable to both the metabolic status of the microorganisms and the availability of other C 

sources on depletion of the more labile organic C substrate (Chapter 2, 3). Delayed CO2-C 

evolution is therefore more likely an indirect result of increased microbial turnover and enhanced 

mineralisation of SOM (and in this study cellulose) resulting from stimulation of the native 

microbial biomass, which may vary for different soil types (Chapter 3).  
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7.2 How does a complex substrate (root exudates) alter the microbial response 
compared to a simple (glucose) one?  

 Since there was no relationship identified between the microbial response (measured 

as CO2-C evolved) and soil properties in Chapters 2 and 3, neither the direction nor the 

magnitude of the response after the addition of soluble organic substrates to soil was 

predictable as previously proposed by Hamer and Marschner (2002). Previous studies have 

proposed that organic substrate inputs with greater complexity and chemical diversity are more 

likely to influence the range of enzymes released and result in a priming effect (Wu et al., 1993; 

Fontaine et al., 2004), by increasing metabolic activity in a greater proportion of the microbial 

population. Therefore, it is likely that the type of organic substrates applied (Wu et al., 1993; 

Fontaine et al., 2004) and the size (Anderson and Domsch, 1978) and diversity of the soil 

microbial community have a larger influence on the decomposition and cycling of C substrates 

(Bell et al., 2003).  

 

In arable farming systems, a large component of the labile C in soil is released from roots either 

via cortical cell death or root exudation (Robinson et al., 1989). Previous studies have estimated 

the C input from roots to be approximately 100 µg C g-1 soil d-1 (Trofymow et al., 1987), with a 

wide range of C substrates produced depending on plant type and age. Therefore, root 

exudates should in theory result in more CO2-C evolution due to activation of a larger 

component of the soil microbial community compared to a simple substrate such as glucose (De 

Nobili et al., 2001; Mondini et al., 2006). The hypotheses that a more diverse substrate would 

result in activation of a wider range of microorganisms was tested in Chapter 3, and confirms 

that the microbial response to the application of a synthetic root exudate was greater than the 

response to a simple substrate in the presence of cellulose. This may have resulted from the 

activation of a greater range of microorganisms that, on depletion of the labile C, were able to 

survive on more recalcitrant molecules/substrates. However, the null hypotheses was true for 

soil where C availability was limited (nil cellulose), suggesting the response to the addition of 

more complex substrates was dependent on background C availability and/or increased enzyme 

activity associated with the decomposition of cellulose (Chapter 3).  

 

The influence of organic substrate inputs is also seen in Chapter 4, where the application of 

organic C substrates to soil resulted in ‘extra’ CO2-C being evolved above the amount of 

substrate applied. In the case of glycine, which had the lowest molecular weight of all substrates 

tested, this effect was observed approximately 92 h after application of the substrate solution, 

but for other substrates was not observed until after 200-500 h (Chapter 4). This seems to 

support the previous hypothesis proposed by De Nobili et al. (2001), that low molecular weight 

and easily degradable substrates are more readily assimilated by microorganisms. However, no 

obvious association between the response observed and the chemical structure of each 

substrate was observed, nor was there any evidence to suggest that these substrates were 

more complex than those which did not result in a priming effect (Chapter 4). Both the amount 

and the dynamics of cumulative extra CO2-C evolved varied between substrates. Given the 

different response patterns observed after the addition of a range of substrates to the same soil 
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under controlled conditions, the response to different substrates may have been associated with 

changes in the stimulation or activation of different microbial groups inhabiting soil. In this study, 

the addition of substrates which evolved similar or greater amounts of CO2-C than the control 

soil also had a lower concentration of soil NH4
+-N. This suggests changes in microbial activity 

resulting from greater stimulation of either mineraliser and/or immobiliser populations (Chapters 

5, 6). In the case of glycine which evolved more CO2-C than expected, a higher concentration of 

NO3
- indicated greater stimulation of nitrifying populations. In this study, all treatments in which 

the amount of extra CO2-C evolved was lower or equivalent to the amount of C applied (30 µg C 

g-1 soil), the extra CO2-C was associated with a decline in microbial biomass. Therefore, 

differences in cumulative CO2-C are attributable to changes in the diversity/proportion of 

microbes activated by the substrate, and enhanced turnover of the microbial biomass (Chapter 

2-6). However, the microbial response to a wider, more diverse range of C compounds confirms 

it is possible to induce a positive priming effect, even in nutrient poor soils (Chapter 4).  

 

7.3 Does the amount of substrate applied as a trigger molecule to soil alter the 
microbial response? 

 Given the C input from roots may reach up to 100 µg C g-1 soil d-1 (Trofymow et al., 

1987), a single application of between 3-50 µg C g-1 soil (Chapters 2, 3, 4) is likely to represent 

the diffusional gradient experienced prior to a forthcoming food event, but may not provide 

sufficient energy for continued basal metabolism. Increasing the amount of C added to soil 

should in theory increase the amount of C diffusing through soil and increase the amount of 

CO2-C evolved by activating a larger proportion of the microbial biomass. However, 

microorganisms may not increase their metabolic activity unless a threshold concentration of C 

is detected in soil, which, on being reached signals an imminent food event. Since C 

mineralisation is dependent on substrate availability, the increased rates of CO2-C evolution 

measured during the initial decomposition phase of glucose and root exudates, suggest 

sufficient C was available to sustain short term stimulation of activity but due to substrate 

limitations was insufficient to sustain population growth (Chapter 2, 3). This was characterised in 

soil with a low background soil C status (in this study – non-cellulose amended soil) by a short 

term negative priming effect at low rates (3, 10 µg C g-1 soil) of application which may result 

from microbial turnover on exhaustion of available C, versus a positive priming effect at higher 

rates (30, 50 µg C g-1 soil) where sufficient C for basal metabolism is supplied (Chapter 3). This 

response was often different or contradictory to the long term priming effect which was highly 

variable for different soils (Chapter 2, 3).  

 

The metabolic quotient calculated in this study, indicates the metabolic activity of the biomass 

increased during the initial decomposition of the soluble C substrate, as well as after a lag 

phase in the cellulose amended soil. This suggests a more rapid turnover of C (Anderson and 

Domsch 1985a), reflecting rapid microbial assimilation and utilisation of readily available C, and 

an increased efficiency of microorganisms (Chapter 3). This resulted in greater amounts of CO2-

C being evolved from soil with a high C background simulated by adding cellulose. In soils 

amended with cellulose, up to 1-4 times the amount of CO2-C was evolved than contained in the 
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original substrate applied at 30 or 50 µg C g-1 soil, 9-12 times the amount of substrate applied at 

10 µg C g-1 soil and 36-57 times the amount of substrate applied at 3 µg C g-1 soil (Soil 3; 

Chapter 2, 3). This agrees with previous studies in which the greatest proportional increase in 

cumulative CO2-C evolved was observed at the lowest rate of amendment (Mondini et al., 

2006). However, this is in contrast to a net negative response in cumulative CO2-C observed in 

earlier studies for other soils (Soils 1 and 2; 30 µg C g-1 soil; Chapter 2). This evidence suggests 

that the net effect of small amounts of soluble organic C substrate added to soil was dependent 

on available C with positive priming effects likely to be associated with soils that contain high 

organic C (Chapter 3), but also that the large CO2-C background and variability in results makes 

interpretation of these results difficult. Further confirmation of the effect of available C on the 

microbial response to the application of soluble C substrates was observed in Chapter 5 and 6, 

where less CO2-C was evolved per unit biomass in burnt stubble treatments compared to 

retained stubble treatments at a range of soil temperatures. This may also be construed as a 

strategy to survive starvation conditions caused by a substrate deficiency (Kurath and Morita, 

1983).  

 

7.4 Does the application of trigger molecules result in changes to soil organic 
carbon transformation rates?  
A transitory increase in microbial biomass in both non-cellulose and cellulose 

amended soil indicated rapid assimilation and storage of available substrate by C starved 

microorganisms (Chapter 3). Despite differences in total cumulative CO2-C between non-

cellulose and cellulose amended soil, the rapid peak in microbial activity associated with the 

addition of small amounts of glucose-C to soil was of relatively short duration in both cases, and 

did not suggest enhanced mineralisation of SOM (Chapters 2, 3, 4). Instead, evidence of extra 

CO2-C resulted from a decline in microbial biomass (i.e. from accelerated microbial turnover) on 

addition of a range of C substrates to non-cellulose amended soil. The decline in microbial 

biomass, which was more rapid in non-cellulose amended soil than in cellulose amended soil, 

indicated enhanced turnover of microorganisms that were then unable to utilise SOM as an 

energy source once the readily utilisable C was exhausted (Chapter 3). This suggests the 

priming effect in low fertility soils may be partly dependent on the amount of microbial biomass 

(Chapters 3, 4), as proposed by Dalenberg and Jager (1989). Since C mineralisation is 

dependent on substrate availability, the increased rates of CO2-C evolution measured during the 

initial decomposition phase of glucose and root exudates suggest sufficient C was available to 

sustain short term stimulation of activity but due to substrate limitations was insufficient to 

sustain population growth (Chapter 2, 3).  In cellulose amended soil, an increased rate of 

microbial activity was associated with a parallel increase in cellulase activity and continued 

growth of the microbial biomass, suggesting that the amount of CO2-C evolved resulted from 

changes in the microbial composition to one more suited to the decomposition of cellulose 

(Chapter 3). A highly variable secondary phase of C mineralisation distinct from the initial 

glucose mineralisation phase was likely to have been associated with changes in the diversity of 

microbes present, their metabolic state, and the quality and availability of C for different soils 

(Chapters 2, 3).  
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In almost all cases, the application of glucose plus cellulose in this study resulted in more C 

being retained in the soil than was lost due to priming, resulting in a net positive effect on total 

soil C (Chapters 2, 3, 4). If this had resulted from enhanced mineralisation of SOM as proposed 

in other studies (Shen and Bartha, 1996), this should also have occurred in the non-cellulose 

amended soil on addition of glucose (Chapter 2, 3). However in this study, the CO2-C evolved 

from non-cellulose amended soil lacked by comparison the secondary phase of C mineralisation 

observed in cellulose amended soil, suggesting a C limitation in these soils (Chapter 2, 3). As 

cellulase activity results in the release of a readily available energy source for microorganisms, 

it is considered an indicator of microbial biomass turnover (Gander et al., 1994). Therefore this 

study indicates a larger priming effect due to an accelerated rate of mineralisation of the 

cellulose, as evidenced by the paralleled changes in cellulase activity, with increased amounts 

of CO2-C evolved due to a wider range of microorganisms utilising metabolites or compounds 

(i.e. glucose) produced during the synthesis of cellulose (Chapter 3). This may be associated 

with the influence of C availability and land history (residue inputs), which can determine the 

microbial response to added substrates through adaptation, or previous conditioning to the 

added substrate. This has been demonstrated in soil receiving regular inputs of fresh plant 

residues, compared to soil where residues are burnt, with increased CO2-C evolution associated 

with a greater proportion of biologically available C and a greater assimilation of C with 

increasing temperature (range 5-40°C; Chapters 5, 6). Therefore the response to cellulose may 

be similar to responses observed in soils where soil available C is not limiting, with the 

application of a labile substrate inducing a wide range of microorganisms, some of which are 

able to break down SOM (SOM), or produce metabolites/substrates that induce other more 

specific microorganisms to decompose SOM. Therefore in this study, the hypothesis that the 

addition of soluble organic C substrates to soil would increase SOM transformation rates was 

evident both in i) short term increases to the labile C pool (reflected as increased microbial 

biomass), and ii) enhanced decomposition of cellulose and/or SOM which was reflected in 

greater CO2-C evolution than anticipated based on normal mineralisation of C substrates. The 

longer term response was highly variable, with the application of glucose to soils resulting in 

either accumulation or degradation of the soil organic C pool compared to the control soil.  

 

7.5 Does the application of small amounts of substrate alter C and/or N cycling?  

The priming effect reported by De Nobili et al. (2001), which on addition of small 

amounts of C substrate (‘trigger molecules’), resulted in much greater CO2-C evolved than 

expected due to mineralisation of the substrate, was attributed to utilisation of endocellular C. 

However, it has been difficult to discern the real cause of this trigger or priming effect. 

Previously, microbial biomass measured in the rhizosphere has been found to increase during 

periods of rapid plant development due to high rates of root exudation (Gardner et al., 1983). 

Thus, any increase in microbial biomass after application of soluble C substrates is likely an 

indirect effect of substrate limitations in the soil tested. Since microbial biomass-C did not 

change in any of the glucose treatments, this suggests that either i) the change in microbial 

biomass was too small to be measurable; ii) increased CO2-C evolution was not associated with 
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increased microbial turnover or exhaustion of endocellular C reserves after triggering with 

glucose; or iii) that there was a substrate limitation to growth (Chapter 3). Therefore, it is unlikely 

in this study that altered turnover of the microbial biomass was the cause for this increased 

CO2-C evolution. De Nobili et al. (2001) also could not measure significant decline in biomass-C 

after multiple additions of ‘trigger molecules’. This was supported further in a subsequent 

experiment, where the proportion of 14C labeled biomass was not different in glucose versus 

non-glucose amended soil. The effect of cellulose amendments was also consistent with this 

hypothesis, with significantly greater (P≤0.05) microbial biomass observed in cellulose amended 

treatments compared to control treatments at the end of the incubation (Chapter 3). 

 

Gibbs and Barraclough (1998) proposed that on addition of glucose to soil, higher rates of 

immobilisation result from greater utilisation of simpler (or more labile) forms of C substrates by 

bacteria that were incapable of utilising more complex organic substrates, but that gross N 

mineralisation was not affected. This might suggest that activation of a different component of 

the microbial population is responsible for extra CO2-C (Chapter 3, 5). In Chapter 5, rapid 

assimilation of labile C in treatments where stubble was retained, immobilisation was 

constrained at high temperature (30-40°C), whereas the rate of N mineralisation continued to 

increase. This contrast in microbial N process rates was markedly greater in soils which had a 

history of stubble retention compared to soils where stubble was burnt. Although no difference 

in the total organic C was measured between soil treatments, the application of small amounts 

of glucose-C to soil resulted in greater NH4
+ consumption reflective of both a higher microbial 

biomass and utilisation of available C (Chapter 3, 5). This was also evident in cellulose 

amended soil where the decline in NH4
+-N was larger and more rapid than in non-cellulose 

amended soil, and was accompanied by a decrease in NO3
--N suggesting rapid microbial 

immobilisation of an available NH4
+ source caused by increased C availability, in this case 

cellulose (Chapters 3, 5, 6). High rates of gross N mineralisation in cellulose amended soil were 

also reflected in higher levels of cellulase activity, resulting in the formation of secondary 

metabolites from microbial transformation of added cellulose to more readily utilisable C forms 

such as glucose. Thus decomposition of more recalcitrant molecules may be stimulated by the 

application of more labile forms of C substrates by microorganisms.  

 

Evidence of a shift in community composition may also be implied by the change in MB-C 

relative to MB-N which resulted in a higher C/N ratio in retained stubble versus burnt stubble 

treatments. Therefore, increased CO2-C evolution in retained stubble treatments is likely to have 

resulted from higher crop residue inputs (and potentially greater labile fraction of SOM), a larger 

and possibly more diverse population of microorganisms, and a greater assimilation of C with 

increasing temperature. Chapters 3 and 5, also demonstrate that in WA soils the potential to 

consume NH4
+ exceeds the N supply at a range of temperatures, and that complex soluble C 

substrates (i.e. root exudates) are likely to result in proportionally greater consumption. 

Increased consumption of soil NH4
+ may result from either i) additional N required to mineralise 

more complex C substrates or the ii) activation of a more diverse population resulting in greater 

utilisation of C and thus N. Thus low soil NH4
+ concentrations suggest the microbial demand 
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(immobilisation and nitrification) for N is greater than the supply capacity (mineralisation), which 

can be constrained by low C availability (Chapters 3, 5, 6). Soil NO3
- concentration was by 

comparison, observed to increase, suggesting nitrification to be the dominant pathway in soil 

with a low C background (Chapters 3, 5, 6). Thus the application of cellulose to soil with low N 

status could result in greater immobilisation and retention capacity of N in an arable soil.  

 

Increased enzyme activity (β-glucosidase, arginine ammonification) successfully linked 

increased microbial activity with biological turnover of C and N (Chapter 6).  In this study, the 

rate of mineralisation and immobilisation were dependent on C availability, with separation in 

the mineralisation immobilisation turnover rates greatest in treatments with a higher C 

background, suggesting that available C influenced gross N transformation rates. Therefore, 

stimulation of C and N cycling in soil due to the application of small amounts of soluble organic 

C substrates was dependent on soil C status. Large within season variation in enzyme activity 

emphasises the importance of edaphic factors on biological turnover of OM and nutrient cycling 

(Chapter 6). The potential to consume NH4
+ exceeded the N supply capacity in soils tested in 

this study at a range of temperatures (with the exception of soils incubated at 40°C; Chapter 5). 

However, the addition of soluble C substrates did not always result in a measurable change to 

gross N process rates, suggesting changes in microbial processes attributable to the availability 

of organic C (Chapter 2, 3, 5). The implications in semi-arid environments are thus related to an 

imbalance in the mineralisation-immobilisation turnover observed under hot, moist conditions 

caused by continued mineralisation of SOM, and a decrease in the capacity to retain N via 

microbial immobilisation, which may be exacerbated in unplanted or low C input systems 

(Chapter 5, 6). In annual cropping systems, this is likely to result in a propensity for NO3
- 

accumulation and increased risk of leaching.  

  

7.6 Does the application of trigger molecules stimulate different components of the 
microbial population and subsequently promote soil organic matter 
breakdown?  
Changes in C and N mineralisation rates in soils held under constant moisture may be 

attributable to changes in microbial community composition. Various phases of microbial activity 

may be observed that are associated with the development of substrate adapted 

microorganisms (Zogg et al., 1997; Avrahami et al., 2003) through increased microbial turnover, 

or enhanced mineralisation of endocellular reserves and SOM. For example, both negative and 

positive priming effects have been observed in CO2-C evolved from cellulose-amended soils 

provided with a soluble C substrate, which may be attributable to activation of a greater range of 

microorganisms utilising a more complex substrate resulting in a positive priming effect, or 

enhanced microbial turnover resulting in a negative priming effect (Chapter 2, 3, 4). Thus any 

changes in the PLFA profile which provide a fingerprint of the microbial community (Petersen 

and Klug, 1994) could be used as an indicator of change in composition of the community. 

Previously, differences in PLFA profiles associated with C substrate loading rates were only 

able to separate treatments when substrate loading rates exceeded 375 µg C g-1 soil (Griffiths 
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et al., 1999).  Similarly, analysis of PLFA profiles in this experiment revealed differences only 

when both cellulose and glucose (total of 1030 µg C g-1 soil) were added to soil (Chapter 3). 

Changes in the abundance of bacteria and fungi demonstrated PLFA profiles were dominated 

by changes in bacterial fatty acids at later sampling dates. These results suggest either i) a 

change in the community composition to a more bacterial dominated structure associated with 

the depletion of readily available C, or ii) a change in the detectable abundance with shifts in 

groups resulting from a response to changes in the soil environment (i.e. the composition stays 

the same, but the relative abundance changes). However, results suggest these effects were 

transitory with the community composition becoming more similar over time due to depletion of 

available C (Chapter 3).  

 

The changes measured in fatty acid profiles of the microbial community suggest the adaptability 

of the microbial community may be dependent on the amount and range of C substrates 

available (Chapter 3, 6). This is reflected in CO2-C evolution for soils which within a day were 

either influenced by long term retention of plant residues, or had been burnt historically. In this 

example (Chapter 5, 6), soils which had a history of being burnt had significantly lower microbial 

biomass and higher activity (measured as CO2-C evolved) the day prior to being burnt, 

compared to the day after being burnt, suggesting greater availability of C substrates. This may 

have resulted from incomplete burning of the stubble resulting in a higher proportion of smaller 

residue particles in contact with soil, or from the chemical transformation of the substrate, but 

demonstrates the potential effect of greater C availability on microbial processes.  

 

The oxidisation of SOM and turnover of heat sensitive microorganisms associated with burning 

contributes to a pulse of inorganic N (Raison, 1979; Diaz-Ravina et al., 1996; Choromanska and 

DeLuca, 2001) and the release of soluble sugars (Choromanska and DeLuca, 2001). Raison 

(1979) suggested these fire induced changes are in part related to the intensity of soil heating 

contributing to the chemical oxidation of SOM and therefore its chemical composition 

(Fernandez et al., 1997; Choromanska and DeLuca, 2001). Changes in microbial diversity 

adapted to high temperatures may also favor microorganisms capable of mineralisation and 

disadvantage immobiliser populations (Zogg et al., 1997), as immobilisation is likely to be 

constrained by mineralisation capacity, i.e. immobilisers capable of faster assimilation of NH4
+ 

than the supply (mineralisation) capacity. The adaptation of microorganisms through increased 

microbial turnover (Zogg et al., 1997; Avrahami et al., 2003) or modification of transformation 

pathways for dissolved organic C (Dalias et al., 2001; Marschner and Bredow, 2002), may also 

cause changes in community composition and thus changes in C and N mineralisation rates in 

soils held at a constant moisture content and incubated over a range of temperatures. Evidence 

of a shift in community composition associated with a greater amount/quality of C may be 

implied by the change in the C/N ratio of the microbial biomass in soils with regular plant residue 

inputs compared to soils where residues have been burnt.  Alternately the higher C/N ratio may 

denote increased assimilation and storage of C in soils with regular plant residue inputs. In 

Chapter 6, changes in substrate utilisation and community composition (determined by CLPP 

and PLFA respectively) largely resulted from seasonal modifications in environment, resources 
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and processes as demonstrated between sampling times. Thus the application of small 

amounts of trigger molecules and changes in C quality associated with stubble treatments did 

not alter the structure of the microbial community or the utilisation of a range of substrates in 

this study (Chapters 3, 6).  

 

7.7 How do root exudates under variable temperature field conditions influence 
microbial processes? 

 Changes in temperature are considered to have a greater influence on microbial 

activity and microbial processes such as gross N mineralisation and immobilisation in more 

extreme environments (at lower and higher temperature; Chapter 5). However, evidence of 

changes in microbial function and community structure have also been demonstrated on 

application of labile and more resistant fractions of C under constant temperature (25°C) and 

soil moisture conditions (Chapters 2, 3, 4). Potential changes in C and N mineralisation rates 

resulting from the development of substrate adapted microorganisms (Zogg et al., 1997; 

Avrahami et al., 2003) may be influenced by soil temperature through increased microbial 

turnover.  

 

In Chapter 5, separate kinetic relationships for C, and the gross N mineralisation, immobilisation 

and nitrification of N at a range of temperatures (5, 10, 15, 20, 30 and 40°C) that reflect a semi-

arid environment were investigated. A positive relationship established between temperature 

and the rate of CO2-C evolution from soil (Conant et al., 2004; Marschner and Bredow, 2002) 

was confirmed in this study for WA soils. These changes were likely to have been associated 

with greater availability of dissolved organic C with increasing temperature, caused by a 

modification of C transformation pathways (Dalias et al., 2001; Marschner and Bredow, 2002), 

which resulted in greater amounts of CO2-C evolved. However, normalising CO2-C data to a 

reference temperature (20°C) did not lower variability between sampling dates, indicating that 

temperature was not the only factor influencing microbial activity.  

 

Since incubation of soils was conducted at a constant 45-50% water holding capacity, the 

fluctuations in CO2-C observed are more likely to be a result of C depletion and availability, 

reflecting changes associated with plant growth, substrate addition and C availability (Chapter 

5). Rapid plant growth and redistribution of plant carbohydrates, as well as edaphic factors, are 

likely to influence the quantity and quality of root exudates (Gardner et al., 1983), and hence the 

availability of suitable substrates to support microbial growth and activity. Evidence of C 

limitations to growth are demonstrated in Chapter 6, where significant seasonal fluctuations in 

the microbial biomass at different crop growth stages were observed.  Although an increase in 

microbial biomass (measured as C) could therefore reflect microbial assimilation and storage of 

C prior to utilisation (Barz, 1970), rather than an increase in the mass or efficiency of 

microorganisms per se, a corresponding increase in microbial biomass (measured as N) was 

not observed. Subsequently, seasonal changes in CO2-C evolution may not result directly from 

an increase in microbial biomass, but through increased utilisation of rapidly assimilated C 

substrates associated with the production of root exudates. This is further supported by a 
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corresponding increase in the qCO2 (metabolic quotient) values associated with higher microbial 

biomass (Anderson and Domsch, 1985b) which indicate that the ratio of metabolically active to 

dormant portions of the biomass experienced significant seasonally related fluxes, or alternately 

suggests a rapid turnover of C during these periods.  

 

The effect of root exudates on N transformation pathways was evident in laboratory (Chapter 3) 

and field studies (Chapter 6). Gross N mineralisation rates were between 2 and 6 times greater 

in the presence of a growing plant, compared to periods during which there is no active plant 

growth (Chapter 6). This is attributed to greater microbial activity associated with the presence 

of a root rhizosphere. During periods of active plant growth or where a labile C substrate was 

applied (Chapters 3, 6), NH4
+ immobilisation was greater than actual gross nitrification rates 

implying sufficient C was available for heterotrophic microorganisms to out-compete autotrophic 

nitrifiers for NH4
+ as demonstrated by Ross et al. (2001). However, in the absence of growing 

plants and under drying soil conditions, heterotrophic assimilation of NH4
+ was low and actual 

gross nitrification dominated NH4
+ consumption (Chapters 3, 6). Actual gross nitrification rates 

were constrained by low NH4
+ availability as demonstrated by the significantly larger potential 

gross nitrification rates in the presence of excess NH4
+. Differences in gross N mineralisation 

observed at temperatures greater than 20°C (Chapter 5) imply C availability to N cycling is more 

evident at extreme temperatures. Therefore the main difference in N cycling between stubble 

retained and burnt stubble treatments is likely to occur not during the cropping season but over 

summer months if water is present.  

 

7.8 Carbon limitations in a low rainfall environment 
 In a low rainfall environment plant growth is often limited, resulting in relatively low 

annual inputs of crop residues which contribute to the SOM-C pool. Physiological adaptations 

such as leaf drop in legume crops (Heenan et al., 2004) and the relative contribution of above 

ground versus belowground (i.e. root) biomass also serve to reduce the differences in organic 

material ‘lost’ through burning. Partial burns resulting from low residue loads or spatial 

dislocation of stubble, and leaching of labile C and nutrients from stubble between harvest and 

autumn burning (Amato et al., 1987) may also negate the relative losses associated with 

burning stubble. Therefore although stubble burning reduces C input (De-Bano and Conrad, 

1978), it is not surprising that negligible changes to total SOC content may result in this low 

production system when considered over extended time periods; since it compares the relative 

contribution of a small change in the amount of new crop residues (which are rapidly 

decomposing) to a very large, historically derived SOC pool. This is clearly demonstrated in 

Chapter 5 and 6, with no change in total soil organic C measured after 16 y of stubble retention 

versus stubble burning. This agrees with previous studies in a similar environment (Carter and 

Mele, 1992) and in some temperate systems (Powlson et al., 1987), but contrasts to other 

studies which have demonstrated increases in SOM-C associated with retaining stubble (Chan 

et al., 1992). Thus, to consider the effect of stubble burning on microbial processes and nutrient 

turnover it is more appropriate to distinguish changes in factors which influence biological 

processes, such as the short term flux of labile SOM pools (i.e. dissolved organic matter, light 
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fraction SOM) for which changes due to management may be more readily measured and which 

has been linked to N mineralisation in this environment (Cookson and Murphy, 2004; Cookson 

et al., 2005). The resulting difference in microbial biomass-C (MB-C) as a component of the 

‘labile’ or available pool of SOM is therefore likely to be a more sensitive indicator of changes in 

management practice compared to total SOM-C in retained versus burnt stubble treatments in 

both a temperate and semi-arid environment.  

 

Differences in organic matter inputs due to management factors such as crop rotation, burning 

and stubble handling are therefore likely to induce changes to C and N mineralisation via 

changes in the quality of C entering soil systems and cellulase activity. Cookson et al. (1998) 

suggest the influence of crop residues on microbial activity and N supply is influenced by 

residue quality and pre-conditioning of the microbial community resulting in the development of 

substrate-adapted microorganisms (Killham et al., 1988). Therefore cellulase function in burnt 

stubble treatments is likely to be constrained due to low amounts of fresh residue. Since β-

glucosidase activity is the rate limiting enzyme in the microbial degradation of cellulose to 

glucose (Alef and Nannipieri, 1995), an increase in β-glucosidase activity is likely to reflect 

greater C availability thus influencing biological turnover of N. However, contrary to previous 

research demonstrating reasonable seasonal stability in β-glucosidase activity (Bandick and 

Dick, 1999), sampling time significantly (P=0.05) influenced β-glucosidase indicating a possible 

C substrate limitation to activity caused by a depletion of fresh plant material (Caravaca et al., 

2002) in burnt stubble treatments. This suggests that the potential to mineralise OM in burnt 

stubble treatments is reduced compared to retained stubble treatments. Estimates of 

management induced changes in microbial and/or biochemical processes as a result of burning 

stubble were most apparent between July and September when rapid crop growth and 

development was likely to have influenced root exudation and hence C availability. 

 

7.9 Conclusions 
 Edaphic factors are likely to be rate limiting factors associated with biological activity 

and gross process rates across a range of soil types in this xeric environment. Differences in 

microbial response to the addition of glucose-C are likely attributable to differences in soil 

attributes such as SOM quality and quantity, and environmental factors influencing both 

diversity of microbes present and the frequency of food events. An increase in the utilisation of 

readily available C substrates such as glucose is associated with higher maintenance 

requirements (Scow, 1997) in microbial populations reflective of a non-C limited environment. 

This compares to a C limited environment (such as might be anticipated in a dry, low rainfall 

environment), in which cell size becomes smaller (Gottschal, 1992), microbial growth stops 

(resulting in lower maintenance requirements), and substrates are stored. This is reflected in a 

rapid activation of the microbial population on application of glucose-C to non-cellulose 

amended soil, prior to returning to a steady state level of activity not dissimilar to control soils. In 

cellulose amended soils, it appears as though there was an additional background stimulation of 

microorganisms metabolising cellulose which was different to those responding to the 

application of glucose. 
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Carbon limited environments may therefore result in a lower proportion of glucose being 

mineralised by microorganisms due to metabolic arrest (Morita, 1988), even though microbial 

assimilation of glucose remains rapid under C limited conditions (Bremer and Kuikman, 1994). 

This may partly explain the differences in microbial response to organic C substrates 

demonstrated in this study from those of De Nobili et al. (2001) and Mondini et al. (2006). For 

example, the availability of labile C sources such as root exudates and readily decomposing 

compounds from plant residues that are associated with greater mineralisation of added C 

substrates in non C-limited soils (Swift et al., 1979) is likely to be higher in European soils, 

compared to more rain limited environments, where under C limited conditions increased 

storage by microorganisms is more likely to be observed (Nguyen and Guckert, 2001).  

 

There was no evidence to suggest lower CO2-C evolution was associated with a decline in 

microbial biomass. This suggests a lower level of metabolic activity due to increased 

competition for C substrates or end product inhibition in treated soils compared to control soils. 

However, the microbial response to a wider, more diverse range of C compounds does suggest 

it is possible to induce a positive priming effect even in nutrient poor soils. This is consistent with 

conclusions of Hamer and Marschner (2002) suggesting that the response to substrate 

application based on soil properties is highly variable and unpredictable.  

 

Manipulation of the soil microbial biomass via molecular signals originating from the application 

of trace amounts of substrate could potentially be used in microbial bioremediation of 

contaminated sites, for degradation of waste materials, or as an accelerant for organic 

pesticides in the environment (Jannson et al., 2000; Romantschuk et al., 2000) if targeted 

stimulation of the biomass could be achieved. The success of these approaches is likely to be 

dependent on the isolation and identification of specific microorganisms known to accelerate 

pollutant breakdown, or via the adaptation of microbes through selective enrichment (Jannson 

et al., 2000). Biomarkers such as the luc and gfp genes which have been used successfully to 

trace the survival of specific bacteria for bioremediation of gasoline and chlorophenols (Jannson 

et al., 2000) may provide a means of monitoring the introduction and efficacy of triggers 

designed to stimulate specific groups of microorganisms. The application of suitable microbial 

bioremediation techniques in agriculture could decrease the residual effect of pesticides, as well 

as reduce the release of environmental pollutants. Theoretically, trigger molecules could also 

provide a possible control mechanism for pathogenic microorganisms in arable farming 

systems. These mechanisms include stimulating either targeted microorganisms that starve 

after depletion of a suitable substrate, or stimulating beneficial microorganisms that reduce the 

competitive ability of pathogens. Successful manipulation of the microbial biomass could also 

lead to greater synchrony between nutrient supply and plant demand in agricultural systems, by 

targeting specific functional groups and altering mineralisation and immobilisation turnover 

rates. Thus future research requires characterisation of the quality and quantity of C compounds 

exuded or lost from roots and their fate in soil (including spatial distribution) in relation to their 

influence on soil microorganisms. Detailed investigation of links between the organic chemistry 
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of substrates and microbial response patterns in arable soils, as well as the effects of variable 

soil moisture status in rainfall limited arable systems on microbial utilisation of C compounds is 

also required. The adoption of techniques (i.e. use of isotopic discrimination) to separate 

priming effects attributable to the addition of small amounts of substrate, and to determine the 

origin of relatively small changes in CO2-C measured against a very large background of CO2-C 

is essential. This may require the use of isotopically distinct microorganisms and substrates. 

Further investigation is required to determine the maintenance energy of specific populations in 

C limited environments, and determine the active fraction of the microbial biomass responding 

to a range of organic substrates. This might be achieved successfully using polymerase chain 

reaction (PCR) amplified 16S ribosomal DNA (rDNA) fingerprints generated using denaturing 

gradient gel electrophoresis (DGGE), RNA sequencing and the halogenated thymidine 

analogue bromodeoxyuridine (BrdU) tagging techniques currently used to estimate the active 

component (DNA synthesizing) of the soil biota through routine measurement of thymidine 

incorporation into bacterial DNA (Borneman, 1999; Artursson and Jansson, 2003). These 

approaches are required and can be used in soil microbial ecology to distinguish actively-

growing bacteria from those that comprise the total community. However, many of the potential 

applications are likely to require relatively specific triggers, requiring extensive screening of 

substrates within a laboratory and practical field application within an undisturbed soil 

environment which is subject to both a wide range of environmental and management 

influences.  
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