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ABSTRACT 

Seagrasses cover an estimated global area of 300 000 – 600 000 km2 and are crucial to the 

health of ecosystems of shallow coastal regions worldwide. Seagrass roots host a diverse 

microbiome that is considered critical for both their growth and survival. However, 

knowledge of the key microbial players and associated functions that underpin seagrass 

growth & survival is incomplete. This thesis seeks to generate new fundamental knowledge 

in seagrass-microbial interactions to i) understand how seagrasses are able to exist in habitats 

that are inhospitable to other plant life, and ii) drive development of novel microbial 

indicators for assessing seagrass health. I first characterised the structure of microbial 

communities associated with seagrass roots and bulk sediments and how these communities 

correlated to two dominant drivers of community structure - root exudation of carbon and 

nitrogen and radial oxygen loss. I used a multifarious approach combining imaging 

techniques (confocal fluorescence in situ hybridisation, oxygen planar optodes and sulphide 

diffusive gradients in thin films), with measurements of plant physiological responses and 

molecular sequencing of the associated microbial communities. By using this approach, I 

reveal that both root exudates and root oxygen loss play an essential role in shaping the 

structure of the root microbiome. I also highlight that seagrasses appear to ‘select’ for their 

microbiomes, and that these microbiomes confer adaptive advantages for their host in both 

nutrient acquisition and protection against phytotoxic sulphides in the sediment. I also 

emphasise the importance of above-ground light availability for seagrasses in regulating the 

structure of their root microbiomes, where light reduction can invoke a cascade of changes 

from alterations in root exudation and oxygen loss to a reduction in putative beneficial 

microorganisms. Finally, I combined this new knowledge with current management practices 

of seagrasses across two estuaries to develop microbial indicators for monitoring the health of 

seagrasses. These newly developed health indicators successfully identified sites of seagrass 

stress that other metrics failed to identify, thus highlighting their potential as powerful tools 

in adaptive management of seagrass systems. Overall, this thesis has generated much needed 

fundamental knowledge of important microscale interactions occurring between seagrass 

roots and associated microbes, as well as revealed key microbial players that may be central 

in enabling seagrasses to thrive in otherwise inhospitable environments to plant life.   
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CHAPTER I. 

 Introduction 
 

Seagrasses are a cosmopolitan group of flowering plants (~ 65 species) that have evolved to 

live completely submerged in the marine environment. Their extensive meadows support a 

wide range of biodiversity including economically important fish species and iconic 

megafauna (Heck, Hays & Orth 2003; Duffy 2006; Gillanders 2006), help stabilize sediments 

(Gracia et al. 2018) and have a key role in global carbon budgets through carbon burial and 

sequestration (Fourqurean et al. 2012a). Consequently, seagrasses are crucial to the health of 

ecosystems of shallow coastal regions worldwide. 

Today, seagrasses are challenged by multiple stressors arising from coastal development and 

climate change. These stressors have had a major impact on seagrasses worldwide. The loss 

of global seagrass area over the last century was estimated to be 29 %, with the net annual 

loss of seagrass cover around 6 % (Orth et al. 2006; Waycott et al. 2009). There is no doubt 

that we need to enhance our capacity to manage and protect these essential ecosystems from 

further declines as we move into a rapidly changing future.   

Digging deep to uncover novel and improved methods for seagrass 

management  
 

Management of seagrass meadows, particularly in the face of climate change, requires 

comprehensive understanding of seagrass resilience, which includes capacity to both 

withstand and recover from stressors. However, seagrass monitoring programs have largely 

focused on measurements of the above-ground stress responses of seagrasses (e.g. shoot 

density, % cover and biomass) (Marbà et al. 2013). Whilst this approach has been essential 

for detecting local and global declines in meadow extent (Cambridge et al. 1986; Kendrick et 



2 
 

al. 2002; Short et al. 2011), these traditional metrics are often not suitable for proactive 

intervention as seagrass mortality has already occurred.   

More recently, novel indicators for seagrass health have been developed which attempt to 

measure stress responses on shorter temporal scales (hours versus weeks) as a way of 

improving our response times to ecosystem disturbance. For example, molecular techniques 

such as transcriptomics of plant mRNA have shown short-term responses (minutes to hours) 

in expression of stress related genes after exposure of seagrasses to stressors such as changes 

in temperature (Franssen et al. 2011) and light availability (Davey et al. 2018), providing 

fast-responding indicators of stress (Davey et al. 2016).  

The rapid advancement of sequence technologies has also magnified the microbial world to 

an unprecedented level. Studies of the microbiome - incorporating the collective genomes of 

the microbes (composed of bacteria, bacteriophage, fungi, protozoa and viruses) that live in a 

particular ecosystem (e.g. sediment, human gut, surface of a leaf) – have enhanced our 

understanding of ecosystem functioning. This growing body of knowledge has led to renewed 

paradigms in microbial ecology for medical sciences (e.g. the human gut microbiome link to 

human health and disease) (Kau et al. 2011). However, there is a noticeable divide between 

the growing knowledge and ‘microbiome paradigm’ acceptance evident in the medical 

sciences and natural systems, including seagrasses. This is partly a consequence of the 

knowledge deficit in basic seagrass-microbial interactions that restricts understanding of the 

role of seagrass microbiomes and, ultimately, their ecological significance. By gaining deeper 

insights into seagrass-microbe interactions, we can build a more complete picture of seagrass 

microbiomes and ultimately reach for recognition of its importance for protecting these 

essential ecosystems.  
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The value of measuring and incorporating microbial diversity and community composition as 

an effective monitoring tool for aquatic ecosystems is becoming more broadly accepted with 

the emergence of the ‘holobiont’ concept (Vandenkoornhuyse et al. 2015). The holobiont 

concept is the theory that individual species (such as a seagrass) should be viewed as the 

combined expression of the species itself (or the host) and all its associated microbes 

(including all of their associated genes) (Guerrero, Margulis & Berlanga 2013). The 

holobiont concept has important implications for both monitoring and management, as it 

implies that the capacity of a species to both withstand and recover from stressors (i.e. its 

resilience) should also consider the resilience of its associated microbial community. For 

example, in symbiotic coral systems, health of corals is mediated by the composition and 

function of the host coral’s symbiotic partners (e.g. Symbiodinium) and that environmental 

stress can lead to a reduction in beneficial microbes and an increase in microbes commonly 

associated with diseased corals (Thurber et al. 2009). The holobiont concept has also been 

applied to understanding growth and vulnerability of macroalgae to disease, where bacteria 

have been found to be essential for the development of the algal host and for protection 

against pathogens (Egan et al. 2013). 

To reach this level of understanding and thus application of ‘holobiont’ theory for improved 

management of seagrasses, we must first break down this complex system into its smallest 

parts, an approach otherwise known as ‘dissection science’. For example, a simple starting 

point would be to uncover general patterns in microbial diversity and community 

composition among seagrass species and habitats. These findings could then be extended to 

link spatial and temporal patterns in microbial community assemblages with links to the 

physiological behaviour of the host; for example, shifts in root exudation patterns as a 

consequence of light availability. Such an approach thus necessitates uncovering the key 

mechanisms underpinning dominant plant-microbe as well as microbe-microbe interactions. 
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One key area that this could be applied is in the rhizosphere environment. Like terrestrial 

plants, the seagrass rhizosphere is a hotspot of geochemical activity where microbial growth 

and activity is stimulated and is an essential site for plant nutrient uptake (Ugarelli et al. 

2017). However, in contrast to the terrestrial rhizosphere, the seagrass rhizosphere is highly 

reduced and anoxic and sulphides can accumulate to toxic levels, threatening the survival of 

the plant (Calleja, Marbà & Duarte 2007; Holmer et al. 2017). Hence the seagrass 

rhizosphere is a critical environment to determine important seagrass-microbe interactions 

that are likely to be key in mediating seagrass health and survival through both nutrient 

acquisition and protection from unhealthy sediment conditions.  

Getting to the root of the issue: drivers of seagrass root microbiome 

composition 

The belowground tissue of seagrasses (roots and rhizomes) functions both in anchorage and 

in nutrient acquisition. As in terrestrial plants, seagrass rhizospheres are considered 

‘hotspots’ of microbial activity, in which microbial populations grow to a greater size and 

metabolic potential than in the surrounding soil (Ugarelli et al. 2017). Despite increased 

microbial activity, these populations are typically less diverse than the surrounding soil due 

to the selective forces from the plant (Aravindraja, Viszwapriya & Karutha Pandian 2013; 

Ettinger et al. 2017b). The root microbiome of seagrass rhizospheres comprises bacteria, 

archaea, fungi, micro-algae and viruses. Although some of these microbes have a pathogenic 

relationship with seagrasses, undoubtedly, the largest benefit that microbes provide for plant 

health is through the cycling of organic matter and their influence on the supply of nutrients 

in the rhizosphere (Duarte, Holmer & Marba 2005). For example, up to 81% of the 

phosphorus incorporated by the seagrass Cymodocea rotundata from an intertidal sand flat 

in Thailand was estimated to be supplied by the mineralization of organic matter by 

microbes (Holmer et al. 2001).  
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Seagrass roots create a selective environment by physical modification of the sediment 

through stabilisation of its structure, which creates a habitat for macro-invertebrates and 

provides a site for microbial attachment (Hemminga 1998). Seagrasses also chemically 

modify their environment through root exudation (including of labile carbon deposits, but 

also sloughing cells and degrading root tissue) and the leakage of oxygen from belowground 

tissues (Jovanovic et al. 2015). These chemical modifications are likely two explanations for 

the tight coupling between microbial activity and seagrass productivity that is observed 

through diel cycles and through the seasons, and are probable strong determinants of seagrass 

rhizosphere/root microbiome community structure (Welsh et al. 1996). Another strong 

determinant of microbial community structure is the anoxic condition of the sediments that 

seagrasses colonise. Hence the leakage of oxygen from belowground seagrass tissues creates 

a steep redox gradient in the rhizosphere that would be expected to greatly influence the 

microbial community structure on the micro-scale. However, the influence of both seagrass 

root oxygen loss and root exudation of carbon and nitrogen on the microbial community 

structure has yet to be explored in great detail. A better understanding of the drivers that 

shape the composition of root microbiomes is an essential first step for development of 

microbial indicators of seagrass health status, but also for estimating the ecological 

consequences if and when changes in the microbiome occur.  

Feeding the masses- seagrass root exudation 

 

In general, seagrass ecosystems are highly productive systems, contributing an estimated 1.13 

% of the net global marine ecosystem productivity and provide significant deposition of 

organic matter to the belowground sediments (Barrón & Duarte 2009; Fourqurean et al. 

2012b; Barrón et al. 2014; Wang et al. 2014). This organic matter may be deposited as 

sloughed cells, mucilage and/or degrading root tissue. However, it is the easily degradable 

(labile) low molecular weight (< 500 g mol-1) root exudates, such as carbohydrates, amino 



6 
 

acids and carboxylates that are often considered central to microbial community dynamics 

and nutrient cycling (Donnelly & Herbert 1999). It has been estimated that 3 - 15 % of 

photosynthetically derived carbon in seagrass meadows may be deposited to the sediment as 

dissolved organic carbon (Holmer et al. 2001; Moriarty et al. 1986; Penhale & Smith 1977; 

Brylinsky 1977; Wetzel & Penhale 1979); this presents a significant carbon source to the root 

microbial community (Finzi et al. 2015). Seagrass root exudates have been postulated to 

enhance rates of sulphate reduction (Blaabjerg & Finster 1998; Boschker et al. 2000), and 

nitrogen fixation (Capone 1982; Hansen et al. 2000; Welsh 2000) and cause a general 

increase in microbial activity and biomass in seagrass sediments (Holmer et al. 2001; Jones, 

Cifuentes & Kaldy 2003; Kilminster & Garland 2009). Nonetheless, definitive and 

quantitative information on seagrass root exudation rates, characterisation of exudates and the 

influence of exudates on the root microbiome (activity and composition) is lacking, in part 

due to the difficulties in the collection and analysis of seagrass root exudates. As such, the 

exudation of dissolved organic matter in seagrass sediments is typically measured as 

concentration of dissolved organ carbon (DOC) released per unit of root mass or root area 

(Table 1.1). Rates of DOC release range from 1.2 - 31.6 µmol DOC g-1 dry weight h-1 and 

vary considerably among species and systems, as well as the methods used (Table 1.1). 
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Table 1.1. Summary of existing estimates of release of dissolved organic matter from 

seagrass roots. 

Species Exudates % of 

primary 

production 

Experimental details Reference 

Cymodocea 

rotundata 

15.1 - 30.3 µmol 

DOC g-1 DW root h-1 

 

7 % 14C tracer in two-

compartment chamber. 

Analysis of water 

sample collected from 

roots in anoxic 

seawater 

 

Holmer et 

al. (2001) 

Thalassia 

hemprichii 

5.4 - 14.4 µmol 

DOC g-1 DW root h-1 

5 % 

Thalassia 

testudinum 

28 - 31.6 µmol L-1 of 

total organic acids 

NA Roots enclosed by 

dialysis tubing in the 

field 

Long et al. 

(2008) 

Zostera 

marina 

0.208-2.08 nmol g-1 

DW root h-1 

NA Analysis of water 

sample from root 

chamber 

Wood & 

Hayasaka 

(1981) 

Zostera 

marina 

0.024 - 0.045 mg C 

g-1 DW h-1 

0.9 - 2.6 % Analysis of water 

sample from roots in 

oxic water  

Kaldy 

(2012) 

 

In terrestrial plants, several factors can influence exudation rates, including both biotic (e.g. 

plant species, growth stage, competition, root morphology) and abiotic (e.g. nutrient 

concentrations, CO2 concentration, temperature) (Rovira 1959; Badri & Vivanco 2009). For 

example, root exudation in terrestrial plants is characteristically higher at the root tips and 

where roots are covered in dense hairs than in other parts of the root system (Shane & 

Lambers 2005; Badri & Vivanco 2009). This level of information is lacking for seagrasses, 

but given the potential importance of roots exudates as a driver in root microbial composition 

and activity, this needs to be addressed.  

Breathing underwater – radial oxygen loss 

 
Seagrasses generally colonise sediments that are highly reduced and anoxic (Terrados et al. 

1999). Consequently, seagrasses must face the constant problem of meeting the oxygen 
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demand of their belowground tissues in order to prevent damaging tissue anoxia and to 

prevent intrusion of toxic metabolites from the sediment (e.g. H2S) (Pedersen et al. 1998; 

Borum et al. 2005). To help meet the oxygen demand of their belowground tissues in these 

anoxic sediments, seagrasses have an extensive aerenchyma system (gas filled channels) that 

enables rapid oxygen diffusion from the shoots to belowground tissue to fuel root and 

rhizome respiration (Kuo 1993; Connell, Colmer & Walker 1999). Some of the oxygen that 

reaches the belowground tissue is also lost to the rhizosphere, which is termed as ‘radial 

oxygen loss (ROL)’ (Connell et al. 1999; Greve, Borum & Pedersen 2003; Pedersen, Binzer 

& Borum 2004). The extent of ROL is dependent upon the oxygen supply from the shoots 

(including photosynthetic efficiency, plant metabolism and water column oxygen 

concentration) as well as the anatomy (e.g. presence of casparian strips and suberin in 

hypodermal cells) and morphology of the roots (Smith, Dennison & Alberte 1984; Barnabas 

1996). Radial oxygen loss from seagrass roots and rhizomes has been shown to extend up to 

500 µm from actively growing regions of underground tissue, but this is dependent upon both 

light availability and the oxygen concentration in the water column (Table 1.2) (Pedersen et 

al. 1998; Sand-Jensen, Borum & Binzer 2005).  
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Table 1.2. Summary of existing estimates of ROL from belowground tissue in seagrass 

species  

Species 

Max 

ROL 

light 

Max 

ROL 

dark 

Max ROL 

anoxia (< 

50 % air 

saturation) 

Experimental conditions Reference 

Cymodocea 

rotundata 

5.25 

µmol 

O2 m
-

2 root 

h-1 

2.28 

µmol O2 

m-2 root 

h-1 NA 

Measured with 

microelectrodes in beakers 

with sediment 

Pedersen et 

al. (1998) 

Halophila 

ovalis 

98 ng 

cm-2 

min-1  

9 ng cm-2 

min-1  NA 

 

Measured at root tip with 

root sleeving platinum 

electrodes. Grown in 

artificial anoxic media. 

Connell et 

al. (1999) 

 

 

Halophila 

ovalis 

650 

nmol 

O2 

cm-2 

h-1  

106 nmol 

O2 cm-2 

h-1  0 

 

Measured at root-shoot 

junction with 

microelectrodes and planar 

optodes. Grown in artificial 

anoxic media.  
Brodersen 

et al. 

(2014a) 

Zostera 

muelleri 

 

300 

nmol 

O2 

cm-2 

h-1 

 105 

nmol O2 

cm-2 h-1  

0 

Zostera 

muelleri 

  

500 

nmol 

O2  

cm-2 

h-1 

 

200 nmol 

O2 cm-2 

h-1  

4 nmol O2 

cm-2 h-1  

 

Measured from basal leaf 

sheath with microelectrodes. 

Grown in artificial anoxic 

media. 

Brodersen 

et al. 

(2014b) 

Zostera 

marina 

8.81 

nmol 

h-1  

3.4 nmol 

h-1  0 

 

Measured from root tip 

using planar optodes in 

sediment 

Frederiksen 

et al. 

(2006) 

Zostera 

marina 

 

0.66 

nmol 

O2  

mg-1 

DW 

h-1  

0.16 

nmol O2 

mg-1 DW 

h-1  0 Measured from root tip 

using planar optodes in 

sediments. Plants were 

seedlings.  

Jovanovic 

et al. 

(2015) 

Ruppia 

maritima 

 

0.78 

nmol 

0.30 

nmol O2 0 
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O2 

mg-1 

DW 

h-1  

mg-1 DW 

h-1  

Zostera 

marina 

152.7 

nmol 

O2 

cm-2 

h-1  

0.8 nmol 

O2 cm-2 

h-1  NA 

Measured from root tip with 

microelectrodes. Grown in 

artificial anoxic media. 

Brodersen 

et al. 

(2015) 

Zostera 

marina 

350 

nmol 

O2 

cm-2 

h-1 NA NA 

 

Measured from root-

rhizome junction with 

microelectrodes in split flow 

chamber with underground 

tissue in low oxygen water 

Caffrey & 

Kemp 

(1991) 

Zostera 

marina 

36 

nmol 

O2 

cm-2 

h-1 

16.2 

nmol O2 

cm-2 h-1 NA 

Measured from root tip with 

microelectrodes and planar 

optodes in sediment 

Jensen et 

al. (2005) 

 

 

Once oxygen has leaked into the rhizosphere, it may act as an ‘oxic micro-shield’, in which 

reduced sulphides are oxidised into non-toxic states before they are taken up by the plant 

roots. For example, Brodersen et al. (2014a; b) showed that ROL from Zostera muelleri 

corresponded to a reduction in sulphide in the immediate rhizosphere. The loss of oxygen 

from seagrass roots may also influence the microbial processes occurring in the rhizosphere, 

whereby oxygen-consuming microbes are likely to occupy the region closest to the region of 

ROL, followed by microbes reflecting sequential change in terminal acceptors (i.e O2 > NOx 

> Mn4+ > Fe3+ > SO4
2- > CO2).  

Whilst the oxygen profile of several species of seagrass has been examined under varying 

water oxygen concentrations and light availabilities (Table 1.2), there are currently no data on 

the influence of ROL on the activity and the spatial arrangement of the microbial 

communities in, on or around roots. Using estimates gained from oxygen micro-electrodes 

and assuming an oxic zone of 80 µm and a root diameter of 1 mm, Pedersen et al. (1998) 
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estimated that the seagrass Cymodocea rotundata was only capable of oxygenating 0.5 % of 

the sediment under a seagrass bed. However, when considering the rhizosphere (up to 1 mm), 

the effects will likely be significant, particularly as it coincides with areas of organic matter 

exudation. 

One especially important effect of ROL on the root microbiome relevant for seagrass health 

is its potential to impact activity and colonisation of sulphate reducing bacteria (SRB) and 

sulphide oxidising bacteria (SOB). Some SRB have shown behavioural responses to oxygen 

exposure, either migrating away from oxygen, or by forming cell aggregations, whilst others 

have been shown to be capable of oxygen reduction via various electron donors including H2, 

acetate, ethanol, lactate, formate and butyrate (Dannenberg et al. 1992; Sass et al. 2002). 

Using a combination of CARD-FISH and NanoSIMS, Fike et al. (2008) found the SRB 

communities in saline microbial mats to aggregate around the oxic-anoxic zone which they 

hypothesised was due to acquisition of photosynthates from the aerobic microbes at the cost 

of oxygen stress. Presumably, the same could be expected for seagrass, where the SRB are 

benefiting from the presence of the root derived carbon at the expense of oxygen exposure. 

Radial oxygen loss may also serve as an electron donor for SOB in an otherwise anoxic 

environment. Bacterial-mediated re-oxidation of sulphide is 1000 – 100 000 times faster than 

abiotic re-oxidation (Luther et al. 2011), which would equate to a half-life of one hour for 

abiotic sulphide re-oxidation in comparison to less than a second for bacterial-mediated 

oxidation (Jorgensen & Revsbech 1983; Engel et al. 2004). Hence, the presence of SOB in 

seagrass rhizospheres would be an obvious advantage for seagrass survival in sulphidic 

sediments. Previously, the sulphur oxidising Beggiatoa was found to significantly reduce H2S 

concentration around the roots of flooded rice seedlings (Joshi & Hollis 1976). Additionally, 

the presence of SOB inside the gills of Lucinid clams have also been linked to a decrease in 

sulphide concentrations of seagrass sediments (van der Heide et al. 2012). However, the 
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potential of particular groups of microbes to mediate the vulnerability to seagrass sulphide 

intrusion has not yet been explored, in spite of the fundamental role that microbes play in 

controlling the forms and concentrations of sulphur compounds in sediments. 

Objectives and organisation of this thesis 

The broad aim of this thesis is to generate new knowledge on seagrass microbiomes in order 

to i) understand the role of microbes in aiding seagrass survival, and ii) drive development of 

novel microbial indicators for monitoring seagrass health and improve management. 

Specifically I sought to: 

 Establish what microbial communities are associated with seagrasses and how 

they correlate to physiological drivers from the plant roots (root exudates and 

oxygen loss). 

 Identify key microbial taxa and putative functions that are central to seagrass 

survival. 

 Develop microbial indicators for monitoring seagrass stress.  

To achieve this, I used a novel multifarious approach combining imaging techniques with 

plant physiology and molecular sequencing across scales (um – cm – km) and multiple 

seagrass species. The overarching structure of this thesis and the different methods and 

approaches used to address the above aims are summarised conceptually in Figure 1.1.  
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 Figure 1.1. Thesis approach and chapter overview. Chapters II – IV examine the drivers of 

the root microbiome. Specifically, Chapters II and III examine the effects of light reduction 

on root exudation and the root microbiome, while Chapter IV examines the spatial patterns of 

oxygen loss from roots in relation to the spatial arrangement of sulphur-cycling microbes. 

Chapter V aims to build on knowledge gained in Chapters II-IV to develop microbial 

indicators for assessing seagrass health across two estuaries; one of which experienced an 

extreme weather event. The scale and seagrass species used for each chapter are listed in each 

panel.   
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This research is presented as a series of papers as such, some repetition is unavoidable. Each 

paper has been prepared with a different journal in mind but style has been modified 

throughout for coherence.  

Chapter II provides much needed estimates of carbon and nitrogen exudation by seagrass 

roots from three colonising seagrass species; Halophila ovalis, Cymodocea serrulata and 

Halodule uninervis, and explores the effect of long-term (6 weeks) light reduction and 

subsequent recovery (4 weeks) on root exudation. 

Chapter III explores the effect of short-term (2 weeks) light reduction on root exudation of 

Halophila ovalis, Cymodocea serrulata and Halodule uninervis and its subsequent influence 

on the root microbiome. For both chapters II and III, I employ excitation-emission matrix 

(EEM) spectroscopy combined with parallel factor analysis (PARAFAC) to characterise 

seagrass root exudates. EEM-PARAFAC is considered at the forefront of DOM fluorescence 

techniques and continues to be improved through advances in technology (Hudson, Baker & 

Reynolds 2007).  

Chapter IV explores accepted theories of seagrass oxygen dynamics and radial oxygen loss, 

and generates new knowledge on the influence of oxygen lost to the rhizosphere on root 

microbiomes and seagrass health. Specifically, Chapter IV employs oxygen planar optodes in 

microcosms to measure oxygen dynamics in the seagrass rhizosphere of Halophila ovalis and 

Zostera muelleri. Whilst the use of micro-electrodes and micro-optodes have been used 

successfully to map oxygen dynamics across various regions of seagrass root and rhizome 

tissue (Pedersen et al. 1998; Connell et al. 1999; Brodersen et al. 2014b), within seagrass 

tissue (Greve et al. 2003; Raun & Borum 2013) and have also been used in the field (Greve et 

al. 2003), it is often difficult to gain precise placement of micro-electrodes to the surface of 

roots and rhizomes. The use of oxygen planar optodes circumvents this problem by 
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measuring oxygen dynamics in situ across a 2D plane, hence proving a picture of the spatial 

dynamics of oxygen in the rhizosphere without disturbing the sediment redox conditions. The 

added benefit of this approach is that oxygen optodes can be combined with a diffusive 

gradient in thin films (DGT) of sulphide to simultaneously obtain a 2D picture of oxygen and 

sulphide concentrations in seagrass rhizospheres. Chapter IV also combines these optode 

images with microscopic images of bacterial colonisation using fluorescence in situ 

hybridisation (FISH).  

Chapter V combines knowledge from all proceeding chapters to develop microbial indicators 

for use in monitoring the health of estuarine seagrasses. To achieve this, analysis of 

seagrasses (Halophila ovalis) root microbiomes are combined with traditional seagrass health 

metrics collected across two estuary systems, one of which experienced a large 

environmental disturbance. This approach enables the identification of both a “core” 

microbiome (i.e. microbes that were enriched in roots across all sites and estuaries), as well 

as “indicator” microbes (i.e. microbes that were associated with healthy and stressed states of 

seagrasses).  

For all chapters involving microbiome analysis, 16S rRNA sequencing was chosen due to the 

relatively well curated 16S rRNA databases, cheaper sequencing costs than shotgun 

metagenomics ($60 AUD for amplicon sequencing per sample versus $200-500 AUD for 

shotgun metagenomics for per sample) and simpler data interpretation – all of which increase 

its potential to be used as an actual management tool in the future. To be consistent and 

enable fair comparisons in methodology between all chapters, the same DNA extraction 

protocols, primers (V3/V4), and sequencing technology (Illumina MiSeq; Nextera XT v2 

indices and 300 bp paired end) are used throughout.  
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CHAPTER II. 

Colonising tropical seagrasses increase root exudation under fluctuating and 

continuous low light 

Belinda C. Martin, John Statton, Andre R. Siebers, Pauline F. Grierson, Megan H. Ryan, 

Gary A. Kendrick 

 

1This work has been formatted according to Limnology and Oceanography and published as: Martin 

BC, Statton J, Siebers AR, Grierson PF, Ryan MH, Kendrick GA. Colonizing tropical seagrasses 

increase root exudation under fluctuating and continuous low light. Limnology and Oceanography 

2017; 63: 381-391 

 

Abstract 

While light availability plays a critical role in seagrass growth and distribution, there is 

limited understanding of how changes in light exposure impact belowground processes. We 

investigated the effect of prolonged and fluctuating reductions in light on root growth and 

exudation by three colonizing seagrasses: Cymodocea serrulata, Halophila ovalis and 

Halodule uninervis. Seagrasses were grown in mesocosms under continuous full light 

(control), under continuous light reduction (medium or low), or under fluctuating light (10 

days of low and four days of high light, repeated three times). Plants were harvested (i) six 

weeks after light treatments (impact), and (ii) after an additional four weeks of continuous 

full light (recovery). Root exudates were collected from trap solutions and measured for 

dissolved organic carbon (DOC), total dissolved nitrogen (TDN), and dissolved organic 

matter (DOM) excitation/emission fluorescence spectroscopy. Root biomass decreased in all 

shading treatments. The most notable impact of light treatment was an increase in root 

exudation of DOC, protein-like DOM and humic-like DOM under fluctuating light for all 

species. After four weeks of recovery, exudation of DOC, and protein-like DOM observed 

under fluctuating light returned to the control light levels. However exudation of DOC and 

protein-like DOM by H. ovalis grown in continuous low light remained greater than the 
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control, likely due to root death. This study suggests the belowground environment of 

seagrasses is sensitive to light reduction. Monitoring changes in root exudation of seagrasses 

can provide an effective and rapid method to assess light stress and short-term recovery of 

seagrasses.  

Introduction 

Tropical marine systems are dynamic environments that experience transient periods of light 

reduction from sediment re-suspension caused by storms and cyclones, prevailing winds and 

tides, and riverine inputs (Collier, Waycott & McKenzie 2012a). Seagrasses inhabiting these 

systems have therefore adapted to short-term reductions in light by balancing respiratory 

requirements with carbon supply via a cascade of physiological adaptations (e.g. photo 

chemical and metabolic shifts) and morphological adaptations (e.g. increased shoot:root 

biomass) (Ralph et al. 2007). However, in nearshore coastal waters, seagrasses are frequently 

exposed to additional reductions in light availability owing to increased turbidity associated 

with higher sediment and nutrient loads from coastal development and dredging (Ralph et al. 

2006). Prolonged reduction in light availability (> 30 days) can result in meadow-scale 

changes in morphology, percent cover and community composition as susceptible species 

die-off (Collier et al. 2012a; Collier, Waycott & Ospina 2012b). Sediment plumes from 

dredging operations also result in a cycle of sediment re-suspension and settlement, thus 

exposing seagrass to multiple shading events. However, the impact of these cycles of 

fluctuating low and full light on seagrass survival has not been rigorously tested. Further, the 

impacts of altered light conditions in the water column on belowground functioning, 

including root growth and exudate production, and how these may vary among species, are 

largely unknown. 
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Seagrasses are unique among autotrophic marine organisms in that aboveground production 

is inextricably linked with sediment biogeochemical processes via root exudation and 

deposition of cellular debris into the rhizosphere (Holmer et al. 2001). Root exudates are 

considered to be a central component in the provision of carbon sources to microbial 

communities in the rhizosphere of most plants (Alegria Terrazas et al. 2016; Dijkstra et al. 

2017). In seagrasses, exudates might thus be considered the primary fuel for mineralization 

processes close to the root surface that generate additional nutrients for growth (Holmer & 

Nielsen 1997; Welsh 2000). Plant production of root exudates is largely dependent upon the 

photosynthetic activity and metabolism of aboveground components (Badri & Vivanco 2009; 

Gavrichkova & Kuzyakov 2017). For example, high light intensity increased exudation of 

citrate from cluster roots of white lupin (Cheng et al. 2014) and root exudation in both maize 

and wheat exhibited diurnal patterns in concentration and composition (Kuzyakov et al. 

2003; Oburger et al. 2014). However, recent 14C shoot labelling of maize plants also revealed 

that photosynthesis affected root and rhizomicrobial respiration on variable time-scales with 

the authors concluding that rhizomicrobial respiration may depend on internal circadian 

cycles regulating exudation rather than on light directly (Gavrichkova & Kuzyakov 2017). In 

contrast to most terrestrial plants, seagrasses grow in submerged environments and are faced 

with the constant challenge of providing sufficient oxygen to belowground tissues (Greve et 

al. 2003; Pedersen et al. 2016). Consequently, if light is inadequate for photosynthesis to 

supply this oxygen, low light availability might also increase root exudation due to the 

release of toxic metabolites (e.g. ethanol) from anoxic roots (Smith, Pregnall & Alberte 

1988). In terrestrial plants, metabolic shifts and changes in energy availability under hypoxia 

and anoxia may also impair ion transport across the root membrane, potentially making roots 

more susceptible to leakage (Rittenhouse & Hale 1971; Shabala et al. 2014). Thus, for 

seagrasses, continuous and fluctuating reductions in light availability can be expected to both 
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directly and indirectly influence the composition and/or quantity of root exudates and overall 

release of dissolved organic carbon (DOC) and dissolved organic matter (DOM) into the 

rhizosphere. However, the quantities and composition of root exudates produced by seagrass 

and how these may vary among species and in response to changing environmental 

conditions, are largely unknown. As exudates are considered essential to microbial 

metabolism and for nutrient regeneration in sediments, disentangling the differential 

belowground responses among species to a range of light conditions is fundamental to 

appraising their vulnerability to activities that are likely to reduce light and impact seagrass 

ecosystems. 

This study sought to determine whether the rate of production and composition of root 

exudates of three tropical seagrasses, Cymodocea serrulata, Halophila ovalis and Halodule 

uninervis, are impacted by continuous and fluctuating reductions in light availability. We also 

sought to assess capacity of these three species to recover from stress associated with low 

light. All three species are considered colonising and fast-growing seagrasses with a rapid 

ability to recover following light stress relative to larger longer lived temperate seagrass 

species (e.g. Posidonia spp.) (Kilminster et al. 2015). However, of the three species, 

Halophila ovalis is considered to have the lowest physiological resistance to disturbance, but 

the fastest ability to recover, followed by Halodule uninervis and lastly Cymodocea serrulata 

(Kilminster et al. 2015). Given the differences in their response and recovery to disturbance, 

we expected that the rate and composition of root exudation would be altered by declines in 

light availability, both under continuous and fluctuating treatments, and that the response and 

recovery in root exudation would be species specific. 

Methods 

Site description, seagrass collection and mesocosms 
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Seagrass species were collected from Useless Loop in Shark Bay, Western Australia, in May 

2015 (-26°07' S 113°24' E). Shark Bay is a shallow subtropical embayment partly separated 

from the Indian Ocean by extensive sand banks and has a characteristic hyper-salinity 

gradient that ranges from ~36 psu in the north to 50-60 psu in the south (Kendrick et al. 

2012). 

Ramets with apical shoots of Cymodocea serrulata, Halophila ovalis and Halodule uninervis 

were collected using SCUBA from depths of between 2 and 5 m. Plants were kept in 

insulated boxes under constant aeration and transported back to aquaculture facilities at The 

University of Western Australia in Perth, 850 km south of Shark Bay. Seagrasses were 

pruned to five shoots and all roots removed to ensure new root growth and to avoid necrosis 

before being planted into pots submerged in 1,800 L tanks. As these species naturally grow as 

a mixed meadow in the sampling site, three replicates of each species were planted into each 

pot to emulate a mixed meadow (i.e., nine plants per pot). Siliceous river sand mixed with 1.5 

% dry weight of beach wrack (dried and ground seagrass leaves) was used as the seagrass 

sediment as this has been previously shown to benefit the growth of seagrass seedlings 

(Statton et al. 2013). The sediment had a CaCO3 content of 3.33 %, a porosity of 46.36 % and 

a bulk density of 1.52 g cm-3. A composite sample of sediment taken from all treatments at 

the end of the experiment contained 1 mg kg-1 of NH4-N and < 1 mg kg-1 of NO3-N, < 1 mg 

kg-1 of bicarbonate-extractable P and 136 mg kg-1 of bicarbonate-extractable K, 274 mg kg-1 

of KCl-extractable S and 0.11 % organic C (analysed by Wesfarmers Chemicals Energy & 

Fertilisers; Bibra Lake, WA).  

Each tank operated as a separate recirculating system with filtered (25 µm) seawater (~35 

psu) and was held at a constant temperature of 26 °C. One quarter of the seawater in each 

tank was exchanged every two weeks throughout the experimental period to prevent carbon 
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or nutrient limitation to seagrass growth. Plants were acclimated to tank conditions for two 

months (May-June; start of austral winter) prior to commencement of the experiment. 

Experimental design 

To test the effect of continuous and fluctuating light reduction on root exudation, we 

implemented a factorial design consisting of three species grown under four light treatments 

(full continuous light of 8 moles photons m-2 day-1, medium continuous light of ~ 4 moles 

photons m-2 day-1, low continuous light of ~ 2 moles photons m-2 day-1, and fluctuating light 

applied as a repeated sequence of 10 days at low light followed by four days at full light, 

Table 2.1). Light treatments were imposed using ambient light and shade cloth that covered 

the tanks. Each treatment-species combination was replicated six times. Half of the plants 

(three replicates) were harvested six weeks after the commencement of the light treatments 

(impact) and the remaining half at four weeks after shade cloths had been removed and light 

levels returned to full continuous light (recovery). Light levels were monitored throughout 

the experiment using photosynthetically active radiation (PAR) cosine collectors (Onset 

Hobo PAR sensors attached to a HOBO micro-station logger). 
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Table 2.1 Average daily photosynthetically active radiation (PAR) and total PAR in the four 

light treatments sampled at the end of the light impact phase and at the end of the light 

recovery phase. Average daily PAR (moles photons m-2 day-1) is the average daily PAR for 

the experimental phase (± 1 s.e) and total PAR (moles of photons) is the sum of light received 

during the experimental phase. Light levels had increased in the control by the recovery 

phase due to longer day lengths and higher light intensity with the oncoming Austral Spring.   

Harvest time PAR Control Medium Low Fluctuating 

Light impact         

(6 weeks) 

 

Average daily 

PAR  

8.76 (0.41) 3.91 (0.24) 2.23 (0.27) 3.84 (0.61) 

Total PAR  368 164 94 161 

Light 

recovery (6 

weeks + 4 

weeks 

recovery) 

Average daily 

PAR  

14.01 (0.66) 14.87 

(0.69) 

12.62 

(0.59) 

13.68 (0.65) 

Total PAR  392 416 353 383 

 

Root exudate collection 

Root exudates were collected at each harvest. Plants were first removed from the sediment 

and the roots gently washed clean of adhering sediment particles using a sterile artificial 

seawater solution (~ 35 psu). The roots were then threaded through small holes in a 

polyethylene barrier to separate them from rhizome and shoot tissue, and placed in 50 mL of 

filtered sterilized artificial seawater trap solution (~ 35 psu) for a total of 20 minutes (Fig. 

2.1). This exudate collection method was based on trap solutions employed in terrestrial plant 

literature where exudates are collected over one to six hours (Tu, Ma & Luongo 2004; 
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Neumann, George & Plassard 2009; Wu et al. 2012). We modified this method for use in 

seawater (to prevent osmotic shock) and shortened the incubation time to 20 minutes to 

ensure sufficient quantity of root exudates while limiting microbial degradation of exudates 

as well plant physiological changes. See Supplementary information for composition of the 

artificial seawater trap solution and photographs of the exudate collection set-up. The entire 

trap solution was filtered through a 0.2 µm syringe filter and stored at 4 °C. Plants were then 

separated into shoots and roots, dried at 60 ° C for 72 hours and weighed. 

 

 Figure 2.1. Schematic drawing of the exudate collector. The roots were threaded through 

small holes into the belowground chamber which contained 50 mL of sterile seawater 

solution where exudates that accumulated over 20 minutes were collected.  

 

Characterisation of root exudates 

The trap solution was analysed for dissolved organic carbon (DOC), total dissolved nitrogen 

(TDN) concentrations and dissolved organic matter (DOM) fluorescence within two weeks of 

collection. Concentrations of DOC and TDN in the trap solution were determined by high 

temperature catalytic oxidation on a Shimadzu TOC-V total carbon and total nitrogen 
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analyser (Shimadzu, Columbia, Maryland, USA). Samples were first acidified with HCl and 

concentrations were determined using an eight point calibration curve with a DOC and TDN 

standard. A blank and standard check was performed every 20 samples. All DOC and TDN 

concentrations are the mean of between three and five replicate injections that had a variance 

of < 3 %. 

Fluorescence excitation-emission matrix (EEM) spectroscopy in combination with parallel 

factor analysis (PARAFAC) was used to determine chemical characteristics of the dissolved 

organic matter (DOM) in the trap solution. PARAFAC-EEM allows the identification of 

particular fluorophores in a mixture (e.g. humic or fulvic compounds, tyrosine and 

tryptophan) based on peaks in fluorescence intensity (Stedmon & Bro 2008; Murphy et al. 

2013). Samples were first warmed to room temperature and absorbance measured at 254 nm 

within a 1 cm quartz cuvette. Samples were diluted when optical density was > 0.05 nm to 

correct for inner filter effects (Green & Blough 1994). Fluorescence EEMs were measured 

and recorded using a Varian Cary Eclipse fluorometer (Varian Inc., Mulgrave, VIC, 

Australia). Fluorescence intensity was measured across emission wavelengths ranging from 

300 to 600 nm (2 nm increments) and excitation wavelengths ranging from 240 to 540 nm (5 

nm increments). Excitation and emission slit widths were 5 nm and the photomultiplier tube 

voltage was set to 725 V. All EEMs were blank subtracted and Ramen normalised, using the 

area under the water Raman peak at the excitation wavelength of 350 nm for the blank 

artificial seawater solution. EEMs were also corrected for instrument bias using files 

provided by Varian, and normalised by their maximum fluorescence values prior to 

PARAFAC modelling to reduce the influence of highly concentrated samples. PARAFAC 

was used to model major components of EEMs using the DOMFluor toolbox (version 1.7) 

and the N-way Toolbox (version 3.1) in MATLAB (version 8.5.0.197613) following 

procedures outlined in Stedmon and Bro (2008). The total number of EEMs used in the 
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model was 104, each representing a single sample. A split-half analysis validated PARAFAC 

model identified a total of five fluorescent components. These components are reported as 

maximum fluorescence intensity of each component (Fmax) in each sample, at the same scale 

as the original EEMs (Raman Units). 

Data analysis 

The main effects of light treatment on seagrass biomass (root and shoot) were evaluated 

individually for each seagrass species per harvest period using a one-way ANOVA with tank 

position included as a blocking term. The main effects of light treatment on root exudates 

(DOC, TDN, and PARAFAC components) were evaluated at each of the harvest times with a 

two-way ANOVA, where light treatment and species (and their possible interaction) were 

treated as fixed factors, and tank position included as a blocking term. Tukey’s HSD tests 

were performed to determine which of the means were significantly different when 

significant main effects were found. Data were log or square root transformed to achieve 

normality when required. All statistical analysis were carried out in R studio (version 

0.99.902). 

Results 

Seagrass biomass response and recovery to light treatments 

In general, root biomass of all three seagrass species was lower when grown in reduced light 

compared to the full light control (Fig. 2.2). With the exception of the species Halodule 

uninervis, plants that were grown at the lowest light treatment (L) showed the greatest 

reduction in root biomass (Fig. 2.2). In contrast, shoot biomass was only reduced in the low 

light treatment for H. uninervis, and this only occurred at the end of the recovery period (Fig. 

2.2).  
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The low root biomass observed in all species under low and fluctuating light persisted after 

the recovery phase, although the moderate light treatments did not differ from the control 

(Fig. 2.2).  
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Figure 2.2. Shoot and root biomass for three species of seagrass grown for six weeks under 

four light treatments, control (C), medium (M), low (L) and fluctuating (Fluc) light (10 days 

low, 4 days full) (impact period) followed by a four week full light recovery period (recovery 

period) (mean ± 1 s.e, n = 3). a = Cymodocea serrulata, b = Halophila ovalis, c = Halodule 

uninervis. The main effect of light treatment on biomass is indicated by the p value in each 

panel. Means shown to be different by post-hoc comparisons at p < 0.05 are indicated in each 

graph by a different lower case letter. 

Root exudate response and recovery to light treatments 

Rate of root exudation of DOC increased in all seagrass species when grown under 

fluctuating light compared to the full light control (combined least square mean 15.70 mg 

DOC g root-1 hour-1 in fluctuating light and 4.64 mg DOC g root-1 hour-1 in full light, Fig. 

2.3a). Root exudation of TDN also increased in continuous low light (L) and fluctuating light 

(Fluc) for both H. ovalis and H. uninervis compared to the full light control (C) (Fig. 2.3c). In 

contrast, exudation of TDN was unchanged by light availability for C. serrulata (Fig.2.3c).  

Once plants from all light treatments were exposed to full light (after the four-week recovery 

phase), both C. serrulata and H. uninervis had recovered, as exudation of DOC and TDN was 

not different to the control (Fig. 2.3b, Fig 2.3d). In contrast, H. ovalis continued to exude a 

higher rate of DOC and TDN from the lowest light treatment (L), where exudation rates of 

both DOC and TDN were double the rate of the full light controls (Fig. 2.3b, Fig. 2.3d).  
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Figure 2.3. Rate of root exuded dissolved organic carbon (DOC) and total dissolved nitrogen 

(TDN) for three species of seagrass grown for six weeks under four light treatments, control 

(C), medium (M), low (L) and fluctuating (Fluc) light (10 days low, 4 days full) (impact 

period) followed by a four week full light recovery period (recovery period). Boxes indicate 

the least squares mean (n = 3). Error bars indicate the 95 % confidence interval of the least 

squares mean. a = rate of DOC exudation after light impact period, b = rate of DOC 

exudation after the recovery period, c = rate of TDN exudation after the light impact period, d 

= rate of TDN exudation after the recovery period. The main effect of light treatment, plant 

species and interaction is indicated by the * in each panel, where * = p < 0.05, ** = p < 0.01, 

*** = p < 0.001, ns = not significant. Means shown to be different by post-hoc comparisons 

at p < 0.05 are indicated in each graph by a different lower case letter for interactions or 

upper case letter for main effects. 
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A total of five fluorescent components were validated from the PARAFAC model. These 

fluorescent components are numbered C1 to C5 in order of their contribution to the total 

fluorescence intensity from all samples (Fig. 2.4). Peak emission and peak excitation spectra 

of components C1 and C3 in this study agree with emission-excitation spectra of components 

previously characterised as tyrosine-like and tryptophan-like, respectively (Table 2.2). Peak 

emission and excitation of components C2 and C4 in this study correspond with components 

previously characterised as humic-like components (Table 2.2). All seagrass root exudates 

were dominated by protein-like fluorescence (predominantly tyrosine-like [C1] in this study).  

 

Figure 2.4. Excitation-emission spectra of five PARAFAC components (C1 – C5) of the 

seagrass root exudates (see Table 2.2 for the classification of the components). 
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Table 2.2. Classification of the five components validated from the PARAFAC model (C1-

C5) in this study based on published excitation/emission values for previously characterised 

components.   

Component Peak 

excitation 

(nm) in 

this study 

Peak 

emission 

(nm) in this 

study 

Peak 

excitation 

(nm) 

Peak 

emission 

(nm) 

Classification 

C1 265-275 300-312 270 300-305 Tyrosine 

like1,2,3,4 

C2 240-250 

(295-

315)* 

395-425 

(395-425) 

< 250 (290-

325) 

380-420 

(425) 

Humic-like, 

common in 

marine1,2,3  

C3 270-280 330-365 270-280 330-368 Tryptophan-

like1,2,3 

C4 240-250 

(365-385) 

460-495 

(460-490) 

237-260 

(370) 

400-500 Humic-like1,2,3,4 

C5 250-265 325-345 241  350 Possibly 

phenolic acids, 

but largely 

unclassified1,5 

*numbers in parenthesise are for a second smaller peak.  

1 = Jørgensen et al  (2011) 

2 = Fellman et al. (2010) 

3 = Murphy et al. (2008) 

4 = Yamashita et al. (2008) 

5 = Airado-Rodŕiguez et al. (2009) 
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As expected, light availability had a significant effect on all fluorescent components present 

in the root exudates, although responses varied among species (Fig. 2.5). Most notably, 

exudation of protein-like DOM (C1 and C3) and humic-like DOM (C2 and C4) increased in 

fluctuating light for all seagrass species as compared to the control (Fig. 2.5a, Fig. 2.5c). 

However, by the end of the light recovery period, both C. serrulata and H. uninervis 

exudation of protein-like DOM was not different to the control (Fig. 2.5b). In contrast, H. 

ovalis continued to exude a higher rate of protein-like DOM from the lowest light treatment 

(L) (Fig. 2.5b). Following the recovery period, the exudation rate of humic-like DOM had 

increased in H. ovalis and H. uninervis from the continuous low light treatment (L) and 

fluctuating light (Fluc) relative to the full light control (Fig. 2.5d).  

Seagrasses also differed in the relative concentration of components. Both H. ovalis and H. 

uninervis exuded more protein-like DOM on average than C. serrulata (Fig. 2.5a, Fig. 2.5b). 

However, exudation of component C5 by C. serrulata was ten to 15 fold higher than for 

either H. ovalis or H. uninervis.   
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Figure 2.5. Fmax of PARAFAC components for three species of seagrass grown for six 

weeks under four light treatments, control (C), medium (M), low (L) and fluctuating (Fluc) 

light (10 days low, 4 days high) (impact period) followed by a four week high light recovery 

period (mean ± 1 s.e, n = 3). cs = Cymodocea serrulata, ho = Halophila ovalis, hu = 

Halodule uninervis. Components have been classified as either protein-like (sum of C1 and 

C3; panel a and b) or humic-like (sum of C2 and C4; panel c and d), with C5 left unclassified 

(panel e and f). Boxes indicate the least squares mean (n = 3). Error bars indicate the 95 % 
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confidence interval of the least squares means. The main effect of light treatment, plant 

species and interaction is indicated by the * in each panel, where * = p < 0.05, ** = p < 0.01, 

*** = p < 0.001, ns = not significant. Means shown to be different by post-hoc comparisons 

at p < 0.05 are indicated in each graph by a different lower case letter for interactions or 

upper case letter for main effects. In the case where there was a significant main effect for 

both light and plant species, then the post-hoc comparisons for plant species are also 

indicated on the graph with lower case letters. The insert graph shows humic-like components 

on an adjusted scale for ease of comparison.  

Discussion 

The present study demonstrates that fluctuating light environments, typical of dredging and 

flooding events, may significantly alter the transfer of carbon and nitrogen from seagrasses to 

sediments through an increase in the amount, and a change in the composition, of root 

exudates. This study also suggests that continuous reductions in light of ~ 2 moles photons m-

2 day-1 may increase exudation of nitrogen and/or proteins for seagrass species that are most 

susceptible to light reduction. These findings have important implications for understanding 

potential flow-on effects of aboveground stressors to the belowground environment, and the 

subsequent alterations to biogeochemical cycling in the rhizosphere. 

Seagrass response and recovery to fluctuating and continuous low light conditions 

We found that a fluctuating light environment not only negatively impacted root biomass, but 

also promoted an increase in root exudation of DOC, protein-like and humic-like DOM 

compared to continuous full light in three tropical colonizing seagrass species. Increased root 

exudation after exposure to fluctuating light may be attributable to increased ‘leakiness’ from 

disrupted root membrane integrity and/or greater exudation of toxic metabolites (e.g. ethanol, 

lactic acid) due to tissue anaerobis that may have occurred on the low light days (Smith et al. 
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1988; Shabala et al. 2014). Another explanation is that root exudation may have increased 

during the shorter full light periods to enhance nutrient acquisition when light and carbon 

were no longer limiting, i.e. as an adaptive seagrass response to sudden increases in light 

availability. The effect of root exudation on mineral acquisition by seagrasses could be direct 

(e.g., P mobilisation caused by organic anions) or indirect via stimulation of the rhizosphere 

microbial communities to enhance nutrient mineralization in the sediment (Long et al. 2008). 

We also observed that the increased exudation of DOC and protein-like components under 

fluctuating light for all species had returned to the levels found in the full light controls after 

four weeks of recovery. This suggests that the increase in exudation in response to fluctuating 

light is not an irreversible phenomenon and that recovery (i.e. a decrease in exudation back to 

that found in the full light controls) is relatively rapid. In contrast, a continuous light 

reduction of ~ 2 moles photons m-2 day-1 also increased the rate of root exuded TDN and 

protein-like components for H. uninervis and, in particular, for H. ovalis. This increased rate 

of exudation continued for H. ovalis even after the four weeks of light recovery, suggesting 

that exudation most likely related to root death and/or a complete loss of membrane integrity. 

This indicates that H. ovalis is the most susceptible to prolonged reductions in light of the 

three species investigated.  

We also observed that the exudation of humic-like components increased in the recovery 

phase of plants previously impacted by continuous low light as well as the fluctuating light 

treatment. Humic substances present in terrestrial soils, particularly those rich in phenolic and 

carboxyl groups, can induce plant growth, promoting effects such as increases in lateral root 

emergence, root hair density and length, and N uptake and metabolism (Piccolo, Nardi & 

Concheri 1992; Panuccio, Muscolo & Nardi 2001; Canellas & Olivares 2014). Thus, the 

seagrass species in our study may have been actively exuding humic substances in response 

to switching from C limitation to N and P limitation. However, it is also possible that humic 
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compounds were not actively exuded by roots, but were instead derived from border cells and 

other cellular debris as the roots re-grew and/or changed root morphology in response to the 

increased light availability during the recovery phase. We also caution that our measures of 

root exudation were taken from roots that were not sterile and hence a portion of these 

exudates will likely have been derived from microbial organisms living on the root surface. 

In view of this, the estimates of root exudation presented in this study are the net of root + 

microbial exudation and possible degradation. Regardless of the direct source, the link 

between humic compounds and plant growth promotion is intriguing and future work should 

investigate the occurrence and characterisation of humic substances in natural seagrass 

sediments.  

Root exudation of seagrass is species specific 

The three seagrass species investigated, C. serrulata, H. ovalis and H. uninervis, differed in 

both their exudation rates and composition. With the exception of component C5, H. ovalis 

and H. uninervis exuded DOC, TDN and protein-like DOM at the highest rates. There is 

currently little available information about either the composition or rates of root exudation 

of seagrasses. Using stable isotope labels in a two-compartment system where the roots were 

grown separately from the shoots, Holmer et al. (2001) reported exudation rates to be 22.7 ± 

7.6 µmol DOC g-1 DW root h-1 in the tropical seagrass Cymodocea rotundata, but only 9.9 ± 

4.5 µmol DOC g-1 DW root h-1 for Thalassia hemprichii. In another study, Zostera marina 

was shown to release about 20 % of the NaH 14-CO3 fixed by its shoots from its roots during a 

four hour incubation; DOC release from roots decreased in the order of Zostera marina > 

Thalasia testudinum > Halodule wrightii (Wetzel & Penhale 1979). The observed differences 

in exudation rates among species may be related to differences in root anatomy. For example, 

root exudation in terrestrial plants is characteristically higher at the root tips and where roots 

are covered in dense hairs than in other parts of the root system (Shane & Lambers 2005; 
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Badri & Vivanco 2009; Alegria Terrazas et al. 2016). In this study, H. uninervis and H. 

ovalis possessed numerous long root hairs. For H. ovalis these have previously been shown to 

increase root surface area by 215 % (Roberts 1993). These root hairs adhered to the sediment 

enabling formation of a distinct rhizosheath. The higher rate of exudation by H. ovalis and H. 

uninervis could also be related to their faster growth rates and their allocation of a greater 

proportion of photosynthates to belowground processes compared to C. serrulata. These 

findings highlight that each of these species has the capacity to influence biogeochemical 

cycling to varying degrees, thus emphasising the complexities of sediment nutrient transfers 

that may be occurring in seagrass ecosystems composed of mixed meadow assemblages.    

The root exudates of all species in this study were dominated by tyrosine-like fluorescence 

(C1 in this study). High protein-like fluorescence may be a characteristic of seagrass-derived 

DOM, as high tyrosine-like fluorescence has also been found in seagrass leachate, extracted 

pore-water of seagrass colonised sediments and surface waters where seagrasses were 

abundant (Wang et al. 2014; Wagner et al. 2015; Ya, Anderson & Jaffé 2015). These protein-

like components are believed to be highly bioavailable, allowing fast assimilation by 

microorganisms inhabiting the rhizosphere. However, assigning bioavailability to these 

compounds is not straightforward, as although they are highly correlated to TDN, the 

identities of the chemical moites contributing to the fluorescence are not known and they may 

not, in fact, be proteins. For example, small nitrogen-free aromatic compounds (e.g., gallic 

acid) have also been found to fluoresce in this region, as well as hydrolysable tannins and 

carboxylic-rich alicyclic molecules (Maie et al. 2007; Stubbins et al. 2014; Kellerman et al. 

2015). Microscopic evaluation of Cymodocea rotundata roots revealed the outer and inner 

cortex to contain tannin substances (Kuo and Hartog 2006). Hence, the component C5, which 

appears to be a particular component of C. serrulata, may be a fluorescent tannin or phenolic 

compound that is specific to this species. Further chemical characterisation of these 
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compounds using techniques such as GC-MS and NMR spectroscopy would help elucidate 

the identity of these compounds and determine their potential role in plant-sediment 

interactions (e.g., potential P or Fe-mobilising compounds, or products of root anaerobis). 

Conclusion 

The present study demonstrates that decreased light availability in the water column can 

significantly impact root growth of seagrasses, but also carbon and nitrogen transfers to the 

rhizosphere via changes in root exudation. This is particularly true for fluctuating light 

environments with repeated shading events like those observed from floodwaters entering 

coastal marine environments, or from coastal construction, land reclamation and dredging. 

More information is needed to further characterise these exudates and to determine their role 

in plant-sediment interactions. Nevertheless, this study highlights that root exudation is 

highly correlated to light availability for the tropical seagrasses C. serrulata, H. ovalis and H. 

uninervis, and that the belowground environment is particularly sensitive to reductions in 

light reaching the plant. Therefore, monitoring changes in root exudation should be further 

explored as a rapid indicator in assessing light stress and recovery in seagrasses.  
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Supplementary to Chapter II 

 
Figure S2.1. Photographs of exudate collection. Plants were first removed from pots (a) and 

roots washed clean of sediment using sterile seawater and threaded through holes in the 

exudate collector (b). Roots were then immersed in the 50 mL trap solution to collect 

exudates over 20 minutes (c). This entire trap solution was then filtered through 0.2 µm 

syringe filter and analyzed for dissolved organic carbon, total dissolved nitrogen and 

dissolved organic matter fluorescence. 

 

Table S2.1. Artificial seawater trap solution (~35 psu) 

Salt g/kg 

NaCl 26.52 

MgCl2 2.45 

MgSO4 3.31 

CaCl2 1.14 

KCl 0.73 

NaHCO3 0.20 

NaBr 0.08 

 

 



41 
 

CHAPTER III. 

 

Low light availability alters root exudation and reduces putative beneficial 

microorganisms in seagrass roots2 

Belinda C. Martin, Deirdre Gleeson, John Statton, Andre R. Siebers, Pauline Grierson, 

Megan H. Ryan, Gary A. Kendrick 

 

2This work has been formatted according to Frontiers in Microbiology and published as: Martin BC, 

Gleeson D, Statton J, Siebers AR, Grierson PF, Ryan MH, Kendrick GA. Low light availability alters 

root exudation and reduces putative beneficial microorganisms in seagrass roots. Frontiers in 

Microbiology. 2018; 8: 1:16 

 

Abstract 

Seagrass roots host a diverse microbiome that is critical for plant growth and health. 

Composition of microbial communities can be regulated in part by root exudates, but the 

specifics of these interactions in seagrass rhizospheres are still largely unknown. As light 

availability controls primary productivity, reduced light may impact root exudation and 

consequently the composition of the root microbiome. Hence, we analyzed the influence of 

light availability on root exudation and community structure of the root microbiome of three 

co-occurring seagrass species, Halophila ovalis, Halodule uninervis and Cymodocea 

serrulata. Plants were grown under four light treatments in mesocosms for two weeks; 

control (100 % surface irradiance (SI), medium (40 % SI), low (20 % SI) and fluctuating light 

(10 days 20 % and 4 days 100%). 16S rDNA amplicon sequencing revealed that microbial 

diversity, composition and predicted function were strongly influenced by the presence of 

seagrass roots, such that root microbiomes were unique to each seagrass species. Reduced 

light availability altered seagrass root exudation, as characterized using fluorescence 
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spectroscopy, and altered the composition of seagrass root microbiomes with a reduction in 

abundance of potentially beneficial microorganisms. Overall, this study highlights the 

potential for above-ground light reduction to invoke a cascade of changes from alterations in 

root exudation to a reduction in putative beneficial microorganisms and, ultimately, confirms 

the importance of the seagrass root environment – a critical, but often overlooked space.  

Introduction 

It has long been established that roots of terrestrial plants are colonized by a diverse 

assemblage of microbes that collectively function as a ‘microbiome’. These microbiomes are 

critical for plant growth and health via their influence on biogeochemical cycling and nutrient 

acquisition, induction of host defense to pathogens and disease and production of plant 

growth regulators (see reviews by Alegria Terrazas et al. (2016) and Reinhold-Hurek et al. 

(2015). Seagrasses, having evolved from land plants, are also colonized by a diverse 

microbial community that are believed to carry out metabolic functions important for their 

hosts including nitrogen fixation (Bagwell et al. 2002; Garcias-Bonet et al. 2016), sulphate 

reduction and oxidation (Küsel et al. 2006), phosphate solubilisation (Ghosh et al. 2012) and 

nutrient turnover (Duarte et al. 2005; Trevathan-Tackett et al. 2017). However, we are still in 

the early stages of understanding seagrass-microbe interactions; consequently, whole-

organism (seagrass + microbiome) adaptability, metabolic diversity and, therefore, resilience 

of the seagrass and microbiome to environmental change remains largely unexplored.  

Seagrass meadows provide a multitude of beneficial ecosystem services including, habitat 

structure, carbon sequestration, primary food sources and protection from coastal erosion 

(Orth et al. 2006). Because seagrasses have a relatively high requirement for light (minimal 

11 % surface irradiance versus 1 % for phytoplankton), they are restricted to growing in 

shallow coastal environments, which also makes them vulnerable to human and natural 
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activities that can reduce light penetration (e.g. eutrophication, dredging and cyclones) (Orth 

et al. 2006; Ralph et al. 2007; Waycott et al. 2009). A reduction in light availability reduces 

photosynthetic performance and therefore impacts negatively on growth, productivity and 

overall survival of the plant (Biber, Kenworthy & Paerl 2009; Yaakub et al. 2014). 

Seagrasses avoid negative impacts from short-term light reductions by modifications to their 

physiology and metabolism; thus, light reduction of more than one month may be required to 

affect growth (Longstaff & Dennison 1999; Ralph et al. 2007; McMahon, Collier & Lavery 

2013). In contrast, microbial communities can respond rapidly to disturbance (Allison & 

Martiny 2008) and therefore monitoring their composition could prove an effective early 

indicator of environmental fluctuations and ecosystem change. 

Composition of root-associated microbial communities is controlled by factors at several 

scales, including those arising from interactions with other microbes (e.g. competition, cross-

feeding) as well as regulated at an environmental (e.g. pH, temperature) or host level (plant) 

(Wagner et al. 2016; Widder et al. 2016; Wemheuer et al. 2017). One of the most important 

ways in which microbial composition can be regulated from the host level in terrestrial plants 

is via the exudation of compounds from plant roots. Exudates can shape communities that are 

specific to the plant species or even plant genotype by selectively stimulating or inhibiting 

particular microbial populations (Haichar, Roncato & Achouak 2012; Chaparro, Badri & 

Vivanco 2014; Alegria Terrazas et al. 2016; Kawasaki et al. 2016; Martin et al. 2016). This 

root exudate-microbe interaction has been demonstrated to some extent for seagrass species. 

For example, bacteria isolated from the roots of the seagrasses Zostera marina and Halodule 

wrightii showed positive chemotactic responses and preferential substrate utilization to root 

exudates and root extracts (Wood & Hayasaka 1981; Kilminster & Garland 2009). Other 

studies utilizing 13C or 14C labelling have directly traced the flow of carbon from seagrasses 

into the sediment bacteria (Moriarty et al. 1986; Holmer et al. 2001; Kaldy et al. 2006). 
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Given the importance of root microbiomes to host plant health, and ultimately ecosystem 

function, there is a need to better understand the controls and drivers of microbial 

compositions in seagrass systems.    

Currently, our knowledge of seagrass root exudation rates and composition is limited to a few 

studies, most from several decades ago (Brylinsky 1977; Penhale & Smith 1977; Wetzel & 

Penhale 1979; Wood & Hayasaka 1981; Moriarty et al. 1986; Holmer et al. 2001). These 

studies highlight the diversity in root exudation patterns (composition and concentration) 

among different seagrass species. It has also been shown that seagrass metabolism shifts 

under anoxia (Hasler-Sheetal et al. 2015), which can lead to increased exudation of carbon 

from roots as fermentation products (Smith et al. 1988). The species-specific nature of root 

exudation and the change in exudation in reduced light could in turn influence the 

composition of the root microbiome. However this top-down effect on the microbiome has 

not yet been investigated.  

The aim of this research was to assess the impact of light reduction on root exudation and the 

root microbiome of three tropical seagrasses Halophila ovalis, Halodule uninervis and 

Cymodocea serrulata. These three species commonly grow in mixed meadows in the 

northwest of Western Australia. In a previous study we found that root exudation in these 

three species was increased when light availability was reduced in a fluctuating pattern 

(Martin et al. 2018b). In the present work, we test if the impact of light reduction also affects 

the root microbiome of these seagrass species through alterations in root exudation and if any 

variation in the root microbiome among the seagrass species is related to variation in 

exudation profiles. We selected these three seagrass species as they all have relatively fast 

growth rates and are quick to respond to environmental disturbance compared to larger 

seagrass species (Kilminster et al. 2015). We addressed three hypotheses: (i) the composition 

and predicted function of the root microbiome will differ among seagrass species and also be 
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distinct from the surrounding sediment, (ii) root exudation will be increased by low and/or 

fluctuating light availability, and (iii) microbial composition and predicted function will be 

influenced by light availability, but in a seagrass species-specific manner.  

Methods  

Site description and seagrass collection 

Seagrass species were collected from Useless Loop in Shark Bay, Western Australia, in May 

2015 (26°07' S 113°24' E). Shark Bay is a subtropical marine embayment that is 

characterised by phosphorus-limited carbonate sediments and a hyper-salinity gradient 

extending from north (~ 36 psu) to south (50-60 psu) (Kendrick et al. 2012). Ramets with 

apical shoots of Cymodocea serrulata, Halophila ovalis and Halodule uninervis were 

collected using SCUBA from depths of between 2 and 5 m. Plants were kept in insulated 

boxes under constant aeration and transported back to aquaculture facilities at The University 

of Western Australia in Perth, 850 km south of Shark Bay.  

Experimental design  

Seagrasses were pruned to five shoots and all roots removed to ensure new root growth and to 

avoid necrosis before being planted into pots submerged in 1,800 L tanks. Each tank operated 

as a separate recirculating system with filtered (25 µm) aerated seawater (~35 psu) and was 

held at a constant temperature of 26 °C. Three plants of each species were planted into pots to 

emulate a mixed meadow, with each pot treated as a single replicate for each species (i.e. one 

replicate pot contained three separate ramets of each species). Siliceous river sand mixed with 

1.5 % dry weight of beach wrack (dried and ground seagrass leaves) was used as sediment to 

emulate natural sediment conditions for microbial colonization, as well as to benefit the 

growth of seagrasses (Statton et al. 2013). The physical and chemical properties of this 

sediment are presented in Table S2.1. 
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 Plants were acclimated to tank conditions for two months (May-June; start of austral winter) 

prior to commencement of the experiment. The experiment was a factorial design consisting 

of three species grown at four light treatments with three replicate pots for microbiome 

sampling and three replicate pots for exudate collection per treatment. The light treatments 

were: continuous full light ~ 8 moles photons m-2 day-1 (Control), continuous medium light ~ 

3 moles photons m-2 day-1 (Medium), continuous low light ~ 1 moles photons m-2 day-1 

(Low), and fluctuating light of 10 days at low light followed by 4 days at high light 

(Fluctuating). Light treatments were imposed for a total of two weeks using ambient light and 

shade cloth that covered the tanks. Light levels were monitored throughout the experiment 

using photosynthetically active radiation (PAR) cosine collectors (Onset Hobo PAR sensors 

attached to a HOBO micro-station logger). Average daily photosynthetically active radiation 

(PAR) and total PAR received in the four light treatments are presented in Table S2.2. 

Root exudate collection and characterisation 

At the end of the two weeks of light treatments, three replicates of each seagrass species and 

treatment combination were removed from the sediment and the roots gently washed using a 

filter sterile artificial seawater solution (~ 35 psu; Table S3 for salt composition). The roots 

were then threaded through small holes in a polyethylene barrier to separate them from 

rhizome and shoot tissue and placed in 50 mL of the artificial seawater solution for 20 

minutes. The entire trap solution was filtered through a 0.2 µm syringe filter and stored at 4 

°C until analysed within one week. A blank solution of artificial seawater with no roots was 

also collected at this time and analysed in the same manner. Root length was estimated using 

images captured with a Canon S110 that were then analysed using WinRhizo software 

(version 4.1, Regent Instruments Inc., Quebec, Canada). Plants were then separated into 

shoots and roots, dried at 60 ° C for 72 hours and weighed.   
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Root exudates were analysed for dissolved organic carbon (DOC), total dissolved nitrogen 

(TDN) and dissolved organic matter (DOM) fluorescence excitation-emission matrix 

spectroscopy. Concentrations of DOC and TDN were determined by high temperature 

catalytic oxidation on a Shimadzu TOC-V total carbon and total nitrogen analyser 

(Shimadzu, Columbia, Maryland, USA). Samples were first acidified with HCl and 

concentrations were determined using an 8 point calibration curve with a DOC and TDN 

standard. A blank and standard check was performed every 20 samples. All DOC and TDN 

concentrations are the mean of three-five replicate injections, with a variance of < 3 %. 

Fluorescence excitation-emission matrix (EEM) spectroscopy in combination with parallel 

factor analysis (PARAFAC) was used to determine chemical characteristics of the DOM in 

the seagrass root exudates. PARAFAC-EEM allows the identification of particular 

fluorophores in a mixture (e.g. humic/fulvic compounds, tyrosine and tryptophan) based on 

peaks in fluorescence intensity (Murphy et al. 2013). Detailed procedures for PARAFAC 

analysis can be found in Stedmon and Bro (2008). Briefly, samples were diluted to correct for 

inner filter effects (Green & Blough 1994) and fluorescence intensity measured across 

emission wavelengths ranging from 300 to 600 nm (2 nm increments) and excitation 

wavelengths ranging from 240 to 540 nm (5 nm increments). Excitation and emission slit 

widths were 5 nm and the photomultiplier tube voltage was set to 725 V. All EEMs were 

blank subtracted and Ramen normalised using the area under the water Ramen peak at the 

excitation wavelength of 350 nm collected from the blank artificial seawater solution. EEMs 

were also corrected for instrument bias using files provided by Varian, and normalised by 

their maximum fluorescence values prior to PARAFAC modelling to reduce the influence of 

highly concentrated samples. PARAFAC was used to model major components of EEMs 

using the DOMFluor toolbox (version 1.7) and the N-way Toolbox (version 3.1) in 
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MATLAB (version 8.5.0.197613). Fluorescence EEMs were measured and recorded using a 

Varian Cary Eclipse fluorometer (Varian Inc., Mulgrave, VIC, Australia). 

 DNA collection, extraction and 16S illumine sequencing 

An additional three pots per treatment were harvested at the end of the two weeks for 

microbiome sampling. Prior to harvesting plants, sediment cores were taken adjacent to the 

apical shoot of each species using small 10 mL syringes with the top removed (i.d. ~ 1 cm). 

The small size of the cores ensured no roots were accidently sampled. One core was sampled 

per plant and light treatment combination and frozen at -80 °C. Then, plants were removed 

from sediments and unwashed roots arising from the apical shoot were cut from the rhizome, 

placed in Eppendorf tubes and frozen at -80 °C. Any remaining soil particles were gently 

scraped off the root surface using a sterile spatula immediately prior to DNA extraction. 

Hence the root microbiome in this study is defined as endosphere + rhizoplane inhabiting 

microorganisms.  

DNA was extracted from ~ 0.5 g of wet sediment (2 x extractions and DNA pooled) and ~ 

0.1 g of root tissue using the MoBio PowerSoil DNA extraction kit according to 

manufacturer’s instructions. A Fast Prep 24 (MP Biomedicals) set at 6.5 m s-1 for 80 secs was 

used to disrupt the soft seagrass roots and to lyse cells with DNA eluted in nuclease-free 

water. Microbial communities were profiled using the primers 341F – 806R that target the 

V3-V4 hypervariable region of the 16S rRNA gene and have lower off-target amplification of 

plant chloroplasts (Muyzer, De Waal & Uitterlinden 1993; Muhling et al. 2008; Caporaso et 

al. 2011). Sequencing of pooled amplicons was performed by the Australian Genome 

Research Facility (AGRF) on the Illumina MiSeq platform, using Nextera XT v2 indices and 

300 bp paired end sequencing chemistry. 
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Bioinformatic analysis of sequence reads was largely completed following the pipeline 

developed by Comeau et al. (2017). Paired-end reads were assembled by aligning the forward 

and reverse reads by their common overlapping parts using PEAR (version 0.9.1) (Zhang et 

al. 2014). Quality metrics were checked using FastQC (version 0.11.5) and filtered using 

tools in FASTX (version 0.7) and BBmap (version 35.84). Ambiguous and chimeric 

sequences were identified and removed using VSEARCH (version 1.4.0) with the Ribosomal 

Database Project as reference (Rognes et al. 2016). All downstream analyses were performed 

in QIIME (version 1.9.1) (Caporaso et al. 2010b). Open-reference OTU picking was 

performed using the SortMeRNA (version 2.0) method (Kopylova, Noé & Touzet 2012) with 

a minimum identity of 97 %. Taxonomy was assigned using UCLUST (version 1.2.22) 

(Edgar 2010) with the greengenes database as reference (version 13.8) and sequences were 

aligned using PyNAST (version 1.2.2) (Caporaso et al. 2010a). OTU’s identified in less than 

0.1 % of the reads were removed as well as reads identified as chloroplast or mitochondria. 

Archaea were not filtered out. PICRUSt (version 1.0.0) analysis was then used to predict 

metagenome functions of the microbial community after filtering de-novo OTU’s from the 

open reference table and normalising by 16S copy number (Langille et al. 2013). 

Metagenomes were predicted against the KEGG database and KEGG pathways created at 

level 2 and 3. 

Scanning electron microscopy (SEM) 

An additional set of plants were collected from the sample sites in Shark Bay in November 

2016 for examination of natural microbial colonization on roots using scanning electron 

microscopy (SEM). For these samples, plants were carefully removed from the sediment, 

then apical roots were removed and immediately placed in a solution of seawater-

glutaraldehyde (2.5 %) and left to fix overnight at room temperature. Fixed roots were then 

stored at 4 °C until analysis on the SEM. For SEM examination, three replicate apical roots 
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were cut into 0.5 cm sections comprising root tip, elongation zone and the mature root hair 

zone. Samples were then dehydrated in an ethanol series (50, 70, 95, 100 %) and by critical 

point drying with liquid CO2. Samples were then coated with Pt and a 2 nm layer of C and 

imaged on a Zeiss 1555 VP-FESEM microscope with the secondary electron signal of 5 Kv. 

Twenty random fields of view were imaged for each root region. 

Data analysis 

Differences in the predicted (PICRUSt) metagenome functions between roots and sediments 

and among plant species were analysed with two-sided Welch’s t-test and Benjamini-

Hochberg correction for multiple testing using the Statistical Analysis of Metagenomic 

Profiles (STAMP; version 2.1.3) (Parks & Beiko 2010). All other statistical analysis was 

carried out in R studio (version 0.99.902) using the Phyloseq (version 1.14.0) (McMurdie & 

Holmes 2013), ggplot2 (version 2.2.1) (Wickham, 2009) and vegan packages (version 2.4-3) 

(Oksanen et al. 2016). Bacterial diversity within samples (alpha diversity) was estimated 

using Shannon and Chao 1 diversity indices. Weighted Unifrac of relative abundances were 

used to construct dissimilarity matrices of the communities (beta-diversity) and visualised 

using PCoA. Stratified permutational multivariate analysis of variance (PERMONOVA; R 

vegan function adonis) with 999 permutations was conducted to explore the percentage of 

variance that could be explained by the differences in beta diversity among plant species and 

sample type (sediment versus root). Differences in alpha diversity indices among plant 

species and sample type (fixed factors) were compared using linear mixed effects models 

(tank position as random effect) using the nlme package (version 3.1) with Johnson 

transformed data (Johnson version 1.4) to conform to parametric assumptions. Differences in 

root exudates (PARAFAC-EEM components, DOC or TDN) and biomass among plant 

species and by light treatment were also analysed using linear mixed effects using log 

transformed data where required.  
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To test the hypothesis that light impacts root microbial communities, root samples were 

analysed with canonical correspondence analysis (CCA) (constrained by plant species and 

light). Monte Carlo permutation tests (with 999 permutations) were used to test the 

significance of the variation in species composition explained by the variables of the CCA.  

Differential abundance of OTUs between plant roots and sediments, among plant species and 

between control light and low light treatments within the root samples was performed on 

variance stabilised data that was agglomerated to either family or genus level using the 

DESeq2 package (version 1.10.1) (McMurdie & Holmes 2014). Significance was determined 

by Benjamini–Hochberg corrected P values < 0.01. All raw sequences have been uploaded to 

NCBI Sequence Read Archive (SRA) under submission number SUB2987535. 

Results 

Microbial diversity, composition and predicted function of seagrass roots 

Seagrass root microbiomes exhibited lower alpha diversity (Shannon index) than those in 

surrounding sediments (F1,66 = 137, p = 0.001, Fig. 3.1A). With the exception of H. ovalis, 

the estimated total abundance of the microbial community (Chao 1) was also reduced in 

seagrass roots compared to surrounding sediments (F1,66 = 53, p < 0.001, Fig. 3.1B). Of the 

three seagrass species, microbial communities associated with C. serrulata roots had the 

lowest species diversity and estimated abundance. In contrast, there was no difference in the 

sediment only samples for either measures of alpha diversity (Shannon or Chao 1) (Fig. 3.1A 

and 3.1B).  

PCoA of weighted UniFrac distances revealed that the composition of the root microbiome 

was strongly affected by the presence of seagrass roots (PERMANOVA; F1,66 = 27.3, p < 

0.001). Root microbiomes were also differentiated by plant species (PERMANOVA; F2,66 

=3.2, p = 0.001), with H. ovalis and H. uninervis appearing more similar than C. serrulata 
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(Fig. 3.1C). In contrast, there was no differentiation of microbial communities in the samples 

of sediments without roots (Fig. 3.1C).  

 

Figure 3.1. Alpha and beta diversity of microbial communities associated with seagrass roots 

and surrounding sediment. (A) Mean species richness (Shannon index) ± 1 SD, n = 12 (B) 

Mean estimated abundance (Choa1) ± 1 SD, n = 12. Significant post-hoc comparisons are 

indicated by lowercase letters. (C) Principal coordinates analysis (PCoA) of weighted 

UniFrac distances with 95 % confidence ellipses around each seagrass species in roots and 

sediments.  

Differential abundance analysis was used to investigate the main OTUs driving the 

differences in roots and sediments (with all seagrass species combined). Root microbiomes 

were enriched in the various classes of Proteobacteria (α, β, γ, ε, δ) and Bacteroidia (Fig. 3. 

2). Root samples were particularly enriched in a diversity of Rhizobiales (Fig. 3.2). 
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Bacteroidales, Campylobacterales, TG3-1, Vibrionales, Leptospirales, Methylophilales, 

Desulfovibrionales, Rhodocyclales, Cerasicoccales, Desulfobacteriales and Kiloniellales 

were also enriched in root samples (Fig. 3.2). Conversely, sediment samples were more 

abundant in Enterobacteriales, Rickettsiales, Planctomycetes, HTCC2188, Brachyspirales, 

Deinococcales, Lentisphaerales, and Cenarchaeales Archaea (Fig. 3.2).  

 

Figure 3.2. Differentially abundant OTUs (agglomerated by family level) between seagrass 

roots (species combined) and sediment displayed at the order level. Only OTUs with a 

significance of p < 0.01 are shown. A greater than zero log2-fold-change indicates phyla that 
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were more differentially abundant in roots. Each circle represents one family, not a single 

OTU. Multiple circles within an order indicate multiple families that were enriched 

PICRUSt analysis was used to predict potential function of root associated and sediment 

associated microbial communities based on the metagenome data of closely-related taxa. 

Root microbiomes showed higher mean proportions of KEGG pathways associated with 

membrane transport and metabolism (particularly amino acids) (Fig. 3.3). Conversely, 

sediment associated communities had higher proportions of KEGG pathways associated with 

signaling and cell communication as well as metabolism of terpenoids and polyketides (Fig. 

3.3).  
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Figure 3.3. PICRUSt predicted KEGG pathways (level 2) of seagrass root associated 

microbial communities (blue) and sediment associated microbial communities (orange) at the 

significance level of p < 0.01.  

Differential abundance analysis was also used to compare abundances in individual OTUs 

between the root microbiomes of each seagrass species (Fig. 3.4). Root microbiomes of C. 

serrulata had a greater abundance of Alphaproteobacteria (including Bartonellaceae, 

Rhodobiaceae, Hyphomonadaceae, and Phyllobacteriaceae), Alteromonadaceae and 
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Anaerolineae (A4b) compared to both H. ovalis and H. uninervis. Conversely, root 

microbiomes of both H. ovalis and H. uninervis had a greater abundance of Anaerolinaceae, 

Ignavibacteriacaea, Kiloniellaceae, Desulfuromonadaceae, HTCC2188, and Marinicelleceae 

compared to C. serrulata. Cellulomonadaceae and Microbacteriaceae within the 

Actinobacteria as well Pelagicoccaceae and Cryomorphaceae were more abundant in 

Halophila ovalis roots, whereas Methylophilaceae were more abundant in the roots of H. 

uninervis (Fig. 3.4).  
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Figure 3.4. Differentially abundant OTUs (agglomerated by family) between root 

microbiomes of three seagrass species at the significance level of p < 0.01. (A) comparison 

between H. ovalis (Ho) and C. serrulata (Cs), (B) comparison between H. uninervis (Hu) and 

C. serrulata (Cs) and (C) comparison between H. uninervis and H. ovalis. 

Differences in predicted functions among the root microbiomes of the three seagrass species 

reflected the patterns seen in alpha and beta diversity, whereby predicted functions of H. 

ovalis and H. uninervis were more similar than that of C. serrulata (Fig. S3.1). Microbial 

communities associated with the roots of H. ovalis and H. uninervis showed higher mean 

proportions of KEGG pathways associated with of cell motility, metabolism and signaling 

compared to C. serrulata (Fig. S3.1). Conversely, those communities associated with C. 

serrualata roots had higher proportions of KEGG pathways associated with cell growth and 

death, biodegradation of xenobiotics and secondary metabolites and amino acid metabolism 

(Fig. S3.1). There were few differences in predicted functions between H. ovalis and H. 

uninervis (Fig. S3.1). 

Microbial colonization, as examined by SEM, showed a patchy distribution with the largest 

observed density of microbes occurring in the mature root hair zone (Fig. 3.5 and Fig. S3.2). 

The elongation zone of all three species was mostly devoid of microbial cells (Fig. S3.3). 

Filamentous bacteria and a diversity in cell types were observed on roots of H. ovalis and H. 

uninervis (Fig. 3.5 and Fig. S3.2). Additionally, the root hairs of both H. ovalis and H. 

uninervis were longer and more numerous than C. serrulata and often grew through sediment 

particles binding them closely to the root (Fig. 3.5). Diatoms were only observed attached to 

C. serrulata roots (Fig. 3.5, Fig. S3.2, Fig. S3.3). 



59 
 

 

Figure 3.5. Scanning electron micrograph (SEM) of the root hair zone of three seagrass 

species, Halophila ovalis, Halodule uninervis and Cymodocea serrulata collected from Shark 

Bay. (A) Root topology of the root hair zone of C. serrulata. (B) Microbial cells and a diatom 

attached to the surface of C. serrulata. (C) Root hairs of H. uninervis growing through 

biogenic sediment particles. (D) Microbial colonization of H. uninervis showing a diversity in 

cell types (coccus, bacillus and filamentous). (E) Root topology of the root hair zone of H. 
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ovalis showing numerous long root hairs. (F) Microbial colonization of H. ovalis showing a 

long filamentous bacteria (arrow). These filaments were absent from C. serrulata.  

Seagrass root growth and exudation under reduced light 

Root length and root biomass of all three seagrass species were unaffected by any of the light 

treatments following the two week experimental period (Table S3.4). There was also no 

significant changes in aboveground growth (shoot biomass, leaf length and width) in 

response to light treatments. In contrast, the rate of root exuded TDN was significantly lower 

in reduced light for all species compared to the control (Fig. 3.6B). This effect was 

particularly pronounced for H. ovalis, where TDN exudation was reduced by fifteen-fold 

(Fig. 3.6B). A total of five fluorescent components were validated from the PARAFAC 

model (Fig. S3.4). These components were classified as protein-like (C1 and C3), humic-like 

(C2 and C4) or left unclassified (C5) based on comparisons between peak emission and peak 

excitation from this study to those previously reported (Table S3.5). All seagrass species 

significantly increased the rate of root exuded protein-like DOM when grown under constant 

low light and fluctuating light as compared to the control (Fig. 3.6C). In contrast, the rate of 

root exuded DOC and humic-like DOM was not affected by light treatment for any of the 

seagrass species (Figs. 3.6A and 3.6D). However, there were significant differences in the 

rate of root exuded DOC and humic-like DOM among seagrass species, with H. ovalis 

exudation of DOC being two-fold higher than that of C. serrulata and seven-fold fold higher 

than that of H. uninervis (Fig. 3.6B). Halophila ovalis also exuded a greater rate of TDN and 

protein-like DOM than did C. serrulata and H. uninervis and a greater rate of humic-like 

DOM than H. uninervis (Fig. 3.6). Root exudation of the unclassified component (C5) was 

also not affected by light treatment (F3,20 = 1.3, p = 0.29), but was exuded at a significantly 

greater rate from C. serrulata roots than from roots of either H. ovalis or H. uninervis (Fig. 

S3.5). 



61 
 

 

Figure 3.6. Root exudation for three species of seagrass grown for two weeks under four 

light treatments, control (Con), medium (Med), low (L) and fluctuating (Fluc). (A) = 
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dissolved organic carbon (DOC; n = 3), (B) = total dissolved nitrogen (TDN; n = 3), (C) = 

protein-like components (n = 3), and (D) = humic-like components (n = 3). Values are means 

± 1 SD.  The main effect of light treatment, plant species and interaction is indicated by the * 

in each panel, where * = p < 0.05, ** = p < 0.01, *** = p < 0.001, ns = not significant. 

 Effect of light treatment on seagrass root microbiomes 

Canonical correspondence analysis (CCA) revealed that the entire composition of the root 

microbiome of each seagrass species grown under any of the light treatments was distinct 

from that of those grown under full light (Fig. 3.7). Although the variation in community 

composition explained by light and plant species of the CCA model was relatively small (4.8 

% and 7.2 %, respectively), the model was still found to be significant (Monte Carlo 

permutation; F5,30
 = 1.78, p = 0.001). The lowest light treatment tended to group furthest 

away from the control for all seagrass species, although this was more apparent for H. ovalis 

and H. uninervis than for C. serrulata (Fig. 3.7). Root microbiomes still clustered by seagrass 

species as in the unconstrained PCoA plot (Fig. 3.1), that is, H. ovalis and H. uninervis 

grouped more closely than C. serrulata (Fig. 3.7).   
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Figure 3.7. Canonical correspondence analysis (CCA) of seagrass root microbiomes under 

four light treatments with 95 % confidence ellipse around each seagrass species. 

To further explore which OTUs may be driving the responses to light reduction observed in 

the CCA plot, differential abundance was used to compare each light treatment with the full 

light control (Fig. 3.8). As in the CCA plot, constant low light had the largest number of 

OTUs that were differentially abundant compared to the control, but this was only the case 

for H. uninervis and, in particular, for H. ovalis (Fig. 3.8). Conversely, C. serrulata only had 

differences in OTUs when comparing the medium light treatment to the control (Fig. 3.8). 

Although there were differences in the response of individual OTUs among each seagrass 

species, some general trends can be described. Bacteria considered to be aerobic, or micro-

aerobic were more abundant in the full light controls including Pseudomonas, Amphrita, 

Azospirillum, Leadbetteralla, Cohaesibacter, Nitrincola – although these trends were not 

necessarily consistent between the seagrass species (Fig. 3.8). Sulfurimonas was especially 

more abundant in the control light as compared to all of the reduced light treatments (Fig. 
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3.8). Despite the differences in OTUs, PICRUSt analysis revealed no corresponding change 

in predicted metagenomes of root microbiomes between any reduced light treatments and full 

light. 

 

Figure 3.8. Differentially abundant OTUs (agglomerated by genus; significance of p < 0.05) 

between the full light control and each light treatment. Greater than 0 log2-fold-change 

indicates OTUs more differentially abundant in the control. 

Discussion 

This is the first study to examine root microbiomes of seagrasses and their interaction with 

aboveground light reduction, even though lower light availability is recognised as a 

contributing factor to their worldwide decline (Waycott et al. 2009). We found that light 

reduction altered seagrass root exudation and the composition of seagrass root microbiomes 

with a decrease in abundance of potentially beneficial microorganisms. These changes 

occurred after only two weeks of light treatment and before any changes in root growth, 



65 
 

implying that root exudation and alterations in root microbiomes respond rapidly to declines 

in light availability and could be used as an early indicator of light stress.  

Microbial diversity, composition and function is strongly influenced by the presence of 

seagrass roots 

As hypothesized, microbial composition and predicted function differed among seagrass 

species, as well as between seagrass roots and the surrounding sediment. Seagrasses, like 

their terrestrial counterparts, exert selective pressures on their root microbiomes that result in 

communities that are distinct not only from the sediment but also among individual plant 

species; even when growing as a mixed meadow. The microbial phyla that were more 

abundant in the roots of the seagrasses studied here (such as Proteobacteria and 

Bacteroidetes) are phyla that also dominate root microbiomes of terrestrial plants (Chen et al. 

2016; Wagner et al. 2016; Hartman et al. 2017; Wemheuer et al. 2017). Seagrass roots were 

also markedly enriched in Rhizobiales, a taxonomic order that includes a diversity of 

nitrogen-fixing microbes that form symbiotic relationships with terrestrial plants (Krol et al. 

2011; Fischer et al. 2012). While these microbes are often assumed as being selected for as 

they aid plant survival (for example in the provision of nitrogen (Bouffaud et al. 2016)), the 

enrichment of these microbial groups could reflect historical evolution (i.e. from before 

seagrasses returned to the sea), or simply be a reflection of the ubiquity of those groups that 

are able to respond to and thrive within the strong concentration gradients typical of a 

rhizosphere environment.  

Despite the similarities between the root microbiomes of seagrasses and terrestrial plants, 

there are some fundamental differences, particularly in regards to the enrichment of 

Deltaproteobacteria in seagrass roots. Deltaproteobacteria include many bacteria that are 

known sulphate reducers. Various groups of sulphate reducing bacteria have been isolated 
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from multiple seagrass species in both culture dependant (Küsel et al. 1999; Cifuentes et al. 

2003; Smith et al. 2004; Küsel et al. 2006) and independent studies (Cúcio et al. 2016; 

Garcias-Bonet et al. 2016; Ettinger et al. 2017a; Fahimipour et al. 2017a; Trevathan-Tackett 

et al. 2017) and their enrichment on seagrass roots points to the predominately anoxic, 

sulphide-rich sediments that seagrass colonise. Despite the potential for reduced sulphide 

accumulation to be toxic to seagrass metabolism (García et al. 2013), this functional group of 

bacteria is important in carbon mineralisation and ultimately in nutrient cycling in seagrass 

sediments (Holmer et al. 2001). Additionally, there is evidence to suggest that numerous 

sulphate reducing bacteria are also capable of nitrogen fixation (Bagwell et al. 2002; 

Devereux 2005; Garcias-Bonet et al. 2016). Another group that was enriched in seagrass 

roots relative to the sediment was the Campylobacterales. Campylobacterales, and more 

generally, Epsilonproteobacteria (to which Campylobacterales belong), have previously been 

found enriched in the roots of the seagrasses Zostera spp. (Jensen, Kühl & Priemé 2007; 

Cúcio et al. 2016; Ettinger et al. 2017a) and Halophila stipulacea (Mejia et al. 2016), in the 

roots of the salt marsh plant Spartina alterniflora (Thomas et al. 2014), and in mangrove 

roots and sediments (Gomes et al. 2010; Andreote et al. 2012). Campylobacterales isolated 

from Spartina roots were identified as nitrogen fixers (McClung & Patriquin 1980) and so 

both sulphate reducing bacteria and Campylobacterales may be important bacterial groups in 

the provision of nitrogen to marine and brackish water inhabiting plants.   

Seagrass root microbiomes exhibited lower alpha diversity (Shannon and Chao 1) compared 

to surrounding sediments. The decreased diversity of root microbiomes compared to 

surrounding soil is a pattern typically exhibited for terrestrial plants (Bulgarelli et al. 2012; 

Chen et al. 2016; Rascovan et al. 2016; Hartman et al. 2017), but has also been confirmed for 

seagrasses and mangroves (Aravindraja et al. 2013; Ettinger et al. 2017a) and again points to 

the selective pressures exerted by plant roots. Despite decreased microbial diversity, 
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microbial metabolic activity in seagrass rhizospheres is typically higher than in bare 

sediment, presumably due to the provision of root exudates and other cellular debris (Karen, 

Risgaard-Petersen & Christensen 1998; Devereux 2005; Duarte et al. 2005). In this study, the 

higher proportions of KEGG pathways involved in membrane transport and metabolism 

(particularly amino acids) that were predicted from the seagrass root-associated communities, 

suggests a microbial population that is taking advantage of the higher availability of C and N 

sources that surround roots compared to the sediment. 

Seagrass root microbiomes not only differed from those in sediments in their composition 

and predicted function, but also differed among the seagrass species, with each species 

harbouring a unique root microbiome. This observation is in contrast with Cúcio et al (2016) 

who found no difference in rhizosphere microbiomes among three seagrass species (Zostera 

marina, Zostera noltii and Cymodocea nodosa) collected from the same location. This 

inconsistency can be largely explained by differences in sampling strategy where Cucio et al. 

(2016) extracted DNA from soil attached to the roots (deemed rhizosphere), whereas in our 

study, DNA was extracted from the entire root after it had been scraped clean of sediment 

particles and hence the DNA includes that of rhizoplane and endosphere microbes. Analysis 

of whole-root-associated communities will be more sensitive to differentiation by host 

species due to the larger influence of the host on these closely associated communities 

compared to loosely bound rhizosphere soil. For this reason, careful evaluation of sampling 

strategy must always be considered in root microbiome research (Richter-Heitmann et al. 

2016). 

In this study, the influence of the seagrass host may be driven, in part, by the differences in 

exudation profiles. For example, C. serrulata harboured the most distinctive root 

microbiome; that is, it was most different in both composition and predicted function from 
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the sediment and from H. ovalis and H. uninervis. One possible explanation is that the root 

exudates of C. serrulata contained the highest concentration of the component C5. C5 may be 

a type or mixture of tannin or phenolic-compounds (Krauss, Jensen & Hameka 1994; 

Lattanzio 2013). Secondary metabolites rich in phenolics and amino acids present in root 

exudates of the model plant Arabidopsis were previously found to have a greater influence on 

the rhizosphere microbiome than sugars (Chaparro et al. 2014). The high concentration of C5 

may also explain why, in the current study, there was an increased proportion of KEGG 

pathways related to metabolism of xenobiotics and secondary metabolites in the C. serrulata 

root microbiome compared to H. uninervis and H. ovalis. Another explanation for the 

observed host specificity of the root microbiomes could lie in the differences in root topology 

among the three seagrass species. Both H. uninervis and H. ovalis have long numerous root 

hairs that bind sediment grains and, along with root and microbial-mucilage, contribute to the 

formation of what is typically defined as a rhizosheath in the terrestrial plant literature 

(Reinhold-Hurek et al. 2015; Jiayin et al. 2017). The lack of a tightly bound rhizosheath in C. 

serrulata may result in this species harbouring more endophytic microbes relative to 

rhizoplane/rhizosheath inhabiting microbes, and may explain why H. ovalis and H. uninervis 

root microbiomes were more similar to the sediment both in terms of alpha and beta diversity. 

Consequently, the reduced structure of the rhizosphere in C. serrulata may also explain why 

the proportion of KEGG pathways associated with cell motility were lower in this species 

than either H. ovalis or H. uninervis, and why, filamentous bacteria, which are often highly 

mobile and capable of gliding (Dunker et al. 2011; Bjerg et al. 2016), were not observed on 

the surface of C. serrulata roots using SEM. However, as in all microbiome studies in which 

different host species or sample types are compared, there are potential contributing biases 

that are inherent in DNA extraction, PCR, sequencing and tissue fixation that can influence 

interpretation of results.  
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Seagrasses alter root exudation in response to reduced light availability 

As hypothesized, seagrass root exudation was altered by a reduction in light available for 

photosynthesis, despite having no associated changes in root length or biomass. The root 

exudates of H. ovalis had the largest magnitude in response to reduced light availability, 

which is likely reflected in the greater sensitivity of this species to disturbance compared to 

H. uninervis or C. serrulata (Kilminster et al. 2015). Although there were species-specific 

patterns, in general, seagrasses decreased exudation of TDN, but increased exudation of 

protein-like components in both continuous low light and fluctuating light. Root exudation of 

DOC, protein-like and humic-like DOM was previously found to increase in these three 

seagrass species when grown under fluctuating light for six weeks (Martin et al. 2018b). The 

increase in protein-like exudation could be due to release of fermentation products from the 

roots if they had become anoxic in low light, as oxygen supply is lowered with reduced 

photosynthetic activity (Smith et al. 1988; Greve et al. 2003). Additionally, in terrestrial 

plants, metabolic shifts under hypoxia and anoxia can impair ion transport across the root 

membrane, potentially making the roots more susceptible to leakage of exudates (Rittenhouse 

& Hale 1971; Shabala et al. 2014).  Lastly, as the roots were not sterile, some of the 

compounds were likely derived from the root microbiome itself. For example, the greater 

abundance of nitrogen fixing bacteria (e.g. Azospirillum) on roots of H. ovalis grown under 

100% SI may have contributed to the greater TDN release from these roots in full light. 

Regardless, the response in the root exudation of seagrasses to light availability highlights 

one of the ways in which above-ground environmental disturbance can influence the below-

ground environment.  

 

 



70 
 

Composition of seagrass root microbiomes are altered by light availability 

As hypothesized, the composition of seagrass root microbiomes was altered by a reduction in 

light availability in a manner specific to each seagrass species. These species-specific 

changes could be related to the differences in the individual root exudation profiles of each 

seagrass species. For example, reduced light availability had the greatest effect on altering the 

root microbiome of H. ovalis (composition and individual OTUs), which was also the species 

that had the most significant change in exudation patterns when light availability was 

reduced. In contrast, we only saw a difference in genus-level OTUs of C. serrulata between 

the medium light treatment and the full light control– which also corresponded to the 

treatment that had the greatest change in exudation for this species. Whilst these results are 

only correlative, they suggest that changes in root exudation could be contributing to the 

changes in the microbiome and stress the potential importance of root exudates in mediating 

seagrass-microbe relations.  

As for the majority of plants, the rhizosphere of seagrasses is a highly ephemeral and 

complex environment that is defined by a multiplicity of chemical gradients. However, one 

chemical gradient that is inherent to submerged rhizospheres is oxygen concentration. 

Seagrasses can lose oxygen from regions around their root tips creating a small oxic zone in 

an otherwise anoxic rhizosphere (Connell et al. 1999; Jensen et al. 2005). Lower light 

availability reduces the amount of oxygen that can be photosynthetically produced, 

subsequently decreasing the amount of oxygen that is ultimately leaked from the root tips into 

the rhizosphere (Brodersen et al. 2014a; Jovanovic et al. 2015). This reduction in oxygen 

leakage could then affect microbial composition of the root microbiome by altering 

abundance and/or activity of aerobic versus anaerobic bacteria. Interestingly, many of the 

OTUs that were more abundant in the full light control compared to the reduced light 

treatments are considered aerobic or micro-aerobic (e.g. Pseudomonas, Leadbetteralla, 
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Cohaesibacter, Nitrincola, Azospirillum, Sulfurimonas) (Steenhoudt & Vandereyden 2000; 

Fallis 2006; Gu & Mitchell 2006; Abt et al. 2011; Turner, James & Poole 2013; De-la-Peña 

& Loyola-Vargas 2014; Joshi et al. 2016). This effect of reduced light availability on specific 

OTUs was particularly notable for Sulfurimonas, which are chemolithotrophs capable of 

sulphur oxidation (Campbell et al. 2006; Han & Perner 2015). Sulfurimonas have previously 

been found enriched in the roots of Zostera marina collected over a large geographical range 

across the Northern Hemisphere (Fahimipour et al. 2017a) and other from other Zostera spp. 

collected across Europe (Jensen et al. 2007; Cúcio et al. 2016), suggesting these putative 

sulphide oxidisers may prove to be wide-ranging keystone members of the seagrass root 

microbiome that are central to sulphide detoxification. Additionally, Azospirillum and some 

Pseudomonas are considered to have plant growth promoting properties due to their ability to 

either fix atmospheric nitrogen and/or produce growth promoting auxins (Steenhoudt & 

Vandereyden 2000; Bagwell et al. 2002; Fallis 2006; Gu & Mitchell 2006). Azospiriilum has 

previously been shown to exhibit directed movement toward oxygen concentrations 

(aerotaxis), which would be advantageous in enabling the bacteria to live in oxic niches that 

are optimal for nitrogen fixation (Barak et al. 1982; Zhulin, Bespalov & Johnson 1996). 

Whether the observed changes in OTUs with reduced light availability are a result of a 

possible reduction in oxygen leakage from roots in this study can only be speculated upon. 

However, the fact that putative plant growth promoting bacteria and sulphide oxidisers were 

less abundant in reduced light, means that the shift in the community could compound the 

negative effects of reduced light availability, particularly if light is reduced over prolonged 

periods. Further experimental efforts to uncover the effects of oxygen leakage on seagrass 

root microbial associated communities are now underway.  

Despite changes in OTU abundance with reduced light, there was no corresponding change in 

predicted function. Functional redundancy in the community ensures key processes are 
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unaffected by changes in community structure, which would be advantageous to seagrasses 

growing in environments experiencing frequent light deprivation. It is also possible that 

functional differences exist with reduced light, and that these differences could be driven by 

low abundant OTUs. Detection of functional differences within rare taxa might only be 

possible using deep sequencing or shotgun meta-transcriptomics. PICRUSt-predicted 

functional profiles can also be problematic for environmental microbiology owing to a lack 

of available reference genomes in the database. Lastly, as in metagenomics, the presence of a 

gene in community DNA does not denote that function is active; only transcriptomics and 

methods that specifically target capturing activity (e.g. SIP, NanoSIMS) can resolve true 

active functions. Regardless, PICRUSt-predicted functional profiles remain a useful tool for 

gaining functional insight in microbiome studies (Xu et al. 2014), and in the context of this 

study, suggests a level of functional redundancy in response to light disturbance.  

Conclusion 

The main conclusions of this study in relation to our initial hypotheses are as follows: (1) the 

composition and predicted function of seagrass root microbiomes differ among species and 

are different to the surrounding sediment, (2) seagrass root exudation of TDN decreased, 

whilst protein-like DOM increased in low and fluctuating light availability, and (3) microbial 

composition, but not predicted function, is influenced by light availability in a seagrass-

specific manner. Overall this study highlights the potential for above-ground light reduction 

to invoke a cascade of changes; from alterations in root exudation to a reduction in putative 

beneficial microorganisms and ultimately confirms the importance of the root environment – 

a critical, but often overlooked space. 
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Supplementary to Chapter III 

Table S3.1. Physical and chemical properties of the sediment   

Sediment property Value 

CaCO3   3.33 % 

Porosity  46.36 % 

Bulk density 1.52 g cm-3 

NH4-N 1 mg kg-1 

NO3-N < 1 mg kg-1 

Bicarbonate-extractable P < 1 mg kg-1 

Bicarbonate-extractable K 136 mg kg-1 

KCl-extractable S 274 mg kg-1 

Organic C 0.11 % 

 

Table S3.2. Average daily photosynthetically active radiation (PAR) and total PAR received 

in the four light treatments, full light control, medium light, low light and fluctuating light (10 

days low, four days full light). Average daily PAR (moles photons m-2 day-1) is the average 

daily PAR (± 1 SD) and total PAR (moles of photons) is the sum of light received during the 

two week experimental period.   

PAR Control Medium Low Fluctuating  

Average daily PAR  7.26 (2.30) 2.95 (0.96) 1.37 (0.84) 3.14 (3.46) 

Total PAR  107 43 21 45 
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Table S3.3. Artificial seawater trap solution (~ 35 psu) 

Salt g/kg 

NaCl 26.52 

MgCl2 2.45 

MgSO4 3.31 

CaCl2 1.14 

KCl 0.73 

NaHCO3 0.20 

NaBr 0.08 
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Figure S3.1. Comparison of PICRUSt predicted KEGG pathways (level 2) between root 

microbiomes of Halophila ovalis (orange), Halodule uninervis (green) and Cymodocea 

serrulata (blue). 
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Figure S3.2. Scanning electron micrograph (SEM) of the root hair zone of three seagrass 

species, Halophila ovalis, Halodule uninervis and Cymodocea serrulata collected from Shark 

Bay. (A) Microbial colonization of C. serrulata root hair zone with diatom (arrow). (B) 

Microbial cells attached to the surface of C. serrulata. (C) Microbial colonization of H. 

uninervis roots with root hairs in foreground. (D) Filamentous bacteria on H. uninervis root. 
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(E) Dense microbial colonization of H. ovalis with root hair (arrow). (F) Microbial 

colonization of H. ovalis showing a diversity of cell types.   

 

Figure S3.3. Scanning electron micrograph (SEM) of the elongation zone of three seagrass 

species, Halophila ovalis, Halodule uninervis and Cymodocea serrulata collected from Shark 

Bay. (A) Topology of the elongation zone of C. serrulata. (B) Sparse microbial colonization 
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of the elongation zone of C. serrulata. A diatom is present (arrow). (C) Topology of the 

elongation zone of H. uninervis roots. (D) Sparse microbial colonization of the elongation 

zone of H. uninervis. (E) Topology of the elongation zone of H. ovalis roots. (F) Very few 

cells present in the elongation zone of H. ovalis.  

Table S3.4. Root length and root biomass for three species of seagrass grown for two weeks 

under four light treatments, full light control, medium light, low light and fluctuating light 

(10 days low, four days full light). Values are mean (± 1 SD), n = 3).  

Species Root 

parameter 

Control Medium Low Fluctuating  

Cymodocea 

serrulata  

Root length 

(mm) 

150 (54) 118 (52) 88 (102) 166 (37) 

Root DW (g) 0.07 (0.03) 0.05 (0.02) 0.06 (0.04) 0.07 (0.01) 

Halophila 

ovalis 

Root length 

(mm)  

43 (13) 52 (31) 27 (16) 47 (5) 

Root DW (g) 0.02 (0.006) 0.02 (0.009) 0.01 (0.009 0.03 (0.001) 

Halodule 

uninervis 

Root length 

(mm) 

260 (53) 198 (42) 235 (72) 291 (111) 

Root DW (g) 0.04 (0.007) 0.03 (0.006) 0.04 (0.01) 0.04 (0.02) 
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Figure S3.4. Excitation-emission spectra of PARAFAC components (C1 – C5) present in 

seagrass root exudates from Cymodocea serrulata, Halodule uninervis and Halophila ovalis. 
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Table S3.5. Classification of components validated from the PARAFAC model (C1 – C5) in 

this study based on published excitation/emission values for previously characterised 

components.   

Component Peak 

excitation 

(nm) in 

this study 

Peak 

emission 

(nm) in this 

study 

Peak 

excitation 

(nm) 

Peak 

emission 

(nm) 

Classification 

C1 265-275 300-312 270 300-305 Tyrosine 

like1,2,3,4 

C2 240-250 

(295-

315)* 

395-425 

(395-425) 

< 250 (290-

325) 

380-420 

(425) 

Humic-like, 

common in 

marine1,2,3  

C3 270-280 330-365 270-280 330-368 Tryptophan-

like1,2,3 

C4 240-250 

(365-385) 

460-495 

(460-490) 

237-260 

(370) 

400-500 Humic-like1,2,3,4 

C5 250-265 325-345 241  350 Possibly 

Phenolic acids 

but largely 

unclassified1,5 

*numbers in parenthesise are for a second smaller peak.  

1 = Jørgensen et al  (2011) 

2 = Fellman et al. (2010) 

3 = Murphy et al. (2008) 

4 = Yamashita et al. (2008) 

5 = Airado-Rodŕiguez et al. (2009) 
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Figure S3.5. Root exudation of unclassified fluorescent component C5 for three species of 

seagrass. Values are means ± 1 SE (n = 12). Significant post-hoc comparisons are indicated 

with lower case letter.  
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Table S3.6. Photosynthetic performance of three species of seagrass grown for two weeks 

under four light treatments, full light control, medium light, low light and fluctuating light 

(10 days low, four days full light) as assessed using rapid light curves and Pulse Amplitude 

Modulated (PAM) fluorometry (actinic illumination was incremented in nine steps, each with 

a duration of 10s). Values are mean (± 1 SD), n = 3). Effect of light treatment on individual 

photosynthetic parameters were investigated using one-way ANOVA for each plant species. 

Significant post-hoc differences (> 0.05) are indicated by different letters where a significant 

main effect was found.   
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Species Photosynthetic 

parameter 

Control Medium Low Fluctuating  

Cymodocea 

serrulata  

Photosynthetic 

rate (alpha) 

0.37 

(0.07)A/B 

0.48 

(0.0.05)A 

0.40 

(0.03)A/B 

0.33 (0.03)B 

Maximum 

photosynthetic 

capacity 

(rETRmax) 

56.57 

(6.91)A 

55.89 (8.53)A 43.29 

(1.33)A 

80.07 

(12.73)B 

 Maximum 

quantum yield 

(Fv/Fm) 

0.59 (0.10) 0.68 (0.05) 0.60 (0.10) 0.60 (0.0.05) 

Halophila 

ovalis 

Photosynthetic 

rate (alpha) 

0.40 (0.05) 0.48 (0.07) 0.39 (0.02) 0.44 (0.02) 

Maximum 

photosynthetic 

capacity 

(rETRmax) 

80.70 

(10.04) 

75.83 (14.98) 65.25 

(11.74) 

88.95 

(45.99) 

 Maximum 

quantum yield 

(Fv/Fm) 

0.66 (0.06) 0.64 (0.06) 0.68 (0.02) 0.69 (0.04) 

Halodule 

uninervis 

Photosynthetic 

rate (alpha) 

0.27 (0.02) 0.35 (0.04) 0.37 (0.04) 0.28 (0.03) 

Maximum 

photosynthetic 

capacity 

(rETRmax) 

61.31 

(14.30) 

105.95 

(42.34) 

 

94.71 

(23.83) 

80.21 

(47.34) 

 Maximum 

quantum yield 

(Fv/Fm) 

0.62 

(0.03) 

0.67 (0.07) 0.73 

(0.03) 

0.68 (0.01) 
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CHAPTER IV. 

Oxygen loss from seagrass roots coincides with colonization of sulphide 

oxidizing cable bacteria and reduces sulphide stress4 

Belinda C. Martin, Jeremy Bougoure, Megan H. Ryan, William W. Bennett, Timothy D. 

Colmer, Natalie K. Joyce, Ylva S. Olsen, Gary A. Kendrick 

 

4This work has been formatted according to the ISME journal and published as: Martin BC, 

Bougoure J, Ryan MH, Bennett WW, Colmer TD, Joyce NK, Olsen YS, Kendrick GA. Oxygen loss 

from seagrass roots coincides with colonisation of sulphide oxidizing cable bacteria and reduces 

sulphide stress. The ISME Journal. 2019; 13: 707-719 

 

Abstract 

 

Seagrasses thrive in anoxic sediments where sulphide can accumulate to phytotoxic levels. So 

how do seagrasses persist in this environment? Here, we propose that radial oxygen loss 

(ROL) from actively growing root tips protects seagrasses from sulphide intrusion not only 

by abiotically oxidising sulphides in the rhizosphere of young roots, but also by influencing 

the abundance and spatial distribution of sulphate-reducing and sulphide-oxidising bacteria. 

We used a novel multifaceted approach combining imaging techniques (confocal 

fluorescence in situ hybridisation, oxygen planar optodes and sulphide diffusive gradients in 

thin films) with microbial community profiling to build a complete picture of the micro-

environment of growing roots of the seagrasses Halophila ovalis and Zostera muelleri. ROL 

was restricted to young root tips, indicating that seagrasses will have limited ability to 

influence sulphide oxidation in bulk sediments. On the micro-scale, however, ROL 

corresponded with decreased abundance of potential sulphate-reducing bacteria and 

decreased sulphide concentrations in the rhizosphere surrounding young roots. Furthermore, 

roots leaking oxygen had a higher abundance of sulphide-oxidising cable bacteria; which is 

the first direct observation of these bacteria on seagrass roots. Thus, ROL may enhance both 
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abiotic and bacterial sulphide oxidation and restrict bacterial sulphide production around 

vulnerable roots, thereby helping seagrasses to colonise sulphide rich anoxic sediments. 

Introduction 

The health and productivity of seagrass ecosystems across the world is linked with the 

sulphur cycle. The reasons for this lies in the high availability of dissolved sulphate in 

seawater combined with the reduced nature of seagrass sediments (Terrados et al. 1999). As 

such, the mineralisation of organic matter and release of plant available nutrients (N and P) in 

the sediment is typically coupled to microbial sulphate reduction (Jørgensen 1982; Holmer et 

al. 2001). In the process of liberating nutrients from organic matter, sulphate reduction also 

results in the production of sulphides such as H2S (Lamers et al. 2013). H2S is a known 

phytotoxin of plants as it disables energy production by inhibiting the activity of cytochrome 

c oxidase and other metal containing enzymes (Lamers et al. 2013). This paradox leads us to 

question how seagrasses survive in reduced sediments with high dissolved sulphide 

concentrations. 

At present, the survival of seagrasses in sulphide rich sediments has been attributed, in part, 

to the radial diffusion of oxygen from within roots to the rhizosphere (commonly termed 

radial oxygen loss, or ROL) (Armstrong 1979; Colmer 2003). This ROL can protect 

seagrasses by abiotically oxidising sulphide to less harmful forms, thus reducing entry of 

toxic sulphide into roots (Brodersen et al. 2014b). However, the presence of sulphide-

oxidising bacteria on seagrass roots may prove a more efficient strategy for the removal of 

sulphides from the sediment than abiotic removal, as bacterially-mediated sulphide oxidation 

can be 1,000 – 10,000 times faster than abiotic oxidation (Luther et al. 2011). The idea of 

plant protection by microbial sulphide oxidation is not new, and the presence of sulphide 

oxidising bacteria inside the gills of Lucinid clams have been associated with decreased 
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sulphide concentration in seagrass sediments (van der Heide et al. 2012). Free living sulphide 

oxidising Beggiatoa have also been shown to decrease sulphide concentrations in the soils of 

waterlogged rice seedlings (Joshi & Hollis 1976). However, similar mutually favourable 

interactions between free living sulphide oxidisers and seagrass roots are yet to be 

established. 

One group of free living sulphide-oxidising bacteria that are suited to living in the oxic-

anoxic micro-zones of seagrass roots are the filamentous bacteria within the 

Desulfobulbaceae known as ‘cable bacteria’ (Trojan et al. 2016). Cable bacteria span the 

oxic–anoxic interface and transport electrons along their filaments to connect sulphide 

oxidation in the anoxic layer to reduction of oxygen in the oxic layer (Pfeffer et al. 2012). 

Recently, cable bacteria have been found in a diversity of habitats that have characteristically 

high sulphide levels, including sediments in salt marshes and adjacent to seagrass beds 

(Burdorf et al. 2017). However, their presence has yet to be confirmed in the seagrass 

rhizosphere. If cable bacteria do occur in association with seagrass roots, benefits would exist 

for the seagrass (as an additional defence against sulphide intrusion) and for the cable 

bacteria (via the creation of oxic micro-zones, and hence generation of electron acceptors in 

an otherwise anoxic and high sulphide environment).  

As the primary electron acceptor, O2 leaking from seagrass roots has the potential to influence 

the balance between sulphide-oxidising bacteria (sulphide consumption) and sulphate-

reducing bacteria (sulphide production) within the rhizosphere, but this essential link has not 

been explored. Hence, while ROL has some capacity to directly oxidise sulphide in the 

rhizosphere, we propose that the oxic micro-environment generated around seagrass roots 

could also enhance the oxidisation of sulphides by encouraging the colonisation of sulphide 

oxidising bacteria through the provision of electron acceptors (O2, but also NO2
- or NO3

− via 
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nitrification), and limit sulphide production by creating an environment that is not favourable 

for sulphate reducing bacteria (Kjeldsen, Joulian & Ingvorsen 2004).  

Here, we use a novel multifaceted approach to link micro-scale patterns of oxygen loss and 

sulphide concentrations in rhizospheres of Halophila ovalis and Zostera muelleri, to 

colonisation patterns of sulphide-oxidising and sulphate-reducing bacteria. This approach 

enabled us to show, for the first time, the spatial extent and influence of ROL on colonisation 

of sulphate reducers and sulphide oxidisers on seagrass roots in situ and, ultimately, provided 

new evidence for how seagrass survive in sulphide rich sediments.  

Methods 

Seagrass and sediment collection 

Halophila ovalis, Zostera muelleri and sediments were collected from a water depth of ~ 1 m 

using Perspex corers (10 cm i.d., 30 cm depth) from the Swan River Estuary (approximately 

4 km from the river mouth; -32.03, 115.76), Western Australia in November 2016 (Austral 

Spring). Halophila ovalis is the dominant seagrass in the Swan estuary and its growth has 

previously been found to be constrained by conditions of the river sediment (high 

concentrations of acid volatile sulphide and organic matter) (Kilminster, Forbes & Holmer 

2014a). High sulphide intrusion into roots of Z. muelleri has also been correlated with 

reduced biomass and shoot density at sites in an estuary in the south-east of Australia 

(Holmer et al. 2017).  

The two seagrass species were growing as a mixed meadow in salinity close to that of 

seawater (~ 30 – 32 psu). Maximum time-integrated sediment sulphide concentrations in the 

meadow measured using sulphide diffusive gradient in thin films (DGTs; see section below 

and supplementary) were 172 µM during the day and 84 µM during the night (Fig. S4.1). 

Intact cores of seagrasses and sediment were kept in water in insulated boxes and transported 
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back to the University of Western Australia within an hour of collection. On return to the 

laboratory, plants were carefully separated from the sediment by rinsing in water collected 

from the sample site. Ramets consisting of three shoots with intact apicals were immediately 

planted into rhizoboxes. Each rhizobox (20 cm (h) x 20 cm (l) x 2 cm (w)) consisted of two 

clear acrylic sheets (2 mm thickness) with an open square spacer of water-resistant foam 

between them (Fig. S4.2). One side of the rhizobox was glued permanently to the foam, while 

the other side was sealed using non-toxic silicone grease and held together with rubber bands 

to make the side detachable, yet water tight. Each rhizobox was fitted with oxygen planar 

optodes (see section below) and filled with sieved (< 2 mm) sediment from the sample site. 

The sieved and homogenised sediment was a silty sand with a bulk density of 1.50 ± 0.09 g 

cm-3, a porosity of 52.8 ± 2.02 % and organic matter content of 3.26 ± 0.05 %. The 

rhizoboxes were then placed within larger (25 L) temperature controlled (24 °C) recirculating 

glass aquaria filled with aerated filtered seawater (~ 30 psu). Rhizoboxes were covered with 

black plastic to avoid interference from ambient light and tilted at 45 ° to encourage root 

growth along the optode wall (Fig. S4.2). Plants were grown under an irradiance of 250 µmol 

photons m-2 s-1 (measured with a LI-COR underwater quantum sensor LI-192 connected to a 

LI-250A light meter) and a 14:10 h light:dark cycle. All measurements were performed on 

new roots that had grown into the sediments after transplanting.  

Oxygen planar optode measurements 

The 2-dimensional O2 distribution in seagrass rhizospheres was mapped using planar oxygen 

optodes consisting of a 1 % (wt) O2 quenchable platinum(II) meso-

tetra(pentafluorophenyl)porphine combined with a 1 % (wt) reference dye (Macrolex © 

fluorescence yellow 10GN)  immobilised in 4 % (wt) polystyrene coated on a transparent 100 

µm polyester support(Larsen et al. 2011). The optode was covered with a layer of grey 

silicone (biocide-free) for insulation and to minimise soil auto-fluorescence (Glud et al. 
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1996). Both dye and silicone layers were applied using a K-Hand coater (50 µm wet film; RK 

Print Coat Instruments, UK). Planar optodes were taped to the side of the rhizoboxes using 

waterproof tape and a thin water film, while carefully avoiding air bubbles.  

The oxygen planar optodes were imaged using a colour ratiometric approach, where 7 blue 

LED’s (λ-peak = 447.5 nm; Luxeonstar, Canada) equipped with a dichroic blue filter (CDB-

5051; UQC optics, UK) excited both dyes to create duel emission; red luminescence from the 

O2-sensitive dye and green luminescence from the reference dye. Emission was captured 

using a modified digital SLR (Canon EOS 1000D) equipped with a macro lens (Sigma 50 

mm F2.8) and a long-pass emission filter (OG 530, Schott; UQG optics, UK). The LEDs and 

SLR camera were controlled via USB using the software ‘Look@RGB’ (imaging.fish-n-

chips.de), which also splits images into red, green and blue channels. The intensity ratio (red 

channel – green channel) / green channel) was used to measure O2 concentration at the 

surface of the optode using previously obtained calibration curves. These calibration curves 

were obtained with and without a strip of DGT (see below) by purging with N2 and ambient 

air in filtered seawater (same salinity and temperature as the experiment) and monitored 

continuously with a dissolved O2 meter (YSI ProODO). Two-point calibrations were 

subsequently performed throughout the experiment using anoxic sediment (0 µmol L-1 O2; 

0% air saturation) and the overlying water column (260 µmol L-1 O2; 100% air saturation) as 

a reference to check and correct for any sensor drift over time. Further details regarding 

calibration calculations and image capture and processing can be found in Morten et al. ( 

2011). All images were processed using the free software ImageJ (version 1.48) (http:// 

rsbweb.nih.gov/ij/). 
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Oxygen imaging and root sampling 

The oxygen planar optodes were sufficiently transparent to discern roots growing behind 

them, which allowed the continual monitoring of root growth and subsequent radial oxygen 

loss (ROL). Oxygen concentration, width and length of the oxic area around roots were used 

as indicators of the extent of ROL using tools in ImageJ. To corroborate the ROL patterns 

observed using O2 planar optodes, roots of Z. muelleri and H. ovalis were also examined for 

ROL using the methylene-blue agar method (Armstrong & Armstrong 1988). Detailed 

methodology on methylene blue staining can be found in the supplementary. 

At the end of the four weeks, roots were sampled for both Fluorescence in situ hybridisation 

(FISH) analysis and 16S rRNA sequencing (see section below). For FISH sampling, ROL 

from the roots of three replicate plants in separate rhizoboxes of H. ovalis and Z. muelleri was 

imaged and immediately quantified. Rhizoboxes were then carefully opened and roots were 

cut using the planar optode image as a reference to identify whole roots that were exhibiting 

ROL (deemed ‘leaking’) and those exhibiting no ROL (deemed ‘non-leaking’). H. ovalis has 

only one root per rhizome node and the apical root consistently exhibited ROL, while no 

ROL was seen from roots on older nodes. Hence we collected the root from the second node 

as the ‘non-leaking’ root. For Z. muelleri, multiple roots grow from each rhizome node and 

hence we selected roots that exhibited ROL or no ROL from the apical shoot based on the 

optode image. Both leaking and non-leaking roots were cut at the root tip (~ 5 mm, which 

includes the root cap and elongation zone with no root hairs) and at the root hair zone (~ 20 

to 40 mm from the root tip). Root hairs were absent in the elongation zone for both leaking 

and non-leaking roots. The unwashed root segments were immediately placed into a 4 % 

formaldehyde (v/v) solution in phosphate buffered saline (PBS) and fixed over night at 4 °C. 

Roots were then washed in 1 x PBS three times and stored in a 1 x PBS/96 % EtOH (40:60) 

at -20 °C until hybridisations (see below) (Schmidt & Eickhorst 2014).  



92 
 

For DNA sampling, Z. muelleri roots were sampled in the same way as those for FISH, that 

is, ROL from roots of four replicate plants were imaged and quantified, leaking and non-

leaking unwashed roots were removed from the sediment, cut into sections defined above and 

immediately frozen at -80 °C (Fig. S4.2). Bulk sediment DNA were also collected from 

rhizoboxes. A schematic of the sampling design can be found in Supplementary Figure 4.3. 

Sulphide diffusive gradients in thin films 

The two-dimensional distribution of sulphide in the rhizosphere was measured using the 

diffusive gradients in thin films (DGT) technique. This approach consists of a polyacrylamide 

hydrogel impregnated with silver iodide (AgI(s)) that reacts with dissolved sulphide to form a 

black Ag2S(s) precipitate, which is quantified using computer-imaging densitometry 

(Teasdale, Hayward & Davison 1999). To minimise the blurring of the oxygen distributions 

measured by the planar optodes, the AgI DGT gels were prepared at ~150 µm thickness (i.e. 

much thinner than the conventional AgI DGT gels, which are ~800 µm thick), using a 

method modified from Robertson et al. (2008). Rectangles (6 x 10 cm) of polyethersulfone 

filter membrane (0.45 µm poresize, 100 µm thick; Sterlitech) were dip-coated in a solution 

containing 31.2 mL of deionised water, 18.8 mL of acrylamide/bisacrylamide solution (19:1, 

40% (w/w); Sigma Aldrich), 6 mL of 2 mol L-1 silver nitrate and 140 μL of 10% (w/w) 

ammonium persulfate. The membranes were then sandwiched between two sheets of 250 µm 

thick polyvinyl chloride and allowed to polymerize at room temperature for at least 30 

minutes. The membrane-supported gels were then immersed in a solution of 0.4 mol L-1 

potassium iodide overnight, to allow the precipitation of silver iodide within the gel. The 

membrane-supported AgI gels were then rinsed in deionised water and any loosely adhered 

AgI precipitate removed by wiping the gels with lint-free laboratory tissue (Kimwipes). Gels 

were stored at 4°C in deionised water, but were placed in seawater (same salinity as the 

tanks) 24 hours prior to deployment to condition the gels to the same ionic strength. AgI 
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DGT gels were deployed at midday on four separate rhizoboxes; two containing Z. muelleri 

and two containing H. ovalis. At each application time, the front plates of the rhizoboxes 

were removed under water and replaced with a blank acrylic plate to keep the sediments and 

plants submerged and in place and to prevent re-oxidation of sulphides prior to DGT 

deployment. DGT gels were then mounted onto the optode with tape, carefully avoiding air 

bubbles, and overlain with a Nucleopore TM membrane (0.2 µm pore size, 10 µm thick) to 

prevent any direct contact between the gels and the sediments and roots. Once the front plates 

of the rhizoboxes were carefully replaced and resealed, images of the oxygen-optode-DGT 

were then taken every 10 minutes to monitor oxygen distribution and ensure sediments 

remained anoxic during deployment (total deployment time was one hour). 

Fluorescence in situ hybridisation and confocal laser scanning microscopy  

Standard fluorescence in situ hybridisation (FISH) was conducted on root segments (~ 0.5 

cm) of either root tips or root hair zones in 500 µL micro-tubes according to (Watt et al. 

2006; Schmidt & Eickhorst 2014). Root segments were incubated in 150 µL of hybridisation 

buffer (900 mM NaCl, 20 mM Tris-HCl, 35 % formamide (v/v) and 10 % SDS (v/v)) and 15 

µL of up to four probes (50 ng µL-1) were added to each tube (Table 3.1). Doubly labelled 

probes were used for Cy5 and 6-Fam to increase fluorescence signals above background 

auto-fluorescence (Stoecker et al. 2010), whereas the new generation Atto dyes provide 

brighter fluorescence and greater photo-stability and hence was applied as a single labelled 

probe (Buschmann, Weston & Sauer 2003). All probes were synthesised by Biomers (Ulm, 

Germany) and were hybridised at a formamide concentration of 35 % at 46 °C for four hours. 

Root sections were carefully transferred to 50 mL of pre-warmed washing buffer (70 mM 

NaCl, 20 mM Tris-HCl and 5 mM EDTA) and incubated for 15 minutes at 48 °C. Root 

pieces were then transferred to cold MQ H2O for one minute before mounting in VectaShield 
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AF1 (Vector Laboratories, Burlingame, CA) on a glass slide. Spacers of carbon tape were 

used between the slide and coverslip to prevent damage to the roots.  

Confocal laser scanning microscopy (CLSM) was performed on a Nikon Ti-E inverted 

microscope with a Nikon A1Si spectral detector. Fluorescent dyes 6-Fam, Atto 565 and Cy5 

were sequentially excited with 488 nm, 561 nm and 640 nm laser lines, respectively. Laser 

power was set at 4 % and photomultiplier gain and offset were individually optimised for 

each channel and every field of view. For each sample, the upper root surface was located 

and 15 random images were acquired using a 60x Plan Apo VC Oil lens with 1.5 X and 2 X 

zoom with four line averaging. Manual counting of cells hybridised in each laser channel was 

performed using ImageJ using the Cell Counter plug-in (https://imagej.nih.gov/ij/plugins/cell-

counter.html). To account for non-specific binding, manual cell counting was also performed 

on the negative controls (using the probe NONEUB; Table 4.1), and any cell numbers 

counted in the negative controls were subtracted from the corresponding sample counts (Fig. 

S4.4).  
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Table 4.1. Fluorescently labelled oligonucleotide probes applied in this study. With 

exception of the probe with the fluorescent tag Atto 565, all probes were doubly labelled at 

the 5’ and 3’ end.  

Probe sequence 

(5’-3’) 

Probe name Target group Fluorophore  Reference 

GCTGCCTCCCGT 

AGGAGT 

EUB338 (I) * Most bacteria Cy5-Cy5# Amann et al. 

(1990)  

GCAGCCACCCG

TAGGTGT 

EUB338 (II)* Plantomycetales Cy5-Cy5# Daims et al. 

(1999) 

GCTGCCACCCG

TAGGTGT 

 

EUB338 (III)* Verrucomicrobial

es 

Cy5-Cy5# Daims et al. 

(1999) 

AGTTAGCCGGT

GCTTCCT 

Delta495a+ Most 

Deltaproteobacte

ria and most 

Gemmatimonadet

es 

6-Fam-6-

Fam# 

Loy et al. 

(2002) 

AGTTAGCCGGC

GCTTCCT  

Delta495b+ Deltaproteobacte

ria 

6-Fam-6-

Fam# 

Loy et al. 

(2002) 

AATTAGCCGGT

GCTTCCT  

Delta495c+ Deltaproteobacte

ria 

6-Fam-6-

Fam# 

Loy et al. 

(2002) 

ACCGGTATTCCT

CCCGAT 

DSB706 Desulfobulbaceae 

(cable bacteria) 

and 

Thermodesulforh

abdus  

Atto 565 Lucker et al. 

(2007) 

ACTCCTACGGG

AGGCAGC 

NONEUB None (negative 

control probe) 

Cy5-Cy5#, 6-

Fam-6-Fam#, 

Atto 565 

Waller, 

Amann & 

Beisker (1993) 

* Probes applied as an equimolar mix (EUB mix). 
+ Probes applied as an equimolar mix (Delta mix) with a competitor probe mix (Delta comp. 

mix)s 
#doubly labelled at both 5’ and 3’ end 
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DNA extraction, 16S rRNA sequencing and bioinformatics 

 

DNA was extracted from unwashed roots using the MoBio PowerSoil DNA extraction kit 

according the manufacturer’s instructions. A fast prep 24 (MP Biomedicals) set at 4.5 m s-1 

for 60 seconds was used to disrupt the soft seagrass roots and lyse cells with DNA eluted in 

nuclease-free water. Microbial communities were profiled using the primers 341F – 806R 

that target the V3-V4 hypervariable region of the 16S rRNA gene and have lower off-target 

amplification of plant chloroplasts (Muyzer et al. 1993; Muhling et al. 2008; Caporaso et al. 

2011). Sequencing of pooled amplicons was performed by the Australian Genome Research 

Facility (AGRF) on the Illumina MiSeq platform, using Nextera XT v2 indices and 300 bp 

paired end sequencing chemistry. Bioinformatic analysis of sequence reads was largely 

completed following the pipeline developed by (Comeau et al. 2017). Paired-end reads were 

assembled by aligning the forward and reverse reads using PEAR (version 0.9.1) (Zhang et 

al. 2014). Quality metrics were checked using FastQC (version 0.11.5) and filtered using 

tools in FASTX (version 0.7) and BBmap (version 35.84). Ambiguous and chimeric 

sequences were identified and removed using VSEARCH (version 1.4.0) with the RDP as 

reference (Rognes et al. 2016). All downstream analyses were performed in QIIME (version 

1.9.1) (Caporaso et al. 2010b). Open-reference OTU picking was performed using the 

SortMeRNA method(Kopylova et al. 2012) with a minimum identify of 97 %. Taxonomy 

was assigned using UCLUST (version 1.2.22)(Edgar 2010) with the SILVA rRNA as 

reference (release 128) and sequences were aligned using PyNAST (version 1.2.2) (Caporaso 

et al. 2010a). OTUs identified in less than 0.1 % of the reads were removed as well as reads 

identified as chloroplast or mitochondria. Archaeae were not filtered out. General sequencing 

statistics are provided in supplementary Table 4.1. 

 

Data analysis 
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Bacterial diversity of Zostera muelleri roots within samples (alpha diversity) was estimated 

using Faith’s Phylogenetic Diversity. Weighted Unifrac of relative abundances of rarefied 

data was used to construct dissimilarity matrices of the communities (beta-diversity) and 

visualised using PCoA. Stratified permutational multivariate analysis of variance 

(PERMANOVA; R vegan function adonis) with 999 permutations was conducted to explore 

the percentage of variance that could be explained by the differences in beta diversity among 

oxic and anoxic roots and root regions of Zostera muelleri 

Differences in microbial colonisation and bacterial alpha diversity among root regions (e.g. 

root cap, elongation and root hairs) for each seagrass species were tested using either linear 

mixed effects or generalised linear models, with individual plants included as a random effect 

to account for measures taken from the same root/plant. Differential abundance of OTUs 

between oxic and anoxic Zostera muelleri roots was performed on variance stabilised data 

using the DESeq2 package (McMurdie & Holmes 2014). Significance was determined by 

Benjamini–Hochberg corrected p values < 0.05. Desulfobulbaceae sequences were re-aligned 

using SINA aligner (v1.2.11) with a minimum identity of 0.9 and a sequence cut-off of 0.7. A 

maximum-likelihood tree was then constructed using FastTree (General Time Reversible 

model and gamma rate) to show the phylogenetic relationship between cable bacteria 

sequences recovered in our study to those of known cable bacteria (Fig. S4.8). 

All statistical testing was carried out in R studio (version 1.0.153) using the Phyloseq 

(version 1.14.0)(McMurdie & Holmes 2013), ggplot2 (version 2.2.1), vegan (version 2.4-3) 

and nlme (version 3.1-137) packages. All raw 16S rRNA sequences have been uploaded to 

NCBI Sequence Read Archive (SRA) under submission number SRP133137. 

Results 

Spatiotemporal patterns of ROL and sulphide in seagrass rhizospheres 
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Oxygen planar optodes and methylene blue staining demonstrated that ROL was spatially 

restricted to immediately behind the root tips of young apical roots (Fig. 4.1, Fig. S4.5). The 

zone of ROL extended to an average length of 10.6 ± 4.8 mm for H. ovalis and 4.2 ± 2.7 mm 

for Z. muelleri and an average width of 1.5 ± 0.7 mm for H. ovalis and 1.3 ± 0.8 mm for Z. 

muelleri (Table S4.2), generally corresponding to the region of root elongation. In this region, 

the average oxygen concentration measured from nine replicate plants was 59 ± 19 µmol L-1 

and 59 ± 21.7 µmol L-1 (22.6 ± 7.3 % and 22.5 ± 8.3 % of air equilibrium [air = 20.6 kPa 

oxygen]) during the day for H. ovalis and Z. muelleri, respectively, which is within 

concentrations previously reported for belowground tissues of other Zostera species and H. 

ovalis(Frederiksen & Glud 2006; Brodersen et al. 2014a). Radial oxygen loss was related to 

the age of the root (ceasing within five to nine days of root growth for these fast growing 

species) and depended on available light to leaves and shoots; ROL was reduced by more 

than 50 % in length and oxygen concentration within 30 minutes of darkness (Fig. 4.1 and 

Table S4.2). 

Sulphide diffusive gradients in thin films (DGTs) combined with oxygen planar optodes 

revealed that ROL of Z. muelleri resulted in an oxidised band surrounding the root tip and a 

decrease in the concentration of sulphides within this band (Fig. 4.2a). Conversely, for those 

roots not exhibiting ROL, there was an increase in sulphide concentration along the length of 

the root (Fig. 4.2b).  
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Figure 4.1. Spatiotemporal patterns in ROL from the roots of Zostera muelleri and Halophila 

ovalis. a, Oxygen loss from Z. muelleri roots over nine days of growth. A second new root 

can be seen leaking oxygen in day 8 and 9. b, Oxygen loss in roots of Z. muelleri during light 

(250 µmol photons m-2 s-1) and dark transitions (30 minutes darkness). c, Oxygen loss from 

H. ovalis root over three days. d, Oxygen loss in H. ovalis root during light and dark 

transitions. Images are overlays of transparent optode images on bw images of the roots. Nine 

replicate plants were measured for each species. Days are relative to when ROL was first 

observed (i.e. when the root grew to the optode wall). Scale bar is 5 mm.  

Sulphide diffusive gradients in thin films (DGTs) combined with oxygen planar optodes 

revealed that ROL of Z. muelleri resulted in an oxidised band surrounding the root tip and a 

decrease in the concentration of sulphides within this band (Fig. 4.2a). Conversely, for those 

roots not exhibiting ROL, there was an increase in sulphide concentration along the length of 

the root (Fig. 4.2b).  
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Figure 4.2. 2-D distribution of oxygen and sulphide in the rhizosphere of Zostera muelleri 

during full light (250 µmol photons m-2 s-1). a, Oxygen (left) and corresponding reduction in 

sulphides (right) around the leaking root tips (overlain with bw image of roots and marked 

with white squares where oxidation has occurred). b, Lack of oxygen loss around older roots 

(left) and corresponding increase in sediment sulphides (right) along the length of the root 

(overlain with bw image of roots). Scale bar is 5 mm.  

 

Colonisation by root-attached bacteria within oxic-anoxic microsites 

To obtain insights into colonisation patterns of key bacterial groups within the oxic and 

anoxic microsites of seagrasses, we sampled both roots leaking oxygen and those not leaking 

oxygen, hybridised these root pieces with specific fluorescent bacterial DNA probes and 

made observations using confocal laser scanning microscopy (CLSM) (Fig. S4.3). For H. 

ovalis, colonisation by bacteria (cells mm-2 root surface) was higher in the root hair zone 

versus the root cap, but there was no significant difference between roots exhibiting ROL 
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(termed ‘leaking roots’) and roots exhibiting no ROL (termed ‘non-leaking’ roots) (Fig. 4.3a, 

4.3c). Conversely, for Z. muelleri, colonisation by bacteria (cells mm-2 root surface) differed 

among root zones and between leaking roots and non-leaking roots (Fig. 4.3b, 4.3c). Non-

leaking roots had higher numbers of bacterial cells than leaking roots (Fig. 4.3c). For leaking 

roots, the highest number of bacterial cells was in the root hair zone where no ROL was 

observed compared to the elongation zone and root cap (Fig. 4.3c). Conversely for non-

leaking roots, total bacterial cell numbers did not differ among the three root zones (cap, 

elongation zone and root hair zone) (Fig. 4.3c). There was a significant reduction in the 

proportion of δ-proteobacterial cells in leaking roots versus non-leaking roots for H. ovalis 

and in the elongation zone (region of ROL) for Z. muelleri (Fig. 4.3d). Filamentous sulphide-

oxidising cable bacteria were detected on the root surface of both H. ovalis and Z. muelleri, 

where they were significantly higher in abundance in the root hair zone of leaking roots (Fig. 

4.3e). Cable bacteria were absent from the root cap of leaking roots for both seagrass species 

and from the elongation zone for H. ovalis (Fig. 4.3e). 
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Fig. 4.3. Colonisation patterns of microbial populations on oxic-anoxic microsites of H. 

ovalis and Z. muelleri root surfaces. a,b, Representative confocal laser scanning microscopy 

(CLSM) micrographs showing bacterial colonisation of root zones (root hairs, elongation and 

root cap) of a, H. ovalis, with younger oxygen leaking roots on the left panel and older non-

leaking roots on the right panel, and b, Zostera muelleri, with younger oxygen leaking roots 

on the left panel and older non-leaking roots on the right panel. Bacteria were stained with 
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oligonucleotide probes where red = bacteria (probe EUB I-III), yellow = δ-proteobacteria 

(probe Delta 495a-c), blue/purple = cable bacteria (probe DSB706). Scale bar is 10 µm. 15 

images of each replicate root were examined per root region. c,d,e, mean numbers of 

bacterial groups (N=3, SE ± 1) detected on the surface of root zones (root cap, elongation, 

root hairs) c, bacteria (probe EUB I-III; red) d, δ-proteobacteria expressed as a proportion of 

total bacteria (probe Delta 495a-c; yellow) and e, cable bacteria expressed as a proportion of 

total bacteria (probe DSB706; purple). The significance of fixed factors (root zone, root type 

and their interaction) are displayed in each plot, where * = 0.05, ** <0.01, *** < 0.001 and 

NS = not significant. 

Diversity and community structure of root-attached bacteria within oxic-anoxic 

microsites 

To further investigate the influence of oxic microsites on root microbial community 

composition, we sampled roots of Z. muelleri leaking oxygen and those not leaking oxygen, 

extracted DNA from the root tip (including both elongation zone and root cap) and root hair 

zone, as well as from bulk sediment and performed microbial community profiling using 16S 

rRNA (V3-V4) sequencing (Fig. S4.3). 16S rRNA community profiling largely confirmed the 

influence of ROL on root-associated microbial communities (Fig. 4.4). Diversity (Faith’s 

phylogenetic diversity) differed by both root region (F2,15 = 41.6, p < 0.001) and root type 

(F1,15 = 8.5, p = 0.01), which was lower on the root tip (the region of ROL) relative to the root 

hair zone and the bulk sediment (Fig. 4.4a). The composition of the Z. muelleri root 

microbiome was strongly affected by the type of root (i.e. leaking vs non-leaking) and 

differed by root region as revealed by PCoA of weighted UniFrac distances (PERMANOVA; 

interaction term F1,19 = 3.52, p = 0.02). The largest differentiation among microbial 

communities was detected in the root tip (corresponding to the region of ROL) between 

leaking and non-leaking roots (Fig. 4.4b, Fig. S4.6, Fig. S4.7), confirming the patterns 
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observed in FISH-CLSM (Fig. 4.3). Putative sulphide-oxidising bacteria within the ε-

proteobacteria (e.g. Sulfurimonas, Nitratifractor and Arcobacter) were also found to be more 

differentially abundant on non-leaking roots relative to leaking roots (Fig. 4.4c, Fig. S4.6). 

Conversely numerous genera of putative sulphate reducing bacteria within the δ-

proteobacteria were more abundant on non-leaking roots than on leaking roots (Fig. S4.7). 

 

Fig. 4.4. 16S rRNA sequencing of root regions of oxygen leaking and non-leaking roots of Z. 

muelleri roots and bulk sediment. a, mean estimated alpha diversity (Faith’s Phylogenetic 

Diversity) ± 1 SE (N = 4; points annotated with different letters differ at P < 0.05). b, 

principal coordinates analysis (PCoA) of weighted UniFrac distances. c, Differentially 
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abundant OTUs (significance of p < 0.05) between root regions of oxygen leaking and non-

leaking roots. Sediment was excluded from differential abundance analysis. OTUs are 

arranged by increasing significance of their adjusted p-values and the direction of the log2 

fold change. Greater than 0 log2 fold change indicates OTUs more differentially abundant in 

leaking roots. Roots were sampled during full light (250 µmol photons m-2 s-1) supply to the 

shoots, and immediately after oxygen loss was quantified.   

Several sequences aligned with the candidate cable bacteria species Candidatus Electrothrix 

communis (Fig. S4.8). Other sequences recovered from our 16S rDNA data also grouped 

within the monophyletic Candidatus Electrothrix cluster, suggesting that these OTUs are 

potentially novel cable bacteria species (Fig. S4.8). No sequences aligned to the freshwater 

cable bacteria Candidatus Electronema. 

Discussion 

ROL in seagrasses is temporally and spatially restricted 

Oxygenation of the seagrass rhizosphere appears restricted to areas surrounding the tips of 

young growing roots. However, the degree to which this occurred was species specific, with 

H. ovalis exhibiting ROL over a greater length of root than Z. muelleri. The differences in 

ROL between these two species and among roots of different ages could be due to the 

variation in the development of barriers to oxygen loss as roots age. For example, we found 

evidence of suberisation of the outer walls of mature root sections for Z. muelleri (Fig. S4.9), 

thus promoting longitudinal diffusion rather than radial loss and ensuring oxygen reaches 

metabolically active apical meristems (Kotula, Colmer & Nakazono 2014). Conversely, there 

was no evidence of suberisation of outer cell walls in H. ovalis roots (Fig. S4.9), suggesting 

that either suberin was not obvious in this species, or that an alternative barrier to oxygen loss 

exists (Connell et al. 1999). Evidence that H. ovalis develops a barrier to ROL along the 
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basal portion of the root has been shown from one other study (Connell et al. 1999), though 

root anatomy was not evaluated. Furthermore, differences in the proportion of root volume 

occupied by aerenchyma cells among seagrass species may also influence ROL (Colmer 

2003), as well as differences in growth rates; where slower-growing root cells closer to the 

root tip are older than cells at the same distance of a faster growing root, and so the barrier 

can form closer to the tip of a slower-growing root. This may have been the case for the two 

species investigated in this study where average root growth rates of Z. muelleri and H. ovalis 

were estimated to be 4.2 and 10.5 mm d-1 respectively.  

Radial oxygen loss in Z. muelleri corresponded to a decrease in sulphides surrounding the 

leaking root tip, suggesting ROL acts as a ‘barrier’ to sulphide intrusion when the plant is 

sufficiently oxygenated. Conversely, when roots are older and no longer showing ROL, 

sulphide concentrations in the rhizosphere increased, likely related to release of carbon 

compounds from sloughed root cells and/or exudation from the higher density of root hairs 

present on older roots (Martin et al. 2018b). Hence, due to the highly restricted site of ROL in 

these seagrass species (spatially and temporally), we argue that while the ability of O2 loss 

from roots to oxidise sediment sulphides is an important protective mechanism for 

seagrasses, this process is not likely significant for the bulk sediment on a meadow-scale. 

Frederiksen and Glud estimated total root ROL for a bed of Z. marina to range from 12 to 22 

mmol O2 m
-2 d-1 under saturating light conditions (Frederiksen & Glud 2006), which is less 

than the ROL associated with fauna-activity (e.g. around burrows and bioturbation), 

suggesting that ROL of seagrasses contributes only a minor part to total benthic O2 uptake. 

As H. ovalis has only one root per node of the rhizome, it can be assumed that ROL from a 

bed of H. ovalis of equal shoot density would also contribute only a minor part to benthic O2 

uptake. Hence, in the context of bulk sediment biogeochemistry, the presence of seagrasses 

are more likely to enhance sulphate reduction than sulphide oxidisation in sediments due to 
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exudation of carbon compounds from roots and the accumulation of organic matter in 

seagrass sediments (Samper-Villarreal et al. 2016). 

Diversity, community structure and colonisation of root-attached bacteria are 

influenced by root age and oxic-anoxic microsites 

Younger seagrass roots exhibiting ROL had a lower abundance of total bacteria and lower 

proportion of potential sulphate-reducing bacteria, but a higher proportion of sulphide-

oxidising cable bacteria than older roots exhibiting no ROL. The differences in microbial 

colonisation patterns between O2 leaking and non-leaking roots could be due directly to the 

presence of oxygen, particularly as the majority of bacteria in anoxic sediments are adapted 

to zero oxygen conditions. Additionally, as a majority of δ-proteobacteria are sulphate-

reducing bacteria (Morris et al. 2013), it is possible that oxygen loss from root tips creates an 

environment not suitable for many of these sulphate reducers. However, as there was also a 

reduction in δ-proteobacteria in the root hair zone between ROL and no ROL roots, these 

differences could also have been driven by differences in root exudation patterns between 

younger and older roots. The differences in microbial colonisation patterns could also be due 

to differences in carbon and nitrogen exudation among root zones (for example exudation at 

the root tips versus root hairs)(Shane & Lambers 2005; Martin et al. 2014). Additionally, 

shedding of outer layers of root cap cells as roots grow through sediment could also reduce 

microbial colonisation on root caps. Regardless of what is driving this process, a reduction in 

the number of sulphate-reducing bacteria would result in lower sulphide production. 

This is the first discovery of a close association of sulphide oxidising cable bacteria with 

seagrass roots. The long filaments of cable bacteria (occasionally longer than 20 mm) allow 

them to bridge the anoxic-oxic interface on the seagrass root surface to make use of the high 

sulphide concentration in the anoxic root hair zone, as well as the electron acceptors (either 
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O2 or NO3
-) available in the oxic zone, to ultimately provide an additional defence against 

sulphide intrusion for seagrasses. Based on our oxygen planar optode images, we have 

estimated the average root growth (extension rates) of Z. muelleri and H. ovalis to be 4.2 and 

10.5 mm d-1 respectively, which is within the range of that previously reported for Z. marina 

(8.7 mm d-1) (Frederiksen & Glud 2006). The high motility of cable bacteria (up to 0.8 µm s-

1, or 70 mm d-1) (Bjerg et al. 2016) would enable them to respond to the oxygen front that 

moves on a diel pattern of photosynthetic activity and as the root grows through the sediment. 

Cable bacteria have been shown to adjust their position in the sediment in response to a 

moving oxygen front produced by a photosynthetic algal biofilm (Malkin & Meysman 2015). 

Furthermore, root hairs and the region of oxygen loss in older roots may leak minute 

quantities of oxygen – too small to be detected with the optode film – that may be sufficient 

to support electrogenic sulphide oxidation in these root regions. As mentioned previously, the 

higher proportion of cable bacteria in the root hair zone of leaking roots could also be due to 

differences in carbon exudation between younger and older roots and among root zones, as 

cable bacteria have previously been shown to exhibit heterotrophic growth on carbon 

substrates (Vasquez-Cardenas et al. 2015).   

The ability of cable bacteria to improve sediment conditions in seagrass rhizospheres is not 

limited to their ability to reduce sulphide concentrations and thus intrusion into roots, but also 

extends to their capacity to increase the availability of plant nutrients (Fe2+and PO4
3-) due to 

dissolution of Fe and Ca minerals (e.g. FeS and CaCO3) from acidification of the anodic 

reaction (in the sulphidic zone) (Rao et al. 2016; Malkin et al. 2017). The highest density of 

cable bacteria occurred in the root hair zone, which is also proposed to be the site of greatest 

nutrient uptake for these seagrasses due to the increase in surface area from root hairs, and 

the prominent plasmodesmatal connections apparent in the root hairs (Roberts 1993). This 
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cable bacteria-mediated mineral weathering may also explain the expansion of meadows in 

sediments with low free phosphorus levels (Fraser et al. 2012). 

There was also an increased abundance of ε-proteobacteria (particularly Sulfurimonas) in 

older roots of Z. muelleri with no ROL. Sulfurimonas, Nitratifractor and Arcobacter all 

possess the full sulphide oxidation gene cassette (sox genes) as well as the sulphide-oxidizing 

sulphide:quinone oxidoreductase (SQR) which catalyzes the oxidation of hydrogen sulphide 

(Waite et al. 2017). The increased abundance of these ε-proteobacteria in roots with no ROL 

is likely a reflection of the higher availability of electron donors (reduced sulphides) 

surrounding older roots compared to younger roots. Additionally, many sulphur-oxidising ε-

proteobacteria display high versatility in their metabolic pathways and are able to use 

alternative electron acceptors to oxygen (such as NO3- and NO2
-)(Campbell et al. 2006; Han 

& Perner 2015). It is also possible that these older roots may still be leaking minute amounts 

of oxygen that may be sufficient to support sulphide oxidisation for these bacteria, many of 

which are classified as microaerobic (Campbell et al. 2006). The abundance of these putative 

sulphide-oxidising ε-proteobacteria also correlated with the occurrence of sulphate-reducing 

bacteria, suggesting they are likely involved in syntrophic feeding (or ‘obligately mutualistic 

metabolism’) (Morris et al. 2013). Sulphur-syntrophy between populations of microbes 

producing sulphides and those consuming sulphides, is widespread and occurs in a diversity 

of habitats from photosynthetic microbial mats (Wilbanks et al. 2014) to gutless marine 

worms (Dubilier et al. 2001). Hence, ROL, as well as carbon and nitrogen, from seagrass 

roots is likely central for maintaining and fine-tuning the balance in the availability of 

resources between these two bacterial groups. Sulfurimonas, and more generally the 

Campylobacterales, appear to be a dominant microbial genus within the roots of seagrasses  

(Ettinger et al. 2017a; Fahimipour et al. 2017b), and were recently found to decline in 

abundance when three seagrass species (Halophila ovalis, Cymodocea serrulata and 
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Halodule uninervis) were grown under low and fluctuating light conditions(Martin et al. 

2018a). Although the functional role of these bacteria for seagrass health remains to be 

investigated, the dominance of Sulfurimonas in seagrass roots combined with their apparent 

sensitivity to environmental perturbations suggests they may be useful as an indicator for 

declining seagrass sediment health.  

 

 

Fig. 4.5. Conceptual summary of the influence of radial oxygen loss (ROL) on defence 

against sulphide intrusion in Halophila ovalis and Zostera muelleri. Seagrasses enhance 

sulphide production in bulk sediments due to release of exudates and decomposition of 

underground tissue (blue text in box). On the micro-scale (white text in box), growing roots 
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lose oxygen from root tips which works to defend against sulphide intrusion into vulnerable 

young roots by both abiotically oxidising sulphides in the rhizosphere, as well as promoting 

the colonisation of sulphide-oxidising cable bacteria (shown in purple) and decreasing the 

colonisation of sulphate-reducing bacteria (shown in yellow). 

Conclusions 

Seagrass roots have a strong barrier to prevent the radial loss of oxygen to the rhizosphere, 

thus ensuring that oxygen reaches the distal, metabolically active, apical meristems. This 

results in a highly restricted zone of oxygen loss (~ 1.5 mm wide) surrounding tips of young 

roots. Hence our findings highlight that while ROL from roots oxidising sulphides is an 

important protective mechanism for seagrasses on the micro-scale, this process is not 

significant for the bulk-sediment sulphides, and that seagrasses may enhance sulphide 

production in sediments rather than alleviate it (Fig. 4.5). Nevertheless, despite the restricted 

nature of ROL, our multifaceted approach reveals a previously unrecognised role for this 

localised O2 loss: ROL creates spatially and temporally restricted oxic zones that may serve 

to protect sensitive seagrass tissues from sulphide intrusion by oxidising sulphides 

surrounding the growing tip, and by influencing the abundance of sulphate-reducing and 

sulphide-oxidising micro-organisms that colonise these younger roots (Fig. 4.5). 

Our study is also the first report on the direct association of sulphide-oxidising cable bacteria 

with seagrass roots. These specialized bacteria live in the interface of oxic-anoxic 

microzones and may improve sediment conditions by oxidising sulphides to enable 

seagrasses to colonise sulphide rich sediments. The increased occurrence of cable bacteria in 

roots exhibiting ROL may prove to be a widespread phenomenon among submerged (i.e. 

aquatic) and semi-submerged (i.e. amphibious) and emergent wetland plants which colonise 
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sulphide rich sediments, including mangroves and saltmarsh plants, and adds a new plant-

microbial dimension to our understanding of plant tolerances of anoxic sediment conditions. 
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Supplementary to Chapter IV 

 

Figure S4.1. In situ distribution of sulphide in sediments colonised by both Halophila ovalis 

and Zostera muelleri. Time-integrated sulphide concentrations were measured using 

Diffusive Gradients in Thin Films (DGTs; DGT Research) that were deployed for 12 hours 

during the day and 12 hours during the night in the Swan River. The width of sulphide gels 

was 18 mm and total path of diffusion was 780 µm. Samplers were carefully pushed into the 

sediment while keeping the upper 3 cm of the probe window in the water column. 0 mm 

marks the sediment-water interface.  



114 
 

 

Figure S4.2. Rhizoboxes and optode imaging experimental set-up. a, photograph of 

rhizoboxes (20 cm x 20 cm x 2 cm) containing either Zostera muelleri or Halophila ovalis, 

sieved sediment and fitted with an oxygen planar optode. b, photograph of imaging set-up for 

obtaining oxygen distribution in the rhizosphere. c, schematic drawing of oxygen optode 

imaging set-up, where 7 blue LED’s (λ-peak = 447.5 nm) equipped with a dichroic blue filter 

excited both dyes to create duel emission; red luminescence from the O2 sensitive dye and 

green luminescence from the reference dye. Emission was captured using a modified digital 

SLR (Canon EOS 1000D) equipped with a macro lens (Sigma 50mm F2.8) and a long-pass 

emission filter that were controlled via USB using the software ‘Look@RGB’.  Four 

rhizoboxes were also fitted with sulphide diffusive gradients in thin films (DGTs). These 

sulphide gels were mounted behind the optode sheet, covered with a 10 µm thick nucleopore 

membrane and deployed for one hour. 
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Figure S4.3. Methods summary. Halophila ovalis, Zostera muelleri, and sediment were 

collected from the Swan River estuary. Plants were either grown in rhizoboxes, placed in 

methylene blue assay chambers or stained to visualised suberin content. Rhizoboxes were 

fitted with oxygen planar optodes to investigate in situ rhizosphere oxygen in both light and 

dark transitions. Four additional rhizoboxes were also fitted with sulphide diffusive gradients 

in thin films (DGTs). Both roots leaking oxygen and roots not leaking oxygen were sampled 

to investigate the influence of radial oxygen loss on the root microbial community using 

either confocal laser scanning microscopy – fluorescent in situ hybridisation (FISH-CLSM) 

on root surfaces, or 16S rRNA sequencing (for Zostera muelleri only).  



116 
 

 

Figure S4.4. Confocal laser scanning microscopy (CLSM) micrographs of seagrass roots 

stained with negative control probes (NONEUB) for each dye combination (Cy5-Cy5, 6-

Fam-6-Fam, Atto 565). a, H. ovalis root regions. b, Z. muelleri root regions. Auto-

fluorescence in the red laser channel (640 nm) can be seen from the root cap of both species. 

Small non-specific binding the size of bacterial cells (indicated by arrows) were counted as 

‘cells’ and deducted from sample counts. Scale bar is 10 µm. 

 

 

Table S4.1. General 16S rRNA sequencing statistics of Z. muelleri. Sequence target was 

341F (CCTAYGGGRBGCASCAG) - 806R (GGACTACNNGGGTATCTAAT) and read 

length was 300bpPE. A ‘blank’ sample of the reaction buffers was also sequenced and any 

sequences aligning to this sample were subtracted from all other samples. 
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Root 

region 

Root 

type 

Rep Reads 

pre-

filterin

g 

Reads 

post-

filterin

g 

 # Tax. 

Family’s 

Sequences 

aligning to 

Desulfobul

bceae 

Sequences 

aligning to 

Desulfobulb

us 

Elong. Leaking 1 58966 358 33 10 1 

  2 76574 598 38 10 1 

  3 80370 9416 99 120 5 

  4 109403 1095 40 16 12 

 Non-

Leaking 

1 95060 12887 98 106 22 

  2 113390 6400 62 42 10 

  3 86390 26949 95 82 4 

  4 93151 12090 99 123 15 

Root 

hairs 

Leaking 1 108905 38803 132 829 61 

  2 101187 32265 133 1124 172 

  3 105746 42290 129 954 34 

  4 96781 35438 132 933 110 

 Non-

leaking 

1 161152 68004 138 3875 613 

  2 120440 51853 139 1961 535 

  3 86177 35480 129 826 112 

  4 112092 38034 136 1857 131 

Sediment Sed 1 94724 36383 131 1551 101 

  2 74032 26862 125 979 73 

  3 106619 37969 124 1492 86 

  4 88214 33715 118 1388 69 

Blank  1 1167 88 4 0 0 
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Figure S4.5. Roots of Halophila ovalis and Zostera muelleri transferred into an anoxic agar 

solution containing methylene blue. Methylene blue is colourless when reduced and blue 

when oxidised. a, oxygen loss in H. ovalis was limited to the apical root, and extended back 

to 0.25 – 1 cm from the tip. No ROL was observed from older roots of H. ovalis. b, oxygen 

loss in Z. muelleri was limited to 0.25 – 0.5 cm from the root tip. No ROL was observed from 

older roots of Z. muelleri. 

For methylene blue staining, 0.1 % (w/v) agar was dissolved in seawater (30 psu). Once the 

solution had cooled, 13 mg L-1 methylene blue was added followed by 130 mg L-1 of the 

reducing agent Na2S2O4 and then gently shaken until the solution was colourless. This 

solution was then poured into clear acrylic containers that were sealed at the top by 

waterproof foam. Zostera muelleri and Halophila ovalis plants with intact roots (including 

apical roots) were selected from recently collected cores and the roots were then threaded 

through a small slit in the foam and sealed in at the junction with the rhizome using non-toxic 
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silicone grease to prevent oxygenated water entering the container. These containers were 

then transferred into a larger aerated aquarium so that the shoots were submerged in the 

aquaria while roots remained in the anoxic methylene-blue solution. Plants were left for 12 

hours under constant light (250 µmol photons m-2 s-1) and constant temperature (24 °C) and 

roots monitored continuously for any colour development. Any observed changes in colour 

were recorded using a Canon S110 camera.  
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Table S4.2. Oxygen loss from Halophila ovalis and Zostera muelleri roots during light and 

dark (30 minute darkness). Measurements are averages ± 1 SD  taken from 9 replicate plants 

of each species for the light measurements (250 µmol photons m-2 s-1) and four replicate 

plants of each species for the dark measurements. Total width of ROL was taken from the 

widest point and includes the diffusion of O2 from both sides of the root.  

Oxygen loss 

parameter 

Halophila 

ovalis (light) 

Halophila 

ovalis (dark) 

Zostera 

muelleri (light) 

Zostera 

muelleri(dark) 

Maximum O2 

(µmol L-1) 

59.0 ± 19.0 26.4 ± 1.0 59.0 ± 21.7 14.1 ± 20.1 

Maximum O2 

(% air 

equilibrium) 

22.6 ± 7.3  10.1 ± 0.4 22.5 ± 8.3 5.4 ± 7.7 

Mean O2 (µmol 

L-1) 

27.7 ± 9.7 7.8 ± 2.1 30.5 ± 11.7 5.7 ± 7.8 

Mean O2 (% air 

equilibrium) 

10.6 ± 3.7 3.0 ± 0.8 11.7 ± 4.5 2.2 ± 3.0 

Total width of 

ROL (mm) 

1.5 ± 0.7  1.0 ± 0.2  1.3 ± 0.8 0.4 ± 0.5 

Length along 

root of 

ROL(mm) 

10.6 ± 4.8 10.2 ± 5.3 4.2 ± 2.7 1.25 ± 1.8 
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Figure S4.6. Relative abundance of δ-proteobacteria at the genus level (agglomerated by 

genus). Putative sulphate reducers are highlighted by red text. The cable bacteria sister genus 

of Desulfobulbus is highlighted in magenta text and with a *.  
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Figure S4.7. Differentially abundant OTUs (significance of p < 0.05) between oxygen 

leaking and non-leaking root regions of Z. muelleri. Greater than 0 log2-fold-change indicates 

OTUs more differentially abundant in leaking roots. 
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Figure S4.8. Phylogenetic tree of the sequences aligning to Desulfobulbacea recovered from 

all samples. Sequences aligning to Desulfobulbus are highlighted in pink text. Bootstrap 

values are indicated at node. Phylogenetic tree was constructed using maximum-likelihood 

phylogenetic tree using FastTree 2.1.3. 

 



124 
 

 

Figure S4.9. Root anatomy and suberin deposition of H. ovalis and Z. muelleri. To visualize 

suberin, roots were stained for 1 h with 0.1% Fluorol Yellow 088 in polyethylene glycol-

glycerol and viewed under UV light (Zeiss Axioscope). a, H. ovalis mature root hair zone 

with no obvious suberin deposition. b, suberized cell wall of Z. muelleri root hair zone. 

Arrow indicates fluorescent suberized outer wall. c, H. ovalis root tip with no suberin. d, Z. 

muelleri root tip with no suberin. e, suberized cell wall of Z. muelleri root hair zone. 
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CHAPTER V. 

Microbes for managers: Developing microbial indicators for the health of 

estuarine seagrass5 

Belinda C. Martin, Marta Sanchez-Alarcon, Deirdre Gleeson, Jen A. Middleton, Matthew W. 

Fraser, Megan H. Ryan, Marianne Holmer, Gary A. Kendrick, Kieryn Kilminster 

 

5This work has been formatted according to Journal of Applied Ecology. This work is currently under 

review. 

 

Abstract 

There is an urgent need to improve the management and protection of seagrass ecosystems as 

globally they are disappearing at an alarming rate. Consequently, the development of early 

warning indicators that identify ecosystem stress before seagrass loss has occurred is a 

priority. Microbial communities respond rapidly to environmental disturbance, thus, 

monitoring their composition could prove one such early indicator of environmental stress. 

To test this, we combined 16S rRNA sequencing of the seagrass root microbiome of H. ovalis 

with seagrass health metrics (biomass, productivity and Fsulphide) to develop microbial 

indicators to for seagrass condition across the Swan-Canning Estuary and the Leschenault 

Estuary (south-west Western Australia); the former which had experienced an unseasonal 

rainfall event leading to declines in seagrass health. Microbial indicators detected sites of 

potential stress that other seagrass health metrics failed to detect. We also tested the 

relationship between microbial indicators and dissolved oxygen (DO) and salinity, which 

established that stressors experienced by seagrass (decreased salinity and decreased DO) 

resulted in a shift in the root microbiome and that this shift can be measured as an indicator 

for seagrass health in estuarine systems. The sensitivity of the microbial indicators developed 
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here highlights their potential to be used in adaptive seagrass management, and emphasises 

their capacity to be effective early warning indicators of ecosystem stress. 

Introduction 

The value of measuring and incorporating microbial diversity and community composition 

into management plans for both terrestrial and marine systems is becoming broadly accepted. 

However, whilst there has been a proliferation of studies measuring various microbial 

parameters and their correlations to environmental disturbance (Coyte, Schluter & Foster 

2015; Hunt & Ward 2015), there has been no application of this knowledge to function or 

management in a way that aids the environmental decision making process. 

One marine ecosystem that would greatly benefit from the development of effective 

microbial indicators for management is in seagrass ecosystems. Seagrass monitoring 

programs largely focus on measuring the above-ground stress responses of seagrasses (e.g. 

shoot density, % cover and biomass) (Marbà et al. 2013). Not only does this approach miss 

potential below-ground stressors (e.g. sediment sulphide toxicity), but the time-scale of these 

responses can be considered a long-term response (weeks to months) (Macreadie et al. 2014), 

hence by the time stress is noticeable, mortality may have occurred, limiting options for rapid 

adaptive intervention.   

To develop effective microbial indicators for seagrass management, it is necessary to take a 

‘community approach’ rather than a ‘single species approach’. That is, rather than attributing 

microbial functions to a few individuals (e.g. one type of nitrogen fixing bacteria), a better 

approach is to focus on correlating microbial community structure (either functional genes or  

ecological species groups) to parameters deemed important for seagrass health (e.g. light and 

sediment conditions). If such correlations and patterns could be discovered, then these can be 

incorporated into current management plans. 
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More recently, novel indicators for seagrass management have been developed which attempt 

to measure stress responses on shorter time-scales. For example, the Fsulphide metric uses 

stable isotopes of sulphur to estimate the extent of sulphide stress in seagrasses (Holmer & 

Hasler-Sheetal 2014). By using the youngest tissue for isotope analysis then the response 

time is limited from weeks to days (Kilminster, Forbes & Holmer 2014b). Molecular 

techniques such as transcriptomics have also been used to show short-term responses in gene 

expression after exposure of seagrasses to stressors such as changes in temperature (Franssen 

et al. 2011) and light availability (Davey et al. 2018), providing fast responding indicators of 

stress. Downstream from gene expression, metabolomics have revealed cryptic changes in 

nitrogen and sulphur metabolism that could not be detected by traditional approaches (Hasler-

Sheetal et al. 2016). However, microbial communities can respond rapidly to environmental 

disturbance (Allison & Martiny 2008), and therefore monitoring the composition of microbial 

communities may also prove an effective early indicator of environmental stress.  

Therefore the objective of this study was to develop novel indicators for seagrass health by 

integrating estimates on community and functional diversity of microbes associated with the 

roots of the seagrass Halophila ovalis. For this, we sampled across two estuarine systems 

(separated by 150 km) to develop indicators that may be validated across systems and, 

ultimately, applied more broadly to other estuaries. Specifically, we asked the following; i) 

do sites and/or estuaries differ in their current measures of seagrass health? ii) are seagrass 

root microbial communities (both diversity and structure) different among sites and/or 

estuaries? and iii) can the seagrass root microbiome be used as an effective indicator for 

seagrass health? 
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Methods 

Study sites and sampling procedure  

The Swan-Canning Estuary flows through Perth, the capital city of Western Australia (31.95° 

S, 115.86° E) and drains a catchment area of approximately 2090 km2 (Kelsey et al., 2010). 

The Leschenault Estuary is a shallow lagoon located north of the Western Australian town of 

Bunbury (33.32° S, 115.64° E), and is separated from the ocean by a thin peninsula; it drains  

a catchment area of 2020 km2 (Kelsey et al., 2010). The Leschenault Estuary is classified as a 

‘reverse estuary’ because salinity increases with distance from the estuary mouth as a result 

of limited ocean mixing and high rates of evaporation. We sampled six sites across the Swan-

Canning Estuary and three sites across the Leschenault Estuary during March 2017 (Fig. 5.1).  

Temperature, salinity, dissolved oxygen and pH of each site was recorded in situ using a YSI 

Pro, and available light (Photosynthetically Active Radiation; PAR) was recorded 

continuously from each site using Odyssey® photosynthetic irradiance recording system 

fitted with wiper units from Domtech Pty. Ltd. Light was expressed as average daily Hcomp, 

which is the number of hours above the light compensation point (estimated to be 40 µmol 

photons m-2 s-1) (Hillman, McComb & Walker 1995). These in situ measurements were 

compared to data collected at the same sites from January and February using the same 

instruments and methods. Two unseasonal large rainfall events occurred during late January 

to early February 2017 whereby 270 gigalitres of freshwater was discharged from the Avon 

River into the Upper Swan Estuary, delivering significant tannin-rich organic matter, 

sediment and nutrient loads into the Swan Estuary (BOM, 2017). This unseasonal freshwater 

pulse resulted in two months of decreased light, temperature and salinity for the seagrasses in 

the Swan-Canning Estuary immediately before sampling took place (Fig. 5.1, Fig. S5.1). The 

Leschenault Estuary was unaffected by this rainfall event (Fig. 5.1d).  
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Figure 5.1. Sampling site locations for both estuaries and their associated average daily Hcomp 

(number of hours >40 µmol photons m-2 s-1; indicated by the coloured lines), average salinity 

and average dissolved oxygen (DO; indicated by the grey bars, ±1 SE) across January, February 

and March for 2017. (a) Site names and locations within the Swan-Canning Estuary. (b) 

Average daily Hcomp and average monthly salinity and DO for the Swan-Canning Estuary. (c) 

Site names and locations within the Leschenault Estuary. (d) Average daily Hcomp and average 

monthly salinity and DO for the Swan-Canning Estuary. Note that salinity and DO data are 

missing for January. Shaded area on (c) and (d) indicates the time of the unseasonal rainfall 

events. (e) Representative meadow of H. ovalis in the Swan-Canning Estuary one month before 

the flood (left) and one month after the rainfall event (right). 
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Halophila ovalis is the dominant seagrass growing in both estuaries. Estimates of meadow 

characteristics (biomass, branches, apices and leaf density) were determined from five 

replicate samples collected by core (96 mm diameter polycarbonate core inserted 15 cm into 

the sediment and sieved (2 mm) in the field). Branching effort was calculated as the total 

number of branches divided by half of the total leaves (as H. ovalis has two leaves per 

rhizome node). One replicate sediment sample per site was also retrieved from cores, and 

frozen until analysis of δ34S and Acid Volatile Sulphide (AVS). One replicate water sample 

was collected from above the seagrass canopy, filtered (0.45 µm) and acidified (with 10% 

HNO3) for the analysis of δ34S in sulphate (see section below). Growth rates of H. ovalis 

were estimated using the rhizome tagging method (Short & Coles 2001), with 30 apical 

shoots tagged per site. Tagged apices were measured after 7 days of growth to estimate 

growth and productivity. The percentage cover of seagrass and macroalgae was determined 

from 10 replicate quadrats (30 x 30 cm) that were randomly placed within each site.  

For microbiome sampling, four additional cores were taken from the meadow of each site, 

wet sieved to remove sediment and immediately snap-frozen in a dry shipper containing 

liquid N2. A subsample of sediment was also collected from the cores and snap-frozen. These 

samples were transported back to the laboratory and stored at -80°C until DNA extraction.  

δ34S analysis  

Seagrass tissue from the 1st and 2nd leaf pairs, roots and rhizome (corresponding to the 

youngest plant material) and sediment retrieved from the cores were analysed for δ34S and 

total sulphur (TS). Leaves, rhizomes, roots and sediment were dried at 60 °C for 48 hours, 

ground and weighed into tin capsules with vanadium pentoxide and analysed for TS and δ34S 

using EA-IRMS. Water δ34S was also analysed by EA-IRMS from the precipitation of 

BaSO4. Stable isotope signatures are reported relative to the international δ34S standard of 
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Canyon Diablo Troilite (CDT). The percentage of sulphur in seagrass tissue derived from the 

sediment (Fsulphide) was calculated according to Frederiksen (2006): 

Fsulphide (%) = ((δ34Stissue - δ
34Ssulphate)/(δ

34Ssulphide - δ
34Ssulphate)) x 100 

where δ34Stissue is the value from the leaf, rhizome or root and δ34Ssulphide and δ34Ssulphate are the 

values estimated from the sediment and water samples respectively.  

DNA extraction, 16S sequencing and bioinformatics  

DNA was extracted from ~ 0.1 g of apical roots and ~ 0.5 g of wet sediment using the MoBio 

kit according to the manufacturer’s instructions. A fast prep 24 (MP Biomedicals) set at 4.5 

m s-1 for 60 seconds was used to disrupt roots and lyse cells with DNA eluted in nuclease-

free water. Microbial communities were profiled using the primers 341F – 806R that target 

the V3-V4 hypervariable region of the 16S rDNA gene and have lower off-target 

amplification of plant chloroplasts (Muhling et al. 2008; Caporaso et al. 2011). Sequencing 

of pooled amplicons was performed by the Australian Genome Research Facility (AGRF) on 

the Illumina MiSeq platform, using Nextera XT v2 indices and 300 bp paired end sequencing 

chemistry. Paired-end reads were assembled by aligning the forward and reverse reads using 

PEAR (version 0.9.1) (Zhang et al. 2014). Quality metrics were checked using FastQC 

(version 0.11.5) and filtered using tools in FASTX (version 0.7) and BBmap (version 35.84). 

Ambiguous and chimeric sequences were identified and removed using VSEARCH (version 

1.4.0) with the RDP as reference (Rognes et al. 2016). All downstream analyses were 

performed in QIIME (version 1.9.1 ) (Caporaso et al. 2010b). Open-reference OTU picking 

was performed using the SortMeRNA method (Kopylova et al. 2012) with a minimum 

identify of 97 %. Taxonomy was assigned using UCLUST (version 1.2.22) (Edgar 2010) with 

the SILVA database as reference (version 132) and sequences were aligned using PyNAST 

(version 1.2.2) (Caporaso et al. 2010a). OTUs identified in less than 0.1 % of the reads were 
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removed as well as reads identified as chloroplast or mitochondria. Archaea were not filtered 

out. General sequencing statistics can be found in supplementary Table 5.1. All raw 

sequences and meta-data have been uploaded to NCBI Sequence Read Archive (SRA) under 

BioProject ID: PRJNA545746. 

Data analysis 

All statistical analysis was carried out in RStudio (version 1.14.0) using the Phyloseq 

(version 1.24.2) (McMurdie & Holmes 2013), ggplot2 (version 3.0.0) and vegan packages 

(version 2.5-2). 

Bacterial diversity within samples (alpha diversity) was estimated using Shannon and Chao1 

diversity indices. Weighted Unifrac of relative abundances were used to construct 

dissimilarity matrices of communities (beta-diversity) and visualised with PCoA. Stratified 

permutational multivariate analysis of variance (PERMANOVA) with 999 permutations was 

conducted to explore the percentage of variance that could be explained by site, estuary and 

sample type (sediment versus root). 

Differences in H. ovalis biomass, Fsulphide in shoots and alpha diversity of roots and sediments 

between sites (fixed factors) were compared using linear mixed effects models (with estuary 

as a random effect) using the nlme package (version 3.1) with log or square root transformed 

data to conform to parametric assumptions where necessary. Post-hoc comparisons were 

performed using Tukey HSD. A principal component analysis was performed on 

environmental and seagrass characteristics (log transformed) for each site. 

Differential abundance analysis was conducted to identify key indicator taxa in the seagrass 

microbiome using the DESeq2 package (version 1.20.0) (McMurdie & Holmes 2014). First, 

differential abundance of OTUs between roots and sediments across both estuaries was 

performed on variance stabilized data that was agglomerated to genus level. Root samples 



133 
 

were then subset, and differential abundance was performed between categories of high vs 

low seagrass stress (Fig. S5.2). OTUs associated with ‘healthy’ versus ‘stressed’ seagrass 

were then summed. Linear mixed effects models were performed on these bacterial indicators 

to determine differences among sites (with estuary as a random effect). Multiple linear 

regression was also used to determine if environmental parameters (dissolved oxygen and 

salinity) can predict microbial alpha diversity and abundance of healthy and stressed OTUs 

using the global model (y = dissolved oxygen + salinity + site (random effect)). The steps to 

create these bacterial indicators are outlined in Supplementary Figure 5.2.  

Results 

Site characteristics and sulphide intrusion 

The total biomass of H. ovalis recovered from cores (roots, rhizomes and shoots) differed 

among sites (F8,35 = 34.29, p <0.001, Fig. 5.2a). In the Leschenault Estuary, H. ovalis biomass 

increased with distance from sea (i.e. L1 < L2 < L3) coinciding to the direction of increasing 

salinity in this ‘reverse estuary’. In contrast, in the Swan-Canning Estuary, H. ovalis biomass 

tended to decrease with distance from the estuary mouth, likely in response to the freshwater 

pulse that occurred in the Swan-Canning during February (Fig. 5.1, Fig. 5.2a). The average 

biomass of H. ovalis in the Swan-Canning in 2017 was 2-3 times lower than March 2016 as a 

result of this freshwater pulse (indicated by dashed line, Fig. 5.2). There were also decreases 

in light (Hcomp), pH, temperature, salinity and dissolved oxygen (DO) in the Swan-Canning 

compared to both the Leschenault and to averages recorded from the Swan-Canning during 

March of the previous year associated with the freshwater pulse (Fig. S5.3).  

Fsulphide of H. ovalis shoots differed among sites (F8,35 = 7.83, p < 0.001), with all sites in the 

Swan-Canning having higher sulphide intrusion than Leschenault sites L1 and L3 (Fig. 5.2b). 

In the Swan-Canning, site S1 had the greatest sulphide intrusion, followed by S4 and S5, with 
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S2, S3 and S6 showing intermediate sulphide intrusion (Fig. 5.2b). In contrast, there was no 

difference in Fsulphide in shoots among sites within the Leschenault (Fig. 5.2b). 

The higher Fsulphide values of seagrass tissue (root, shoot and rhizome) in the Swan-Canning 

compared to the Leschenault largely drove the grouping of sites in the PCoA plot (Fig. 5.2c). 

Greater light availability (Hcomp and PPFD) and higher salinity of sites in the Leschenault 

were also drivers of the grouping by estuary (Fig. 5.1b, Fig. 5.2c, Fig. S5.3). There was a 

decoupling between the concentration of sediment sulphides (total S % and AVS %) and 

sulphide intrusion (Fsulphide), where sites high in sediment AVS % or total S % (e.g. L2, L3 

and S1) grouped away from those sites with high Fsulphide for all tissue types (Fig. 4.2c). 

Within the Swan-Canning, site S1 was associated with higher seagrass biomass and 

productivity, as well as dissolved oxygen (DO) and sediment total organic carbon (TOC), 

while site S4 and S5 were associated with higher macroalgal cover and higher above:below 

ground biomass ratios (Fig. 5.2c).  
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Figure 5.2. Seagrass health indicators (total biomass and Fsulphide) and physicochemical 

characteristics of each site in the Leschenault and Swan-Canning estuaries in March 2017. (a) 

Boxplot (with data points overlain) of H. ovalis biomass by site and estuary. The dashed line 

is the average biomass of H. ovalis recorded from the previous year (March 2016) for each 

estuary. Significant post hoc comparisons are indicated by lowercase letters. (b) Boxplot 

(with data points overlain) of Fsulphide in H. ovalis shoots by site and estuary. The dashed line 

is the average Fsulphide of H. ovalis recorded from the previous year (March 2016) for each 

estuary. (c) Principal coordinates analysis (PCoA) of physicochemical and seagrass 

characteristics at each site (L1-L3, S1-S6). Displayed vector abbreviations and units are; 

macroalgae = macroalgae cover (%), above:below = above to belowground biomass ratio, 

sediment S = sediment sulphide (%), DO = dissolved oxygen (mg L-1), TOC = sediment total 

organic carbon (%), AVS = sediment acid volatile sulphide (%), PPFD = average daily 

photon flux density (mol m-2 day-1), Fsul = Fsulphide and Hcomp is number of hours > 40 µmol 

m2 day-1. 
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Seagrass root microbiomes 

The root microbiomes of H. ovalis in both estuaries were generally less diverse than the 

microbial communities in the surrounding sediment (Fig. 5.3a). The root microbiomes of H. 

ovalis in the Swan-Canning were also less diverse than sites within the Leschenault (Fig. 

5.3a). Within the Leschenault, alpha diversity (Shannon index and Chao1) did not differ 

among sites (Fig. 5.3a). In contrast, in the Swan-Canning, sites S3 and S6 had the lowest root 

microbial diversity while site S1 (the most seaward site) had the greatest alpha diversity (Fig. 

5.3a).   

PCoA of weighted UniFrac distances revealed that the composition of H. ovalis root 

microbiomes were distinctive from the microbial communities in the surrounding sediment 

(PERMANOVA; F1,71 = 23.47, p <  0.001; Fig. 5.3b). The composition of H. ovalis root 

microbiomes also differed by estuary (PERMANOVA; F1,71 = 14.31, p < 0.001). However, 

the grouping by estuary was more evident for root microbiomes than for sediments (Fig. 

5.3b). Root microbiomes also grouped by site (PERMANOVA; F8,35 = 5.23, p < 0.001), with 

a greater differentiation of microbial communities between sites in the Swan-Canning than in 

the Leschenault (Fig. 5.3b).  
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Figure 5.3. Alpha and beta diversity of microbial communities associated with H. ovalis 

roots and surrounding sediment at sites within the Leschenault and Swan-Canning estuaries. 

(a) Mean species richness estimated as Shannon index (top) and Chao 1 (bottom) ± 1 SE, n = 

4. The main effect of site, sample type and interaction is indicated by the * in each panel, 

where *p < 0.05, **p < 0.01 and ***p < 0.001. (b) Principal coordinates analysis (PCoA) of 

weighted UniFrac distances with 95% confidence ellipses for sample type and estuary (top) 

and for root microbiomes by site and estuary (bottom).  

Seagrass microbial indicators of sediment stress 

Differential abundance analysis between H. ovalis root microbiomes and sediments revealed 

more than 60 genera that were enriched in H. ovalis root microbiomes across both estuaries 

compared to the surrounding sediment (Table S5.2). These differentially abundant genera 

were overwhelmingly dominated by microbes involved in sulphur cycling (comprising 64% 

of the core root microbiome), with the majority of these comprised of sulphide-oxidising 

bacteria (e.g. Candidatus Thiodiazotropha, Sulfurimonas, Arcobacter and Candidatus 
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Electrotrhix) (Fig. 5.4a, Table S5.2). The root microbiome was also enriched in taxa 

previously isolated from marine and terrestrial rhizospheres (comprising 13% of the core 

microbiome; e.g. Rheinheimera, Lysinimicrobium and Marinomonas), but also contained 

many genera known to have plant growth promoting properties such as auxin production and 

N2 fixation (e.g. Labrenzia, Azonexus, Rhizobium; Fig. 5.4a, Table S5.2).  

The taxonomic composition of the root microbiome was dominated by microbes of the class 

Gammaproteobacteria (comprising 30%), followed by Deltaproteobacteria (16%), 

Bacteroidia (11%) and Camylobacteria (10%) (Fig. 5.4b).  

 

Figure 5.4. The core root microbiome of H. ovalis where (a) is the proportion of putative 

functional types based on identified genera and (b) is the proportion of the top eight most 

abundant taxonomic classes. The core microbiome was estimated from differentially 

abundant OTUs (agglomerated by genus level and with a significance of p < 0.001) between 

seagrass roots (estuaries and sites combined) and sediments. Rhizosphere microbes = 

microbes previously isolated from plant roots. 
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Subsequent differential abundance analysis of root microbiomes of H. ovalis with high versus 

low seagrass health metrics (see Table S5.3 for health metric and categories), enabled the 

identification of genera that were associated with ‘healthy’ versus ‘stressed’ seagrasses (Fig. 

S4.4, S4.5, Table S5.4). Genera that were more abundant in ‘healthy’ seagrasses included 

methylotrophic bacteria (e.g. Methylotenera and Methylophaga), iron cycling bacteria (e.g. 

Deferrisoma, Geothermobacter and Gallionella), putative N2 fixing bacteria (e.g. 

Cohaesibacter and Rhizobium) as well as bacteria that have been isolated from various 

marine hosts (Table S5.4). Genera that were more abundant in ‘stressed’ seagrasses were 

dominated by sulphur-cycling bacteria, both sulphide-oxidising (e.g. Candidatus 

Thiodiazotropha and Candidatus Electrothrix) and sulphate-reducing (e.g. SEEP-SRB1, 

Desulfomonile and Desulfonema), as well being mostly comprised of anaerobic bacteria 

(Table S5.4).  

 When these OTUs were summed, the total relative abundance of OTUs associated with 

‘healthy’ and those associated with ‘stressed’ seagrasses differed among sites (‘healthy’ = F1,8 

= 10.72, p < 0.001; ‘stressed’ = F1,8 = 10.53, p < 0.001; Fig. 4.5a). Sites S3, S4 and S5 had 

lower relative abundance of ‘healthy’ OTUs than all other sites in the Swan-Canning, but 

were not different to those in the Leschenault (Fig. 5.5a). In the Leschenault, there was no 

difference in the relative abundance of either ‘healthy’ or ‘stressed’ OTUs across sites (Fig. 

5.5a). In contrast, in the Swan-Canning, there was a gradient of increasing abundance of 

OTUs associated with ‘stressed’ seagrass moving from the estuary mouth (S1) to upstream 

(S6) (Fig. 5.5a). However, site S3 was an exception to this trend, which had the greatest 

relative abundance of OTUs associated with ‘stressed’ seagrass (Fig. 5.5a). 

Linear mixed effects modelling predicted a significant positive relationship between alpha 

diversity (both Chao1 and Shannon index) and increasing DO and salinity (Fig. 5.5b). 

Conversely, a negative relationship was predicted between the summed abundance of 
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‘stressed’ OTUs and increasing DO and salinity (Fig. 5.5b), whilst there was no significant 

relationship predicted between summed abundance of ‘healthy’ OTUs and DO or salinity (see 

Table S5.5 for model averaged estimates).   

 

Figure 5.5. Bacterial indicators of seagrass health. (a) Boxplot (with data points overlain) of 

summed relative abundance of OTUs associated with ‘healthy’ (top) and ‘stressed’ (bottom) 

H. ovalis by site and estuary. Significant post hoc comparisons are indicated by lowercase 

letters. (b) Predicted abundance of Chao1 (top), Shannon diversity (centre) and total stressed 

OTUs (bottom) in H. ovalis roots of the Swan-Canning and Leschenault estuaries as relates to 

dissolved oxygen (DO) and salinity. 

Discussion 

As seagrasses are a threatened ecosystem across the globe, their successful management 

requires the use of effective indicators that are at an adequate scale to rapidly record levels of 

stress, thus allowing time to mitigate future declines. By combining seagrass health metrics 
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with the analysis of H. ovalis root microbiomes, we were able to develop rapid and novel 

microbial indicators for assessing seagrass health across two estuaries following a large 

disturbance event. A relationship between these microbial indicators and dissolved oxygen 

(DO) and salinity was also established, inferring that stressors experienced by seagrass (e.g. 

decreased salinity and decreased DO) resulted in a community shift in the root microbiome, 

and that this shift can be measured as an indicator for seagrass health in estuarine systems.  

Sulphide intrusion as a measure of seagrass health 

By using the Fsulphide metric, we found that seagrass in the Swan-Canning Estuary appear to 

experience greater sediment stress than seagrass in the Leschenault Estuary. This may be a 

result of increased nutrient availability and organic matter enrichment in the Swan-Canning 

sediments compared to the Leschenault due to higher urbanisation pressures (Kelsey et al., 

2010). Greater nutrient availability and/or organic loading can increase rates of sulphide 

reduction in seagrass sediments, subsequently increasing the susceptibility of overlying 

seagrasses to sulphide intrusion (Holmer & Frederiksen 2007; Hasler-Sheetal et al. 2016). 

However, higher levels of sulphide intrusion in the Swan-Canning could also have been a 

response to the decrease in light availability, salinity and DO as a result of the freshwater 

pulse that dramatically affected the Swan-Canning estuary for two months prior to sampling. 

Decreased DO and light reductions have previously been linked to increased sulphide 

intrusion by preventing re-oxidation of sulphides either via internal O2 and/or preventing the 

plants from releasing O2 from roots and creating a barrier to sulphide intrusion (Brodersen et 

al. 2014b; Olsen et al. 2018; Martin et al. 2019). This has important implications for future 

climate change scenarios where these high unseasonal summer rainfall events are predicted to 

increase for the south-west of Australia (Raut, Jakob & Reeder 2014), and hence increase 

nutrient and sediment loads and continue to challenge seagrass resilience. 
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Increased Fsulphide of tissues did not negatively correlate to seagrass health metrics (e.g. 

biomass and productivity). For example, even though site S1 was identified as a site of high 

sulphide intrusion, this site also had the greatest biomass and productivity. S1 is the most 

seaward site in the Swan-Canning Estuary and is flushed by tidal movements of ocean water 

that would have contributed to its higher DO values and lessened the impact from the 

freshwater pulse. Oxygen is central to seagrasses ability to detoxify sulphides; either by 

oxidation to SO4 externally in the rhizosphere (Brodersen et al. 2014b; Martin et al. 2019) or 

oxidation to non-toxic elemental S internally in seagrass tissue (Hasler-Sheetal & Holmer 

2015). Hence, sulphide is predicted to have the greatest negative impact on seagrass growth 

and survival when compounded with factors that affect oxygen supply such as 

photosynthesis, respiration, water movement and temperature (García et al. 2013). 

Additionally, the degree to which sulphide will enter a plant depends on sediment 

biogeochemical conditions, including pH and Fe concentration. For example, sulphide 

intrusion can be particularly problematic in sediments that are low in Fe, as Fe can buffer the 

effects of H2S intrusion by forming FeS precipitates (Chambers et al. 2011). Hence, 

understanding relevant environmental drivers and quantifying thresholds that increase the 

susceptibility of sulphide intrusion in seagrasses is an important future research area to aid 

effective management in estuaries whose health relies on seagrasses. 

Microbial indicators of sediment stress 

Root microbiomes of H. ovalis were less diverse and structurally distinct from the 

surrounding sediment, which are consistent with previous findings for terrestrial (Oburger & 

Schmidt 2016; Hartman et al. 2017) and marine plants (Ettinger et al. 2017a; Fahimipour et 

al. 2017a). This individuality of the root microbiome compared to surrounding sediments 

enabled us to identify microbes that are common to seagrasses across both estuaries (i.e. a 
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“core microbiome”), as well as those microbes that respond to environmental change (i.e. 

“indicator microbes”).  

The core root microbiome of H. ovalis is dominated by sulphide-oxidising bacteria, but also 

genera known to have plant growth promoting properties such as auxin production and N2 

fixation. An enrichment in sulphur cycling microbes (either as sulphate reducing 

Deltaproteobacteria, or as sulphide oxidising Sulfurimonas) have been found in the roots of 

several seagrass species (Cúcio et al. 2016; Rotini et al. 2017; Martin et al. 2018a). The 

dominance of this group in seagrass roots and rhizospheres is not surprising and points to the 

selective conditions of the predominately anoxic, sulphide-rich sediments that seagrasses 

colonize. These “core” microbiomes arise due to selective pressures not only from the 

sediment environment, but also include those driven by the plant (including exudation of 

carbon compounds, diffusion of oxygen and other electron acceptors) (Brodersen et al. 2017; 

Martin et al. 2018c, 2019). Because of these plant-driven pressures, it follows that changes in 

root microbiome compositions can be used to indicate the health of the seagrass.  

Genera that were more abundant in ‘healthy’ seagrasses included Fe-cycling bacteria, 

methylotrophic bacteria, putative N2 fixing bacteria as well as bacteria that have been isolated 

from various marine hosts. Interestingly, Fe-cycling genera that were present in the ‘healthy’ 

OTU indicators were more abundant across sites in the Leschenault Estuary compared to the 

Swan-Canning Estuary. It is possible that these microbes may assist in the formation of Fe 

oxyhydroxide plaques that can form in regions of oxygen leakage from below-ground 

seagrass tissue (Emerson et al. 1999). These Fe plaques can then act as a barrier to sulphide 

intrusion (Koch & Mendelssohn 1989). There was evidence of Fe plaques on the rhizomes of 

H. ovalis collected from the Leschenault (observed as orange/brown colouration on the 

rhizomes), but these were not observed on any of the seagrasses from the Swan-Canning. 

Whether this Fe-plaque formation is a result of the higher abundance of Fe cycling bacteria, 
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or higher sediment Fe concentrations combined with a greater potential of the Leschenault 

seagrasses to oxidise the rhizosphere needs to be investigated. 

Genera that were more abundant in ‘stressed’ seagrasses were dominated by sulphur cycling 

bacteria (both sulphide-oxidising and sulphate-reducing), as well as being mostly comprised 

of anaerobic bacteria. Sulphide-oxidising bacteria of the genera Candidatus Electrothrix (or 

Cable bacteria), have recently been discovered in the rhizosphere of Halophila ovalis and 

Zostera muelleri and are hypothesised to be important in sediment sulphide detoxification for 

seagrasses (Martin et al. 2019). Hence, it is somewhat contradictory to find their abundances 

increased in ‘stressed’ sites. However, while sulphide-oxidisers may have a beneficial role in 

sulphide detoxification, their abundance would be expected to increase in conditions where 

seagrasses are most at risk of sulphide intrusion. Additionally, whilst this study highlights the 

potential ecological role of sulphide oxidisers in seagrass rhizospheres, there is still little 

direct evidence of their function and benefit to seagrasses.  

Sites S3, S4 and S5 had significantly lower relative abundance of ‘healthy’ OTUs than all 

other sites across both estuaries. These sites are all shallow, sandy embankments that act as 

depositional zones for drift macroalgae, leading to light reduction for seagrasses and organic 

enrichment of the sediments (Höffle et al. 2012). Site S3 also had the highest level of 

‘stressed’ OTUs which is likely related to the shallow nature of this site, but may also be a 

result of the evident nutrient enrichment at this site (Kilminster et al. 2014a). In the current 

study, seagrass health metrics (e.g. biomass, productivity and Fsulphides) did not indicate 

that this site was under higher stress compared to other sites in the Swan-Canning Estuary. 

However this may be a result of the freshwater pulse that impacted all sites in the Swan-

Canning thus masking potential stress at site S3. Even so, despite the inability to detect stress 

at site S3 using traditional indicators, the use of 16S sequencing identified this site as a site of 

high seagrass stress – highlighting the effectiveness of using microbial indicators.  
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In addition to serving as an early indicator of ecosystem stress, microbial indicators also have 

potential to mitigate acute anthropogenic stressors on seagrass ecosystems such as dredging. 

Similar approaches have already been trialled for managing dredging activities on seagrasses 

in Port Curtis, Australia, where seagrass gene expression was monitored in situ during 

dredging operations (Schliep et al. 2015). These were then coupled to dredging decisions; 

when molecular markers of light stress exceeded thresholds, dredging was reduced or ceased 

entirely. Microbial indicators could be used in a similar manner, and coupled to 

environmental decisions that would limit stress on seagrasses prior to mortality. Developing a 

suite of molecular indicators for environmental managers is a promising research area, 

particularly in light to the increased accessibility and decreased cost of sequencing, but more 

research is required before adoption into monitoring and management. 
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Supplementary to Chapter V 

 
Figure S5.1. Landgate satellite image of flood plume captured ~2 weeks after the 2017 

February freshwater pulse in the Swan-Canning Estuary, Western Australia (Retrieved from 

www.swanregionstrategy.com.au) 

 



147 
 

Table S5.1. General 16S rRNA sequencing statistics of H.ovalis. Sequence target was 341F 

(CCTAYGGGRBGCASCAG) - 806R (GGACTACNNGGGTATCTAAT) and read length 

was 300bpPE. A ‘blank’ sample of the reaction buffers was also sequenced and any 

sequences aligning to this sample were subtracted from all other samples. 

Estuary Site Type Rep Reads before filtering Read after filtering 

Leschenault ACP Root 1 111435 85629 

   2 64229 46645 

   3 73892 56962 

   4 94586 77843 

  Sediment 1 81666 61457 

   2 70110 55226 

   3 75393 52226 

   4 77389 58241 

 CRC Root 1 78435 57114 

   2 57405 47489 

   3 84990 57784 

   4 98369 80532 

  Sediment 1 96410 83821 

   2 91322 78664 

   3 108036 93330 

   4 84709 72875 

 MNB Root 1 75566 61113 

   2 96517 71602 

   3 93046 66144 

   4 81152 63767 

  Sediment 1 73689 63429 

   2 66248 57184 

   3 58386 50899 

   4 88454 76568 

Swan CAN Root 1 116244 84308 

   2 135505 111572 

   3 102688 79047 

   4 144166 110466 

  Sediment 1 131628 109883 

   2 166660 140723 

   3 114332 93267 

   4 170911 132898 

 DLK Root 1 64263 58962 

   2 57662 43581 

   3 59168 54383 

   4 71590 43257 

  Sediment 1 51330 35721 

   2 82162 57672 
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   3 77972 56061 

   4 69113 40649 

 HTH Root 1 203595 153926 

   2 177179 161882 

   3 205664 184713 

   4 168745 149736 

  Sediment 1 135818 108493 

   2 149827 112046 

   3 94340 73922 

   4 112798 94467 

 LUB Root 1 62878 50759 

   2 55390 49453 

   3 62904 52591 

   4 61091 53959 

  Sediment 1 59064 44061 

   2 58228 42911 

   3 65732 51853 

   4 69255 50009 

 PPT Root 1 89083 78051 

   2 109484 100177 

   3 166604 152537 

   4 142419 127480 

  Sediment 1 126993 101884 

   2 174175 130159 

   3 131221 108724 

   4 110825 89879 

 RCK Root 1 76975 67242 

   2 89550 61083 

   3 75837 66804 

   4 71012 59361 

  Sediment 1 57247 48535 

   2 50163 32868 

   3 54111 34196 

   4 57344 45365 

BLANK NA NA NA 202 161 
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Figure S5.2. Flowchart of steps used to create bacterial indicators for seagrass health. 
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Figure S5.3. Average temperature, salinity, pH and dissolved oxygen (DO), recorded for 

each site within the two estuaries. Solid lines are estuary averages for March 2016 and dashed 

lines are estuary averages for March 2017. Sites on the x axis are arranged with increasing 

distance from the estuary mouth. 

 

 

 

 



151 
 

Table S5.2. Differentially abundant OTUs (agglomerated by genus level) between seagrass 

roots (estuaries and sites combined) and sites, as well as some of their putative functions. 

Only OTUs with a significance of p < 0.001, and a base mean of 20 are shown. 

Uncultured/unidentified genus have been excluded. A reference list for assigning putative 

functions can be found at the bottom of this document. 

Base 

Mean 

log2 

Fold 

Chang

e 

Family Genus Possible function/ecology 

5449 7.88 Sedimenticolaceae Candidatus 

Thiodiazotropha 

Symbiotic N2 fixers and S oxidisers of 

clams 

3562 4.76 Thiovulaceae Sulfurimonas Sulphide oxidisers 

1730 7.13 Arcobacteraceae Arcobacter Sulphide oxidiser. Indicator of fecal 

pollution. Food pathogen of humans 

1685 6.22 Vibrionaceae Vibrio Shown to transfer N to corals. Pathogen 

or mutualistic. Biofilm forming. 

Associated with marine hosts 

797 5.37 Marinilabiliaceae Carboxylicivirga Utilizers of carboxylic acids (plant 

exudates) 

594 5.49 Desulfobulbaceae Candidatus 

Electrothrix 

Sulphide oxidisers 

593 5.24 Desulfobulbaceae Desulfopila Sulphate reducers 

450 8.53 Methylophilaceae Methylotenera Methylotrophic 

406 5.43 Prolixibacteraceae Roseimarinus Anaearobic 

250 8.29 Lachnospiraceae Herbinix Cellulose degraders 

206 7.35 Methylophagaceae Methylophaga Methylotrophic 

197 6.44 Stappiaceae Labrenzia Endophyte of seaweeds. Antimicrobial 

production. Quorum sensing 

181 7.60 Sulfurospirillaceae Sulfurospirillum Associated with electrode-associated 

communities. Micro-aerobic. Aerotaxis. 

Utilization of multiple e- acceptors 

164 7.75 Rhodocyclaceae Dechloromonas PAH/HC degrader 

160 4.92 Defluviitaleaceae Defluviitaleaceae 

UCG-011 

Anaearobic 

157 9.59 Rhodocyclaceae Ferribacterium Fe (III) reducer 

133 6.80 Puniceicoccaceae Puniceicoccus Anaearobic 

128 4.91 Burkholderiaceae Candidatus 

Symbiobacter 

Group contains N2 fixers, 

methylotrophs and heteroptrohs.  
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113 7.18 Alteromonadaceae Rheinheimera Rhizospheric found on rice roots. 

Production of antimicrobial compounds 

110 6.77 Saccharospirillaceae Reinekea Heterotrophic 

109 4.83 Lachnospiraceae Lachnotalea Anaearobic. Possible gut microbes: 

potential indicators of sewage 

100 5.25 Ruminococcaceae Ruminiclostridiu

m 

Cellulose degraders 

95 6.97 Colwelliaceae Thalassotalea Anareobes. Found on corals and in 

aquaculture.  

84 6.81 Pseudomonadaceae Pseudomonas Many strains known to be plant growth 

promoting (production of auxins and 

anit-microbials). Some are plant 

pathogens 

78 5.41 Anaerolineaceae Thermomariniline

a 

Anaerobic heterotrophic bacteria 

74 5.92 Rhodocyclaceae Propionivibrio Hydrocarbon degraders/C degraders 

72 6.29 Marinilabiliaceae [Cytophaga] 

xylanolytica 

group 

PAH degraders 

72 4.13 Lachnospiraceae Lachnoclostridiu

m 5 

Anaearobic. Possible gut microbes: 

potential indicators of sewage 

67 9.42 Rhodocyclaceae Azonexus Denitrifying/N2 fixation 

66 7.22 Thalassospiraceae Thalassospira PAH/HC degrader 

65 9.56 Saccharospirillaceae Oceanobacter PAH degrader 

59 8.27 Rhizobiaceae Allorhizobium-

Neorhizobium-

Pararhizobium-

Rhizobium 

N2 fixer 

57 5.10 Puniceicoccaceae Pelagicoccus Carbon degrader isolated from seagrass 

56 6.51 Rhizobiaceae Cohaesibacter  unknown 

54 4.73 Burkholderiaceae Hydrogenophaga H2 oxidisers 

51 4.73 Methylophilaceae OM43 clade Methylotrophic 

49 4.59 Demequinaceae Lysinimicrobium Rhizospheric: isolated from mangrove 

roots 

45 8.68 Ruminococcaceae Ruminococcaceae 

UCG-013 

Human gut microbes 

44 4.47 Shewanellaceae Shewanella Many are sulphate reducers but have 

flexibility in electron acceptors 

41 5.08 Desulfobacteraceae Desulfotignum Sulphate reducers 

41 5.20 Flavobacteriaceae Flavobacterium Fish pathogens. Production of plant 

auxins 
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40 7.60 Nitrincolaceae Amphritea Carbon utilisers 

38 6.05 Rhodomicrobiaceae Rhodomicrobium Possible oxidation of Fe in light. 

Anaerobic photoheterotrophic. 

38 8.23 Rhodocyclaceae Dechlorobacter Perchlorate reducing 

38 4.33 Opitutaceae Lacunisphaera Found in rhizosphere of rice plants 

37 8.01 Terasakiellaceae Terasakiella Associated with healthy corals 

37 6.15 Rhodocyclaceae Candidatus 

Accumulibacter 

Phosphate accumulator 

37 4.96 Rhodospirillaceae Candidatus 

Riegeria 

Sulphide oxidizing symbionts 

33 4.87 Demequinaceae Demequina Rhizospheric: isolated from mangrove 

roots 

32 4.99 Fusobacteriaceae Fusobacterium Human gut pathogen 

32 5.01 Rhodocyclaceae Azoarcus N2 fixing endophyte of grasses 

30 5.09 Rhodocyclaceae Uliginosibacteriu

m 

Found in marsh plant rhizospheres 

25 4.36 Magnetospiraceae Magnetovibrio Magnetotactic bacteria. Produce Fe 

oxides and Fe sulphides 

25 5.12 Mariprofundaceae Mariprofundus Fe oxidisers 

24 5.42 Alteromonadaceae Alteromonas Production of antifungal compounds. 

Use of Mn oxides as electron acceptor. 

Shown to transfer N to corals. Growth 

highly correlated to organic matter 

supply 

24 5.72 Family XII Acidaminobacter Anaearobic 

23 7.32 Marinomonadaceae Marinomonas Recovered from seagrass (Posidonia 

oceanica) roots.  

22 4.25 Beijerinckiaceae alphaI cluster Group contains N2 fixers, 

methylotrophs and heterotrophs.  

22 5.16 Anaerolineaceae Ornatilinea Anaerobic heterotrophic bacteria 

21 4.60 Pseudoalteromonadacea

e 

Pseudoalteromona

s 

Host-associated. Production of anti-

bacterial compounds. Potential plant 

growth promotors 

20 7.82 Magnetospirillaceae Magnetospirillum Micro-aerophilic, aerotaxis. 

Magnetotactic bacteria. Produce Fe 

oxides and Fe sulphides 
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Table S5.3. Average H. ovalis health metrics (± 1 SD) and their associated stress category 

used for differential abundance analysis. 

Estuary Site Metric  (mean ± 1 SD) Category 
Leschenault L1 Fsulphide shoot 6.92 ± 1.72 Low 

Total biomass (g) 29.56 ± 2.83 Low 

Branching effort 0.14 ± 0.08 Med 

L2 Fsulphide shoot 10.01 ± 1.02 Low 

Total biomass (g) 107.22 ± 10.10 High 

Branching effort 0.05 ± 0.02 Low 

L3 Fsulphide shoot 8.24 ± 2.30 Low 

Total biomass (g) 174.29 ± 42.32 High 

Branching effort 0.07 ± 0.08 Low 

Swan S6 Fsulphide shoot 22.28 ± 5.07 Med 

Total biomass (g) 36.56 ± 10.12 Low 

Rhizome extension (mm d-1) 2.93 ± 1.11 High 

Branching effort 0.07 ± 0.07 Med 

S5 Fsulphide shoot 23.09 ± 7.19 Med 

Total biomass (g) 64.28 ± 11.10 Med 

Rhizome extension (mm d-1) 1.457 ± 0.678 Med 

Branching effort 0.16 ± 0.09 High 

S4 Fsulphide shoot 37.47 ± 12.36 High 

Total biomass (g) 54.73 ± 19.54 Med 

Rhizome extension (mm d-1) 0.742 ± 0.459 Low 

Branching effort 0.07 ± 0.07 Low 

S3 Fsulphide shoot 23.92 ± 8.86 Med 

Total biomass (g) 39.96 ± 14.54 Med 

Rhizome extension (mm d-1) 1.108 ± 0.411 Med 

Branching effort 0.27 ± 0.19 High 

S2 Fsulphide shoot 34.11 ± 9.96 High 

Total biomass (g) 38.04 ± 6.71 Low 

Rhizome extension (mm d-1) 1.032 ± 0.874 Low 

Branching effort 0.09 ± 0.08 Med 

S1 Fsulphide shoot 41 ± 6.92 High 

Total biomass (g) 132.54 ± 16.20 High 

Rhizome extension (mm d-1) 2.414 ± 1.382 High 

Branching effort 0.15 ± 0.15 High 
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Figure S5.4. Relative abundance of the top 10 OTUs (agglomerated by genus level) enriched 

in ‘healthy’ (left panel) versus ‘stressed’ (right panel) H. ovalis root microbiomes by site and 

estuary. Only OTUs with a significance of p < 0.001, a base mean of 20 and a log2 fold 

change of 4 are shown. Uncultured/unidentified genera have been excluded.  
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 Figure S5.5. Relative abundance of OTUs (agglomerated by genus and summed) enriched in 

(A) ‘healthy’ versus (B) ‘stressed’ H. ovalis root microbiomes by site and estuary. Only 

OTUs with a significance of p < 0.001, a base mean of 20 and a log2 fold change of 4 are 

shown. Uncultured/unidentified genera have been excluded. 

Table S5.4. Mean relative abundance (RA, ± 1 SD) of OTUs (agglomerated by genus) 

enriched in ‘healthy’ versus ‘stressed’ H. ovalis root microbiomes, averaged across all sites 

and estuaries (N = 36). Only OTUs with a significance of p < 0.001, a base mean of 20 and a 

log2 fold change of 4 are shown. Uncultured/unidentified genera have been excluded. A 

reference list for assigning putative functions can be found at the bottom of this document. 

Seagrass 

status 

Mean 

RA 

SD Genus Possible function/ecology 

Healthy 0.0076 0.0166 Methylotenera Methylotrophic 

 0.0056 0.0079 Methylophaga Methylotrophic 

 0.0047 0.0049 Herbinix Cellulose degraders 

 0.0040 0.0095 Sulfurospirillum Part of electrode-associated communities. Micro-

aerobic. Aerotaxis. Utilization of multiple e- 

acceptors 

 0.0034 0.0066 Thalassotalea Anareobes. Found on corals and in aquaculture.  
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 0.0026 0.0042 Reinekea Heterotrophic bacterioplankton 

 0.0020 0.0045 Rheinheimera Rhizospheric found on rice roots. Production of 

antimicrobial compounds 

 0.0017 0.0059 Candidatus 

Nitrosopumilus 

Ammonia oxidizing archaeon 

 0.0017 0.0063 Simiduia Isolated from sea sediments and aquaculture. Found 

enriched in diseased shrimp 

 0.0014 0.0027 Candidatus Tenderia Electroautotroph 

 0.0014 0.0071 Aquamicrobium Carboxylate utilizer. Isolated from activated sludge 

and microbial fuel cells. Associated with electrode-

associated communities. 

 0.0012 0.0017 Labilibacter Facultatively anaerobic. Isolated from a sea squirt 

 0.0012 0.0016 Pseudohongiella Previously isolated from wastewater 

 0.0012 0.0032 Amphritea Heterotrophic marine bacteria 

 0.0012 0.0011 Cohaesibacter Possible N2 fixer 

 0.0010 0.0027 Allorhizobium-

Neorhizobium-

Pararhizobium-

Rhizobium 

Possible N2 fixer 

 0.0010 0.0020 Oceanobacter PAH degrader 

 0.0010 0.0027 Ruminococcaceae 

UCG-013 

Human gut microbe 

 0.0006 0.0007 BD1-7 clade Oligotrophic marine group 

 0.0006 0.0006 Aquibacter Marine bacteria 

 0.0006 0.0012 Mariprofundus Fe oxidisers 

 0.0005 0.0013 Kordiimonas Heterotrophic marine bacteria 

 0.0005 0.0007 Deferrisoma Fe (III) reducer 

 0.0005 0.0006 Desulfospira Sulphate reducing bacteria 

 0.0004 0.0013 Aliikangiella Heterotrophic marine bacteria 

 0.0004 0.0005 Muriicola Heterotrophic marine bacteria 

 0.0004 0.0007 Pseudoalteromonas Host-associated. Production of anti-bacterial 

compounds. Potential plant growth promotors 

 0.0004 0.0005 Ornatilinea Anaerobic heterotrophic bacteria 
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 0.0004 0.0007 Geothermobacter Fe (III) reducer 

 0.0004 0.0006 C1-B045 Bacterium in Alteromondaceae 

 0.0003 0.0008 Gallionella Fe oxidisers 

 0.0003 0.0004 Candidatus 

Alysiosphaera 

Heterotrophic filamentous alphaproteobacteria.  

Stressed 0.1047 0.1128 Candidatus 

Thiodiazotropha 

Sulphide oxidiser and N2 fixer 

 0.0144 0.0168 Candidatus 

Electrothrix 

Sulphide oxidiser 

 0.0118 0.0067 Sva0081 sediment 

group 

Sulphate reducing bacteria 

 0.0101 0.0086 SEEP-SRB1 Sulphate reducing bacteria 

 0.0082 0.0116 Desulfatitalea Sulphate reducing bacteria 

 0.0051 0.0109 Sulfurovum H oxidiser. Thiosulphate reducer 

 0.0035 0.0072 Dechloromonas PAH/Hydrocarbon degrader 

 0.0035 0.0025 Lutimonas Heterotrophic nitrifiers 

 0.0034 0.0030 Caldithrix Anaerobic nitrate reducing.  

 0.0034 0.0066 Thalassotalea Anaerobes. Found on corals and in aquaculture.  

 0.0033 0.0069 Ferribacterium Fe (III) reducer 

 0.0025 0.0037 Candidatus 

Symbiobacter 

Group contains N2 fixers, methylotrophs and 

heteroptrohs.  

 0.0018 0.0030 Lachnotalea Anaerobic. Known human gut microbes: potential 

indicators of sewage 

 0.0017 0.0009 OM60(NOR5) clade Marine bacteria. Cosmopolitan distribution. Red 

pigmented 

 0.0016 0.0014 Desulfomonile Anaerobic. Sulphate reducing. Dehalogenating 

 0.0014 0.0027 Candidatus Tenderia Electroautotroph 

 0.0014 0.0071 Aquamicrobium Carboxylate utilizer. Isolated from activated sludge 

and microbial fuel cells. Associated with electrode-

associated communities. 

 0.0014 0.0015 Lysinimicrobium Rhizospheric: Found on mangroves 

 0.0013 0.0018 Azonexus Denitrifying/N2 fixation 
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 0.0012 0.0031 Blvii28 wastewater-

sludge group 

Anaerobic fermenters 

 0.0012 0.0022 Desulfomicrobium Sulphate reducing bacteria 

 0.0011 0.0027 Propionivibrio Hydrocarbon degraders 

 0.0008 0.0023 Candidatus 

Accumulibacter 

Phosphate accumulater 

 0.0007 0.0024 Treponema Mammal gut microbe.  

 0.0004 0.0007 Pseudoalteromonas Host-associated. Production of anti-bacterial 

compounds. Potential plant growth promotors 

 0.0003 0.0004 Amaricoccus Isolated from activated sludge. Forms tetrads 

 0.0003 0.0003 Ilyobacter anaerobic PAH degrader 

 0.0003 0.0006 Candidatus Megaira Fish parasites. Host associated 

 0.0006 0.0010 Desulfonema Sulphate reducing bacteria 

 0.0005 0.0006 Desulfospira Sulphate reducing bacteria 
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Table S5.5. Model-averaged estimates and 95% confidence intervals (CI) of environmental 

variables. Values are based on multiple linear regression models of alpha diversity and 

microbial community stress indices. Global model: y = Dissolved oxygen (DO) + Salinity 

(SA) + Site (as random factor). 

y x Estimate SE p-value Lower CI Upper CI 

Shannon index (intercept) 1.887 0.011 < 0.001 1.865 1.909 

 DO 0.030 0.011 0.014* 0.007 0.052 

 SA 0.084 0.011 < 0.001* 0.062 0.107 

Chao1 (intercept) 8.700 0.055 < 0.001 8.588 8.812 

 DO 0.128 0.050 0.016* 0.024 0.231 

 SA 0.200 0.056 0.001* 0.085 0.315 

Stressed OTUs (intercept) -1.371 0.044 < 0.001 -1.461 -1.281 

 DO -0.126 0.042 0.005* -0.213 -0.039 

 SA -0.136 0.043 0.003* -0.224 -0.048 

Healthy OTUs (intercept) -1.897 0.063 < 0.001 -2.026 -1.768 

 DO -0.081 0.060 0.200 -0.204 0.043 

 SA 0.065 0.063 0.325 -0.064 0.193 
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CHAPTER VI. 

Synthesis, conclusions and outlooks 

 

The research findings of this thesis have significantly advanced understanding of seagrass 

ecology and key processes in the seagrass root microbiome. Here I review each of the major 

findings of this thesis which have been organised around key themes of seagrass and 

microbial ecology. These key themes include: 

 Conceptualisation of the central micro-scale processes occurring in the rhizosphere  

 Identification of a seagrass root core microbiome from re-analysis and synthesis of all 

16S rRNA data in this thesis 

 Development and practical application of novel microbial monitoring tools for 

seagrass health 

 Perspectives of where seagrass rhizosphere research should focus in the future to 

generate more evidence for the ways in which the micro-world can be harnessed to 

manage some of the largest and most valuable ecosystems on Earth.  

Light the dark: adequate light is needed for a healthy sediment 

environment 

This thesis confirms that both root exudation and oxygen loss are significant drivers in 

structuring the composition and structural arrangement of root associated microbes in 

seagrasses (Chapters III and IV). But perhaps more significantly, this thesis links these 

belowground drivers to the aboveground light environment and shows that reductions in light 

availability can result in negative consequences not just for seagrass growth and physiology, 

but also for the associated root microbiome (Conceptualised in Figure 6.1). When light is 

reduced, exudation of protein-like exudates increase, while the extent of radial oxygen loss is 
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reduced (Fig. 6.1). These chemical and physiological changes correlate to a community shift 

in the root microbiome, which results in a decrease in the relative abundance of microbes 

beneficial to seagrass health including N2-fixers and sulphide-oxidisers (Fig. 6.1). 

 

Figure 6.1. The effect of light on the belowground drivers of the seagrass root microbiome.  

While other studies have shown that low light has a negative impact on the belowground 

environment in terms of reduced root biomass (Collier et al. 2007; Ralph et al. 2007; 

McMahon et al. 2013), as well as increasing risk to sulphide intrusion (Brodersen et al. 

2014b), my research has shown for the first time how the low light can also negatively impact 

the root microbiome (on a fine spatial scale) via a combination in changes to root exudation 
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profiles as well as oxygen loss. This research also revealed that the impact of low light on the 

belowground micro-environment can impact an array of seagrass species; both tropical and 

temperate (e.g. Zostera muelleri and Halodule uninervis). Hence, these findings are highly 

applicable to understanding the way in which seagrasses respond to light reduction (e.g. from 

dredging, cyclones and nutrient pollution) across both tropical and temperate regions. These 

findings also introduce the importance of including measurements of high resolution 

responses to light disturbance (e.g. EEMs) in seagrass systems in future seagrass monitoring 

plans (e.g. monitoring response of seagrasses to dredging). 

A step closer to defining a core seagrass root microbiome? 

The identification of microbes that are common to seagrasses across multiple species and 

ecosystems (i.e. a core microbiome) is an essential step in identifying microbes that impart 

vital ecological and biogeochemical functions for their host (e.g. sulphur detoxification and 

nitrogen fixation). However, globally there are around 60 recognised species of seagrasses 

that have evolved from separate marine recolonization events and which are now found in the 

coastal waters of nearly every continent of the world (Larkum, Kendrick & Ralph 2018). The 

separate evolutionary pathways and global extent of modern day seagrasses would appear to 

be an impediment to identifying and defining a core root microbiome, as much evidence from 

seagrass-microbial interactions (including this thesis) points to the species-specific and 

location-specific nature of the composition of the associated microbiome (Ettinger et al. 

2017b; Fahimipour et al. 2017a; Brodersen et al. 2018). However, different seagrasses 

species are generally united by consistencies among their environments (i.e. highly reduced 

sediments, relatively shallow environments and calm waters). Because of this, the dominant 

microbes living in association with seagrasses (i.e. the core microbiome) will also be united 

by their ability to live, tolerate and thrive in these environments.  
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An analysis of the root microbiome of seagrass species from all chapters presented in this 

thesis, as well as an additional species, Posidonia australis (adults and seedlings), revealed 

what can be considered a first step in searching for a ‘core root microbiome’ (Fig. 6.2, 

Appendix A). From this analysis it was also possible to estimate the broad functional benefits 

that this core microbiome provides for seagrass health and survival (Fig. 6.2). 

It is clear from the core microbiome that sulphur metabolism is a common theme of the 

microbes that dominate seagrass rhizospheres (Figure 6.2). Sulphate reducing bacteria (SRB) 

(Desulfatitalea) and sulphide oxidising bacteria (SOB) (Candidatus Thiodiazotropha, 

Sulfurimonas, and Arcobacter) together comprised 50 % of the core microbiome at the genus 

level for all seagrasses analysed (Figure 6.2). Sulphate reducing bacteria are beneficial to 

seagrass growth by supplying seagrasses with nutrients via the remineralisation of organic 

matter (Holmer et al. 2001). However, SRB can also be deleterious to seagrass health as they 

can elevate sediment sulphide to toxic levels (Holmer & Frederiksen 2007). In order for the 

negative consequence of elevated sulphides to outweigh the benefits of nutrient acquisition, 

sulphide accumulation in sediments must be kept in balance by sulphide oxidation – both via 

abiotic re-oxidation (e.g. plant released oxygen and sediment bioturbation) and via the 

activities of SOB. Given the high prevalence of SOB in the core microbiome of several 

seagrass species (Figure 6.2), it is likely that sulphides generated by SRB are mediated by 

SOB and that both SRB and SOB are critical members of the anoxic, high sulphide seagrass 

rhizosphere.  

The largest proportion of the core microbiome is comprised of sulphur-oxidising Candidatus 

Thiodiazotropha (Fig. 6.2). These sulphur-oxidising bacteria belong to the class Gamma-

proteobacteria and are gill symbionts of Lucinid clams (König et al. 2016; Petersen et al. 

2016). Their ability to oxidise sediment sulphides, coupled with the occurrence of Lucinid 

clams in seagrass beds, has given rise to the idea that these bacteria are an essential 
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component to the ecological success of seagrasses around the world (van der Heide et al. 

2012). Candidatus Thiodiazotropha are also capable of fixing atmospheric nitrogen (König et 

al. 2016; Petersen et al. 2016), which would provide seagrasses with the added benefit of 

obtaining a direct source of nitrogen. However, Lucinid clams do not occur in high 

abundance across all Western Australian seagrasses sediments, nor were any clams recovered 

from study sites reported in this thesis. Hence, the idea that Lucinid clams are an essential 

link to the survival of seagrasses globally does not explain the success of seagrasses in 

Western Australia. Here we show that seagrasses themselves appear to harbour these 

symbiotic bacteria – without the presence of Lucinid clams – hence it is not merely the 

occurrence of the clams, but rather the occurrence of the bacteria associated with seagrass 

roots that should be investigated. This is an exciting finding, not just for understanding how 

seagrass survive both high sulphide and low nitrogen environments, but also for gaining 

deeper insights into seagrass evolution. 

Although they were identified as differentially abundant in seagrass roots, the cable bacteria 

genera Candidatus Electrothrix had lower relative abundance than other sulphide oxidisers 

(e.g. Candidatus Thiodiazotropha and Sulfuriomonas) when analysed using 16S rRNA across 

multiple seagrass species, and were not within the top 10 OTUs that comprised the ‘core 

microbiome’ (Fig. 6.2). However, the visualisation of these bacteria in situ using fluorescence 

hybridisation, revealed that these bacteria are in relatively high abundance, particularly so for 

the smaller seagrass species Halophila ovalis and Zostera muelleri (Chapter IV). Given the 

size of their filaments (often longer than a cm), these bacteria would contribute a significant 

proportion to the total microbial biomass – a quantifiable measure that 16S rRNA sequencing 

does not reflect. Additionally, fluorescence in situ hybridisation revealed that these bacteria 

were highly localised to the oxic-anoxic transition zone of the root hair region of actively 

growing roots (Chapter IV). These fine-scale patterns have also been recently confirmed 
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using fluorescence in situ hybridisation for the freshwater plants, Littorella uniflora and 

Lobelia cardinalis as well as a saltmarsh plant Salicornia europaea and rice (Scholz et al. 

2019). The use of 16S rRNA sequencing of larger parts of roots would potentially wipe out 

these fine-scale patterns - especially when larger seagrass species are collected from the field 

and it may not be so apparent which roots are actively growing and leaking oxygen. This 

emphasises the importance of using multiple techniques (principally the inclusion of high 

resolution imaging techniques) when attempting to answer questions in microbial ecology – 

particularly considering fine-scale spatial patterns. 

Methylotrophs also comprise a significant proportion of the core microbiome at 19 % on the 

genus level (Fig. 6.2). Some methylotrophs can utilise simple carbon compounds that contain 

sulphur (e.g. dimethyl sulphide and methanol thiol) and may participate in interspecies H2 

transfer with sulphate-reducers (Lomans et al. 1999). Thus, the dominance of methylotrophs 

is also likely linked to the sulphur cycle. Terrestrial plants are known to emit methane and 

methanol from their leaves and hence the phyllosphere is recognised as an important habitat 

for methylotrophs where they promote plant growth through hormone production and nutrient 

uptake (Iguchi, Yurimoto & Sakai 2015). Methanotrophs also inhabit submerged roots of 

rice, where they are believed to perform methane oxidation in the rhizosphere in conjunction 

with the release of oxygen from the roots (Bodegom et al. 2001; Wu, Ma & Lu 2009). It is 

likely that this same relationship exists between seagrass roots and methanotrophs, but this 

relationship is yet to be explored. The role of methylotrophs and methanotrophs in seagrass-

microbial interactions is an exciting avenue of future research - not only in the hunt for 

beneficial bacteria for seagrasses, but also for improving knowledge of carbon cycling 

through aquatic ecosystems as well as improving mitigation and management of green-house 

gas emissions from waterways.  
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Figure 6.2. The core root microbiome of seagrasses by class, family and genus. Values are 

percentages of the total for each category. The core root microbiome was determined from 

pooling the top 10 differentially abundant OTUs from all the seagrass species in this thesis by 

chapter: Halophila ovalis (Ho), Halodule uninervis (Hu), Cymodocea serrulata (Cs), Zostera 

muelleri (Zm), Halphila ovalis from the Leschenault (Ho-Les) and Halophila ovalis from the 

Swan-River (Ho-swan). Data for the additional species Posidonia australis (Pa), both as a 

seedling and as an adult, were collected as part of research for this thesis, but are not 

elsewhere presented. For details of analysis see Appendix A.  

One major deficit of this analysis of the core microbiome is the exclusion of non-bacterial 

members including fungi and protists. Both fungi and protists comprise a significant 

percentage of the marine microbiota and are considered to be an integral component of 

ecosystem functioning, with roles in pathogenicity, organic matter biodegradation and 

nutrient cycling for seagrasses (Blum et al. 1988; Sakayaroj et al. 2010; Shoemaker & 

Wyllie-Echeverria 2013). Moreover, as technology advances, our ability to measure the 

ecological impact of viruses (the ‘microbial dark matter’), including their infection rates on 
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other members of the microbiome, also advances. There is no doubt that viruses have a large 

part to play in the health of seagrasses. However, there has been only one report on the 

occurrence of a virus in seagrasses to date (Van Bogaert et al. 2019). Future research will 

benefit from the increased accessibility of metagenomic approaches that allows a holistic 

approach to microbiome analysis where all kingdoms are included.  

Despite only containing the bacterial and archaeal members of the root-microbiome, this 

analysis provides a more complete picture than hitherto presented of the composition of the 

seagrass root microbiome. This facilitates more directed research efforts toward 

understanding seagrass-microbe interactions in the context of both management, but also to 

seek answers on questions regarding seagrass evolution and the evolution and adaptation of 

aquatic plants more generally.  

Microbes for managers 

Biological indicators are taxa, or groups of taxa, whose presence/absence or abundance are 

used to monitor changes in habitat conditions based on their niche preferences, allowing 

conclusions to be drawn on the ecological health of the system. Seagrasses themselves are 

considered biological indicators for coastal health due to their high sensitivity to ecosystem 

change and, as such, have been named ‘marine sentinels’ (Orth et al. 2017). This thesis has 

shown how we can take the idea of seagrass sentinels one step deeper, by the inclusion of 

measures of the seagrass root microbiome. The identification of key OTUs associated with 

‘healthy’ and ‘unhealthy’ seagrass in this thesis can be thought of as the establishment of 

microbial baselines. An obvious next-step in the development of these ‘baselines’ would be 

to analyse their temporal variability; - both over seasons, but also over the same season 

through time - to assess their reliability as a practical and rapid management tool. Increasing 

the spatial scale of these indicators is also necessary. For example, as Halophila ovalis is 
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fairly cosmopolitan in its distribution, it serves as a good model to test spatial scales that 

cross continents and tropical and temperate systems. Zostera marina is another seagrass that 

has a wide distribution across North America and Europe and hence would also serve as a 

model seagrass for developing indicators for use in the northern hemisphere. Testing and 

developing these indicators is well-timed as the cost and accessibility of amplicon sequencing 

is no longer prohibitive for inclusion into management plans. 

A major caveat of these microbial indicators is that they are limited by their very nature, that 

is, they may only indicate a potential stress, but cannot necessarily provide clear explanation 

for why the stress is occurring. For us to truly move forward in this field, we must combine 

these field-developed indicators with lab-developed functional models to build a full 

mechanistic understanding of these interactions to ultimately harness the power of the 

microbiome. The ways in which these techniques may be integrated is outlines in Figure 6.3. 
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Figure 6.3. Conceptual diagram of the development of microbial indicators for seagrass 

health. Basic measures of the seagrass root microbiome (e.g. diversity and relative 

abundances of indicator taxa) can be used as an early indicator of seagrass stress. The power 

of microbial indicators will then be increased through mechanistic studies that search for 

environmental and biological drivers behind the shifts in the microbiome for which this thesis 

has given precedence to (e.g. root exudates and oxygen loss) using techniques such as 

transcriptomics, proteomics and metabolomics. These techniques will also feed back into 

building our knowledge of the co-evolutionary processes of seagrasses and their associated 

microbiomes. 

Perspectives  

The title of this thesis is “the seagrass rhizosphere: micro-scale solutions for macro-scale 

resolutions”. This somewhat ambitious title is an attempt to encapsulate the management 

potential of a currently underrepresented area of research that is not only typical of seagrass 

systems, but of any system where there is a host and an associated microbiome that has some 

level of influence on the survival of the host (e.g. coral reefs, terrestrial plants, macroalgae, 
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mangroves, freshwater macrophytes). This is also true of environmental microbiology more 

generally. A recent review has called for recognition of the importance of microbial ecology 

and development of microbial biotechnology for providing solutions for many of the United 

Nationals Sustainable Development Goals, including poverty, health, clean water, clean 

energy, economic growth, industry innovation, sustainable cities and climate action 

(Cavicchioli et al. 2019). This thesis highlights several avenues of research that should be 

explored for future development of microbial biotechnology for seagrasses and aquatic 

systems more generally (e.g. sulphur oxidisers and nitrogen fixers as indicators and inoculum 

in restoration). This thesis also illustrates one simple way that microbial ecology may be 

incorporated into current seagrass management which also serves as a step toward attaining 

larger recognition of microbial processes in policy development.   

Although this thesis highlights the potential ecological role of microbes in seagrass health, it 

does not provide direct evidence of their function. As such, these findings collectively should 

be viewed as the ‘functional potential’ of the seagrass microbiome. An obvious next step 

would be to turn the understanding from these ‘putative functions’ into ‘active functions’ 

using methods such as transcriptomics, proteomics and metabolomics, whereby there is 

greater ability to predict the active component of microbes based on gene expression and 

protein expression, respectively (Fig. 6.3). 

An alternative to functional gene analysis and proteomics is the use of more targeted 

approaches that link plant and microbial metabolites to microbial function including the use 

of stable isotopes in NanoSIMS. NanoSIMS allows the investigation of activities and 

metabolic functions of microorganisms by measuring uptake of stable isotope labelled 

substrates (e.g. 13C, 15N). NanoSIMS instruments have high resolution (<50 – 200 nm) and 

high sensitivity which allows visualisation of nutrient uptake at both cellular and sub-cellular 

scales (Gao et al., 2015). This thesis has uncovered several exciting avenues regarding both 
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root exudation and oxygen loss that could be explored using these techniques. For example, 

as a first phase, seagrasses could be isotopically labelled to measure the transfer of root 

exudates into the microbiome, specifically the transfer of C or N into key taxa (e.g. 

Thiodiazotrophs and cable bacteria). These ‘omic’ techniques should be linked to 

geochemical parameters and ultimately back to measures of plant health, ideally in 

comparison with a ‘germ’ free seagrass. The development of tissue culture for seagrasses has 

been limited in scope and practice, but would be critical for such manipulative experiments. 

As molecular biological techniques continue to advance, it is important to not only address 

new questions in rhizosphere research, but to also revisit some of these older findings with 

greater accuracy (i.e. “re-search”). 

Whilst small-scale functional studies are essential for furthering insight into the driving 

mechanisms of root microbiomes, they will be fruitless unless they are then integrated with 

large-scale studies where these mechanisms can then be tested in the field and their potential 

for management can be realised. In addition to managing past and present anthropogenic 

stressors on seagrasses, stress from climate-change must also be considered, predicted and 

appropriately managed. We are already seeing devastating effects of climate-change on 

seagrass ecosystems. For example, an extreme marine heatwave in 2011 resulted in a loss of 

over 1,000 km2 (36 %) of the temperate seagrass meadows in Shark Bay, which was 

estimated to have increased Australia’s CO2 emissions related to land-use change by 4-21 % 

(Arias-Ortiz et al. 2018). This seagrass loss had detrimental impacts on iconic marine fauna 

(dugongs and turtles) as well as a collapse in some of the local fisheries (Caputi et al. 2016; 

Nowicki et al. 2017). These large-scale climate-related losses are likely to continue into the 

future. Hence, the development of rapid and cost-effective indicators will also aid our 

understanding of seagrass resilience to ensure these essential benthic communities are future-

proofed against rapid change. Increased understanding of seagrass-microbe interactions can 
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also guide and enhance restoration success when large-scale seagrass loss does occur. Such 

research will also shed light on the importance of co-evolution of seagrasses and associated 

microbes that allowed the re-colonization of the marine environment and may uncover novel 

genes and functions given their current important and unique ecological niche.  
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APPENDICES 

Appendix A 

To determine the core root microbiome of seagrasses in this thesis, all sequences were first 

re-aligned with the latest version of SILVA (version 132). A differential abundance analysis 

was then performed between the root microbiome and the sediment microbiome for each 

species and experiment type (alpha = 0.05). The top 10 OTUs that were enriched in the roots 

of each species were then pooled to determine the top 10 most abundant OTUs across all 

species. The seagrass species used and the experimental conditions are listed in Table A1. 

Table A1. Seagrass species and experimental conditions used to derive a core root 

microbiome. 

Species  Experiment 

Halophila ovalis Light experiment – Chapter III. Only the control 

for each species was used and was compared to the 

appropriate sediment control 

Halodule uninervis 

Cymodoceae serrulata 

Zostera muelleri Radial oxygen loss – Chapter IV. Only young oxic 

roots were used for the analysis and was compared to 

the bulk sediment in the tank  

Halophila ovalis Microbial indicators – Chapter V. Leschenault 

estuary samples and Swan River samples were 

analysed separately with their appropriate sediment 

controls 

Posidonia australis – seedlings  Seedlings were grown in tanks for one month before 

roots were extracted for DNA. DNA was sequenced 

using the same primers (V3-V4) and sequencing 
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methodology used throughout this thesis. Samples 

were compared to bulk sediment in the tank. 

Posidonia australis – adults  Adults were collected from Cockburn Sound, 

Western Australia by core and the youngest roots 

were extracted for DNA. DNA was sequenced using 

the same primers (V3-V4) and sequencing 

methodology used throughout this thesis. Samples 

were compared to bulk sediment from the core. 
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Appendix B 

 

Martin BC, Statton J, Siebers AR, Grierson PF, Ryan MH, Kendrick GA. Colonizing 

tropical seagrasses increase root exudation under fluctuating and continuous low light. 

Limnology and Oceanography 2017; 63: 381-391 
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Appendix C 

 

Martin BC, Gleeson D, Statton J, Siebers AR, Grierson PF, Ryan MH, Kendrick GA. Low 

light availability alters root exudation and reduces putative beneficial microorganisms in 

seagrass roots. Frontiers in Microbiology. 2018; 8: 1:16 
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