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ABSTRACT 
Dysferlinopathies are a clinically heterogeneous group of muscular dystrophies caused 

by gene mutations resulting in deficiency of the membrane-associated protein dysferlin. 

The disease typically manifests post-growth and primarily affects the muscles in the limb 

girdle, arms, and legs with progressive skeletal muscle wasting, inflammation, 

accumulation of lipid droplets in slow-twitch myofibres, and, in later stages of the disease, 

replacement of muscles by fat. However, how dysferlin deficiency causes the disease 

pathology is not well understood. To better understand and aid in elucidating the 

mechanisms underlying the pathology, this thesis, encompassing six research chapters, 

investigated the impact of dysferlin deficiency on skeletal muscle function (Part I) and 

biomechanics (Part II). 

Part I of this thesis investigated the impact of dysferlin deficiency on aspects of muscle 

function. Firstly, contractile function and myofibre-type composition of intact 

predominantly slow- and fast-twitch muscles from older (10 months) control and 

dysferlin-deficient (dysf-/-) BLAJ mice were investigated. This study demonstrated subtle 

myofibre-type specific differences in the impact of dysferlin deficiency on contractile 

function, with predominantly slow-twitch soleus muscles differentially impacted than 

predominantly fast-twitch extensor digitorum longus. These functional differences were 

further interrogated by studying the calcium (Ca2+) activation properties of isolated slow- 

and fast-twitch myofibres, ultimately showing that the functional changes in dysf-/- 

muscles were not explained by intrinsic differences in the Ca2+-induced force production 

of the myofilaments in dysf-/- muscle. 

Glucocorticoids have been used successfully as a treatment for some forms of muscular 

dystrophy, however, in dysferlinopathy patients, glucocorticoid use accelerates the loss 

of muscle function. To aid in elucidating the mechanisms underlying this adverse effect, 

the impact of short-term glucocorticoid (dexamethasone) treatment on dysferlinopathy 

was investigated in mice aged 5 and 10 months, using measures of muscle function and 

myofibre-type composition of slow- and fast-twitch muscles, and metabolism- and 

immune-associated gene expression in psoas and quadriceps muscles and liver. Results 

from this study showed that short-term glucocorticoid treatment had limited impact on 

muscle function at 10 months but increased the expression of some metabolic and 

inflammasome-related genes in muscles at 5 months; implicating the metabolic and 

immune/inflammatory systems in the pathophysiology of dysferlinopathies. 
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The reported myofibre-type specific differences in muscle function prompted a review 

into the differences in myofibre-type characteristics, and how these are impacted by and 

contribute to the manifestation of neuromuscular disorders. In addition, new data are 

presented showing the differential impact of dysferlin deficiency on the abundance of 

some Ca2+-handling and metabolic proteins in predominantly slow- and fast-twitch 

muscles, providing further insight into the altered contractile function of dysf-/- muscles 

shown in the first study of this thesis. 

Part II of this thesis investigated the impact of dysferlin deficiency on the mechanical 

properties of skeletal muscle. Firstly, a novel imaging technique utilising quantitative 

micro-elastography was developed to measure skeletal muscle stiffness (represented as 

elastic modulus). This technique was then used to assess the impact of dysferlin 

deficiency and ageing on muscle mechanical properties, where reduced bulk elasticity 

and mechanical heterogeneity were evident in 24-month-old dysf-/- quadricep muscles, 

due to extensive adipocyte replacement of muscle tissue, demonstrating the progressive 

nature of dysferlin deficiency. 

Finally, the mechanical properties of skeletal muscle were assessed in terms of two 

different muscular dystrophies: dysferlinopathy and Duchenne muscular dystrophy, 

myofibre-type, and ageing. Furthermore, alterations in muscles’ mechanical properties 

were examined using three-dimensional (3D) confocal microscopy to visualise muscles’ 

3D micro-architecture. The results showed that predominantly slow-twitch muscle is 

stiffer and more mechanically heterogeneous compared to fast-twitch, and that dysferlin 

deficiency and age caused a reduction in the bulk elasticity and variability of elasticity of 

the predominantly slow-twitch soleus muscles and mixed-type quadriceps, but not the 

predominantly fast-twitch EDL. 

Collectively these studies provide insight into the impact of dysferlin deficiency on 

skeletal muscle function and mechanical properties, outline a novel elastography 

technique to study skeletal muscle mechanical properties, and highlight several avenues 

for further study. Furthermore, this thesis highlights the complexities of the dysf-/- 

pathology, emphasising the need to consider the influence of myofibre-type and age, and 

the involvement of many interlinked systems when seeking to elucidate the mechanistic 

basis of the disease. 
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1 GENERAL INTRODUCTION 
This General introductory chapter reviews topics essential for this thesis; however, it is 

not exhaustive, as each Experimental chapter has its own specific background section. 

This General introduction outlines topics related to skeletal muscle structure and function, 

muscular dystrophies in general, dysferlinopathy, dysferlin, glucocorticoids, and 

mechanical properties of skeletal muscle as background to the experimental research 

focussed on the effects of dysferlin deficiency on skeletal muscle function (Part I) and 

biomechanics (Part II). 

1.1 SKELETAL MUSCLE STRUCTURE & FUNCTION 

Skeletal muscle comprises approximately 40% of human body mass and is a specialised 

contractile tissue that performs many vital functions including locomotion, respiration, 

thermoregulation, and metabolism (Shavlakadze and Grounds, 2006). It is a complex 

hierarchical tissue composed of myofibres, which are long, cylindrical, multinucleated 

cells (Figure 1.1A), surrounded by layers of connective tissue, and attached to the 

skeleton by tendons (Korthuis, 2011). 

1.1.1 Myofibres 

Myofibres are encased by the sarcolemma (plasma membrane) with elongated myonuclei 

located directly underneath (Mukund and Subramaniam, 2020). Also at the periphery of 

the myofibre, located between the sarcolemma and adjacent basement membrane, lie 

muscle satellite cells, which act to facilitate growth and regeneration of adult myofibres, 

reviewed in Grounds et al. (2005); discussed further in Section 1.1.5: Skeletal muscle 

development, growth & repair. 

Myofibres contain many thousands of specialised proteins that are highly organised into 

sarcomeres arranged in series along the length of the myofibril; these are the fundamental 

contractile units of skeletal muscle that enable force production and shortening (Figure 

1.1B) (Mukund and Subramaniam, 2020). Within sarcomeres, the contractile proteins, 

actin and myosin, are integrated into thin and thick filaments respectively (Figure 1.1C). 

The thin filament, actin, is comprised of two α-helical polymer chains of actin filaments 

and two regulatory proteins, troponin and tropomyosin (Figure 1.1D) (Frontera and 

Ochala, 2014). 
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Figure 1.1: Overview of skeletal muscle structure. A) Skeletal muscle is connected to the skeleton via 

tendons and is comprised of bundles of myofibres. B) Each myofibre is made up of multiple myofibrils. C) 

Myofibrils comprise of sarcomeres, which contain  the contractile filaments actin (thin) and myosin (thick) 

and many other proteins (e.g., titin, others not shown). D) The thin actin filament has an α-helical structure, 

surrounded by troponin and tropomyosin. The thick myosin filament is comprised of many myosin 

molecules. Created using BioRender.com. 

1.1.2 Function 

Myofibre activation 

Voluntary skeletal muscle contractions are activated via a complex pathway, beginning 

at the motor cortex, where an action potential is transmitted along the upper motor neuron 

to the spinal cord, and then to the lower motor neuron that innervates the muscle. One 

motor neuron branches to innervate many myofibres; this motor neuron, its branches and 

innervated myofibres is referred to as the motor unit (Brooks, 2003). The motor unit is 

the smallest group of myofibres within a muscle that can be activated voluntarily 

(Duchateau and Enoka, 2011), activating these myofibres in an ‘all-or-nothing’ manner 

(Greising et al., 2012). Each myofibre is innervated by a single branch of a motor neuron, 

which connects to the myofibre at the neuromuscular junction. A myofibre is activated 

when the action potential in the nerve triggers the release of the neurotransmitter 

acetylcholine across the neuromuscular junction. Acetylcholine binds to nicotinic 

acetylcholine receptors causing a local depolarisation that in turn activates voltage-gated 

sodium channels triggering an action potential, which travels along the sarcolemma into 
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the transverse (T)-tubules, initiating myofibre contraction (Figure 1.2) (Mukund and 

Subramaniam, 2020). 

Contraction & force production 

Excitation contraction (EC) coupling (Figure 1.2), the process that stimulates myofibres 

to contract, results when the action potential depolarises the voltage-sensitive 

dihydropyridine receptors (DHPRs), which stimulate the opening of ryanodine receptors 

(RyRs) in the terminal cisternae of the sarcoplasmic reticulum (SR), instigating a release 

of ionic calcium (Ca2+) from the SR into the cytosol (sarcoplasm) (Frontera and Ochala, 

2014). When a muscle is relaxed, sarcoplasmic Ca2+ levels are low, and tropomyosin 

covers the myosin binding domains on the actin filaments. During EC coupling, the Ca2+ 

released from the SR binds to troponin on the actin filament causing tropomyosin to move 

and expose the myosin-binding domains on the actin filaments, enabling actin and myosin 

to form a cross-bridge (Figure 1.3i), yielding skeletal muscle contraction (Brooks, 2003, 

Mukund and Subramaniam, 2020). 

 

Figure 1.2: Overview of the excitation-contraction (EC) coupling process. EC coupling is the process 

initiated by electrical stimulation (from the nerve, not shown) in the form of an action potential that travels 

along the myofibre surface (sarcolemma) and down the transverse (T)-tubule. The action potential 

depolarises the dihydropyridine receptors (DHPR), resulting in the release of calcium (Ca2+) from the 

sarcoplasmic reticulum (SR) via the ryanodine receptors (RyR), initiating cross-bridge cycling and muscle 

contraction (see Figure 1.3). Muscle contraction typically continues until sarcoplasmic Ca2+ levels are 

reduced through Ca2+ reuptake into the SR, which is facilitated by sarco/endoplasmic reticulum Ca2+ 

ATPase (SERCA) pumps and Ca2+ sequestration by calsequestrin (CSQ). Created using BioRender.com. 

 

Cross-bridge cycling is the process, driven by adenosine triphosphate (ATP) hydrolysis, 

where the interaction of actin and myosin causes filament sliding and force generation 



GENERAL INTRODUCTION 

 5 

(Figure 1.3). There are four stages of cross-bridge cycling: (i) cross-bridge formation, (ii) 

the power stroke, (iii) cross-bridge detachment, and (iv) reactivation of the myosin head 

(Mukund and Subramaniam, 2020). Following Ca2+ release from the SR, the myosin 

head, ‘cocked’ into a high-energy position due to the hydrolysis of ATP into adenosine 

diphosphate (ADP) and inorganic phosphate (Pi), binds firmly to the exposed binding site 

on actin, forming a cross-bridge (Figure 1.3i). Subsequently, the power stroke occurs, 

where the myosin head pivots and pulls the actin filament toward the centre of the 

sarcomere, producing muscle shortening and contraction (Figure 1.3ii). The mechanical 

process of the power stroke is coupled with the release of ADP and Pi. Detachment of 

myosin from actin occurs when ATP binds to the myosin head (Figure 1.3iii). ATP is 

then hydrolysed to reactivate myosin for binding to actin (Figure 1.3iv). Cross-bridge 

cycling is periodic and continues until Ca2+ is removed from the cytosol by 

sarco/endoplasmic reticulum Ca2+ ATPase (SERCA) pumps on the surface of the SR 

(Figure 1.2). Tropomyosin then re-covers the myosin binding site on actin, resulting in 

muscle relaxation (Frontera and Ochala, 2014). EC coupling and cross-bridge cycling are 

intricate processes; hence disruption to any aspect of these systems can lead to skeletal 

muscle impairment and associated myopathies. 
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Figure 1.3: Overview of the cross-bridge cycle. (i) In the presence of increased sarcoplasmic calcium 

(Ca2+), Ca2+ binds to troponin, and the subsequent displacement of tropomyosin exposes myosin binding 

sites on actin, enabling the formation of a cross-bridge. (ii) The bound myosin head pivots, producing a 

power stroke that causes muscle shortening and contraction; adenosine diphosphate (ADP) and inorganic 

phosphate (Pi) are released. (iii) ATP binds to the myosin head and the cross-bridge detaches. (iv) ATP is 

hydrolysed into ADP and Pi and the myosin head is reactivated to enable further cross-bridge formation. 

Cross-bridge cycling continues until Ca2+ is removed from the sarcoplasm. Created using BioRender.com. 

 

Fatigue 

Muscle fatigue is defined as the reversible loss of muscle power resulting from the decline 

in force and shortening velocity (Fitts, 2008). Fatigue can manifest as decreased isometric 

force production, altered force-velocity relationship, reduced shortening speed, and/or 

slowed relaxation (Allen et al., 1995, Jones et al., 2006). As mentioned, voluntary skeletal 

muscle contractions are activated via a complex pathway, beginning at the ventral motor 

cortex, and finishing with peripheral muscle contraction. Therefore, depending on the 

circumstances, fatigue can result from disruptions in the central nervous system (central 

fatigue) (Gandevia, 2001) and/or peripheral factors in skeletal muscle (peripheral fatigue) 

(Fitts, 1994, Allen and Westerblad, 2001). Central fatigue is impairment in the ability of 

the central nervous system to fully activate muscle; this can include reduced excitatory 

input to motor centres, decreased activation of lower motor neurons, reduced motor 

neuron excitability, and/or impaired neuromuscular activity (Gandevia, 2001). Peripheral 

fatigue relates to the impairment of contractile function during strenuous or prolonged 

activities by factors within skeletal muscle. Vigorous and/or sustained muscle activation 

result in metabolic changes within the myofibres that ultimately cause metabolic fatigue. 

These metabolic changes can cause impaired SR Ca2+ release and/or reduced sensitivity 

of the contractile apparatus (Allen et al., 2008). Several factors of central and peripheral 

fatigue are outlined in Table 1.1. 

Table 1.1: Factors of central and peripheral fatigue. 

Factor Mechanism 

Central Fatigue  

Disturbed electrochemical 
gradients 

Following high frequency stimulation, membrane excitability reduces and causes 
failure to propagate action potentials (Balog and Fitts, 1996). 
Note, this can also be the case for peripheral fatigue and action potential 
propagation in the myofibre. 

Peripheral Fatigue  
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Factor Mechanism 

Decreased ATP concentration ATP binds to RyR1 and activates channel, decreased ATP causes reduced 
activation (Ma et al., 1988). 

Increased ATP metabolites 
(AMP, ADP, IMP) 

ATP metabolites compete for ATP binding on RyR1 but do not activate channel 
(Meissner et al., 1986). 

Increased sarcoplasmic 
concentration of Mg2+ 

Mg2+ directly inhibits RyR1 (Lamb and Stephenson, 1994). 

Increased ROS ROS oxidises RyR1, reducing release of Ca2+ (Cherednichenko et al., 2004). 

Increased sarcoplasmic Pi  Pi then moves into the SR, where it precipitates with Ca2+ and reduces the 
amount of free Ca2+ (Inesi and de Meis, 1989, Fryer et al., 1995). 

Decreased glycogen levels Glycogen is hypothesised to have a role in regulating SR Ca2+ release, with 
decreased glycogen reducing Ca2+ release (Chin and Allen, 1997, Helander et al., 
2002). 

Abbreviations: AMP: adenosine monophosphate; ATP: adenosine triphosphate; Ca2+: calcium ion; IMP: inosine 
monophosphate; Mg2+: magnesium ion; Pi: inorganic phosphate; ROS: reactive oxygen species; RyR1: ryanodine 
receptor 1; SR: sarcoplasmic reticulum. 

 

1.1.3 Myofibre-types 

Adult mammalian skeletal muscle consists of at least four distinct types of myofibre that 

differ significantly in their biochemical, mechanical, and metabolic phenotypes (Frontera 

and Ochala, 2014). Myofibres contain myosin heavy chain (MyHC) isoforms, which 

determine their identification as type 1, 2A, 2X, or 2B; notably type 2B myofibres are not 

detected in humans although are present in mice (Smerdu et al., 1994a, Schiaffino and 

Reggiani, 2011). These myofibre-types are further classified based on their functional 

and metabolic properties as slow-twitch oxidative (type 1), fast-twitch oxidative 

glycolytic (type 2A), or fast-twitch glycolytic (type 2X, 2B) (Fitts, 1994). Generally, type 

1 myofibres are characterised as slow-twitch and fatigue resistant, with energy for 

contraction (ATP) provided mainly by mitochondrial oxidative metabolism of fatty acids. 

While type 2 myofibres are generally characterised as fast-twitch and fatigable, with ATP 

provided mainly by glycolytic metabolism using glucose as a fuel (Tobias and Galpin, 

2020); type 2A have higher levels of oxidative enzymes and therefore are less fatigable 

compared to type 2X and 2B (Fitts, 1994). In addition to the main myofibre-types, hybrid 

myofibres also exist, which contain a combination of MyHC isoforms, and lie on a 

spectrum, of contractile function and metabolic phenotype, between slow oxidative type 

1 and fast glycolytic type 2B myofibres: 1 ↔ 1/2A ↔ 2A ↔ 2A/2X ↔ 2X ↔ 2X/2B ↔ 

2B (Schiaffino and Reggiani, 2011). For an in-depth review of myofibre-types, see 

Chapter 6, which is a comprehensive review of myofibre-type differences and how these 

are involved in various conditions including neuromuscular disorders. 
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Myofibre-type composition varies between muscles depending on their functional and 

metabolic demands and activity; Table 1.2 summarises the myofibre-type composition of 

some commonly studied muscles for both normal C57BL/6 mice (widely used in many 

experimental studies) and humans. For example, in the lower leg of mice, one study 

reported that the anti-gravity soleus consists predominantly of type 1 (37%) and 2A (39%) 

myofibres, with considerably fewer 2A/2X (19%) and 2X (6%) myofibres (Augusto et 

al., 2004). Conversely, the extensor digitorum longus (EDL) muscles, which controls 

movement of the toes, contains a predominance of 2B (66%) and 2B/2X (21%) myofibres 

and a small number of 2A/2X (8%), 1/2A (3%), 2A (0.46%), 2X (0.46%) and 1 (0.44%) 

myofibres (Augusto et al., 2004). Also note that human skeletal muscles are comprised 

of a higher proportion of slow-twitch myofibres compared to the equivalent muscles in 

mice (Schiaffino and Reggiani, 2011). 

Table 1.2: Myofibre-type composition of commonly studied muscles for C57BL/6 mouse and humans. 

Values presented are the mean of data reported by the listed references (Ref.). 

 Mouse (C57BL/6) Human 

Muscle 1 2A 2X 2B Ref. 1 2A 2X 2B Ref. 

Soleus 37.9 48.4 8.8 1.5 1-5 77.9 12.6 11.8 - 7-10 

EDL 0.1 6.1 12.3 74 1-3, 5 54.9 32.7 12.3 - 10 

TA 0.1 9.8 19.2 60.4 1, 2, 4 71.8 15.4 5.1 - 10 

Gastrocnemius 3.1 14.5 4.8 65.7 1, 2 51.9 16 22.4 - 10 

Quadriceps 1.2 18.8 13 58.5 2 51.6 36.5 11 - 2, 7, 8, 10-12  

Psoas      52.4 35.2 12.5 - 10, 13 

Gluteus      80.6 10.3 9.1 - 10 

Biceps 0.4 15 29 56 6 51.8 25.5 19 - 10 

Triceps 3.5 13 16.7 67.7 6 45.3 34 20.8 - 10 

Abbreviations: EDL: extensor digitorum longus. TA: tibialis anterior. 

Note: No data were found for mouse psoas and gluteus myofibre-type composition. 

Note: Myofibre-typing in these studies was performed by mATPase histology (mATP), immunohistochemistry with 
myosin heavy chain (MyHC) antibodies (IHC), and/or electrophoretic separation of MyHC isoforms (ES). 

References (myofibre-typing method): C57BL/6 mice (male 2-10 months): 1. Augusto et al. (2004) (mATP, ES); 
2. Bloemberg and Quadrilatero (2012) (IHC); 3. Kammoun et al. (2014) (IHC, ES); 4. Komiya et al. (2017) (IHC); 
5. Lloyd et al. (2019) (ES); 6. Elashry et al. (2009) (IHC). Humans: 7. Edström and Nyström (1969) (mATP); 8. 
Gollnick et al. (1974) (mATP); 9. Ohira et al. (1999) (ES); 10. Tirrell et al. (2012) (ES); 11. Gollnick et al. (1972) 
(mATP); 12. Edström and Ekblom (1972) (mATP); 13. Arbanas et al. (2009) (IHC). 
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1.1.4 Whole muscle organisation 

Structure & function 

Myofibres in whole muscle are organised by interconnected layers of connective tissue, 

also known as extracellular matrix (ECM) (Csapo et al., 2020) (Figure 1.4A). Individual 

myofibres are encased in the basement membrane and endomysium, and bundles of 

myofibres (fascicles) are encapsulated by the perimysium. The whole muscle, comprised 

of many fascicles enveloped by the epimysium, is connected to the skeleton via tendons 

and connective tissue (Gillies and Lieber, 2011). 

While individual myofibres produce force through contraction, their arrangement within 

a whole muscle has a large influence on the muscle’s force generation and subsequent 

function (Burkholder et al., 1994, Lieber and Friden, 2000, Charles et al., 2016a). Skeletal 

muscle architecture refers to the arrangement of myofibres within a muscle with respect 

to the muscle’s force-generating axis, and can be described by variables including 

myofibre length, physiological cross-sectional area, and myofibre pennation angle. 

Myofibre length represents the number of sarcomeres in series for a myofibre and is 

proportional to the distance a muscle shortens when contracted (i.e., muscle excursion) 

(Winters et al., 2011). Physiological cross-sectional area is the sum of the cross-sectional 

area of all myofibres within a muscle, and is proportional to maximum force output of a 

muscle (Powell et al., 1984). Pennation angle describes the angle between a muscle’s 

main line of action and internal tendon (Lieber and Friden, 2000). 

 

Figure 1.4: Schematic of whole muscle organisation from tendon to myofibril. Individual myofibres, 

composed of many myofibrils, are encased in the endomysium, which are then bundled into groups 

(fascicles) surrounded by the perimysium, and the whole muscle is surrounded by the epimysium and 

connected to the skeleton by the tendon. Adapted from smart.servier.com. 
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There are two main types of muscle architecture: parallel (also referred to as fusiform) 

and pennate (Lieber and Friden, 2000). Parallel architecture describes muscles with 

myofibres that extend parallel to the muscle’s axis of force generation (e.g., biceps brachii 

and psoas major), although individual myofibres do not typically extend the entire length 

of the muscle (Loeb et al., 1987, Ounjian et al., 1991). These muscles are usually long, 

with longer myofibre length and low physiological cross-sectional area, making them 

suitable for fast movements. In contrast, pennate muscles typically have shorter 

myofibres that are oriented at an angle to the force-generating axis (Charles et al., 2016a); 

these muscles can be divided into uni- (e.g., EDL), bi- (e.g., rectus femoris), or 

multipennate (e.g., soleus). Pennation serves to increase the number of myofibres 

attached directly to the internal tendon for a given cross-sectional area, thus increasing 

the number of myofibres in a muscle, and subsequently its physiological cross-sectional 

area. As such, pennated muscles are typically able to produce more force (Burkholder et 

al., 1994). However, myofibre pennation means that myofibre-generated force is at an 

angle to the muscle’s main line of action, thus muscles with this architecture will result 

in lower transmission of force through to the tendons/bone relative to a parallel muscle 

with the same myofibre length and mass; although it is likely this has little impact on 

absolute force production of pennated muscles due to the overall increase in physiological 

cross-sectional area (Charles et al., 2016a). 

ECM 

ECM, comprising 1-10% of total muscle content (Kjaer, 2004), is the main load-bearing 

structure in skeletal muscle, and provides mechanical support for myofibres and also for 

structures distributed throughout the peri- and epimysium, including blood and lymphatic 

vessels, and nerve bundles, which help to maintain skeletal muscle biological function 

(Grounds et al., 2005, Gillies and Lieber, 2011). From a biomechanical perspective, the 

musculotendinous unit, can be described simply as an elastic-contractile component (i.e., 

myofibres and ECM in parallel) in series with another elastic component (i.e., tendon), 

which transmits the mechanical force to the skeleton, producing movement (Chao and 

Sun, 2020, Csapo et al., 2020). The ECM, comprised of collagens, glycoproteins, 

proteoglycans, and elastin (Grounds et al., 2005), is the vital intermediary for this force 

transmission between the myofibres and tendon (Street, 1983, Grounds, 2008a, Csapo et 

al., 2020). 
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Collagen proteins constitute the largest portion of the ECM proteins and are a major 

structural component for force transmission (Gelse et al., 2003, Gordon and Hahn, 2010). 

The basement membrane, a specialised ECM structure in intimate contact with the 

sarcolemma, is rich in interwoven collagen IV fibres and laminins, and transfers force 

generated within the myofibre across the length of the myofibre via the costameres, 

through the sarcolemma, and out to the collagens in the interstitial ECM (Grounds et al., 

2005, Gillies and Lieber, 2011). 

Collagens I and III are fibril forming and account for the majority (~75%) of total muscle 

collagen (McKee et al., 2019, Csapo et al., 2020). Typically, type I collagen forms strong 

parallel fibres and provides tensile strength and rigidity, while type III collagen fibres 

form a loose mesh that gives elasticity to the muscle tissue (Kovanen, 2002), with their 

relative proportions differing between the endo-, peri-, and epimysial layers (Light and 

Champion, 1984, Light et al., 1985). The endomysium is predominantly type III collagen 

and, accordingly, has a mesh-like structure, while the peri- and epimysium are 

predominantly type I collagen. Notably, the tendon is primarily composed of collagen I, 

and shares the same primary proteoglycan, decorin, with the perimysium (Nakano et al., 

1997); as such, it is hypothesised that the perimysium is continuous with, and a functional 

extension of the tendon (Figure 1.4) (Passerieux et al., 2007). However, perimysial 

collagen is much less organised than collagen in tendon, possibly due to the different 

loading conditions of the two structures. Tendons are generally under high, relatively uni-

directional, tensile loads that may encourage collagen fibres to align to the muscle axis, 

while the more variable distribution of forces within the muscle itself may produce the 

less organised collagen structure of the perimysium (Gillies and Lieber, 2011). Indeed, 

ECM is a dynamic tissue with a structure-function relationship, where the turnover and 

remodelling of ECM is driven by mechanical signals and altered cell expression (Kjaer, 

2004, Hyldahl et al., 2015, Purslow, 2020). 

Moreover, the synthesis and turnover of various ECM components are also influenced 

by, or arise from, secretions by different cells within the ECM structure, including 

satellite cells, myofibres, fibroblasts, and endothelial cells. Fibroblasts are the primary 

cells responsible for the production of major components of the ECM including collagens, 

glycoaminoglycans, and proteoglycans (Chapman et al., 2016), and have been shown to 

be vital in the proper regeneration of skeletal muscle from satellite cells (Murphy et al., 

2011). 
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Beyond providing structural and biomechanical support, ECM has a key regulatory role 

in skeletal muscle development, growth, and repair (Street, 1983, Grounds, 2008a, Csapo 

et al., 2020). The ECM contains many cells, including fibroblasts, immune/inflammatory 

cells, cells associated with blood vessels and nerves, and a network of proteins involved 

in cell signalling, which interact with satellite cells, myofibres, and ECM to influence 

embryogenic development, growth, and repair of skeletal muscle (Thorsteinsdóttir et al., 

2011, Bentzinger et al., 2013a). These aspects are discussed further below. 

1.1.5 Skeletal muscle development, growth & repair 

Early development 

During early (embryonic and foetal) development, muscles are formed via two concurrent 

processes: myogenesis, the formation of multinucleated myofibres from muscle precursor 

cells, and muscle morphogenesis, the assembly of myofibres into muscles (Nassari et al., 

2017, Sefton and Kardon, 2019). Briefly, muscle precursor cells migrate to target regions 

through signalling by chemoattractants (e.g., hepatocyte growth factor, stromal cell-

derived factor) and chemorepellents (e.g., ephrin), likely expressed by ECM-resident 

fibroblasts. A cascade of transcription factors expressed in the ECM act to regulate 

fibroblast cell fate (i.e., tendon vs interstitial muscle connective tissue), number and 

pattern, and also the fibroblast-secreted ECM molecules themselves (Kardon et al., 2003, 

Hasson et al., 2010, Swinehart et al., 2013, Colasanto et al., 2016, Vallecillo-Garcia et 

al., 2017); reviewed by Nassari et al. (2017) and Sefton and Kardon (2019). In turn, 

myogenesis is activated by transcription factors secreted by muscle precursors: paired 

box protein 7 (Pax7), myoblast determination protein (MyoD), and myogenic factor-5 

(Myf-5) promote the proliferation and differentiation of muscle precursors to myoblasts, 

which then, regulated by myogenin and muscle regulatory factor (MRF4), fuse together 

to form multinucleated myotubes. These immature myotubes are centrally nucleated, and 

upon innervation, mature into peripherally nucleated myofibres (Bentzinger et al., 2012). 

Muscle morphogenesis, to ensure a functional muscle develops, occurs via the 

coordination between myoblasts and myofibres, ECM and tendon, other resident cells 

(e.g., fibroblasts, endothelial, inflammatory), associated nerves, and neighbouring bones 

(Deries and Thorsteinsdottir, 2016, Nassari et al., 2017, Sefton and Kardon, 2019). 

Satellite cells 

Myogenesis continues throughout the lifetime to enable further growth, adaptation, and 

repair (Bentzinger et al., 2012), depending upon satellite cells instead of muscle 
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precursors that are involved in embryological development (Gnocchi et al., 2009, 

Engquist and Zammit, 2021). The number of satellite cells in a muscle is dependent upon 

age and myofibre-type, and also varies between species [reviewed by Hawke and Garry 

(2001)]. Overall, satellite cell numbers, both absolute and relative to the number of 

myonuclei, reduce gradually with age (Gibson and Schultz, 1983). Increased satellite cell 

density is associated with proximity to capillaries (Schmalbruch and Hellhammer, 1977), 

myonuclei (Schmalbruch and Hellhammer, 1977, Brown and Stickland, 1993), and motor 

neuron junctions (Wokke et al., 1989). As such, satellite cells are found in higher numbers 

in oxidative myofibres (type 1 and 2A), characterised by higher capillary and motor 

neuron density, compared to glycolytic myofibres (type 2X and 2B) (Schmalbruch and 

Hellhammer, 1977, Gibson and Schultz, 1982, Gibson and Schultz, 1983). 

Satellite cells reside within a specialised niche comprised of myofibres, ECM proteins 

and growth factors, and other non-myogenic resident cells including fibroblasts and 

inflammatory cells (Yin et al., 2013). The niche is a dynamic environment and, via 

chemical and mechanical signalling, influences the maintenance of skeletal muscle’s 

regenerative capacity, i.e., the balance between quiescent satellite cell replication (self-

renewal) and activation to enable myogenesis (differentiation) [reviewed by (Brun et al., 

2017)]. 

Quiescence. Under normal conditions, i.e., in the absence of skeletal muscle necrosis 

caused by injury (accidental, experimental, or surgical), disease, or certain forms of 

excessive exercise, there is little to no myonuclear turnover, and satellite cells remain 

quiescent (Olguin and Olwin, 2004, Yin et al., 2013). Studies have demonstrated that the 

ECM is vital to the maintenance of satellite cell quiescence and regenerative potential. In 

tissue culture conditions, a higher proportion of satellite cells maintained quiescence 

when cultured in vitro on Matrigel, a hydrogel that mimics the basement-membrane with 

a combination of ECM proteins and growth factors, compared to those cultured on 

standard tissue culture plastic coated with individual ECM proteins (e.g., collagen I) 

(Wilschut et al., 2010, Grefte et al., 2012). Satellite cell survival and myogenic potential 

are also influenced by the mechanical properties of ECM. When cultured on hydrogels 

that mimic the physiological stiffness of muscle (~12 kPa), compared to rigid plastic 

(~106 kPa), quiescent satellite cells had improved survival and self-renewal (Gilbert et 

al., 2010, Cosgrove et al., 2014). 
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Maintenance of regenerative capacity. Satellite cells become activated when their niche 

is altered, they enter the cell-cycle and initially proliferate, and then undergo 

differentiation where they become post-mitotic, losing their capacity for self-renewal and 

reducing the overall regenerative potential of these cells in culture (Gilbert et al., 2010). 

Several components of the ECM have also been shown to influence homeostasis between 

quiescent and activated satellite cells, including fibronectin (Bentzinger et al., 2013b), 

collagen VI (Urciuolo et al., 2013), and the heparin sulfate proteoglycans syndecan 3 and 

syndecan 4 (Cornelison et al., 2001, Brack et al., 2008), with apparent roles in both 

satellite cell self-renewal and differentiation shown both in culture (in vitro) and in vivo. 

Additionally, ECM remodelling appears to have an integral role in maintaining skeletal 

muscle’s regenerative capacity. Satellite cells secrete collagens, in particular collagen V, 

to maintain their quiescent state, where experimental depletion of collagen V in vivo 

causes these cells to enter the cell-cycle once in culture, with a subsequent reduction in 

the satellite cell pool (Baghdadi et al., 2018). Following activation, due to in vivo 

cardiotoxin-mediated injury, satellite cells induce local ECM remodelling and deposition 

of laminin-α1 and laminin-α5 into the basal lamina of the niche, which promote self-

renewal (Rayagiri et al., 2018). 

Growth & repair 

When muscle growth or regeneration is required, typically in response to increased 

loading or injury in vivo, satellite cells are activated and undergo myogenesis (i.e., 

proliferation, and myoblast differentiation and fusion) to form myotubes and later mature 

myofibres (Bentzinger et al., 2012). This process is tightly regulated by many transcription 

factors (Bentzinger et al., 2013a), however, these steps also appear to be influenced, more 

generally, by constituents of the satellite cell niche. Satellite cell proliferation and 

differentiation, and subsequent myoblast fusion are improved in vitro when cultured on 

Matrigel, compared to individual ECM substrates (Wilschut et al., 2010, Grefte et al., 

2012). Likewise, while the exact mechanisms are unclear, studies in tissue culture 

indicate that satellite cell proliferation and differentiation are positively influenced by the 

presence of several other niche proteins, including poly-D-lysine and laminin (Boonen et 

al., 2009), glycosaminoglycans (Rønning et al., 2013), and heparin sulfate proteoglycans 

(Gutiérrez and Brandan, 2010).  

Like for maintenance of quiescence, the mechanical properties of the ECM also influence 

muscle regeneration. The influence of biomechanical forces on myogenesis has been 
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investigated in tissue culture, with evidence of optimal myofibre formation on substrates 

that mimic the physiological stiffness of muscle (~12 kPa) (Engler et al., 2004). 

Furthermore, culturing quiescent satellite cells on soft hydrogels (~12 kPa), compared to 

rigid plastic (~106 kPa), improved their regenerative capacity once transplanted into 

recipient muscle in vivo (Gilbert et al., 2010, Cosgrove et al., 2014). These results suggest 

that alteration of the mechanical properties of the satellite cell niche, primarily driven by 

changes in ECM, which accompany many neuromuscular disorders (discussed further in 

Section 1.4.2: Skeletal muscle mechanical properties), may contribute to disrupted repair 

of skeletal muscle in these conditions. 

Post-natal growth 

Post-natal muscle myofibre growth occurs either by an increase in the number of 

myonuclei (myonuclear hyperplasia) or size (hypertrophy) of myofibres, where a rise in 

net protein synthesis results in increased myofibre length and cross sectional area (White 

et al., 2010). In the case of hyperplasia, the fusion of myoblasts and addition of myonuclei 

appear to occur mainly at the ends of myofibres (Allouh et al., 2008, Gu et al., 2016). As 

myofibres enlarge with age and accumulate intra-sarcoplasmic proteins via hypertrophy 

(i.e., no increase in the number of myonuclei per myofibre), the area of sarcoplasm 

controlled by a single nucleus (known as the myonuclear domain) increases (Wada et al., 

2003). The extent to which hypertrophy can occur post-natally is thought to be limited by 

the myonuclear domain; however, excessive loading of mature skeletal muscle can 

activate satellite cells and stimulate further hyperplasia/hypertrophy (Kadi et al., 2004, 

Kadi et al., 2005); as discussed above in Growth & repair. 

In mice, studies have shown that the number of myofibres are fixed soon after birth 

[reviewed by Rehfeldt et al. (2000)]. Normal post-natal growth of limb muscles in mice 

involves concurrent processes of myonuclear hyperplasia and hypertrophy, until about 

three weeks after birth. During this initial growth phase there is a concomitant reduction 

in the number of satellite cells per myofibre, until satellite cells become quiescent and 

their numbers stabilise (White et al., 2010). Following this, hyperplasia is minimal, and 

hypertrophy is the main process involved in muscle growth until maturity (Fiorotto et al., 

2002, White et al., 2010). 

Alongside early post-natal muscle growth, many other changes occur in mice around 

three weeks of age, including the maturation of neuromuscular junctions on myofibres 

(Gan and Lichtman, 1998, Walsh and Lichtman, 2003), maturation of vascularisation and 
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rapid increase in capillary numbers (Kostallari et al., 2015), fibroblast led modulation of 

the ECM (Chapman et al., 2016), and MyHC isoform changes associated with myofibre-

type innervation and determination (Wirtz et al., 1983, Agbulut et al., 2003). During this 

time, behavioural changes also occur, including increased ambulation and muscle loading 

(Latham and Mason, 2004), and instigation of weaning with marked changes in diet and 

metabolism (Curley et al., 2009). 

Understanding these dynamics of skeletal muscle growth and homeostasis, and also 

regeneration is of fundamental importance when investigating disturbed skeletal muscles 

in neuromuscular diseases such as muscular dystrophies, and these are discussed below 

with a focus on dysferlinopathy, a form of limb girdle muscular dystrophy (LGMD). 

1.2 DYSFERLINOPATHIES 

1.2.1 Muscular dystrophies 

Muscular dystrophies are a large group of clinically, genetically, and biochemically 

heterogeneous neuromuscular disorders that affect about 1 in 1000 Australians (Muscular 

Dystrophy Australia, 2014). These myopathies are primarily characterised by skeletal 

muscle wasting and loss of function, often affecting specific muscle groups, however they 

are varied in their manifestation (Emery, 2002a, Mercuri and Muntoni, 2013). The 

different types of muscular dystrophy have a variety of causes; however, many are the 

result of a genetic mutation in structural or membrane-associated proteins such as 

dysferlin, dystrophin, and members of the dystroglycan/sarcoglycan complex (Saini-

Chohan et al., 2012). Nonetheless, several histopathological characteristics are relatively 

consistent across the diseases, and often include: variation in myofibre size, myofibre 

necrosis, infiltration of inflammatory cells, and replacement of myofibres by fat and/or 

connective tissue (Emery, 2002a). 

1.2.2 Dysferlinopathies 

Dysferlinopathies, are a clinically heterogeneous group of muscle disorders that arise 

from mutations in the dysferlin gene, DYSF, causing reduced expression of the protein 

dysferlin (Amato and Brown, 2011). They are a rare, autosomal recessive disease that 

effects an estimated 1 in 100,000-200,000 adult patients (Moore et al., 2006), though 

prevalence varies widely between populations. In contrast to the well-known Duchenne 

muscular dystrophy (DMD), dysferlinopathies are relatively late onset, usually 
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manifesting in the late teens or early adulthood (Bashir et al., 1998, Liu et al., 1998). 

Affected individuals are relatively asymptomatic in childhood and adolescence, and 

anecdotally many patients display sporting prowess in their youth (Mahjneh et al., 2001, 

Nagaraju et al., 2008, Klinge et al., 2010a). 

Pathology of dysferlinopathies 

Dysferlinopathies initially present as one of two broader pathologies: Limb girdle 

muscular dystrophy type R2 dysferlin-related [LGMDR2; previously known as 

LGMD2B (Straub et al., 2018b)], or Miyoshi myopathy (Bashir et al., 1998, Illa et al., 

2001, Amato and Brown, 2011), with initial weakness typically in the proximal limb 

girdle muscles (LGMDR2), or the distal calf muscles (Miyoshi myopathy) (Amato and 

Brown, 2011). As dysferlinopathies advance, the initial phenotypes overlap until both 

proximal and distal muscles are affected (Harris et al., 2016). The rate and severity of 

disease progression is variable, with some patients wheelchair-bound within a few years 

of onset, whereas others have weakness and atrophy restricted to the affected muscles for 

a prolonged period of time but remain mobile (Amato and Brown, 2011). Nonetheless, 

most affected individuals become non-ambulant within 10-20 years of diagnosis (Walter 

et al., 2013). Fortunately, cardiac and respiratory pathology is uncommon, so life 

expectancy is typically unaffected (Klinge et al., 2010a). 

Similar to other muscular dystrophies, dysferlinopathies are characterised by progressive 

skeletal muscle wasting, loss of mobility, muscle weakness, fatigability, and 

inflammation (Emery, 2002a). Unlike other dystrophies, however, there is little evidence 

of necrosis (<1%), but rather a marked accumulation of lipid particularly within slow-

twitch myofibres, with conspicuous adipocyte replacement of muscle tissue in later stages 

(Fanin and Angelini, 2002, Terrill et al., 2013, Grounds et al., 2014). The accumulation 

of lipid within muscles suggests a metabolic involvement in the disease pathology. 

Indeed, studies have reported impaired glycolytic metabolism in dysferlin-deficient (dysf-

/-) mice, specifically decreased muscle glycogen and impaired glucose utilisation 

(Schoewel et al., 2015), and also altered lipid metabolism and lipidome in young adult 

dysf-/- mice aged three months (Haynes et al., 2019). 

Dysferlin & its role in dysferlinopathies 

Dysferlin is a member of the ferlin family of transmembrane proteins, which have roles 

in protein vesicle fusion and trafficking (Lek et al., 2012). Dysferlin is highly expressed 

in skeletal muscle, but is also present in many other tissue and cell types including cardiac 
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muscle, liver, adipocytes, endothelial cells of blood vessels, monocytes (e.g., 

macrophages), and neutrophils (Anderson et al., 1999, Ho et al., 2002, Sharma et al., 

2010, Prior et al., 2011, Cox et al., 2019). In normal dysferlin-positive cells, dysferlin is 

concentrated at the sub-surface of sarcolemma and intracellular membranes (Glover and 

Brown, 2007). In skeletal muscle, dysferlin is found in the sarcolemma, T-tubules, and 

intracellular vesicles (Al-Qusairi and Laporte, 2011, Roche et al., 2011, Abdullah et al., 

2014, Kerr et al., 2014b). Dysferlin is a type II transmembrane protein and is secured to 

the cell membrane at its C-terminal domain (Figure 1.5) (Glover and Brown, 2007). The 

intracellular section of dysferlin consists of seven C2 domains, which bind phospholipids 

in a Ca2+ dependent manner (Rizo and Südhof, 1998, Klinge et al., 2010b). Furthermore, 

dysferlin interacts with a variety of proteins (Figure 1.5), reflecting its numerous 

functions throughout the body.  

 

Figure 1.5: Dysferlin and its association with the sarcolemma and proteins. Dysferlin is secured to the 

sarcolemma by a transmembrane domain and consists of seven C2 domains (green squares). Dysferlin is 

localised to the sarcolemma, transverse (T)-tubules, and intracellular vesicles and associates with a variety 

of membrane associated-proteins including, AHNAK, affixin (β-parvin), annexins A1 (AnxA1) and A2 

(AnxA2) with their S100 binding proteins (S100A11, S100A10 respectively), calpain 3, caveolin-3, 

dihydropyridine receptor (DHPR), mitsugumin 53 (MG53), α-tubulin, and vinculin. Created using 

BioRender.com. 
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Membrane repair. Early research focused on the role of dysferlin in vesicle trafficking 

and membrane repair (Bansal et al., 2003, Glover and Brown, 2007), with studies showing 

increased dysferlin expression at sites of sarcolemmal injury (Lostal et al., 2012). It is 

hypothesised that dysferlin transports intracellular vesicles to the lesion site, which form 

a ‘patch’ that fuses and reseals the membrane (Glover and Brown, 2007). 

Impaired membrane repair was identified in dysf-/- myofibres and was posited as the cause 

of the dystropathology (Bansal et al., 2003, Lennon et al., 2003). Membrane repair in 

vitro was rescued in a dysf-/- mouse model by both recombinant adeno-associated virus 

vector mediated transfer of a minidysferlin, a protein that retains most of dysferlin’s 

activity (Lostal et al., 2010), and transgenic overexpression of myoferlin (a homologue 

of dysferlin) in a dysf-/- mouse model (Lostal et al., 2012). Despite promising results in 

vitro, rescue of the membrane repair function did not improve muscle histopathology in 

vivo. Thus, dysferlin’s role in membrane resealing is likely not primary cause of the 

dystropathology (Lostal et al., 2012). 

Ca2+ handling. Dysferlin also appears to have an important role in Ca2+ handling, 

potentially related to regulation of muscle contraction and force generation, and 

regulation of proteases that cause muscle damage and necrosis (Jackson et al., 1984, 

Klinge et al., 2010b). Specifically, Klinge et al. (2010b) found that dysferlin associates 

with the developing T-tubules, and that dysf-/- skeletal muscle is characterised by 

abnormally configured T-tubules. Additionally, dysferlin has been found to interact with 

Ca2+-handling proteins in the T-tubules (Ampong et al., 2005, Flix et al., 2013). The 

compromised ultrastructure of the T-tubules and interaction with Ca2+-handling proteins 

appear to cause dysfunctional Ca2+ handling, producing abnormal skeletal muscle 

contraction. Hence, it is hypothesised that disruption of Ca2+ handling and EC coupling 

in dysf-/- muscle may contribute to the muscle weakness and fatigability that is observed 

in this disease (Roche et al., 2011, Kerr et al., 2014b). However, these observations need 

to be reconciled with the fact that patients with dysferlin deficiency appear to have no 

problem with muscle formation and function for many years until late adolescence. Since 

the dysregulation of Ca2+ handling within dysf-/- skeletal muscle is thought to be 

implicated in muscle damage (Kerr et al., 2013), this may contribute to the high levels of 

inflammation observed in dysf-/- muscle (Rawat et al., 2010) and may also be associated 

with an aggravated immune response in dysf-/- muscle (Confalonieri et al., 2003). The 

role of dysferlin in Ca2+ handling is discussed in more depth in Section 4.2. 
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Inflammation & immune response. Dysferlinopathies have a distinct inflammatory 

phenotype, [reviewed in Tidball et al. (2018)], such that they were originally considered 

an inflammatory myopathy (Hoffman et al., 2002). Studies in humans and dysf-/- mice 

show disturbed immune responses, including alterations in the inflammasome and altered 

macrophage function (Nagaraju et al., 2008, Rawat et al., 2010, Rayavarapu et al., 2010, 

Yin et al., 2015), marked complement activation and membrane attack complex presence 

on myofibres (Wenzel et al., 2005, Han et al., 2010, Mariano et al., 2013, Fanin and 

Angelini, 2016), and high levels of oxidative stress (Terrill et al., 2013, Rajakumar et al., 

2014). It is notable that dysferlin is expressed by macrophages (De Luna et al., 2004), 

with dysf-/- macrophages displaying increased phagocytotic activity (Nagaraju et al., 

2008). Furthermore, dysferlin interacts with a variety of immune-associated proteins 

including annexins A1 and A2 (Lennon et al., 2003), which are both well known for 

regulating immune responses and chronic inflammation (Gavins and Hickey, 2012, 

Dallacasagrande and Hajjar, 2020). The exact implications of dysferlin’s interactions 

with inflammatory/immune cells and proteins are not yet clear, however there is strong 

indication there is an immune contribution to the dysferlinopathy pathology. 

1.2.3 Animal models of dysferlinopathy 

There are several animal models of dysferlinopathy including mouse (mus musculus), 

zebrafish (Danio rerio), roundworm (C. elegans) and fruit fly (Drosophila Melanogaster) 

(Hornsey et al., 2013). Most studies of dysferlin deficiency use mice as they have similar 

muscle structure to humans and more accurately represent the disease pathology in human 

dysferlinopathies (Vafiadaki et al., 2001, Hornsey et al., 2013). In general, dysf-/- mice 

mimic human dysferlinopathies, showing a similar disease progression with late onset in 

young adults, and similar, though milder, histopathological features (Roche et al., 2012, 

Grounds et al., 2014, Jain Foundation, 2021). There are several dysf-/- mouse models, 

however, the most studied models are the A/Jdysf-/- (A/J), SJL/Jdysf-/- (SJL/J) and BLA/Jdysf-

/- (B6.A-Dysfprmd/GeneJ; BLAJ) strains. A/J and SJL/J mice both have naturally occurring 

dysferlin-deficiencies resulting from spontaneous mutations to the DYSF gene; ETn 

retrotransposon insertion within intron 4 and splice-site mutation resulting in a 171 bp in-

frame RNA deletion that removes 57 amino acids and most of the C2-E domain 

respectively. However, both the A/J and SJL/J mice have impairments that are not 

observed in dysferlinopathy patients or other dysf-/- mice (Ho et al., 2004). These 

abnormal features, such as poor fertility and susceptibility to infection, are proposed to 
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be due to unknown genetic backgrounds rather than dysferlin deficiency (Doetschman, 

2009). Thus, the A/J and SJL/J mice were backcrossed on to the more defined genetic 

backgrounds of C57BL/6J and C57BL/10 strains respectively, which also provided each 

new strain with a genetically defined control. 

While many early studies used dysf-/- SJL/J and A/J mice, the BLAJ (A/J ´ C57BL/6J) 

mouse has become the more popular model due to its similar phenotype to other dysf-/- 

models and reduced susceptibility to infections (Lostal et al., 2010); hence, these mice 

will be used throughout this thesis. In BLAJ mice, some early molecular changes 

including increased lipofuscin (a measure of oxidative damage) and increased expression 

of CCAAT-enhancer-binding proteins (CEBP)-δ mRNA (a marker of stem cell 

differentiation to adipocyte) were detected at three months, whereas histopathological 

changes became evident later in specific muscles (psoas > quadriceps) around 8-12 

months, and became more pronounced in older mice (studies up to 29 months) (Albrecht 

et al., 2011, Hornsey et al., 2013, Terrill et al., 2013). The pathology in BLAJ mice is 

most pronounced in the psoas major and quadriceps, followed by the tibialis anterior, and 

gastrocnemius (Lostal et al., 2010). 

For a more detailed review of dysf-/- mouse models, see the paper in Chapter 2, which is 

a comprehensive literature review of mouse models for select muscular dystrophies. 

1.2.4 Muscle weakness & fatigue in dysferlinopathies 

Muscle weakness and fatigability are common clinical signs of dysferlinopathies 

(Angelini et al., 2014) and many other dystrophies. However, the association between 

dysferlin deficiency and muscle function is not well understood. Existing research on 

dysf-/- skeletal muscle function is limited and has found inconsistent results. While some 

studies indicate that some muscle function measures (e.g., grip strength, specific force 

generation) are impaired in dysferlin deficiency, contrary findings also exist. It is 

important to note that these studies were typically undertaken on relatively young mice, 

which may have reduced the potential effects of dysferlin deficiency (since the pathology 

worsens over time). Results for previous functional studies are discussed in detail in 

Chapter 4. 

A further issue of much of the existing literature is that these studies do not directly assess 

the change in function of the most severely affected muscles (e.g., psoas, quadriceps), as 

these muscles cannot be isolated for ex vivo functional studies. Rather, these muscles are 

typically assessed as part of a muscle group in tests of grip strength and open field 
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behaviour. An alternative approach is to assess the impact of dysferlin deficiency on the 

components of these muscles (i.e., myofibres). Specific muscles are made up of different 

proportions of myofibre-types. For example, in mice, the psoas and quadriceps muscles 

primarily consist of type 2 myofibres (Klover et al., 2009). Hence, examining the impact 

of dysferlin deficiency on specific muscle types (slow- vs fast-twitch) may provide insight 

into why specific muscles are more affected by dysferlinopathies; this approach is 

employed throughout this thesis using the soleus (predominantly slow type 1 myofibres) 

and EDL (predominantly fast type 2 myofibres) (Augusto et al., 2004). A further 

advantage of assessing the function of the soleus and EDL is that they have limited overt 

histopathology (Han et al., 2010), as such the impact of dysferlin deficiency on contractile 

function can be investigated without pre-existing structural alterations (e.g., adipocyte 

replacement of muscle). Chapter 4 investigates the impact of dysferlin deficiency on 

muscle function in vivo and ex vivo for soleus and EDL muscles. 

1.3 GLUCOCORTICOIDS 

While knowledge of the structure and localisation of dysferlin is well established, with 

some understanding of the role of dysferlin in the body, how dysferlin deficiency 

contributes to the pathology of dysferlinopathies is not clear, and consequently, there are 

no treatment options available. Nonetheless, various interventions have been attempted, 

including the classic administration of glucocorticoids, which are a commonly used anti-

inflammatory treatment in many inflammatory diseases and myopathies, as well as 

autoimmune diseases, organ transplant rejection, and some types of leukaemia (Kornegay 

et al., 2014, Patel et al., 2014). Glucocorticoids are the current standard of care in DMD 

(Manzur et al., 2008, Moxley et al., 2010, Matthews et al., 2016, Quattrocelli et al., 2021), 

although the precise mechanism for the benefits of glucocorticoids in DMD remain 

unclear (Kornegay et al., 2014). 

Glucocorticoids are a class of steroid hormone that bind to the glucocorticoid receptor 

and impact almost every tissue and organ in the body (Patel et al., 2014). Endogenous 

glucocorticoids, such as cortisol, are released by the adrenal cortex following the stress-

induced activation of the hypothalamic-pituitary-adrenal axis (Oakley and Cidlowski, 

2011). Synthetic glucocorticoids are available and are used to treat many clinical diseases. 

The primary role of glucocorticoids is to ensure enough glucose is available in circulation 

to fuel the brain and ensure survival of the organism during conditions of reduced food 
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intake or acute stress (Patel et al., 2014). Hence, glucocorticoids have a regulatory role in 

a variety of physiological processes including metabolism (specifically of glucose), 

growth, the immune response, and cell proliferation, reproduction, and behaviour (Oakley 

and Cidlowski, 2011). However, long-term use of glucocorticoids is associated with 

serious adverse side effects in both humans and rodents, including muscle wasting 

(mainly type 2B myofibres), slowed growth, deregulation of glucose and fat metabolism, 

insulin resistance, diabetes, hepatosteatosis (fatty liver), osteoporosis, infertility, 

cognitive dysfunction, glaucoma, cataracts, cardiovascular disease, and topical skin 

thinning (Patel et al., 2014). Glucocorticoids also exacerbate fat accumulation by 

increasing fatty acid uptake (in adipose tissue), increasing adipose tissue lipoprotein 

lipase activity, and increasing adipocyte number via hyperplasia and activation of the 

adipogenic transcription factor CEBP gene family (Wang et al., 2012, Ali et al., 2013, 

Dong et al., 2014). 

1.3.1 Glucocorticoids & skeletal muscle 

Chronic glucocorticoid treatment is known to cause skeletal muscle catabolism and 

insulin resistance in humans and rodents (Vestergaard et al., 2001, Schäcke et al., 2002, 

Wang et al., 2006b). The precise mechanisms behind these outcomes are not completely 

understood, however it is agreed that glucocorticoids can regulate glucose and protein 

metabolism (Figure 1.6). In short, glucocorticoids inhibit glucose uptake, and glycogen 

and protein synthesis, and promote protein degradation and amino acid mobilisation. 

Most of these processes are regulated via the insulin/insulin-like growth factor (IGF)-1 

signalling pathway (Heszele and Price, 2004, Glass, 2005). Of particular importance is 

the activation of Akt (protein kinase B) downstream from the insulin/IGF-1 receptors, 

phosphorylation of insulin receptor substrate 1, and phosphoinositide 3-kinase (PI3-k) 

activity. Glucocorticoids exert their catabolic and insulin resistant effects on muscle 

partly by counteracting the IGF-1/insulin/PI3-k/Akt signalling pathway. Ultimately, 

glucocorticoids cause insulin resistance, reduced energy (glucose) availability, and 

muscle atrophy. Furthermore, glucocorticoid-induced muscle atrophy affects fast-twitch 

glycolytic (type 2B) myofibres more than slow-twitch oxidative (type 1) myofibres, 

however the mechanism of myofibre-type specificity is not clear (Schakman et al., 2008). 

Glucocorticoids also modulate Ca2+ handling in skeletal muscle (Metzinger et al., 1995), 

however the mechanism underlying this is not clear. A study conducted by Laszewski 

and Ruff (1985) assessed the impact of glucocorticoid treatment (intramuscular injections 
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of dexamethasone, 1.5 mg/kg, for two weeks) on the EC coupling of skinned soleus 

(predominantly slow-twitch) and EDL (predominantly fast-twitch) myofibres from rats, 

and found decreased Ca2+ sensitivity of soleus myofibres, but no effect on EDL. 

Additionally, Vignos Jr et al. (1976) found that glucocorticoid treatment in rabbits 

(intramuscular injections of triamcinolone acetonide, 1 mg/kg, for three weeks) decreased 

the speed of muscle contraction of the EDL, and Gardiner and Edgerton (1979) proposed 

this was due to altered Ca2+ handling. Notably, Vignos Jr et al. (1976) also found that 

glucocorticoid treatment resulted in a reduction of EDL mass, but no change for the 

soleus. 

 

Figure 1.6: Glucocorticoid (GC) regulation of glucose and protein metabolism in skeletal muscle.The 

processes that GCs impact are shown in the boxes. Lines in red indicate GC-mediated actions. The dotted 

lines indicate that the precise mechanism of the pathway is currently unclear. Abbreviations: AA: amino 

acids; IGF-1: insulin-like growth factor 1; PI3-k: phosphoinositide 3-kinase; Akt: protein kinase B; 

Foxo1/3: forkhead box O1/forkhead box O3. Adapted from Vegiopoulos and Herzig (2007). 

 

1.3.2 Glucocorticoids & dysferlinopathies 

As glucocorticoids have beneficial effects in many inflammatory diseases and 

myopathies it was expected they would have a similar effect in dysferlinopathies given 

their inflammatory phenotype. However, daily glucocorticoid administration to 

dysferlinopathy patients caused adverse effects including loss of muscle strength and 

increased fatigability (Hoffman et al., 2002, Walter et al., 2013). In one clinical trial 

where 25 dysferlinopathy patients (19-60 years, male and female) were administered the 

glucocorticoid deflazacort for six months, the loss of muscle strength was accelerated 

four-fold relative to the normal disease progression (2% strength loss in treated patients, 
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compared to 0.5% loss in untreated patients) (Walter et al., 2013). Further support for 

such adverse effects of glucocorticoids on dysferlinopathy was provided by a recent paper 

describing dysferlinopathy in 53 (28 male) subjects from 33 families in Saudi Arabia, 

where 9 individuals (initially incorrectly diagnosed with polymyositis) treated with a 

high-dose steroid showed a trend of accelerated disease progression, including decline in 

muscle strength and mobility (Alharbi et al., 2022). 

The mechanisms underlying the adverse effects of glucocorticoids on muscle function in 

dysferlinopathy have not been elucidated. However, it is proposed that the glucocorticoid-

induced exacerbated fat accumulation, insulin resistance, and muscle atrophy may 

contribute to some of the adverse effects on dysf-/- muscle function. Glucocorticoids may 

amplify the disturbed fat accumulation (lipogenesis and adipogenesis) in 

dysferlinopathies, increasing the amount of energy taken up by adipose tissue, thus 

reducing energy (from free fatty acids) available to muscle. Similarly, insulin resistance 

has a direct impact on the energy availability by supressing glucose uptake of muscles 

(Figure 1.6) (Weinstein et al., 1995). Furthermore, dysf-/- muscle itself is reported to have 

impaired glycolytic metabolism (Schoewel et al., 2015), hence, the cumulative effect of 

both dysf-/- and glucocorticoids on energy availability may lead to the relatively rapid loss 

of muscle strength and increased fatigability. Similarly, the cumulative effect of normal 

disease progression, atrophy, and the catabolic action of glucocorticoids may also 

exacerbate the loss of muscle tissue and further reduce muscle strength. Finally, the 

modulation of Ca2+ handling in skeletal muscle by glucocorticoids may contribute to the 

disruption of EC coupling in dysf-/- muscle, thus significantly exacerbating abnormal 

muscle function of dysferlinopathy. However, further investigation of these hypotheses 

is required. As such, Chapter 5 presents a study, in the form of a manuscript prepared for 

submission, that investigates the impact of dysferlin deficiency and glucocorticoid 

treatment on in vivo and ex vivo muscle function, and the expression of certain 

metabolism- and immune-related genes. 

1.4 BIOMECHANICS (MECHANICAL PROPERTIES) OF SKELETAL 

MUSCLE 

1.4.1 Cell & tissue mechanical properties 

There is a complex interplay between tissue structure, function, and mechanical 

properties where each of these factors influence each other to determine tissue health and 
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disease. Cell and tissue biomechanics are well recognised as significant factors in the 

origin and maintenance of many disorders (Janmey and McCulloch, 2007, Butcher et al., 

2009, DuFort et al., 2011). The connection between tissue biomechanics and disease 

result from both a cell’s mechanical properties (e.g., elasticity/stiffness), and its detection 

of, and reaction to, external forces (mechanotransduction), usually associated with the 

ECM that is in immediate contact with the surface of all cells. For example in malaria, 

the increased stiffness of infected red blood cells leads to poor blood flow, causing 

anaemia and other complications (Lee and Lim, 2007). 

A commonly used measure of stiffness is elastic modulus (referred to as elasticity), which 

describes how easily a tissue can deform. Elastic modulus is defined as the ratio of stress 

to strain, where stress is the amount of force applied per unit area (σ = F/A), and strain is 

the deformation of an object relative to its size (ε = Δl/l). In a stress-strain curve (Figure 

1.7A), Young’s (elastic) modulus refers to the linear range of elasticity at low stress and 

strain, while tangent modulus is the elasticity at any given stress or strain. Typical 

elasticity (stiffness) of biological tissues varies by orders of magnitude, from ~1 kPa for 

adipose tissue to ~1 GPa for bone (Figure 1.7B). 

 

Figure 1.7: Elastic modulus. A) Stress-strain curve indicating Young’s modulus and tangent modulus. B) 

Typical elastic (Young’s) moduli of biological tissues vary by orders of magnitude. Elastic modulus values 

from Kojima et al. (1994), Levental et al. (2007), Guimarães et al. (2020). Created using BioRender.com. 

 

A tissue’s mechanical properties are determined by its constituent materials and their 

structural arrangement (Meyers et al., 2008). These components can be classed as cellular 

(e.g., myofibres, epithelial cells, adipocytes, and blood), polymer (e.g., collagen), 

elastomer (e.g., elastin), and ceramic (e.g., enamel), and are arranged from the organ 

level, on the scale of centimetres, down to the molecular level, on the scale of nanometres 

(Meyers et al., 2008). Therefore, tissue stiffness and structure can vary depending on the 

scale being examined. For example, Stolz et al. (2004) investigated the elasticity of 
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porcine (pig) articular cartilage at the micrometre and nanometre scales using atomic 

force microscopy indenter tips of two different sizes: a spherical tip with ~2.5 μm radius 

and a pyramidal tip with ~20 nm radius; showing that the Young’s modulus was ~100-

times higher at the micrometre-scale (~2.6 MPa) compared with the nanometre-scale 

(~20-50 kPa). These findings emphasise the importance of considering scale when 

measuring tissue mechanical properties. In addition, this study also highlighted that 

measured stiffness can also be impacted by other factors including indentation depth and 

force (Stolz et al., 2004). 

Many disorders modify the composition and structure of tissues, resulting in variations in 

mechanical properties that are also scale dependent. For example, Cross et al. (2007) 

showed that metastatic cancer cells from patients with ductal carcinoma had a four-fold 

lower Young’s modulus (~0.5 kPa) compared to healthy cells, at the cellular level. One 

consequence is that the lower stiffness of cancer cells facilitates the migration and 

metastasis of tumour cells by increasing cell deformability (Suresh, 2007, Plodinec et al., 

2012). Whereas, at the macro-scale, tumour masses are often stiffer compared to healthy 

cells, with reported Young’s moduli in the hundreds of kilopascals (Krouskop et al., 

1998). The increased elasticity of tumours is associated with the stromal response related 

to tumour progression, where collagen accumulates in the ECM, increasing the stiffness 

of the tumour mass (Butcher et al., 2009). 

1.4.2 Skeletal muscle mechanical properties 

Skeletal muscle function is governed by both the mechanical properties and structure of 

its constituent tissues (e.g., actin and myosin, ECM, sarcolemma), as well as the function 

of myofibres (Zatsiorsky and Prilutsky, 2012). While skeletal muscle is predominantly 

composed of contractile myofibres, muscle stiffness is largely dependent upon other 

tissues like ECM (Gillies and Lieber, 2011, Haug et al., 2019, Ward et al., 2020). Muscle 

elasticity is primarily assessed in either the longitudinal or transverse planes, most 

commonly measured under tension or compression respectively (Figure 1.8) (Böl et al., 

2022). Tension involves stretching a muscle, providing information largely concerning 

contractile function, while compression, a deformation force typically applied 

perpendicular to the muscle belly, can provide more information about a muscle’s 

structural features and biomechanical interactions between its constituent tissues. 

Passive tension is the underlying resistance of muscle to longitudinal (or axial) stretch, 

and has major influence on skeletal muscle function, particularly muscle elongation for a 
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given load and total tension during contraction. There is strong evidence that passive 

elastic modulus of individual myofibres is inversely correlated with the isoform length of 

titin, a large protein in the myofibre that functions as a molecular spring (Freiburg et al., 

2000, Prado et al., 2005). However, passive stiffness at the myofibre level does not scale 

to the whole muscle level, rather total axial stiffness is thought to be largely determined 

by extra-myofibrillar structures, particularly the ECM (Prado et al., 2005, Ward et al., 

2020). Indeed, bundles of myofibres are about two-times stiffer than isolated myofibres 

that lack the associated ECM (Lieber et al., 2003, Prado et al., 2005, Ward et al., 2009, 

Meyer and Lieber, 2011, Haug et al., 2019). Moreover, whole muscles have 5- to 10-

times higher passive tension compared with individual fascicles (myofibre bundles) 

(Ward et al., 2020). Given that ECM comprises only a small proportion of the area of 

muscles (5-18%), which varies substantially between muscles (Gillies and Lieber, 2011, 

Wood et al., 2014), these findings indicate that ECM is a very stiff scaffold surrounding 

relatively compliant myofibres. 

Equally, mechanical properties of skeletal muscle in the transverse direction (i.e., 

perpendicular to muscle belly), typically measured via compression, are also vital to 

understanding skeletal muscle health and function, since this is the direction of interaction 

between adjacent tissues within skeletal muscle (e.g., myofibres and ECM) (Engler et al., 

2004). These interactions influence myofibre elongation under loading and during 

contraction, and, via mechanotransduction pathways, result in biochemical signals that 

have wide ranging impacts on cell function and the composition of skeletal muscle (e.g., 

ECM deposition and configuration) (Kjaer, 2004, Miyagoe-Suzuki and Takeda, 2011, 

Gumpenberger et al., 2020). In addition to their mechanical properties, the interactions 

between skeletal muscle’s constituent tissues are largely governed by their organisation, 

which also determines myofibre arrangement and ultimately muscle function (Burkholder 

et al., 1994). 

It is important to note that, skeletal muscle is anisotropic, meaning that mechanical 

properties differ depending on the direction of observation, a characteristic referred to as 

tension/compression asymmetry (Böl et al., 2014, Kohn et al., 2021, Böl et al., 2022). For 

intact muscle, elasticity under axial tension is reported to be two orders of magnitude 

larger compared to when under compression (Takaza et al., 2014, Mohammadkhah et al., 

2016). While at the myofibre scale, elasticity under tension is reported to be 10-times 

larger than under compression (Böl et al., 2019). The tension/compression asymmetry 

phenomenon is considered to be due to differing load transfer mechanisms within the 
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tissue for axial tension and compression, related to muscle’s constituents and structure 

(Böl et al., 2022). 

 

Figure 1.8: Assessing the mechanical properties of skeletal muscle: planes of measurement. Muscle 

elasticity is typically assessed in the longitudinal plane where the muscle is under passive (axial) tension, 

or the transverse plane where the muscle is typically under compression. Created using BioRender.com. 

 

Stiffness in muscle disorders 

Due to their vital role in muscle function, it is unsurprising that altered skeletal muscle 

mechanical properties and structure, driven largely by ECM remodelling, are hallmarks 

of nearly all muscle conditions and changes in muscle use, including ageing and 

neuromuscular disorders. 

Ageing is associated with increased stiffness of skeletal muscles with a more fibrotic 

morphology. Specifically, higher collagen content with increased oxidation (glycation) 

and crosslinking, and decreased collagen turnover resulting in pronounced interstitial 

fibrosis (i.e., ECM) and increased stiffness with altered mechanotransduction (Kragstrup 

et al., 2011, Wood et al., 2014, Gumpenberger et al., 2020, Pavan et al., 2020, Zullo et 

al., 2020). This age-associated increase in stiffness impairs satellite cells’ ability to 

differentiate, reducing the regenerative capacity of skeletal muscle (Lacraz et al., 2015). 

Neuromuscular disorders, such as muscle spasticity and DMD, have impaired muscle 

function that is associated with alterations in the mechanical properties of skeletal muscle 

cells and the ECM. Specifically, both disorders exhibit stiffer muscles compared to 

healthy controls, with increased ECM content (Friden and Lieber, 2003, Foran et al., 

2005, Hakim et al., 2011, Lacourpaille et al., 2015). While there have been no 

investigations of the mechanical properties of muscle in dysferlinopathy, it is expected 

there are differences in the mechanical properties of dysf-/- muscle resulting from features 

of the pathology, including the significant adipocyte replacement of muscle tissue 

potentially causing muscles to be softer overall. Further discussion of mechanical 

properties of skeletal muscle in specific contexts, including dysferlinopathy, ageing, slow- 

vs fast-twitch muscle, and DMD can be found in Chapters 8 and 9. 
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1.4.3 Imaging mechanical properties of skeletal muscle 

Despite the important role of tissue biomechanics in influencing functional properties, 

relatively little is known about the interaction between the mechanical properties of cells 

and the cellular environment in living tissues. At the macro (organ)-scale, the mechanical 

properties of tissues can be characterised using medical elastography techniques based on 

ultrasound or magnetic resonance imaging (Drakonaki and Allen, 2010, Parker et al., 

2010). At the sub-cellular and cellular level, mechanical properties can be measured using 

techniques such as atomic force microscopy and micro-pipette aspiration (Canato et al., 

2010, Garcia-Pelagio et al., 2011). Whilst medical elastography and cellular imaging 

techniques are effective, they are not without their limitations. Medical elastography 

techniques are restricted by their limited spatial resolution and ability to resolve micro-

scale features, and cellular-imaging techniques are restricted in their field-of-view and 

depth penetration. A method that allows the investigation of mechanical properties at a 

scale between organ and cellular levels, at the level of more organised cellular structures 

and tissues, could provide new insight to further the understanding of muscle pathologies, 

such as dysferlinopathy. One such imaging method is quantitative micro-elastography 

(QME), which is a non-invasive elastography technique for imaging tissue elasticity at 

the level between cellular and organ scales in three-dimensions (3D). Micro-scale images 

(micro-elastograms) are generated using optical coherence tomography (OCT) to 

measure tissue deformation under compression (Kennedy et al., 2014a). 

OCT operates by detecting a signal that is the summation of optical wavefields reflected 

from scatterers, below the resolution of OCT, in a sample (Goodman, 2020). Constructive 

and destructive interference modulate the amplitude of the detected signal, which is 

termed speckle (Schmitt et al., 1999, Curatolo et al., 2014). QME uses OCT and a 

compliant stress sensor, with known stress-strain characteristics, to measure elastic 

modulus (Figure 1.9A). More specifically, QME applies a compressive force and strain 

(deformation) of the sample is then calculated using the optical displacement of speckle 

between unloaded and loaded tissue. The stress (compressive force) applied to the tissue 

is found by using pre-characterised stress-strain curve of the stress sensor and the 

experimentally derived strain measurement of the sensor (Figure 1.9B). The elastic 

modulus of a sample is then determined by the measured stresses and strains throughout 

the volume and is presented in a micro-elastogram (Figure 1.9C).  
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Previously, qualitative optical coherence elastography was shown to be suitable for 

imaging skeletal muscle and demonstrated the capabilities of this imaging modality to 

identify areas of altered mechanical properties and necrosis in animal models of human 

muscle diseases such as DMD (Klyen et al., 2011, Chin et al., 2014, Klyen et al., 2014). 

Therefore, it is expected that QME would be an effective and informative method for 

quantifying altered mechanical properties in diseased skeletal muscles.  

Chapter 7 outlines the development process of a novel platform for imaging the 

mechanical properties of skeletal muscle using QME. Chapter 8 then presents Results as 

a manuscript outlining this new method with examples of this technique presented for 

dysf-/- quadriceps muscle. Finally, Chapter 9 is a Results chapter demonstrating the 

characterisation of 3D mechanical properties of skeletal muscle impacted by two 

different muscular dystrophies: dysferlinopathy and DMD. 
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Figure 1.9: Quantitative micro-elastography (QME) working principle. A) Schematic of the QME set 

up. B) Stress-strain curve of the stress sensor material. In the inset, the stress due to compression is 

estimated using the tangent to the curve at the preload strain (0.2 in this example); adapted from Kennedy 

et al. (2015b), CC BY 4.0. C) Example of micro-elastogram of EDL muscle from a male C57BL/6J mouse 

aged three months. Elasticity (kPa) is presented in false colour and overlaid on an optical coherence 

tomography (OCT) image showing signal to noise ratio (SNR). 

1.5 SUMMARY 

The purpose of this chapter was to outline the research on the effect of dysferlin 

deficiency on skeletal muscle function and muscle biomechanics. Existing research on 

dysf-/- skeletal muscle function is limited and has found inconsistent results. Whilst some 

studies indicate that some measures of muscle function are impaired by dysferlin 

deficiency, contrary findings also exist. It was noted that many previous studies were 

typically undertaken on relatively young mice, which may have reduced the potential 

effects of dysferlin deficiency (as the pathology worsens over time). Additionally, there 

is little understanding of the adverse impact of glucocorticoids on muscle function. 

Research is therefore required to further examine the role of dysferlin deficiency and 

glucocorticoids in muscle pathology. Finally, there are no studies investigating the 

mechanical properties of dysf-/- skeletal muscle. Greater knowledge of function and 

biomechanics of dysf-/- muscle are important to enhance our theoretical understanding of 

dysferlinopathies, and ultimately inform treatment interventions that can more effectively 

manage this disorder.  
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1.6 RESEARCH OBJECTIVES & THESIS STRUCTURE 

The overall aim of this thesis is to investigate the impact of dysferlin deficiency on muscle 

function (Part I) and biomechanics (Part II). The thesis structure and individual Chapters 

of this thesis are outlined below. 

General background 

Chapter 1: General introduction, gives an outline of topics essential for this thesis, 

including skeletal muscle structure and function, muscular dystrophies, dysferlinopathies, 

glucocorticoids, and mechanical properties of diseased tissue. 

Chapter 2: Mouse models of muscular dystrophies, presents a detailed overview of 

mouse models for several muscular dystrophies including dysferlinopathies, 

dystrophinopathies (e.g., DMD), and sarcoglycanopathies. This published, invited 

review, of which I was a co-author, outlines the importance of mouse models for studying 

muscular dystrophies and potential therapies, technologies used to generate mouse 

models, and the characteristics of some of the most used mouse models for highly studied 

muscular dystrophies. 

Chapter 3: General methods, outlines methods that are used throughout this thesis. 

 

Part I: Dysferlin deficiency & muscle function 

Chapter 4: Function of dysferlin-deficient muscles, presents results demonstrating the 

impact of dysferlin deficiency on muscle function. 

Section 4.1 is a paper published in 2021, that describes the impact of dysferlin 

deficiency on in vivo and ex vivo (soleus and EDL) whole muscle function. 

Section 4.2 then presents results for a brief follow-up study on the impact of 

dysferlin deficiency on Ca2+-activation parameters of isolated myofibres. 

Chapter 5: Glucocorticoid treatment of dysferlin-deficient muscles, presents results, 

as a manuscript prepared for submission, for a study investigating the impact of dysferlin 

deficiency and glucocorticoid (dexamethasone) treatment on in vivo and ex vivo muscle 

function, and the expression of certain metabolism and immune-related genes. 

Chapter 6: Myofibre-type differences in neuromuscular disorders, presents a 

submitted invited review outlining important broad implications arising from Chapters 4 
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and 5 and the larger literature base, in addition to some new data relating to Ca2+ handling 

and metabolism-related protein levels in slow and fast-twitch dysf-/- muscles. 

 

Part II: Dysferlin deficiency & muscle biomechanics 

Chapter 7: Method development for visualising muscle biomechanics, outlines the 

development process undertaken to establish a new elastography technique that was used 

in Chapters 8 and 9. 

Chapter 8: Visualising muscle biomechanics: method & demonstration, presents 

results, as a submitted manuscript, for a study demonstrating a novel method (developed 

in Chapter 7) for characterising the 3D mechanical properties of skeletal muscle tissue, 

with examples shown for quadriceps muscle from dysf-/- BLAJ mice. 

Chapter 9: Mechanical properties of skeletal muscle: impact of myofibre-type & age 

in two forms of muscular dystrophy, presents a results chapter for a study 

demonstrating the characterisation of 3D micro-elastography and micro-architecture of 

skeletal muscle tissue for two different muscular dystrophies: dysferlinopathy and DMD, 

as well as the impact of muscle myofibre-type and age. 

 

Conclusions & implications 

Chapter 10: General discussion, summarises the main findings of this research, along 

with their significance and limitations. The chapter concludes with discussion of future 

work and final remarks. 
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2 MOUSE MODELS OF MUSCULAR DYSTROPHIES 
This chapter comprises a published literature review of mouse models for selected 

muscular dystrophies, of which I was a co-author. Specifically, I was asked by Dr van 

Putten to write the dysferlinopathy sections of the main text and table, in addition to 

editing and reviewing the whole manuscript. 

van Putten, M, Lloyd, EM, de Greef, JC, Raz, V, Willmann, R & Grounds, MD. 

2020. Mouse models for muscular dystrophies: An overview. Disease Models & 

Mechanisms, 13(2), p. dmm043562. DOI: 10.1242/dmm.043562. 

Paper: Mouse models for muscular dystrophies: an overview 

Maaike van Putten1*, Erin M Lloyd2, Jessica C de Greef1, Vered Raz1, Raffaella 

Willmann3, Miranda D Grounds2 

1. Leiden University Medical Center, Department of Human Genetics, Leiden, the 

Netherlands 

2. The University of Western Australia, School of Human Sciences, Perth, Australia 

3. University of Basel, Biozentrum, Basel, Switzerland 

ABSTRACT 

Muscular dystrophies (MDs) encompass a wide variety of inherited disorders that are 

characterized by loss of muscle tissue associated with a progressive reduction in muscle 

function. With a cure lacking for MDs, preclinical developments of therapeutic 

approaches depend on well-characterized animal models that recapitulate the specific 

pathology in patients. The mouse is the most widely and extensively used model for MDs, 

and it has played a key role in our understanding of the molecular mechanisms underlying 

MD pathogenesis. This has enabled the development of therapeutic strategies. Owing to 

advancements in genetic engineering, a wide variety of mouse models are available for 

the majority of MDs. Here, we summarize the characteristics of the most commonly used 

mouse models for a subset of highly studied MDs, collated into a table. Together with 

references to key publications describing these models, this brief but detailed overview 

would be useful for those interested in, or working with, mouse models of MD. 

KEY WORDS: Disease pathology, Mouse models, Muscular dystrophy 
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2.1 INTRODUCTION 

Muscular dystrophies (MDs) are a clinically and genetically heterogeneous group of 

inherited disorders. They are characterized by progressive muscle weakness affecting 

skeletal muscles, but some MDs involve cardiac and/or smooth muscles (Emery, 2002b, 

Mercuri and Muntoni, 2013). Age of onset, disease severity and progression varies 

markedly between the different MDs. To date, more than 50 causative genes have been 

identified. Historically, MDs were classified based on the main clinical manifestations 

and the age of onset. Later, the mode of inheritance was also taken into account, resulting 

in further sub-classification of limb-girdle muscular dystrophy (LGMD) and congenital 

muscular dystrophy (CMD). 

2.2 IMPORTANCE OF MOUSE MODELS FOR STUDYING DISEASE 

MECHANISM AND POTENTIAL THERAPIES 

The availability of animal models of MDs plays a key role in studying disease pathology. 

Despite differences in some pathological hallmarks compared to humans, animal models 

have provided important insights into causal gene relationships and into the functional 

cellular and molecular mechanisms of disease pathogenesis. Consequently, a variety of 

therapeutic approaches have been developed using these models for MDs. Animal models 

play a pivotal role in preclinical studies to progress therapies to the clinic, from proof-of-

principle studies, dosage and efficacy studies to extended preclinical trials (Allamand and 

Campbell, 2000, Durbeej and Campbell, 2002). 

Mice are the most frequently used models of MDs, as they are easy and relatively 

inexpensive to breed and maintain in large numbers, and to handle, treat and genetically 

modify. They are ideal subjects for preclinical studies owing to their small body size, 

short gestation and life span, and the abundance of experimental reagents available, such 

as antibodies and expression constructs. In addition, the mouse genome is well 

characterized and is largely comparable to the human genome. Moreover, detailed natural 

life-history data are available for an increasing number of mouse strains, providing crucial 

information for the accurate design of preclinical studies. Especially in the last decade, 

the research community has highlighted the need for detailed natural life-history data 

from both MD patients and the mouse models. This call arose due to the failure of several 

drugs in clinical trials despite encouraging preclinical data (Kornegay et al., 2014, Straub 
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et al., 2018a). As such, multiple international initiatives aim to improve preclinical trial 

design and execution (Nagaraju et al., 2009, Heslop et al., 2015, Gordish-Dressman et al., 

2018). The TREAT-NMD Alliance has coordinated the generation and maintenance of 

standard operating procedures (SOPs) for several widely used outcome measures for the 

most commonly used mouse models of Duchenne muscular dystrophy (DMD) (Nagaraju 

et al., 2009, Willmann et al., 2012), spinal muscular atrophy (SMA) (Willmann et al., 

2011) and CMD (Saunier et al., 2016). Detailed information is available on the TREAT-

NMD website (https://treat-nmd.org/research-overview/preclinical-research/). These 

SOPs have now been downloaded worldwide more than 11,000 times in the last 7 years, 

and have been implemented in many research publications (Carlson et al., 2011, Tam et 

al., 2015, Zschüntzsch et al., 2016, Mantuano et al., 2018, Mele et al., 2019). It is hoped 

that implementation of the SOPs reduces intra- and inter-variability between complying 

laboratories. For mouse models of other MDs, these initiatives are either ongoing or 

planned. 

In Table 2.1, we provide a detailed overview of the main disease characteristics of the 

most commonly used mouse models in preclinical research for nine MDs, with a focus 

on those used extensively in preclinical trials and those that were crucial to elucidate 

aspects of the pathology of each MD. 
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Table 2.1: Overview of mouse models available to study muscular dystrophies. 

Disease Strain name Transgenic/gene targeted 
Genetic 

background 
Protein 
affected Skeletal muscle pathology Heart pathology Other phenotypes Survival Ref(s) 

Dystrophinopathies 
Duchenne MD 

 

Mdx 
(C57BL/10ScSn-Dmdmdx/J) 

Spontaneous 
Premature stop codon exon 23 
(3185 C>T) 

C57BL/10ScSnJ 
Also available on 
C57BL/6J and 
DBA/2J genetic 
backgrounds 

Dystrophin 
(Dp427 
lacking). 

Cycles of degeneration and 
regeneration from 3-8 weeks, 
stabilization with age. Muscle 
function and strength slightly 
impaired. Limited impairment of 
regenerative capacity. 
Histopathology consisting of 
necrosis, fibre size alterations, 
myogenesis centralized nuclei, 
fibrosis and inflammation. Dia 
most affected, TA least affected. 

Cardiomyopathy 
from 6 months 
onwards, 
extensive fibrosis.  

Cognitive 
dysfunction 

21-23 
months 

(Bulfield et al., 
1984, Veltrop et 
al., 2013, 
Gordish-
Dressman et al., 
2018) 

 Mdx2cv 
(B6Ros.Cg-Dmdmdx-2Cv/J) 

ENU-mutagenesis 
A>T mutation in acceptor 
splice site in intron 42 

C3H.X25 x 
C57BL/6Ros x 
C57BL/10 crossed 
to C57BL/6J 

Dystrophin 
(Dp427 + 
Dp260 
lacking) 

Pathology as per mdx, but larger 
variation in fibre size. Revertant 
fibre number comparable to mdx. 
 

ND Altered 
electroretinograms 

21-23 
months 

(Chapman et al., 
1989, Cox et al., 
1993) 

 Mdx3cv  
(B6Ros.Cg-Dmdmdx-3Cv/J) 

ENU-mutagenesis 
T>A mutation in intron 65 that 
induced a cryptic splice site 
and frame-shift 

C3H.X25 x 
C57BL/6Ros x 
C57BL/10 crossed 
to C57BL/6J 

Dystrophin 
(express 
~5% of WT 
of all 
isoforms, in 
skeletal 
muscles) 

Express low dystrophin levels in 
all muscles. 
Pathology less severe than mdx, 
no revertant fibres.  

ND Reduced neonatal 
survival and poor 
breeder, most 
severely altered 
electroretinograms, 
altered 
spermatozoa, 
cognitive 
dysfunction 

21-23 
months 

(Cox et al., 1993) 

 Mdx4cv  
(B6Ros.Cg-Dmdmdx-4Cv/J) 

ENU-mutagenesis 
7925 C>T mutation stop 
codon exon 53 

C3H.X25 x 
C57BL/6Ros x 
C57BL/10 crossed 
to C57BL/6J 

Dystrophin 
(Dp427, 
Dp260, and 
Dp140 
lacking) 

10x fewer revertant fibres than 
mdx 
Pathology as per mdx, but larger 
variation in fibre size. 

ND Altered 
electroretinograms 

21-23 
months 

(Cox et al., 1993) 

 
 

Mdx5cv  
(B6Ros.Cg-Dmdmdx-5Cv/J) 

ENU-mutagenesis 
1306 A>T mutation exon 10 
induced cryptic splice donor 
site and frame-shift   

C3H.X25 x 
C57BL/6Ros x 
C57BL/10 crossed 
to C57BL/6J 

Dystrophin 
(Dp427 
lacking) 

10x fewer revertant fibres than 
mdx, larger variation in fibre size.  
Pathology a bit more severe than 
mdx. 

ND None. 21-23 
months 

(Cox et al., 1993) 

 Mdx52 
(Dmdtm1Mok) 

Targeted disruption 
Homologous recombination  
Point mutation exon 52  

C57BL/6J Dystrophin 
(Dp427, 
Dp260, and 
Dp140 
lacking) 

Pathology as per mdx, but fever 
revertant fibres. 

Absent Abnormal electro-
retinograms 

21-23 
months 

(Araki et al., 
1997) 
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Disease Strain name Transgenic/gene targeted 
Genetic 

background 
Protein 
affected Skeletal muscle pathology Heart pathology Other phenotypes Survival Ref(s) 

 hDMD/del52-mdx TALENS: Partial deletion of 
exon 52 in hDMD gene. 
Natural exon 23 stop mutation 
Dmd gene 

DBA2 x 129 OLA 
x C57BL/6J  

Murine and 
human 
dystrophin 
(Dp427, 
Dp260, and 
Dp140 
lacking) 

Pathology as per mdx. ND None. 21-23 
months 

(Veltrop et al., 
2018) 

 hDMD/del45-mdx CRISPR-Cas9 
Deletion exon 45 in hDMD 
gene 
Natural exon 23 stop mutation 
Dmd gene 

DBA2 x 129 OLA 
x C57BL/6J 
Also available on 
DBA/2J genetic 
background 

Murine and 
human 
dystrophin 
(Dp427, 
Dp260 and 
Dp140 
lacking) 

Pathology as per mdx. ND None 21-23 
months 
 

(Young et al., 
2017) 

 Mdx-utrn-/- 

(Utrntm1Ked Dmdmdx/J) 
Targeted disruption 
Construct lacking NH2 
terminal exon of Utrn 
(Deconinck et al., 1997a) 
Homologous recombination 
Removal of COOH-terminal 
of cysteine-rich region of Utrn 
(Grady et al., 1997) 

C57BL/6J Dystrophin 
(Dp427) 
Utrophin 
(lacks both 
proteins) 

Comparable pathology between 
both strains. Severe muscular 
dystrophy with altered fibre size, 
necrosis, central nucleation, 
fibrosis. No fat infiltration. 
Severely impaired muscle 
function, which deteriorates with 
age. Most affected; Dia, least 
affected; TA. Histopathology 
more severe than mdx mouse. 

Cardiomyopathy 
from 8-10 weeks 
onwards. 

Severe kyphosis,  
weight loss, 
neuromuscular 
junction 
abnormalities (van 
der Pijl et al., 
2016). 

<20 weeks (Deconinck et al., 
1997b, Grady et 
al., 1997) 

 Mdx/Cmah Deletion exon 6 of 
Cmahtm1Avrgene, loxP and Cre 
mediated recombinase.  

C57BL/10ScSnJ Dystrophin 
(Dp427) 
 

More severe fibrosis of quad, gas 
and dia at 2 months of age 
compared to mdx.  

Heart dysfunction 
from 3 months 
onwards. 

Complement 
activation. 
Atypical growth 
and skeletal 
development. 

50% 
lethality by 
11 months 
of age. 

(Chandrasekharan 
et al., 2010) 

 Mdx4cv-mTRko  Knockout of mTR C57BL/6J Dystrophin 
(Dp427, 
Dp260 and 
Dp140) 
 

Impaired muscle function and 
fibrosis at 8 weeks. 

At 32 weeks of 
age severe 
histological and 
functional 
pathology  

Shortened 
telomeres 

4-18 months (Sacco et al., 
2010, Chang et 
al., 2016) 
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Disease Strain name Transgenic/gene targeted 
Genetic 

background 
Protein 
affected Skeletal muscle pathology Heart pathology Other phenotypes Survival Ref(s) 

Dysferlinopathies 
Limb girdle MD 
R2 dysferlin-
related and 
Miyoshi MD 

BLA/J (B6.A-Dysfprmd/GeneJ) Spontaneous ETn 
retrotransposon insertion in 
intron 4 

C57BL/6J Dysferlin  
(no 
expression) 

Histological dystrophic features 
(some central myonuclei) 
observed by 4–5 months, with 
initial distal bias. Little 
myonecrosis. Histopathology is 
pronounced by 8 months, incl. 
loss of muscle mass and lipid 
deposition. Slow disease 
progression with limb girdle 
psoas and quad most affected. 

No evidence None Unaffected (Lostal et al., 
2010) 

 A/J Spontaneous ETn 
retrotransposon insertion in 
intron 4 

Inbred A/J 
Mutation arose in 
A/J colony in about 
1980 (Ho et al., 
2004) 

Dysferlin 
(no 
expression) 

Disease progression like BLA/J 
strain, but with an initial proximal 
bias. Abdominal muscles also 
show more rapid rate of muscle 
wasting. Quad most affected. 

Very mild 
cardiomyopathy at 
10 months. 
Cardiomyocyte 
membrane 
damage at 
intercalated disk 
and sarcoplasm 
(Chase et al., 
2009) 

Progressive loss of 
hearing, high 
incidence of lung 
adenomas and 
deficient in 
complement C5 
(susceptible to 
infections). 

Unaffected (Ho et al., 2004) 

 SJL/J Spontaneous splice site 
mutation in exon 45 

Wild-derived strain 
of Swiss mice 
Recognised as 
dysferlin-deficient 
in about 1999 
(Bittner et al., 
1999) 

Dysferlin  
(15% of 
WT levels) 

Histological dystrophic features 
(some central myonuclei) 
observed at 2-4 months, with 
initial proximal bias. 
Histopathology pronounced ~6-8 
months, incl. loss of muscle mass 
and lipid deposition. Quad most 
affected. 
Enhanced inflammation and 
faster disease progression 
compared to BLA/J and A/J.  

No evidence Aggressive 
behaviour, high 
incidence of 
lymphoma, and 
susceptibility to 
autoimmune 
diseases and viral 
infections. 

Unaffected (Weller et al., 
1997, Bittner et 
al., 1999) 

 129-Dysftm1Kcam/J Neomycin resistance gene 
replacement removes last three 
coding exons including the 
transmembrane domain 

129 
Also available on 
C57BL/6J 
background 

Dysferlin  
(no 
expression) 

Histological dystrophic features 
(e.g. some central myonuclei) 
observed at 2 months. 
Pronounced histopathology by 8 
months as above, with psoas most 
affected. 
Faster disease progression 
compared to BLA/J and A/J. 

Extremely mild 
cardiomyopathy 
(fibrosis) from ~ 
13 months; further 
deterioration after 
stress from 
downhill running 
(Han et al., 2007) 
 

None Unaffected (Bansal et al., 
2003) 
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Disease Strain name Transgenic/gene targeted 
Genetic 

background 
Protein 
affected Skeletal muscle pathology Heart pathology Other phenotypes Survival Ref(s) 

Sarcoglycanopathies  
Limb girdle MD 
R3 α-sarcoglycan-
related 

Sgca-null 
(Sgcatm2Kcaml) 

Neomycin resistance gene 
replacement: removal of exons 
2 and 3 of Sgca gene 

Backcrossed on 
C57BL/6J 

α-
sarcoglycan 
(no 
expression) 

Little fat infiltration detected.  
Muscle function deteriorates with 
age and is equally affected 
between genders. 

No heart 
pathology. 

None >12 months (Duclos et al., 
1998, Pasteuning-
Vuhman et al., 
2017) 

Limb girdle MD 
R4 β-sarcoglycan-
related 

Sgcb-null 
(B6.129-Sgcbtm1Kcam/1J) 

Neomycin resistance gene 
replacement: removal of exons 
3-6 of Sgcb gene 

(129X1/SvJ x 
129S1/Sv)F1-Kitl+ 

β-
sarcoglycan 
(no 
expression) 

Severe muscular dystrophy; 
hypertrophy, extensive 
calcification, fat infiltrations and 
fibrosis at 2 months. 
More severe pathology than 
Sgca-null model. 

Severe 
cardiomyopathy. 
Necrosis from 9 
weeks, and 
fibrosis from 30 
weeks onwards. 

Vascular 
irregularity  
in kidney. 

>12 months (Durbeej et al., 
2000) 

Limb girdle MD 
R5 γ-sarcoglycan-
related 

Sgcg-null 
(Sgcgtm1Mcn) 

Neomycin resistance gene 
replacement: removal of exon 
2 of Sgcg gene 

C57BL/6J Γ-
sarcoglycan 
(no 
expression) 

Histopathology consisting of 
severe inflammation, fibrosis, 
necrosis, altered fibre sizes and 
central nucleation.  

Severe 
cardiomyopathy at 
20 weeks, 
including fibrosis. 
LV wall 
thickening. 

None 50% 
lethality by 
20 weeks of 
age. 

(Hack et al., 
1998) 

 Sgcg-null Neomycin resistance gene 
replacement: removal of exon 
3 of Sgcg gene 

C57BL/6J Γ-
sarcoglycan 
(no 
expression) 

Progressive muscle hypertrophy 
and weakness. Fibre branching, 
necrosis and central nucleation in 
addition to muscle degeneration. 

Subset of mice 
exhibit 
cardiomyocyte 
necrosis and 
fibrosis from 33 
weeks onwards. 

None >12 months (Sasaoka et al., 
2003) 

 521ΔT  CRISPR/Cas9  
Deletion of single nucleotide 
in exon 6 (521ΔT) 

DBA2/J Γ-
sarcoglycan 
(no 
expression) 

Progressive dystrophic 
histopathology. Muscle atrophy, 
fibre size alterations, central 
nucleation, fibrosis. Severe 
impairment of muscle function.  

Ventricular 
fibrosis at 
4months, but no 
alterations in 
echocardiogram. 

None ND (Demonbreun et 
al., 2020) 

Limb girdle MD 
R6 δ-sarcoglycan-
related 

Sgcd-null Neomycin resistance gene 
replacement: removal of exon 
2 of Sgcd gene 

C57BL/6J δ-
sarcoglycan 
(no 
expression) 

Histological features of MD: 
focal areas of necrosis/fibrosis, 
inflammation. Impaired muscle 
function.  

ECG 
abnormalities 
from 8 weeks. 
Cardiomyopathy 
from 16 weeks, 
with reduced 
ejection fraction at 
32 weeks (Bauer 
et al., 2008, Bauer 
et al., 2010) 

None >12 months (Coral-Vazquez 
et al., 1999) 



 MOUSE MODELS OF MUSCULAR DYSTROPHIES 

 

42 

Disease Strain name Transgenic/gene targeted 
Genetic 

background 
Protein 
affected Skeletal muscle pathology Heart pathology Other phenotypes Survival Ref(s) 

 Sgcd-null 
(B6.129-Sgcdtm1Mcn/J) 

Neomycin resistance gene 
replacement: removal of exon 
2 of Sgcd gene 

129SvJ/129SvEms-
+Ter/J 

δ-
sarcoglycan 
(no 
expression) 

Impaired muscle function, which 
deteriorates with age. 
Histological features of MD: area 
of abundant necrosis, fibrosis, 
inflammation and calcification. 
Dia most affected, TA least 
affected. Muscle function more 
severe in males.  

Fibrotic lesions 
from 12 weeks 
onwards. At 6 
months fractional 
shortening, 
progressing to 
ventricular 
dysfunction at 12 
months (Bauer et 
al., 2019). 

None 50% 
survival at 
28 weeks 
(Hack et al., 
2000), in 
some but 
not all 
colonies 
(Pasteuning-
Vuhman et 
al., 2017). 

(Hack et al., 
2000, Pasteuning-
Vuhman et al., 
2017, Verhaart et 
al., 2019) 

Congenital MD with 
merosin deficiency 
MDC1A 

Lama2dyw/dyw 

(B6.129S1(Cg)-
Lama2tm1Eeng/J) 

Neomycin resistance gene 
replacement: removal of start-
codon of Lama2 gene  
 

C57BL/6J Laminin α2 
(no 
expression) 

Severe muscular dystrophy, 
necrosis, hindlimb paralysis. 

No heart 
pathology. 

Reduced motility, 
weakness, 
demyelination of 
peripheral nervous 
system 

5-12 weeks (Kuang et al., 
1998a, Reinhard 
et al., 2017, 
Willmann et al., 
2017) 

 Lama2dy2J/dy2J 

(B6.WK-Lama2dy-2J/J) 
Spontaneous. 
Splice site mutation in LN 
domain.  
 
 

C57BL/6J Laminin α2 
(reduced 
expression 
of 
truncated 
protein) 

Muscle function impaired from 4 
weeks. Hindlimb paralysis from 6 
weeks. Respiration impaired from 
15 weeks. Less affected than 
dyW/dyW and dy3K/dy3K models. 
 

No heart 
pathology. 

Denervation and 
demyelination of 
peripheral nervous 
system 

6-12 months (Xu et al., 1994, 
Sunada et al., 
1995, Pasteuning-
Vuhman et al., 
2018) 

 Lama2dy3k/dy3k 

(Lama2tm1Stk) 
Neomycin resistance gene 
replacement: removal of 
Lama2 gene 

ICR Laminin α2  
(no 
expression) 

Onset degeneration on postnatal 
day 9. Early fibrosis and severe 
muscle function impairment. 
Amelioration at 3 weeks, very 
severe muscular dystrophy. 
 

No heart 
pathology. 

Myelination 
defects, impaired 
spermatogenesis, 
defective 
odontoblast 
differentiation 

3-5 weeks (Miyagoe et al., 
1997, Gawlik et 
al., 2019) 

Facioscapulohumeral 
MD 

D4Z4-2.5 
(B6N.Cg-
Tg(DUX4*)1Maar/J) 

Transgenic (chromosome 17): 
2.5 D4Z4 repeat units 
followed by the pLAM 
sequence (telomeric flanking 
region of D4Z4 which 
contains the 3’ UTR of 
DUX4) with endogenous PAS. 

C57BL/6NJ Variable 
DUX4 
expression 
in all 
tissues. 

No skeletal muscle pathology. No heart 
pathology. 

Mild 
hyperkeratosis >8-
12 weeks; 
incomplete closure 
of eyelids and 
keratitis in 50% of 
mice 

>12 months (Krom et al., 
2013) 
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Disease Strain name Transgenic/gene targeted 
Genetic 

background 
Protein 
affected Skeletal muscle pathology Heart pathology Other phenotypes Survival Ref(s) 

 iDUX4pA 
(Hprttm1(tetO-DUX4)Kyba/J) 

Transgenic [X chromosome; 
dox-inducible (i.p. injection)]: 
DUX4 genomic sequence 
followed by endogenous PAS. 
iDUX4pA mice must be 
crossed with HSA-rtTA/TRE-
Cre mice for dox induction. 

C57BL/6J DUX4 
expression 
in all 
tissues 
without 
dox. Higher 
DUX4 
expression 
in skeletal 
muscles 
after dox. 

No dox: Skeletal muscle 
pathology in males: smaller 
muscles, muscle function and 
locomotion impaired, reduced 
specific force. 
5 mg/kg dox (daily): Skeletal 
muscle pathology in males and 
females: central nuclei, immune 
cell infiltration, fibrosis, smaller 
muscles, reduced absolute and 
specific force, reduced recovery 
after injury. TA least affected. 
100 mg/kg dox (daily): Severe 
skeletal muscle pathology in 
males and females: many central 
nuclei, immune cell infiltration, 
severe fibrosis, muscle atrophy, 
limited recovery after injury. TA 
least affected. 

No heart 
pathology. 

Skin 
hyperkeratosis and 
alopecia >1-2 
weeks. Hearing 
impaired at higher 
frequencies. Males 
more affected. 

Males 4 
months 
Females > 4 
months (no 
dox). 

(Bosnakovski et 
al., 2017) 

 FLExDUX4 
(B6(Cg)-
Gt(ROSA)26Sortm1.1(DUX4*)Plj/J) 

Transgenic [Rosa26 locus; 
tam-inducible (i.p. injection)]; 
DUX4 genomic sequence 
followed by endogenous PAS. 
FLExDUX4 mice must be 
crossed with Tg(ACTA1-
cre/Esr1*)2Kesr mice for tam 
induction. 

C57BL/6J DUX4 
expression 
in all 
tissues 
without 
tam. Higher 
DUX4 
expression 
in skeletal 
muscles 
after tam. 

No tam: Limited skeletal muscle 
pathology: central nuclei >10-12 
weeks. 
5 mg/kg tam (1x): Skeletal 
muscle pathology: central nuclei, 
apoptosis, immune cell 
infiltrations, decline in treadmill 
performance (peak 2 weeks after 
tam, partial recovery 4 weeks 
after tam). Females more 
affected. 
10 mg/kg tam (2x): Severe 
skeletal muscle pathology: central 
nuclei, apoptosis, immune cell 
infiltration, fibrosis, major 
decline in treadmill performance 
(no signs of recovery, immobile 
d9). Females more affected. 

No heart 
pathology. 

Mild alopecia >2 
weeks and reduced 
size >8-12 weeks. 
Females more 
affected. 

>18 months 
(no tam) 

(Jones and Jones, 
2018, Jones et al., 
2020) 
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Genetic 
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Protein 
affected Skeletal muscle pathology Heart pathology Other phenotypes Survival Ref(s) 

 TIC-DUX4 
(B6.129S6-
Gt(ROSA)26Sortm1(DUX4)Sqh/J) 

Transgenic [Rosa26 locus; 
Tam-inducible (oral gavage)]; 
DUX4 genomic sequence 
followed by endogenous PAS 
and bovine growth hormone 
PAS. 

C57BL/6J Sporadic 
DUX4 
expression 
in skeletal 
muscles 
without 
tam. Higher 
DUX4 
expression 
in skeletal 
muscles 
after tam. 

No tam: Very mild skeletal 
muscle pathology: central nuclei, 
immune cell infiltration, smaller 
muscles, reduced absolute force 
>18 months. 
5 mg/kg tam (1x wk): Progressive 
skeletal muscle pathology: central 
nuclei 1 month, central nuclei, 
immune cell infiltration, reduced 
absolute and specific force 2 
months, many central nuclei 3-4 
months (partial recovery for 
activity 3-4 months). 
150 mg/kg tam (2x): Severe 
skeletal muscle pathology: 
degenerative fibres, immune cell 
infiltration, reduced absolute and 
specific force (no signs of 
recovery, non-ambulatory d10). 

No heart 
pathology. 

None >18 months 
(no tam) 

(Giesige et al., 
2018) 

Oculopharyngeal 
MD 

A17.1 Constitutively over expression 
Ala17-hPABPN1 

FVB/N PABPN1 PABPN1 aggregates, muscle 
atrophy in fast muscles. Muscle 
weakness from 18 weeks 
onwards. 

No heart 
pathology. 

None Unaffected (Trollet et al., 
2010) 

 PABPN1+/A17 Conditional Pabpn1+/A17knock-
in 

C57BL/6J PABPN1 A muscle-specific change in 
myofiber CSA. 
Central nuclei. 

No heart 
pathology. 

None Unaffected (Davies et al., 
2006) 

 PABPN1+/Δ Conditional PABPN1 
knockout   

C57BL/6J PABPN1 
(express 
50% of WT 
levels) 

Small changes in muscle-specific 
change in myofiber CSA 

No heart 
pathology. 

None Unaffected (Vest et al., 2017) 

CSA, cross-sectional area; dia, diaphragm; dox, doxycycline; ENU, N-ethylnitrosourea; gas, gastrocnemius; i.p., intraperitoneal; LV, left ventricle; ND, not determined; PAS, poly-adenylation signal; quad, quadriceps; TA, 
tibialis anterior; tam, tamoxifen; UTR, untranslated region 

 

 

 



MOUSE MODELS OF MUSCULAR DYSTROPHIES 

 45 

2.3 TECHNOLOGIES TO GENERATE MOUSE MODELS FOR MDS 

Naturally occurring dystrophic mouse strains, in which a spontaneous mutation results in 

an MD phenotype (e.g. mdx, A/J, SJL/J and dy2J/dy2J), make up the minority of the 

available models. The majority of the mouse models have been genetically engineered, 

either by overexpressing the mutated gene or replacing the wild-type (WT) gene using a 

variety of non-targeted or targeted methods. Here, we briefly explain each of these 

approaches. For more comprehensive reviews on gene-editing techniques for the 

generation of mouse models, we refer the reader to Gurumurthy and Lloyd (2019), Hall 

et al. (2009) and Justice et al. (2011). 

2.3.1 Non-targeted gene disruption 

Some strains described in Table 2.1 have been generated using a non-targeted approach, 

by chemicals that randomly induce point mutations throughout the genome. N-

ethylnitrosourea (ENU) is a commonly used mutagen that randomly mutates the DNA 

with a frequency of 1 mutation per 700 loci (Stottmann and Beier, 2014). The offspring 

of ENU-exposed mice are then screened for a marker for the disease: for instance, in the 

case of mdx2–5cv models, female offspring were screened for muscle dystrophy by 

assessing creatine kinase (CK) levels in blood, a marker of muscle leakiness (Chapman 

et al., 1989, Cox et al., 1993, Im et al., 1996). Carrier mice with elevated CK levels were 

then further investigated for muscle pathology, and their genomes were subsequently 

sequenced to identify the specific mutation. 

2.3.2 Targeted gene disruption 

The majority of the knockout mouse models that are available for MDs were generated 

via gene targeting. There are several protocols, but they all employ the cell-intrinsic 

homologous recombination DNA repair mechanism to insert a targeting vector in a 

homologous genetic locus of interest (Hall et al., 2009). Consequently, cells lack the 

targeted sequences (i.e. one or multiple exons) and fail to express the corresponding 

protein. The procedure requires a vector, which has a specific make-up depending on the 

method used. Generally, this vector contains the sequences of the regions flanking the 

exon(s) of interest and, in the middle of this, a drug selection marker (like that for 

neomycin resistance), which replaces the exon(s) of interest in the cell and allows for cell 

selection (Bouabe and Okkenhaug, 2013). Some vectors also contain recombinase-

binding elements such as LoxP or Flp recombination target sites. Via electroporation, the 
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vector is introduced into murine embryonic stem cells, which are then cultured and 

selected based on the resistance for the selection marker of choice. The resistant cells are 

then injected into a mouse blastocyst from which a knockout offspring develops. 

The transcription activator-like effector nuclease (TALEN) technology (Cermak et al., 

2011) has been used to generate the hDMD/del52-mdx model (Veltrop et al., 2018). For 

this model, TALENs induced double-strand breaks in the region of interest of a gene. 

Consequently, cells repaired these breaks through the non-homologous end-joining 

(NHEJ) DNA repair process. This is the dedicated repair mechanism to restore double-

strand DNA breaks in non-dividing cells, in which DNA ends are ligated without the use 

of a template in an error-prone manner that typically disrupts the open reading frame, 

knocking out the gene of interest. 

Recently, CRISPR/Cas9 technology has been used to rapidly engineer precise human 

mutations, generating many new mouse models (Cong et al., 2013). Several variations of 

the CRISPR/Cas9 system have been used, e.g. to generate the hDMD/del45-mdx (Young 

et al., 2017) and Dmddel8-34 models for DMD (Egorova et al., 2019), and the 521ΔT 

model for LGMD R5 γ-sarcoglycan-related (Demonbreun et al., 2020). For the DMD 

models, guide RNAs were designed to target the region of interest and to guide the Cas9 

nuclease to this region to execute the cuts. NHEJ ensured the deletion of this particular 

region. The 521ΔT model for LGMD R5 γ-sarcoglycan-related (Demonbreun et al., 

2020), on the other hand, is a knock-in model: here, a mutated part of exon 6 was used as 

repair template, which replaced the intact intrinsic exon 6 sequence upon a 

CRISPR/Cas9-mediated DNA break and homology-directed repair. 

2.4 DYSTROPHINOPATHIES 

DMD is an X-linked progressive disorder caused by mutations in the DMD gene that 

result in the lack or defective forms of the structural muscle protein dystrophin and 

manifests in young children. The most commonly used DMD model is the mdx mouse 

(Bulfield et al., 1984, Willmann et al., 2009) and, to a lesser extent, its genetic variants 

mdx2cv, mdx3cv, mdx4cv, mdx5cv (Cox et al., 1993), mdx52 (Araki et al., 1997) and DMDnull 

(Kudoh et al., 2005). Mdx mice are primarily affected from 3 weeks onwards, when cycles 

of muscle necrosis and regeneration occur during the intense growth period. These cycles 

continue until ∼12 weeks of age, when 80% of myofibres have central myonuclei 

indicating past events of necrosis and regeneration (Coulton et al., 1988). Thereafter, the 
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pathology stabilizes and adult mice have greatly reduced incidence of myonecrosis and 

mildly increasing fibrosis (Grounds, 2008b). The diaphragm is more severely affected 

than other skeletal muscles because of impaired regeneration. Unlike in DMD patients, 

fat infiltrates are rarely seen in mdx mice. Cardiomyopathy is observed in mdx mice from 

∼6 months of age. 

To allow the use of human-specific sequences when investigating the potential of gene 

therapies (Verhaart and Aartsma-Rus, 2019, Aartsma-Rus and van Putten, 2020), mice 

carrying mutations in the human DMD gene have been generated [e.g. with a deletion of 

exon 45 in hDMD/del45-mdx (Young et al., 2017) or exon 52 in hDMD/del52-mdx strains 

(Veltrop et al., 2018)]. Natural life-history data are not yet available for these new 

humanized mouse strains, but their pathology appears to be similar to that of the classic 

mdx mouse (Young et al., 2017, Veltrop et al., 2018). 

The mdx model is limited by its mild disease presentation and only slightly reduced 

lifespan. To overcome this, several additional mutations were crossed onto the mdx 

background generating double knockout mice. The mdx-utrn−/− mouse, which lacks 

dystrophin and its homologue utrophin, is most widely used (Grady et al., 1997, 

Deconinck et al., 1998). As utrophin is important for neuromuscular transmission, this 

double knockout is more severely affected and dies before ∼13 weeks of age owing to 

muscle weakness and respiratory problems. The mdx-utrn−/− mice also develop kyphosis 

and heart pathology at <8 weeks of age. These mice are therefore more useful to study 

survival. However, when evaluating drugs targeting pathology in this model, it is 

unknown whether a potential improvement is due to addressing pathology induced by 

lack of dystrophin or that induced by lack of utrophin; thus, it is difficult to determine 

their translational relevance to DMD. 

Two newer double knockouts are the mdx/Cmah−/− (Chandrasekharan et al., 2010) and 

mdx4cv/mTRko strains (Sacco et al., 2010). Unlike mice, humans carry an inactivating 

deletion in the cytidine monophospho-N-acetylneuraminic acid hydroxylase (CMAH; 

also known as CMAHP) gene, which prevents glycosylation with N-glycolylneurominic 

acid. The mdx/Cmah−/− model also has a ‘humanized’ mutation in the Cmah gene and 

exhibits a more severe pathology (Chandrasekharan et al., 2010). This double knockout 

mouse also has impaired life span, with a 50% survival rate at 11 months of age. They 

have abundant fibrosis in skeletal muscles from 6 weeks onwards, and impaired heart 
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function at 3 months (Betts et al., 2019). Growth and skeletal development is, however, 

atypical and does not reflect the human DMD trajectory (Wood et al., 2020). 

The mdx4cv/mTRko mouse lacks the RNA component of telomerase and consequently has 

shortened telomeres, which are closer to the size observed in humans (Sacco et al., 2010). 

Telomeres protect chromosome ends from deterioration, and their length dictates the 

replicative lifespan of cells. It was hypothesized that the excellent regenerative capacity 

of mdx mice partly results from long telomeres in mice, and thus shortening the telomeres 

would impair muscle regeneration. The regenerative capacity of mdx4cv/mTRko mice is 

indeed impaired. Skeletal muscle function is affected at 8 weeks, with severe cardiac 

dysfunction observed in 32-week-old mdx4cv/mTRG2 mice (Mourkioti et al., 2013). As 

telomere length shortens with each generation of mdx4cv/mTR mice, the lifespan of 

second-generation mice is shorter than that of the first generation (Sacco et al., 2010). 

Nonetheless, the mdx4cv/mTRko strain has not yet been widely used in the research 

community. 

Another way to exacerbate the disease pathology of mdx mice is to cross them onto a 

different genetic background (McGreevy et al., 2015). For example, the dystropathology 

worsens when mdx mice are bred on the DBA2/J background. The muscle function of 

this strain, called D2-mdx, is severely affected; their muscles are atrophic with extensive 

fibrosis and initial calcification that largely disappears with age (Coley et al., 2016, 

Gordish-Dressman et al., 2018, van Putten et al., 2019). Lastly, there are also several 

immune-deficient mdx strains, and mdx strains with mutations in additional genes as 

described in McGreevy et al. (2015). Owing to space restrictions, we did not include these 

in Table 2.1. 

2.5 DYSFERLINOPATHIES 

Dysferlinopathies are caused by lack of functional dysferlin, a membrane-associated 

calcium-binding protein involved in membrane repair. The pathologies usually manifest 

in young adults as Miyoshi myopathy or LGMD R2 dysferlin-related (previously known 

as LGMD2B; (Straub et al., 2018b)). In general, dysferlin-deficient (dysf−/−) mice mimic 

human dysferlinopathies, show a comparable disease progression with late-onset and 

similar, though milder, histopathological features, including loss of muscle mass, lipid 

droplets within slow twitch myofibres, adipocyte replacement of myofibres and 

inflammation (Hornsey et al., 2013, Grounds et al., 2014); https://www.jain-
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foundation.org/scientific-resources/research-tools/mouse-models-dysferlin-deficiency). 

Symptoms manifest in a muscle-specific manner, with the psoas and quadriceps muscles 

being some of the most affected by ∼8 months of age. 

The most commonly studied dysf−/− models are the naturally occurring A/J (A/Jdysf−/−), 

SJL/J (SJL/Jdysf−/−) and BLA/J (B6.A-Dysfprmd/GeneJ) mice. In addition, genetically 

modified knockout strains are also available; for example, the 129-Dysftm1Kcam/J strain, 

which is also available in a C57BL/6J background (B6.129-Dysftm1Kcam/J). 

Both the A/J and SJL/J mice have impairments that are not observed in dysferlinopathy 

patients or other dysf−/− mice (Ho et al., 2004). These include poor fertility and 

susceptibility to infection, which are proposed to be because of unknown modifiers within 

the genetic backgrounds rather than the dysferlin deficiency itself (Doetschman, 2009). 

Thus, the A/J and SJL/J dysf−/− mice were backcrossed onto the better-defined genetic 

backgrounds, C57BL/6J (producing the BLA/J mouse) and C57BL/10J strains, 

respectively; also providing each new strain with a genetically defined dysferlin-positive 

WT control. 

Earlier studies, many of which were conducted before these strains were recognized as 

dysferlin-deficient, used A/J and SJL/J mice (identified by 2004 and 1999, respectively; 

see Table 2.1). More recently, the BLA/J mouse has become the more popular model 

owing to its similar phenotype to other dysf−/− models, reduced susceptibility to infections 

and the well-studied C57BL/6J background (Lostal et al., 2010). 

Increased lipofuscin, a classical measure of cumulative oxidative damage, is an early 

histological change in dysf−/− muscles, detected at 3 months in A/J mice (Terrill et al., 

2013). Marked histopathology is evident in selected muscles (psoas>quadriceps) by 8 

months in all dysf−/− mice, with replacement of myofibres by adipocytes, which is more 

pronounced in older mice – studied up to 29 months of age (Albrecht et al., 2011, Hornsey 

et al., 2013, Terrill et al., 2013). However, the replacement of myofibres by adipocytes is 

not readily explained by myonecrosis, as this is relatively low (Terrill et al., 2013). The 

presence of conspicuous lipid droplets within dysf−/− myofibres of rodents and humans is 

recognized as a striking feature (Demonbreun et al., 2014, Grounds et al., 2014). Recent 

lipidomic studies in young BLA/J mice showed marked changes in lipid metabolism and 

lipid composition of dysf−/− muscles (Haynes et al., 2019). 

Hornsey et al. provide a good review of the classic dysf−/− mouse models (Hornsey et al., 

2013), and details of many dysf−/− strains are further provided on the Jain Foundation 
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webpage (https://www.jain-foundation.org/scientific-resources/research-tools/mouse-

models-dysferlin-deficiency). 

Dysf−/− mice have also been crossed with many other strains that lack specific genes to 

further understand the role of dysferlin and associated proteins in disease pathogenesis, 

for example the C3-deficient (Han et al., 2010), dystrophin-deficient mdx (Han et al., 

2011), myoferlin-null (Demonbreun et al., 2014), annexin A2 knockout (Defour et al., 

2017) and ApoE-null mice (Sellers et al., 2018). 

2.6 SARCOGLYCANOPATHIES 

The α-, β-, γ- and δ-sarcoglycans are structural muscle proteins that are absent in 

sarcoglycanopathy patients, underlying progressive muscle wasting that manifests as 

LGMD R3, R4, R5 and R6, respectively (previously known as 2D, 2E, 2C and 2F). In 

sarcoglycanopathy patients, the medium age of onset is 6-8 years. The Sgca-null, Sgcb-

null, Sgcg-null and Sgcd-null (Coral-Vazquez et al., 1999, Hack et al., 2000) mice are the 

classic models used to study the pathology of the α-, β-, γ- and δ-sarcoglycanopathies, 

respectively. These models display progressive muscle pathology and functional 

impairments of variable severity starting at 1 week of age, thereby emulating the human 

disease fairly accurately. Notably, all sarcoglycan-null models except the Sgca-null mice 

develop a cardiac phenotype from as early as 8 weeks (Hack et al., 1998, Coral-Vazquez 

et al., 1999, Durbeej et al., 2000). 

As in the mdx strain, the pathology of Sgcg-null mice is more severe when crossed onto 

the DBA2/J genetic background (Heydemann et al., 2005). Recently, a novel variation of 

the Sgcg-null mouse has been generated, which, for the first time, allows investigation of 

exon skipping therapy for R5 γ-sarcoglycan-related LGMD patients (LGMD2C). The 

521ΔT mouse has a single nucleotide deletion in exon 6, corresponding to the most 

common mutation found in patients (Demonbreun et al., 2020). Multi-skipping of exons 

4, 5, 6 and 7 is required to restore the open reading frame, resulting in the expression of 

mini-γ sarcoglycan in these mice. 

2.7 CONGENITAL MUSCULAR DYSTROPHIES (CMDS) 

CMDs are a large group of muscular dystrophies with an early age of onset. Here, we 

focus on two common CMDs that manifest at birth. In humans, defects in the α2 chain of 

laminin (also called merosin) and α-dystroglycan underlie merosin-deficient congenital 
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muscular dystrophy type 1A (MDC1A) and the dystroglycanopathies, respectively 

(Gawlik and Durbeej, 2011, Durbeej, 2015, Saunier et al., 2016). 

For laminin α2-deficiency, five mouse models have been regularly studied, with three 

described in Table 2.1: two knockouts (dy3K/dy3K and dyw/dyw) (Miyagoe et al., 1997, 

Kuang et al., 1998b), two spontaneous models (dy/dy and dy2J/dy2J) (Michelson et al., 

1955, Meier and Southard, 1970) and an ENU-induced model (dy7J/dy7J) (Patton et al., 

2008). They have mild to moderate muscular dystrophy evident at birth, with peripheral 

neuropathy and severely impaired life expectancy (5-12 weeks for dyw/dyw and 3 weeks 

for dy3K/dy3K mice), except for the dy2J/dy2J and dy7J/dy7J strains (life span of >6 months). 

The dyw/dyw strain is most commonly used, and the TREAT-NMD consortium have 

generated several SOPs for this model (https://treat-nmd.org/research-

overview/preclinical-research/sops-for-cmd-animal-models/). 

Detailed information on dystroglycanopathy models is provided on the Cure-CMD 

webpage (https://www.curecmd.org/resources-for-scientists). 

2.8 FACIOSCAPULOHUMERAL MUSCULAR DYSTROPHY (FSHD) 

FSHD primarily affects the facial, shoulder and upper arm muscles. There is a large 

spread in the age of onset. Although most patients develop symptoms at ∼20 years of age, 

manifestations have been reported from infancy to 50 years of age. FSHD is caused by 

the epigenetic de-repression of the DUX4 retrogene encoded within each unit of the D4Z4 

macrosatellite repeat array. The complex underlying genetics (Daxinger et al., 2015) have 

prevented the generation of a single mouse model that would represent the genetic and 

pathologic aspects of the human disease. There are several mouse models available where 

each recapitulates only specific aspects of the disease (Lek et al., 2015). As the D4Z4 

repeat array encoding the DUX4 retrogene is specific to old-world primates, meaning that 

DUX4 is not expressed in mice (Leidenroth and Hewitt, 2010), this required the 

introduction of an exogenous genetic DUX4 construct. The first FSHD mouse model, the 

D4Z4-2.5 mouse, carries a contracted pathogenic FSHD allele of two and a half copies 

of the D4Z4 repeat unit. DUX4 expression can be detected in both skeletal muscles and 

non-muscle tissues and the D4Z4 locus is hypomethylated, as in FSHD patients. 

However, the mice do not present muscle weakness or wasting, which may partly be 

explained by the very low DUX4 expression levels in their skeletal muscles (Krom et al., 

2013). More recently, several DUX4-inducible mice have been generated, which 
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consequently show a dose-dependent severity of muscle histopathology and functional 

impairments (Bosnakovski et al., 2017, Giesige et al., 2018, Jones and Jones, 2018). It 

has, however, become apparent that the activation of the downstream targets of DUX4 in 

mice differs from that in humans. Finally, several xenograft models are also available, in 

which skeletal muscle tissue from FSHD patients (Zhang et al., 2014, Chen et al., 2016) 

or muscle precursor cells (Sakellariou et al., 2016, Mueller et al., 2019) are transplanted 

into a muscle of the mouse. 

2.9 OCULOPHARYNGEAL MUSCULAR DYSTROPHY (OPMD) 

OPMD is a late-onset monogenic myopathy primarily affecting the eyelid and pharyngeal 

muscle groups, with symptom manifestation from 40-60 years of age. The genetic cause 

of the disease is an expansion of the alanine track at the N-terminus end of the gene 

encoding for poly(A) binding protein nuclear 1 (PABPN1). OPMD has been identified 

throughout the world. Most reported cases are autosomal dominant, but several recessive 

cases have also been reported (Brais, 2009, de Leeuw et al., 2019). On the protein level, 

the alanine expansion varies between +1 and +8 over the non-pathogenic 10 alanine track. 

The expanded PABPN1 forms insoluble nuclear aggregates, which represent the 

histopathological hallmark of the disease (Trollet et al., 1993). The first mouse models 

for OPMD were generated with a high and constitutive overexpression of the 17 alanine-

expanded PABPN1, of which the A17.1 mouse is the most well-studied model (Davies et 

al., 2010). Studies in this mouse and in cellular models that were generated with 

overexpression of the expanded PABPN1 showed induction of cell death (Davies et al., 

2006, Davies et al., 2010). However, cell death is not observed in the muscles of OPMD 

patients. Moreover, unlike the age-associated disease progression in OPMD patients, 

progression of muscle pathology in the A17.1 mouse is attenuated with age (Trollet et al., 

2010). Interventions aimed at reducing PABPN1 aggregation were beneficial in mouse 

models that were generated by high overexpression. Whether these interventions are also 

beneficial for OPMD patients remains unresolved. Recently, Vest et al. generated a 

knock-in mouse model of Ala17, which captures some of OPMD pathological hallmarks 

(Vest et al., 2017). Additional studies in these mice are required to assess whether this is 

a good model for OPMD. So far, it is unclear whether PABPN1 aggregates are toxic and 

directly cause muscle weakness in OPMD. Several studies demonstrated that when 

PABPN1 expression levels are significantly reduced, below a certain threshold, it leads 

to muscle atrophy and wasting (Riaz et al., 2016, Vest et al., 2017, Olie et al., 2019). In 
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muscles of OPMD patients, levels of PABPN1 correlate with disease progression (Anvar 

et al., 2013). It has been suggested that muscle weakness in OPMD is caused by a 

combination of accumulation and aggregation of expanded PABPN1 and an age-

associated reduction in PABPN1 expression levels, which together reduce the availability 

of normal PABPN1 below a functional threshold (Raz and Raz, 2014). However, thus far, 

there is no animal model that emulates this combinatorial condition as in OPMD patients. 

2.10 CONCLUSIONS 

The availability of a variety of MD mouse models has greatly improved our 

understanding of pathogenesis and enabled the (pre)clinical development of several 

therapeutic approaches. Although these models allowed unprecedented opportunities for 

fundamental and applied research, their ever-increasing number also adds to the 

complexity of selecting the most appropriate model for a particular research question. 

The suitability of a certain model not only depends on the existence of the same genetic 

defect, but also on how well it emulates specific aspects of the human disease. 

Unfortunately, many MD mouse models are limited in their presentation of the human 

pathologies. These limitations, therefore, also add to the fact that the effects of a drug 

observed in mice may not necessarily predict the outcome in the clinical setting. To partly 

overcome these issues, the availability of natural life-history data for mouse models and 

of standardized operational procedures for in vivo outcome measures are pivotal for 

accurate study design and execution of high-quality preclinical research. Fortunately, 

these issues have received more attention in the last decade and are now in place for some 

MDs. 

This article is part of a special subject collection ‘A Guide to Using Neuromuscular 

Disease Models for Basic and Preclinical Studies’, which was launched in a dedicated 

issue guest edited by Annemieke Aartsma-Rus, Maaike van Putten and James Dowling. 

See related articles in this collection at 

http://dmm.biologists.org/collection/neuromuscular. 
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3 GENERAL METHODS 
This chapter outlines general methods that are used throughout this thesis. Details of 

specific methods are outlined in the appropriate chapter. 

3.1 IN VIVO ANIMAL PROCEDURES 

3.1.1 Animal usage & animal ethics 

Animal experiments were carried out using adult male dystrophic BLAJ (B6.A-

Dysfprmd/GeneJ) and control C57BL/6J (the wild-type parental strain for BLAJ) mice 

(Chapters 4-9), and adult male dystrophic mdx (C57BL/10ScSnmdx/J) and control 

C57BL/10ScSn mice (the wild-type parental strain for mdx) (Chapter 9). 

Mice were obtained from colonies at the Animal Resource Centre, Murdoch, Western 

Australia. Mice were maintained at the Preclinical Animal Facility at the University of 

Western Australia (UWA), housed individually in cages with transparent walls 

(19.5 × 28 cm2), with food and water ad libitum, in a 12-hour (hr) light/dark regime at 

20-22°C. All animal procedures were approved by the Animal Ethics and 

Experimentation Committee of UWA (RA/3/100/1436), in accordance with the 

guidelines of the National Health and Medical Research Council of Australia. 

3.1.2 Forelimb grip strength 

Grip strength is a non-invasive, in vivo functional measure of mouse combined forelimb 

strength, and was used for the studies in Chapters 4 and 5. Forelimb grip strength was 

recorded using a Chatillon Digital Force Gauge (DFE-002, AMETEK, USA) following 

the TREAT-NMD standard protocol “Use of grip strength meter to assess limb strength 

of mdx mice - M.2.2 001”. In brief, mice were placed on the front of the triangle bar 

(attached to a force transducer) that they gripped and, by holding the tail, were gently 

pulled away from the bar until their grip was released. The average of four consecutive 

grip strength tests was recorded and normalised to body mass (g/g body mass (BM)). 

3.1.3 Wheel running capacity 

Assessment of voluntary wheel running is a functional measure of animal activity and 

can be used as an indicator of locomotor impairment (Soffe et al., 2016). Wheel running 
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capacity was measured for a study in Chapter 4, with additional details provided here. 

Mice were obtained at ~8.5 months of age and housed individually in Lafayette Mouse 

Activity Wheel Chambers (23.5 × 35.3 cm2; Model 80820, Lafayette Instrument, USA) 

for the duration of the experiment. Chambers were equipped with an exercise wheel, 

12.7 cm in diameter with a 5.72 cm wide running surface (Model 80820RW, Lafayette 

Instrument, USA). These exercise wheels are considered to be free spinning, or low 

resistance, since wheel inertia is very low (<1 g). Wheel revolutions, distance travelled 

(set at 0.40 m/revolution), and speed (m/minute (min)) were monitored using an activity 

wheel counter (Model 86070A, Lafayette Instrument, USA) in each chamber, with data 

recorded using Activity Wheel Monitoring Software (Model 86065, Lafayette 

Instrument, USA).  

The low-resistance wheel running capacity of each mouse was measured continuously, 

and their running patterns were assessed for two weeks. Total distance run (km) and 

maximum average speed per 15-min interval (km/hr) for each week was calculated from 

the raw data. 

3.1.4 Dexamethasone administration 

This method is specific to and outlined in Chapter 5. 

3.1.5 Anaesthesia & euthanasia 

Sodium pentobarbitone (Chapters 4-6) 

Mice were anaesthetised via an intraperitoneal (i.p.) injection of sodium pentobarbitone 

(40 mg/kgBM) and placed on a heated plate at 37°C to maintain core body temperature. 

Depth of anaesthesia was monitored by assessing the pedal withdrawal reflex; 

supplementary doses of anaesthesia were administered, as needed. The soleus and 

extensor digitorum longus (EDL) muscles were dissected and then the mice were 

euthanised (by overdose of pentobarbitone; >160 mg/kgBM, i.p.) and additional tissues, 

including the contralateral soleus and EDL, were snap-frozen for later molecular 

analyses, such as those outlined in Chapters 5 and 6. 

Isoflurane (Chapters 7-9) 

Mice were euthanised via cervical dislocation under anaesthetic (2% volume-to-volume, 

v/v, Attane isoflurane). Various tissues were taken for later molecular analyses. 
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3.2 EX VIVO MUSCLE FUNCTION ASSESSMENT 

In Part I of this thesis, ex vivo muscle function was assessed in two ways: contractile 

function of intact soleus and EDL muscles (Chapters 4 and 5), and Ca2+-activation 

properties of isolated myofibres (Chapter 4). 

3.2.1 Contractile function of intact soleus & EDL muscles 

Muscles were mounted in an in vitro force transducer system (1205A, Aurora Scientific 

Inc., Canada), in an organ bath filled with mammalian ringer solution [NaCl (121 mM), 

KCl (5.4 mM), MgSO4.7H2O (1.2 mM), NaHCO3 (25 mM), HEPES (5 mM), glucose 

(11.5 mM) and CaCl2 (2.5 mM)] bubbled with Carbogen (95% O2, 5% CO2), and 

maintained at 25°C, the optimal temperature for maintaining force production in vitro 

(Segal et al., 1986). Muscles were initially stimulated by supramaximal 0.2 ms square 

wave pulses delivered by platinum electrodes, situated on either side of the suspended 

muscle, connected to an electrical stimulator (701B High Power Bi-phase Current 

Stimulator, Aurora Scientific Inc., Canada). Recording of force and the control of the 

lever arm was achieved using Dynamic Muscle Control software (Aurora Scientific Inc., 

Canada), and the data were analysed using Dynamic Control Data Analysis software 

(Aurora Scientific Inc., Canada). 

At the start of each experiment, the optimal muscle length (Lo) was identified as the length 

at which maximal isometric twitch response was recorded. The muscles were held at Lo 

for all subsequent measurements. The muscles were then exposed to a series of five 

stabilising tetani at 80 Hz (soleus) or 120 Hz (EDL) to ensure stable and reliable force 

reading. Tetani were separated by two minutes to prevent the development of muscle 

fatigue. 

Assessment of contractile function included twitch characteristics and the force-

frequency relationship. The muscles were exposed to three twitch stimuli, with a one-

minute interval between each stimulus. Each twitch contraction was evaluated for peak 

isometric twitch force (Pt), time to peak twitch force (TTP), half-relaxation time (1/2RT) 

and maximum rate of force production (dF/dt), and the averages (of three twitches) for 

each of these measures was recorded. The force-frequency relationship was evaluated by 

recording the force responses at stimulation frequencies from 5 to 200 Hz. The greatest 

force response during the experiment was recorded as the maximum tetanic force (Po). 
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Muscle fatigability was assessed using an isometric fatigue protocol. Muscles were 

stimulated once every two seconds for 100 stimulations (~3.5 mins), with 800 ms pulses 

at 60 Hz for the soleus, and 500 ms pulses at 70 Hz for the EDL. Fatigue was measured 

as the percentage of initial force (%Pi), and post-fatigue recovery was monitored over 

40 mins by recording tetanic contractions at five-minute intervals and calculating %Pi. 

Force measurements were normalised to cross sectional area and expressed as specific 

force (N/cm2). Cross sectional area was estimated by dividing wet muscle mass (g) by 

optimal muscle fibre length (Lf) and the density of mammalian skeletal muscle 

(1.06 mg/mm3) (Mendez and Keys, 1960). Lf in the soleus and EDL was calculated by 

multiplying the respective Lo by predefined fibre-length to muscle-length ratios of 0.71 

(soleus) and 0.44 (EDL) (Brooks and Faulkner, 1988). 

3.2.2 Isolated myofibre Ca2+-activation properties 

This method is specific to and outlined in Chapter 4 (Section 4.2). 

3.3 ASSESSMENT OF MUSCLE BIOMECHANICS 

In Part II of this thesis (i.e., Chapters 7-9), muscles were encapsulated in a gelatin 

methacryloyl (GelMA) hydrogel for the measurement of mechanical properties using 

quantitative micro-elastography (QME). 

3.3.1 Muscle encapsulation 

Mould fabrication 

Custom moulds were designed as a box with no top or bottom to ensure the hydrogel 

could be completely removed from the mould for imaging (Figure 3.1). Moulds were 

designed using Fusion360 (AutoDesk, USA) and printed on a Form 2 3D printer 

(FormLabs, USA) using clear resin (FLGPCL04, FormLabs, USA). After printing, 

uncured resin was removed using a Form Wash (FormLabs, USA) containing isopropyl 

alcohol (Sigma-Aldrich, USA). Moulds were then exposed to 405 nm ultraviolet light for 

30 mins at 60°C using a Form Cure (FormLabs, USA). The mould was then removed 

from the support struts and sanded to create a smooth surface. 
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Figure 3.1: Internal dimensions of 3D printed moulds for muscle encapsulation. (A) Mould for small 

muscles (i.e., soleus and EDL). (B) Mould for large muscles (i.e., quadriceps). 

 

GelMA hydrogel preparation 

GelMA synthesis. GelMA was synthesised, by collaborators, via methacrylation of gelatin 

as described previously (Kang et al., 2014). Briefly, a 10% (weight-to-volume, w/v) 

gelatin solution was prepared by dissolving 10 g gelatin powder in 100 mL phosphate 

buffered saline (PBS; Gibco, USA) in a 500 mL round bottom flask, and heated to 60°C 

in an oil bath until gelatin was fully dissolved. Methacrylic anhydride (8 mL) was then 

added dropwise to the solution under vigorous stirring. The resulting reaction mixture 

was kept at 60°C for two hours, then 100 mL of warmed (60°C) PBS was added to the 

solution and maintained at 60°C for another 30 mins. The solution was then dialysed 

using a dialysis tube (#132676, Spectrum Laboratories, New Zealand) in deionized water 

at 40°C for seven days. Finally, the solution was lyophilized and stored at -20°C until 

further use. 

Prepolymer GelMA solution. GelMA solution (7.5% w/v) was prepared by dissolving a 

known mass of dehydrated GelMA in a solution of PBS (Gibco, USA) and 0.1% (w/v in 

ethanol) Irgacure 2959 (2-hydroxy-1-(4-(hydroxyethoxy)phenyl)-2-methyl-1-propanone; 

Sigma Aldrich, USA) at 37°C. Polystyrene bead (0.2 µm) stock solution (2.6% w/v; 

#07304-15, Polysciences, USA) was added to the GelMA solution at a concentration of 

3% (v/v) to provide optical scattering within the hydrogel; note, several concentrations 

were trialled as outlined in Chapter 7. The prepolymer solution was then enclosed in 

aluminium foil to reduce exposure to light and stored at 4°C for ~24 hrs before gel 

fabrication. 

GelMA polymerisation 

On the day of use, GelMA was heated to 37°C for at least one hour prior to use. GelMA 

solution was pipetted into moulds that were placed on glass slides coated in 

dimethyldichlorosilane (DCDMS; Sigma Aldrich, USA). Another glass slide (also coated 
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in DCDMS) was placed on top of the filled mould, and GelMA was then exposed to 

ultraviolet light (approximately 365 nm) with a transilluminator (MLB-16, MaestroGen, 

Taiwan) for varying time periods depending on requirements (specific protocols for 

muscle encapsulation are outlined in Chapters 7-9). 

3.3.2 Quantitative micro-elastography (QME) 

QME scanning and data processing were conducted primarily by my collaborators Dr 

Matt Hepburn, Jiayue Li, and Dr Alireza Mowla (UWA). 

QME system & data acquisition 

QME was performed using a fibre-based spectral-domain optical coherence tomography 

(OCT) system (TEL220, Thorlabs Inc., USA). The light source was a superluminescent 

diode with a central wavelength of 1300 nm and a spectral bandwidth of 170 nm. The 

scan lens (LSM03, Thorlabs) had a numerical aperture of 0.063, a measured horizontal 

resolution of 7.2 μm (full-width at half maximum (FWHM) of irradiance), a measured 

vertical resolution of 4.8 µm (FWHM), and a working distance of 25.1 mm. QME was 

performed using a common-path configuration, where the interface between the imaging 

window (Edmund Optics, USA) and a compliant silicone layer (described below) acted 

as the OCT reference reflection.  

Samples were placed on a computer-controlled vertical translation stage (MLJ050, 

Thorlabs Inc., USA) that applied a 10% preload strain to ensure uniform contact between 

the sample, compliant layer, and imaging window prior to compression and imaging. The 

imaging window, fixed to an annular piezoelectric actuator (Piezomechanik GmbH, 

Germany), applied micro-scale compression to the sample, which was illuminated by the 

optical beam through the imaging widow. A quasi-static compression regime was 

achieved by a 10 Hz square wave synchronized with OCT lateral scanning (i.e., B-scan 

(xz plane) acquisition). A schematic of the QME system is shown in Figure 8.2 (Chapter 

8). 

QME scans were acquired over a 10 × 10mm2 (xy) field of view and consisted of 1000 

A-scans (i.e., 1D depth scan, z-axis) per B-scan (i.e., 2D scan, xz-plane), and 1000 B-

scans acquired over a 10 mm lateral range (y-axis) per C-scan (i.e., 3D scan, xyz-volume). 

Two B-scans were acquired for each y-position such that alternate B-scans were acquired 

at different compression levels (i.e., unloaded vs loaded). 
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QME data processing 

For each B-scan pair, the local axial (uz) displacement was calculated from the phase 

difference between scans (Wang et al., 2006a). Local axial strain (εzz) was calculated 

using weighted least squares linear regression of axial displacement over a sliding 

window (Δz) of 100 μm (Kennedy et al., 2012). With this approach, the weights 

determined by the OCT signal-to-noise ratio correspond to each displacement 

measurement (Goodman, 2015). The resolution of the resulting system was 

approximately 10 × 10 × 72 µm3 (xyz) (Hepburn et al., 2019). 

The compliant layer, placed between the sample surface and imaging window (see Figure 

1.9), was used to estimate the local stress applied at the sample surface. The silicone layer 

was approximately 500 µm thick and made from a soft silicone elastomer (P7676 2:1:0.3, 

crosslinker:catalyst:AK50 silicone oil ratio; Wacker, Germany) (Kennedy et al., 2015b). 

The compliant layer consisted of two ~250 µm thick sub-layers, one non-scattering and 

one scattering, bonded together. To reduce friction and match the refractive index, 

silicone oil was applied at the layer-window interface. Thickness of the silicone layer was 

measured with OCT before and after pre-loading to obtain a bulk strain estimate at each 

point on the sample’s surface. The compliant silicone layer had a pre-characterised stress-

strain curve (Kennedy et al., 2015b), thus local stress at the interface of the two sub-layers 

was calculated using the local strain measured in the scattering sub-layer. The local 

elasticity of the sample was estimated to be equivalent to Young’s modulus, which is the 

ratio of stress over strain. Micro-elastograms generated from QME are presented in false 

colour and overlaid on grayscale OCT images. 

3.4 HISTOLOGICAL & MICRO-ARCHITECTURE ASSESSMENT 

In Part II, co-registration between the micro-elastograms and images of skeletal muscle 

micro-architecture was employed to aid in the interpretation of the micro-elastograms. 

3.4.1 Histology 

As part of development process for the QME method in Chapter 7, traditional histological 

techniques were initially trialled to provide co-registration with micro-elastograms, as 

indicated below. 



GENERAL METHODS 

 62 

Frozen sections 

For frozen histological sections, muscles were places in small aluminium foil moulds, 

embedded in optimal cutting temperature freezing medium (Tissue-Tek OCT, 4583, 

Sakura Fintech, USA), and snap-frozen in isopentane cooled in liquid nitrogen (~ -

150°C).  

Longitudinal frozen sections of muscle tissue (8 μm) were cut on a cryostat (CM3050, 

Leica Biosystems, Germany) directly onto charged glass slides (SF41296SP, SuperFrost 

Plus, Lomb Scientific, Australia), air dried for ~15 mins at room temperature, and stored 

at ‐20°C until stained or analysed. Sections were routinely stained with haematoxylin and 

eosin or Masson’s Trichrome. 

Haematoxylin & eosin staining. Haematoxylin stains basophilic structures (e.g., nuclei) 

dark purple, and Eosin stains eosinophilic structures (e.g., muscle sarcoplasm) pink. 

Frozen sections were placed directly into Harris’ Haematoxylin for 45 s and then washed 

thoroughly in tap water until nuclei appeared blue. Slides were placed in 70% ethanol for 

three minutes, stained with 0.1% eosin for 45 s, then dehydrated in three exchanges of 

100% ethanol for three minutes each, and cleared by passing through three exchanges of 

toluene for three minutes each. Slides were mounted with DPX mountant and coverslip, 

then air-dried and stored at room temperature. 

Masson’s trichrome. Masson’s trichrome is a three-colour staining protocol used to 

distinguish cells from connective tissue, where nuclei are stained dark brown, cells 

(cytoplasm) are stained pink, and collagen (connective tissue) is stained blue or green. 

Frozen muscle sections were rehydrated under running tap water for two minutes. Slides 

were stained in Celestein Blue then Harris’ Haematoxylin for five minutes each and 

washed in deionised water for two minutes between and after staining steps. Sections 

were transferred into Ponceau-Fuschin (1% Ponceau 2R and 1% Acid Fuschin in 1% 

acetic acid) for five minutes and then rinsed in running tap water. Collagen staining was 

differentiated in 1% (w/v in distilled water) phosphomolybdic acid solution, until 

collagen no longer appeared red. Slides were rinsed in distilled water for approximately 

three minutes then placed in Light Blue in 1% acetic acid for one minute and rinsed in 

1% acetic acid for one minute. Slides were dehydrated in three exchanges of 100% 

ethanol for three minutes each and cleared by passing through three exchanges of toluene 

for three minutes each. Slides were mounted with DPX mountant and coverslip, then air-

dried and stored at room temperature. 
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Paraffin sections 

For paraffin fixed histological sections, muscles were fixed in 4% paraformaldehyde for 

24 hrs and then stored in 70% ethanol at 4°C until processed for paraffin histology using 

standard procedures. Longitudinal sections (5 μm) were cut through the mid‐region of 

each muscle on a Leica microtome (Leica Biosystems, Germany), as described previously 

(Grounds et al., 2008). These paraffin muscle sections were stored in the dark at room 

temperature until required. They were routinely stained with haematoxylin and eosin 

using an automated system. 

Image acquisition 

Tiled images of longitudinal muscle sections were captured at 4× magnification using a 

Nikon Eclipse Ti inverter microscope equipped with Nikon DS-Fi2 cameral (Nikon 

Corporation, Japan). Images were captured using NIS-Elements Advanced Research 3.0 

Software (Nikon Instruments Inc., Japan). 

3.4.2 3D micro-architecture imaging 

The use of these classic 2D histological techniques was found to be unsatisfactory for the 

purpose of co-registration of muscle histology images with elastography analyses 

(discussed in Chapter 7) and so a different technique was developed for assessment of 3D 

micro-architecture of whole muscles using confocal microscopy, for application in 

Chapter 9. 

The GelMA-encapsulated, whole muscles underwent clearing-enhanced 3D microscopy 

(CE3D), a tissue clearing technique established by Li et al. (2017b), and optimised in Dr 

Connie Jackaman’s lab (Curtin University, Australia). CE3D enables quantitative analysis 

of 3D tissue structure and composition, by generating transparent tissues while preserving 

morphology and protein fluorescence, compatible with immunolabelling and 3D confocal 

microscopy. The protocol is outlined below. 

CE3D clearing protocol 

Tissue fixation. Immediately following the use of fresh muscles for elastography using 

QME, GelMA-encapsulated tissues were fixed with 0.05 M phosphate buffer containing 

0.1 M Lysine (pH 7.4), 2 mg/mL NaIO4, and 1% paraformaldehyde, and stored at 4°C to 

undergo later processing. 

Whole mount staining . Fixed tissues were incubated in a blocking buffer, comprised of 

1% normal mouse serum, 1% bovine serum albumin, and 0.3% Triton X-100, for at least 
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24 hrs at 4°C. The following steps were performed protected from light. Muscles were 

stained for nuclei (Hoechst), endothelial cells (e.g., blood vessels; CD31), and collagen 

IV (Table 3.1) by incubating tissues in antibodies diluted in blocking buffer for three days 

at 37°C on a shaker. Tissues underwent two staining rounds: the first consisted of primary 

antibodies, and the second, all remaining antibodies. Following each round, samples were 

washed with PBS containing 0.2% Triton X-100 and 0.5% 1-thioglycerol for 24 hrs at 

37°C. 

For the large quadriceps muscles from 24-month-old WT and BLAJ mice, it was 

necessary to permeabilise them prior to staining, by incubating the tissues in saponin 

diluted 1:10 in blocking buffer for three days at 37°C on a shaker. Saponin (1:10) was 

also used for the duration of the staining period for these tissues. 

Tissue clearing. Stock N-methylacetamide (Sigma Aldrich, USA) was prepared by 

diluting melted N-methylacetamide to 40% (v/v) in PBS. Histodenz (Sigma Aldrich, 

USA) was then dissolved, in a chemical fume hood, in the stock N-methylacetamide to 

achieve 86% (w/v) concentration (~1.455 g Histodenz per mL 40% N-methylacetamide). 

This solution was incubated at 37°C to expedite dissolution time. Finally, Triton X-100 

(0.1% v/v) and 1-thioglycerol (0.5% v/v) were added to the clearing reagent. Stained and 

washed tissues were placed in this clearing reagent and incubated for 72 hrs at room 

temperature on a rotor. For large tissues (e.g., quadriceps), the clearing reagent was 

changed once during the incubation period. 

Table 3.1: Summary of tissue types and markers used for immunostaining. 

Tissue/cell 
type 

Antibody Fluorochrome Laser (filter) Dilution Source, number (species) 

DNA (all cells) Hoechst 
33258 N/A 405 nm 

(445/46) 1:100 Sigma Aldrich, B1155 

Blood vessels CD31 Alexa Fluor 
594 

561 nm 
(594/43) 1:100 Biolegend, 102520 (rat monoclonal) 

Collagen IV Collagen IV N/A N/A 1:200 Abcam, ab19808 (rabbit monoclonal) 

  Alexa Fluor 
488 

488 nm 
(521/38) 1:200 Thermo Fisher, a11070 (rabbit 

polyclonal) 

Note: CD31 antibody also provides background fluorescence for myofibres. 
Note: Collagen IV antibody was not directly labelled, Alexa Fluor 488 was used as a secondary. 
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Confocal microscopy 

Stained and cleared muscles were placed in fresh clearing reagent in a glass-bottomed 

dish, for confocal imaging. Images were acquired using either a Nikon A1+ laser scanning 

confocal microscope with NIS-Elements confocal software (Nikon Instruments, Japan), 

or an Andor 502 Dragonfly spinning disk confocal microscope with Fusion software 

(Andor, Oxford Instruments, UK). Images were collected on either platform using a Plan 

Apo 10× objective lens (NA 0.45) with sequential laser scanning using 405 nm (445/46 

filter), 488 nm (521/38 filter), and 561 nm (594/43 filter). Images were acquired in z-

series with a 5 μm step size and at ~250-400 μm depth for each image. Note, confocal 

microscopy was conducted by Dr Connie Jackaman (Curtin Health Innovation Research 

Institute, Curtin University) due to microscope access restrictions. Images acquired on 

the Nikon A1+ platform were analysed with NIS-Elements Advanced Research software 

(Nikon Instruments, Japan) and images acquired on the Andor Dragonfly platform were 

analysed with Imaris (Oxford Instruments, UK). 
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4 FUNCTION OF DYSFERLIN-DEFICIENT MUSCLES 
Part I of this thesis investigates the impact of dysferlin deficiency on skeletal muscle 

function. This chapter is comprised of a published paper investigating the impact of 

dysferlin deficiency on in vivo and ex vivo whole muscle function of predominantly slow- 

and fast-twitch muscles (Section 4.1). These results are followed-up by a brief study of 

the impact of dysferlin deficiency on Ca2+-activation properties of isolated slow- and fast-

twitch myofibres (Section 4.2). 

4.1 IMPACT OF DYSFERLIN DEFICIENCY ON IN VIVO AND EX VIVO 

WHOLE MUSCLE FUNCTION 

Lloyd, EM, Xu, HY, Murphy, RM, Grounds, MD & Pinniger, GJ. 2019. Dysferlin-

deficiency has greater impact on function of slow muscles, compared with fast, in 

aged BLAJ mice. Plos One, 14(4), p. e0214908. DOI: 

10.1371/journal.pone.0214908. 

Paper: Dysferlin-deficiency has greater impact on function of slow muscles, 

compared with fast, in aged BLAJ mice 

Erin M Lloyd1, Hongyang Xu2, Robyn M Murphy2, Miranda D Grounds1, Gavin J 

Pinniger1* 

1. School of Human Sciences, the University of Western Australia, Perth, Western 

Australia, Australia; 

2. Department of Biochemistry and Genetics, La Trobe Institute for Molecular Science, 

La Trobe University, Melbourne, Victoria, Australia. 

 

Abstract 

Dysferlinopathies are a form of muscular dystrophy caused by gene mutations resulting 

in deficiency of the protein dysferlin. Symptoms manifest later in life in a muscle specific 

manner, although the pathomechanism is not well understood. This study compared the 

impact of dysferlin-deficiency on in vivo and ex vivo muscle function, and myofibre type 

composition in slow (soleus) and fast type (extensor digitorum longus; EDL) muscles 
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using male dysferlin-deficient (dysf-/-) BLAJ mice aged 10 months, compared with wild 

type (WT) C57Bl/6J mice. There was a striking increase in muscle mass of BLAJ soleus 

(+25%) (p < 0.001), with no strain differences in EDL mass, compared with WT. In vivo 

measures of forelimb grip strength and wheel running capacity showed no strain 

differences. Ex vivo measures showed the BLAJ soleus had faster twitch contraction (-

21%) and relaxation (-20%) times, and delayed post fatigue recovery (ps < 0.05); whereas 

the BLAJ EDL had a slower relaxation time (+11%) and higher maximum rate of force 

production (+25%) (ps < 0.05). Similar proportions of MHC isoforms were evident in the 

soleus muscles of both strains (ps > 0.05); however, for the BLAJ EDL, there was an 

increased proportion of type IIx MHC isoform (+5.5%) and decreased type IIb isoform (-

5.5%) (ps < 0.01). This identification of novel differences in the impact of dysferlin-

deficiency on slow and fast twitch muscles emphasises the importance of evaluating 

myofibre type specific effects to provide crucial insight into the mechanisms responsible 

for loss of function in dysferlinopathies; this is critical for the development of targeted 

future clinical therapies. 

4.1.1 Introduction 

Dysferlinopathies are a clinically heterogeneous group of muscle disorders that arise from 

mutations in the dysferlin gene (DYSF) that reduce expression of functional dysferlin 

protein (Amato and Brown, 2011). Clinically, dysferlinopathies are described as limb-

girdle muscular dystrophy type 2B or Miyoshi myopathy, with initial weakness in the 

proximal limb girdle or distal limb muscles respectively (Liu et al., 1998), although 

gradations across phenotypes are now more widely recognised (Harris et al., 2016). Most 

patients with dysferlinopathy become wheelchair bound within 10-20 years after 

diagnosis, and currently there is no treatment. 

Dysferlin is a member of the ferlin family of transmembrane proteins, which have roles 

in protein vesicle fusion and trafficking (Lek et al., 2012). Dysferlin is present in many 

cell types including macrophages, adipocytes, smooth muscle and vascular endothelial 

cells (Grounds et al., 2014), but it is highly expressed in skeletal muscle. The localisation 

of dysferlin to the sarcolemma and transverse-tubules (T-tubules) in skeletal muscle 

(Ampong et al., 2005, Roche et al., 2011), suggests a possible role in Ca2+ handling 

associated with excitation-contraction (EC) coupling (Klinge et al., 2010b). Dysferlin is 

associated with normal developing T-tubules, and abnormally configured T-tubules are 

found in dysf-/- skeletal muscle (Klinge et al., 2010b). Dysferlin also interacts with Ca2+ 
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handling proteins, including calsequestrin-1, ryanodine receptor and the dihydropyridine 

receptor (Ampong et al., 2005, Flix et al., 2013). However, the extent to which dysferlin-

deficiency causes dysfunctional Ca2+ handling is not clear, nor are the mechanisms for 

how this might translate to the specific functional clinical deficits characteristic of human 

dysferlin-deficient (dysf-/-) muscles. 

Disease onset in dysferlinopathy typically occurs post growth, in early adulthood. 

Dysferlinopathy is characterised by progressive skeletal muscle weakness, increased 

fatigability (Angelini et al., 2014), accumulation of lipid droplets in slow twitch 

myofibres (Grounds et al., 2014, Fanin and Angelini, 2016), complement activation 

(Fanin and Angelini, 2016), muscle wasting characterised by atrophy, 

autolysis/proteolysis and autophagy (Cenacchi et al., 2005, Fanin et al., 2014), 

inflammation, increased oxidative stress (Terrill et al., 2013, Rajakumar et al., 2014) and, 

in later stages of the disease, replacement of muscles by fat (Amato and Brown, 2011, 

Grounds et al., 2014, Fanin and Angelini, 2016, Diaz-Manera et al., 2018). 

Histopathological differences between dysf-/- slow and fast myofibres have been reported, 

with dysf-/- slow oxidative myofibres containing many lipid droplets, especially in 

humans (Grounds et al., 2014), whereas, tubular aggregates are present in fast glycolytic 

myofibres (Demonbreun et al., 2014)(Grounds MD, unpublished observations). The 

precise molecular mechanisms underlying the dystropathology and how these 

histopathological features may contribute to the loss of muscle function are not clear 

(Cárdenas et al., 2016, Fanin and Angelini, 2016).  

Studies of dysferlin-deficiency typically use dysf-/- mice as they have similar muscle 

structure to humans and more accurately represent the disease pathology in human 

dysferlinopathies, compared with dysf-/- zebrafish, roundworm and fruit fly (Vafiadaki et 

al., 2001, Hornsey et al., 2013). In general, dysf-/- mice mimic human dysferlinopathies, 

showing a similar disease progression with late onset of histopathological features (Roche 

et al., 2012, Grounds et al., 2014, Jain Foundation, 2021). The main dysf-/-mouse models, 

A/Jdysf-/- (A/J), SJL/Jdysf-/- (SJL/J) and BLA/Jdysf-/- (BLAJ; B6.A-Dysfprmd/GeneJ), have 

similar disease manifestation (Hornsey et al., 2013) with few changes apparent in young 

adults aged 3 months, but marked histopathology with replacement of myofibres by 

adipocytes conspicuous by about 10 months, especially in the psoas and quadriceps 

muscles (Terrill et al., 2013, Grounds et al., 2014). 
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About a dozen published studies have examined muscle function in dysf-/- mice, however 

these have yielded inconsistent and contrasting results, and often do not replicate the 

characteristic muscle weakness of human patients with dysferlinopathy (see Table 4.1). 

Such inconsistencies between pre-clinical studies may be due partly to the subtle 

difference in disease severity of the specific dysf-/- mouse strains used (Hornsey et al., 

2013), and/or the absence of appropriate WT control strains for their comparisons. The 

age of the mice examined is another important variable; the dystropathology is typically 

mild in mice aged less than 6 months old, and dysf-/- mice begin to exhibit more marked 

pathology in some muscles from around 8 months of age (Hornsey et al., 2013, Terrill et 

al., 2013). Therefore, it is important to evaluate the functional impact of dysf-/- in older 

animals, which are more likely to manifest the progressive functional impairment that is 

expected to result over time from dysferlin-deficiency. 

 

Table 4.1: Summary of prior studies of muscle function in dysferlin-deficient mice. 

Dysf-/- strain Controls 
Age 

(mths) 
Sex Muscles In vivo measures 

Ex vivo 
measures 

Ref. 

A/J A/WySnJ, 
C57Bl/6J 

3 M Dorsiflexorsb Torque at ankle 
larger in dysf-/- 

 (Roche et al., 
2008) 

A/J A/WySnJ 3-4 M Dorsiflexorsb Torque at ankle no 
different 

 (Roche et al., 
2010) 

A/J A/WySnJ, 
C57Bl/6J 

2, 8 M Soleus 
EDL 

 Maximum 
specific 
force lower 
in dysf-/- 
EDL (2 
months) 

(Barton et al., 
2010) 

A/J A/JOlaHsd, 
C57Bl/6J 

9 F Forelimb, 
Hindlimb, 
EDL 

Open field 
behaviour lower in 
dysf-/- 
Forelimb/hindlimb 
grip strength no 
different 

Maximum 
specific 
force no 
different 

(Dillingham 
et al., 2015) 

i. A/J 
ii. BLAJ 

iii. SJL/J 
iv. B10.SJL 

i. A/WySnJ 
ii. C57Bl/6J 

iii. SWR/J 
iv. C57BL/10J 

3-4 M Dorsiflexorsb Torque at ankle 
lower in dysf-/- 
(SJL/J, B10.SJLJ) 

 (Roche et al., 
2012) 

A/J, Bl.AJ C57Bl/6J 3-9 NSa N/A Open field 
behaviour lower in 
dysf-/- (A/J, BLAJ 
>6 months)) 

 (Biondi et al., 
2013) 
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BLAJ C57Bl/6J >20 NSa Forelimb, 
Hindlimb 

Open field 
behaviour lower in 
dysf-/- 
Hindlimb grip 
strength lower in 
dysf-/- 

 (Defour et al., 
2017) 

BLAJ C57Bl/6J 2-3, 
13-15 

M/F N/A Open field 
behaviour lower in 
dysf-/- (>3 months) 
Grip strength (hang 
test) lower in dysf-/- 
(>13 months) 

 (Nagy et al., 
2017) 

SJL/J C57BL/6J 2-6 M Forelimb, 
Hindlimb, 
Soleus, EDL 

Open field 
behaviour lower in 
dysf-/- 
Grip strength higher 
in dysf-/- 

Maximum 
specific 
force lower 
in dysf-/- (6 
months) 

(Rayavarapu 
et al., 2010) 

BL10.SJL-
Dysfjm/AwaJ 

C57Bl/10 3 M TA (in situ)  Maximum 
specific 
force no 
different 

(Chiu et al., 
2009) 

B6.129-
Dysftm1Kcam/J 

C57Bl/6J 2, 8 NSa EDL Open field 
behaviour no 
different 
 

Maximum 
specific 
force no 
different 

(Han et al., 
2010) 

B6.129-
Dysftm1Kcam/J 

C57Bl/6J 11 NSa Soleus Gait no different Fatigue and 
post fatigue 
recovery no 
different 

(Sellers et al., 
2018) 

Dysf-/- 
129/SVemst/J 

129/SVemst/J 14 NSa N/A Voluntary wheel 
running lower in 
dysf-/- 

 (Demonbreun 
et al., 2014) 

aNS: not specified 
b Dorsiflexors muscle group: TA (tibialis anterior), extensor hallucis longus, EDL, and peroneus tertius 

 

While some differences in features of dysf-/- slow and fast myofibres have been reported 

(mentioned above), we identified only two studies that directly compared muscle function 

for predominantly slow (soleus) and fast twitch (EDL) muscles (Barton et al., 2010, 

Rayavarapu et al., 2010) with conflicting results. While lower specific force (~92% of 

WT force) was reported in dysf-/- EDL muscles of A/J male mice aged 2 months, no 

differences were found at 8 months, nor for the dysf-/- soleus at either age (Barton et al., 

2010). A similar reduction in maximum force produced ex vivo by both dysf-/- EDL and 

soleus muscles (~85% of control force) was reported in dysf-/- SJL/J male mice aged 6 

months (Rayavarapu et al., 2010); however, this result is complicated by the fact that 

C57Bl/6J mice were used as the control normal strain for comparison with the dysf-/- 

SJL/J mice (see Discussion). 
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These conflicting observations warrant further investigation, due to the important role of 

impaired muscle function in dysferlinopathies. Therefore, the present study thoroughly 

investigated the effects of dysferlin-deficiency on a wide range of parameters related to 

muscle function ex vivo for the predominantly slow (soleus) and fast (EDL) twitch 

skeletal muscles, as well as some measures of whole body function in vivo, using mature 

10 month old male BLAJ mice where pronounced histopathology is manifested in limb 

girdle muscles (compared with WT controls). 

 

4.1.2 Methods 

Ethical Approval 

All experiments were approved by the Animal Ethics and Experimentation Committee of 

the University of Western Australia (RA/3/100/1436), in accordance with guidelines of 

the National Health and Medical Research Council of Australia.  

Animals 

This study used 10 month old male C57Bl/6J (the WT parental control strain) and dysf-/- 

BLAJ mice. Mice were maintained at the Preclinical Animal Facility at the University of 

Western Australia, housed individually in cages with food and water, maintained in a 12 

hour light/dark regime at 20-22°C.  

There were two separate experimental groups in this study. Group 1 involved mice 

subjected to wheel running (Ex), and consisted of WT + Ex and BLAJ + Ex groups (n = 5, 

4 respectively) and Group 2 consisted of WT and BLAJ mice (n = 8, 9 respectively) 

where muscles were sampled, when they reach 10 months old, for ex vivo measurements.  

Grip strength measurements 

Measures of grip strength and body mass were made on the morning of sampling day for 

all experimental groups. Forelimb grip strength was measured using a Chatillon Digital 

Force Gauge (Model DFE-002; AMETEK, FL, USA) following the TREAT-NMD 

standard protocol “Use of grip strength meter to assess limb strength of mdx mice – 

DMD_M.2.2.001”. The average of four consecutive grip strength tests was recorded and 

normalised to body mass (g gBM-1). 
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In vivo wheel running measurements (Group 1) 

Mice were obtained at approximately 8.5 months of age and housed individually in 

Lafayette Mouse Activity Wheel Chambers (Model 80820; Lafayette Instrument, IN, 

USA). The apparatus for this experiment in our lab is described previously (Soffe et al., 

2016). The low resistance wheel running capacity of each mouse was measured 

continuously, and their running patterns were assessed for two weeks. Total distance run 

(km) and maximum average speed per 15-minute interval (km hr-1) for each week was 

calculated from the raw data. At the end of the experiment, mice (aged 10 months) were 

euthanised (via intraperitoneal overdose of sodium pentobarbitone) and additional 

tissues, including soleus, EDL, quadriceps, liver and adipose tissue, were sampled and 

snap frozen for later analyses in future studies. 

Ex vivo assessment of contractile function for soleus and EDL muscles (Group 2) 

Mice were anesthetised using sodium pentobarbitone (40 mg kgBM-1) and placed on a 

heated plate at 37°C to maintain core body temperature. The soleus and EDL muscles 

were dissected and used as representatives of slow and fast twitch muscles respectively. 

Mice were then euthanized (by overdose of pentobarbitone) and additional tissues were 

snap frozen for later analyses. Immediately following dissection, muscles were mounted 

in an in vitro force transducer system (1205A, Aurora Scientific Inc., Aurora, Canada) in 

an organ bath containing mammalian ringer solution which comprised (in mM): 121 

NaCl, 5.4 KCl, 1.2 MgSO4.7H2O, 25 NaHCO3, 5 HEPES, 11.5 glucose and 2.5 CaCl2, 

bubbled with Carbogen (95% O2, 5% CO2) and maintained at 25°C. The muscles were 

stimulated by supramaximal 0.2 ms square wave pulses (701B High Power Bi-phase 

Current Stimulator, Aurora Scientific Inc., Aurora, Canada). Recording of force and the 

control of the lever arm was achieved using Dynamic Muscle Control (DMC) software 

and the data were analysed using Dynamic Muscle Analysis (DMA) software (Aurora 

Scientific Inc., Aurora, Canada).  

At the start of each experiment, the optimal muscle length (Lo) was identified as the length 

at which maximal isometric twitch response was produced; the muscles remained at Lo 

for all subsequent measurements. Assessment of contractile function included the twitch 

characteristics: peak isometric twitch force (Pt), time to peak twitch force (TTP), half-

relaxation time (1/2RT) and maximum rate of force production (dF/dt), and the force-

frequency relationship including maximum tetanic force (Po).  
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Muscle fatigability was assessed using an isometric fatigue protocol. Soleus muscles were 

stimulated 100 times at 60 Hz for 800 ms once every two seconds (approximately 3.5 

minutes); EDL muscles were stimulated 100 times at 70 Hz for 500 ms once every two 

seconds (approximately 3.5 minutes). Fatigue was measured as the force produced at the 

end of the stimulation protocol as a percentage of initial force (%Pi), and post-fatigue 

recovery was monitored by recording tetanic force (same as fatigue protocol stimulation) 

at 5 minute intervals for 40 minutes. 

Specific force (N cm-2) was calculated as force (N) normalised to physiological cross 

sectional area (CSA, cm2). CSA was approximated by the formula: 

CSA = W/(Lo × FLR × D × 100), where W is the wet muscle mass (mg), Lo is optimal 

muscle length (mm), FLR is myofibre/muscle length ratio (EDL = 0.44, 

Soleus = 0.69)(Brooks and Faulkner, 1988), and D is density of muscle (1.06 g mL-

1)(Mendez and Keys, 1960). 

Myofibre typing: Myosin heavy chain (MHC) gels 

Myofibre myosin heavy chain (MHC) composition was determined by distinguishing 

four MHC isoforms, MHCIIa, MHCIIx, MHCIIb and MHCI in soleus and EDL muscles 

from Group 1. Muscles were homogenised 20 µg wet weight muscle/µl buffer, which 

comprised (in mM): 126 K+, 36 Na+, 1 free Mg2+ (10.3 total Mg2+), 90 HEPES, 50 EGTA, 

8 ATP, 10 creatine phosphate, pH 7.10, pCa (= − log10[Ca2+]) > 9, 295 ± 10 mosmol/kg 

H2O. After the homogenisation, muscle samples were denatured by the addition of a 2x 

denaturing buffer, comprised of 125 mM Tris-HCl, 25% glycerol, 4.6% SDS, 10% 

mercaptoethanol, 25% sucrose, and 0.001% bromophenol blue. Total protein in samples 

was separated using SDS-PAGE, adapted for optimal separation of the four MHC 

isoforms, as previously described (Xu et al., 2017a). A small amount of each sample was 

taken and pooled together to create a ‘mixed muscle sample’ (Mixed), which was then 

loaded onto each gel to generate a calibration curve that demonstrated the relationship 

between band density and amount of given protein (in arbitrary units). This was used to 

assign values for each MHC isoform band present in the individual muscle samples. 

Immediately after running the gels, they were stained with Coomassie brilliant blue G250 

(Bio-Rad, Gladesville, NSW, Australia) to visualize the MHC bands. Images were 

collected, and densitometry of each band performed using Chemidoc MP system and 

Image Lab version 6.0 (Bio-Rad). 
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Analyses 

Statistical analyses were performed using IBM SPSS Statistics 24 (IBM Corp., 2012). 

Data are presented as individual values with horizontal lines indicating mean values ± 

standard deviation (SD), or single points representing mean ± SD where appropriate. 

Normality and variance equality were tested using Shapiro-Wilk tests and Levene's Test 

for Equality of Variances respectively. Data were examined using separate one-way 

Analyses of Variance (ANOVAs), two-way ANOVAs, or t-tests where appropriate. Post 

hoc comparisons with Holm-Bonferroni corrections were conducted for each statistical 

test where appropriate, with statistical significance taken as p < 0.05. 

 

4.1.3 Results 

Body and muscle mass 

Body mass at the time of sampling did not differ between the male WT and BLAJ mice 

aged 10 months (Figure 4.1A). The soleus and EDL weights were normalised to body 

mass. The BLAJ soleus was significantly heavier (~125%) compared with the WT soleus 

(p < 0.001), with no strain difference for the EDL weights (ps > 0.05).  
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Figure 4.1: Body and muscle masses of WT and BLAJ mice aged 10 months. (A) Body mass measured 

at sampling (n = 9, 9; WT and BLAJ). (B) Soleus mass normalised to body mass (n = 9, 9). (C) EDL mass 

normalised to body mass (n = 8, 9). *** BLAJ significantly different to WT (p < 0.0001). Data are 

presented as individual values with horizontal lines indicating mean ± SD. 

 

In vivo function measures 

Forelimb grip strength recorded on the day of sampling (Figure 4.2A) was not 

significantly different between strains (p > 0.05). Voluntary wheel running measures of 

daily total distance run and maximum speed (calculated over a 15-min interval) (Figure 

4.2B and C) did not differ between WT and BLAJ mice (p > 0.05). However, the 

maximum speed in the BLAJ group tended to be lower than WT over the wheel running 

regimen (p = 0.055, partial η2 = 0.43, n = 5, 4 respectively). 
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Figure 4.2: In vivo functional measures for WT and BLAJ mice aged 10 months. (A) Grip strength 

recorded on the day of sampling for WT and BLAJ (n = 8, 9). Voluntary wheel running daily total distance 

run (B) and daily maximum average speed over 15-min interval (C) for WT + Ex and BLAJ + Ex mice 

aged 10 months (n = 5, 4). Data are presented as (A) individual values with horizontal lines indicating 

mean ± SD or (B, C) mean ± SD. 

 

Ex vivo muscle function 

Ex vivo muscle function showed no effect of dysferlin-deficiency on the maximum tetanic 

force of the soleus or EDL (ps > 0.05) (Figure 4.3). Analysis of the twitch characteristics 

(Figure 4.4) of the soleus revealed no differences in peak twitch force between WT and 

BLAJ (p > 0.05). However, TTP and 1/2RT were significantly shorter in the BLAJ soleus 

compared with WT (p < 0.01 and p < 0.05 respectively); these differences are also 

reflected in the higher dF/dt in the BLAJ soleus (p < 0.001). In the EDL, peak twitch 

force and TTP were unaffected by dysferlin-deficiency (ps > 0.05), however, 1/2RT and 

dF/dt was significantly greater in the BLAJ EDL compared with WT (ps < 0.05). 



FUNCTION OF DYSFERLIN-DEFICIENT MUSCLES 

 78 

 

Figure 4.3: Maximum tetanic force from WT and BLAJ mice aged 10 months. (A) Soleus (n = 9, 9) 

and (B) EDL (n = 8, 9). Data are presented as individual values with horizontal lines indicating mean ± SD. 
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Figure 4.4: Twitch characteristics from WT and BLAJ mice aged 10 months. Twitch characteristics 

of the soleus (n = 9, 9) and EDL (n = 8, 9) consist of peak twitch force (A, B), time to peak twitch force (C, 

D), 1/2 relaxation time (E, F), and maximum rate of force production (G, H). * BLAJ significantly different 

to WT (ps < 0.05). Data are presented as individual values with horizontal lines indicating mean ± SD. 
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The mean of the normalised force frequency curve of the BLAJ soleus was lower than 

the WT (p < 0.05) (Figure 4.5A), whereas, the force frequency relationship of the BLAJ 

EDL was higher than WT at 10, 20, 100, and 120 Hz (ps < 0.05) (Figure 4.5B). 

 

Figure 4.5: Normalised force-frequency relationship from WT and BLAJ mice aged 10 months. (A) 

soleus (n = 9, 9) and (B) EDL (n = 8, 9) muscles. * BLAJ significantly different to WT (ps < 0.05). Data 

are presented as mean ± SD. 

 

Dysferlin-deficiency did not impact the susceptibility to fatigue in the soleus and EDL 

muscles (ps > 0.05). The WT and BLAJ soleus muscles fatigued to 32.7% and 28.8% of 

initial force respectively, whereas the WT and BLAJ EDL muscles fatigued to 14.8% and 

18.3% of initial force (Figure 4.6). After 40 minutes of recovery, soleus force had reached 

94.7% and 92.9% of initial force levels for WT and BLAJ mice respectively. However, 

soleus post fatigue recovery showed a significant interaction effect of time and strain 

(p < 0.001). Pairwise comparisons at each time point did not reach statistical significance, 

but 5, 10 and 15 minutes post fatigue recovery showed the largest differences (BLAJ 

lower relative force than WT), suggesting this was likely the source of the overall 

interaction effect. The post fatigue recovery of the dysf-/- EDL was not significantly 

different to the WT EDL (p > 0.05) reaching 46.5% and 55.1% of initial force levels after 

40 minutes. 
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Figure 4.6: Fatigue and post fatigue recovery from WT and BLAJ mice aged 10 months. (A) soleus 

(n = 9, 9) and (B) EDL (n = 7, 9) muscles. The fatigue protocol was approximately 3 minutes, and post 

fatigue recovery was recorded at 5 minute intervals for 40 minutes after the fatigue protocol. ** significant 

interaction effect of time and strain post fatigue (p < 0.001). Data are presented as mean ± SD. 

 

Myofibre typing 

Analyses of the proportions of MHC isoforms in the soleus showed no significant 

differences in composition between the strains (ps > 0.05) (Figure 4.7). Dysferlin-

deficiency significantly impacted the myofibre type composition of the EDL muscle, 

whereby the BLAJ EDL had a significantly larger proportion (+5.5%) of the type IIx 

MHC isoform and a smaller proportion (-5.5%) of the type IIb isoform (ps < 0.01), 

compared with WT. 
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Figure 4.7: Myofibre myosin heavy chain (MHC) composition of soleus and EDL muscle from WT 

and BLAJ mice aged 10 months (n = 6). Representative MHC gels (A, B) for soleus and EDL muscles, 

loaded with a pooled sample (Mixed) used to generate the Calibration curve (see Methods), with (C, D) 

showing percentage of different MHC in soleus and EDL muscles. ** BLAJ significantly different to WT 

(ps < 0.01). Data are presented as individual values with horizontal lines indicating mean ± SD. 

 

4.1.4 Discussion 

The main findings of this study are that dysferlin-deficiency for male BLAJ mice aged 

10 months (i) had a limited impact on our measures of in vivo muscle function, (ii) greatly 

increased the mass of BLAJ soleus muscles and (iii) had myofibre type specific 

alterations of ex vivo muscle function for BLAJ soleus and EDL muscles. These findings 

are discussed in detail below. 

Limited impact of dysferlin-deficiency on in vivo measures of function in BLAJ mice 

Normalised forelimb grip strength was unaffected in the 10 month old BLAJ (compared 

with WT) mice, a finding consistent with those in 9 month old A/J mice (Dillingham et 

al., 2015). While increased forelimb grip strength (+63%) was reported in 2-6 month old 

dysf-/- SJL/J mice (Rayavarapu et al., 2010), this difference may be due to the choice of 

C57Bl/6J mice as a control strain for the SJL/J mice (since dysferlin positive control SJL/J 

mice were not available at the time of their experiments). 

Nonetheless, other studies have reported significantly lower grip strength in BLAJ mice 

(compared with WT) at ages older than 13 months (Defour et al., 2017, Nagy et al., 2017). 

The absence of significant differences in our measures of BLAJ forelimb grip strength at 

10 months of age may be due to the fact that forelimb muscles are less affected than 

hindlimb muscles in early stages of the disease (Hornsey et al., 2013) and greater disease 
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progression may be required to show an effect on this parameter of in vivo muscle strength 

in older BLAJ mice. 

Normalised grip strength is used to control for differences in body mass, under the 

assumption that most mice have a similar proportion of muscle mass, although in dysf-/- 

mice, this relationship between body mass and muscle mass may not hold, especially in 

older dysf-/- mice where fat replacement of myofibres is an increasing feature after about 

8 months of age (Demonbreun et al., 2014, Grounds et al., 2014). Consequently, we 

examined the Pearson bivariate correlations between raw grip strength (average of 4 tests) 

and body mass for each group of mice (WT, BLAJ) and found no correlation. Since 

forelimb grip strength is dependent on many factors other than muscle strength, including 

behavioural and experimental variation (Bonetto et al., 2015), the usefulness and 

relevance of grip strength as a measure of muscle function in dysf-/- mice should be 

carefully considered. 

To further measure overall muscle function of BLAJ mice in vivo, we tested their capacity 

for voluntary low resistance wheel running over 2 weeks using mice sampled at 10 

months of age; while running patterns were similar for both strains, average speed tended 

to be lower in the BLAJ, compared with WT (p = 0.055, partial η2 = 0.43, n = 5, 4 

respectively). Our wheel running results are limited by the low sample sizes, due to 

limited availability of these old BLAJ mice, however these data were included since the 

trend of reduced speed in the BLAJ mice is suggestive of functional deficits and reflects 

similar findings of others. For example, swimming speeds of BLAJ mice were 

significantly slower than controls from 8 months of age (Nagy et al., 2017). Other studies 

have also shown significant reductions in voluntary wheel running distance (Demonbreun 

et al., 2014) and open field behaviour (Rayavarapu et al., 2010, Biondi et al., 2013, 

Dillingham et al., 2015) for dysf-/- mice, aged 14, 2-6, 3-4 and 9 months respectively, 

indicative of functional impairments even in the mild pathology of dysf-/- mice. 

The function of individual BLAJ muscles with the most severe dystropathology, such as 

the limb girdle muscles psoas and quadriceps, is not easily assessed. Nevertheless, the 

quadriceps and psoas muscles are heavily involved in ambulation and thus open field 

behaviour and voluntary wheel running are useful measures of muscle function in BLAJ 

mice. It is important to consider the impact that many factors, including circadian rhythm 

and stress, can have on these measures (Grounds et al., 2008), especially since mice are 

normally most active nocturnally and rest during the day (in contrast with most humans). 
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Yet, the standard protocol of open field behaviour consists of placing a mouse in a test 

chamber for one hour during the morning hours for 4 successive days (see TREAT-NMD 

standard protocol “Behavioural and Locomotor Measurements Using Open Field Animal 

Activity Monitoring System – DMD_M.2.1.002”). This method does not take into 

account the important effects of circadian rhythm (on gene expression, metabolism and 

possible function and motivation) nor longer term activity of mice, and is stressful since 

it is normally performed during the daytime ‘rest period’. In contrast, the voluntary wheel 

running method keeps mice in the testing cage for the duration of the experiments, 

enabling continuous measurements of activity at night (when mice are naturally active) 

and over longer periods of time, with minimal handling of the mice (see TREAT-NMD 

standard protocol “Use of treadmill and wheel exercise for impact on mdx mice 

phenotype – DMD_M.2.1.001”). Thus, voluntary wheel running may be a more accurate 

measure of in vivo muscle function in mice, compared with classic open field behaviour 

tests (although behavioural testing during the nocturnal phase might be additionally 

informative). 

Increased mass of the BLAJ soleus 

Dysferlin-deficiency had no impact on body mass of the 10 month old male mice, which 

is consistent with findings in A/J mice aged 9 months (Dillingham et al., 2015). For 

muscle mass, the BLAJ soleus was significantly heavier than normal WT soleus. 

However, previous studies have reported variable results; no significant difference was 

reported in the mass of soleus muscles in WT and BLAJ mice aged 12 months (Nagy et 

al., 2017), whereas soleus muscles from 2-6 month old SJL/J mice were reported to be 

significantly lighter compared to C57Bl/6J, though this finding may also be influenced 

by a strain difference (Rayavarapu et al., 2010). It is of interest to consider the 

mechanisms that might contribute to the increased soleus mass in the old BLAJ mice. 

From the perspective of histopathology, no conspicuous changes in histology were 

apparent for dysf-/- soleus muscles aged 7 and 11 months, compared with WT muscles 

(Sellers et al., 2018). We also looked at the histology of a few frozen and fixed muscles 

for both strains (data not shown) and observed for the 10 months and older mice 

‘apparently normal’ histology for all EDL and soleus muscles, with no marked 

differences between the BLAJ and WT muscles examined. However, a detailed formal 

analysis by light and electron microscopy is warranted to identify and quantify any 

(subtle) histopathological changes in the soleus muscle of older dysf-/- mice. 
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The increased soleus mass in our old BLAJ mice may potentially be explained by oedema, 

with increased osmolarity arising from disturbed membrane dynamics and altered ion 

channel function or altered metabolite concentrations in slow myofibres, driving fluid 

accumulation within the muscle tissue. Oedema can also result from immune disturbances 

related to complement activation and deposition of the membrane attack complex 

(MAC)(Zhang et al., 2013), and the immune response is complex in dysferlinopathies 

(Tidball et al., 2018). The MAC is a transmembrane pore that can alter membrane 

permeability resulting in swelling and lysis of the target cells. Dysf-/- muscles of humans 

and mice have been shown to have disturbed complement activation, and surface 

deposition of complement and MAC (which is implicated in myofibre damage) even on 

‘apparently undamaged muscles’ (Spuler and Engel, 1998, Wenzel et al., 2005, Han et 

al., 2010). The MAC also drives atherosclerosis in apolipoprotein E knockout (ApoE null) 

mice on a high fat diet (Lewis et al., 2010) and ApoE null mice crossed with dysferlin 

null mice show striking histopathology in many muscles with myofibres replaced by fat 

(Sellers et al., 2018): exacerbation of these histological features in double knock-out mice 

may reflect combined elevated levels of MAC in both null genotypes. Early studies 

reported high serum complement C3 levels of a different C3 allotype present in male 

SJL/J mice only, and altered degradation kinetics only in female SJL/J mice, compared 

with both genders of normal BALB/c mice and other inbred strains (Lynch et al., 1993). 

This impact of gender is important to consider for the complement system, since dysf-/- 

female SJL/J mice were used in the study that reported downregulation of decay 

accelerating factor /CD55 (Wenzel et al., 2005), and fatty replacement of many muscles 

is more severe in female patients with dysferlinopathy (Diaz-Manera et al., 2018). 

Other MRI analyses in humans report muscle oedema (detected as hyper-intensity on 

STIR sequences) as an early consequence of dysferlinopathy; initially in the distal lower 

legs or in the proximal thigh muscles, followed by fatty degeneration (Fanin and Angelini, 

2016). It also seems pertinent that dysf-/- skeletal muscle (compared with WT) is more 

susceptible to osmotic shock injury (Lukyanenko et al., 2017) with slower recovery to 

glycerol-induced osmotic shock (Demonbreun et al., 2014); such altered properties may 

also contribute to oedema in dysf-/- muscles. The mechanisms and functional implications 

of the unusual increase in size of the slow soleus BLAJ muscle (comprised predominantly 

of type I and IIa myofibres) we observed warrants further investigation. 
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Differential functional effects of dysferlin-deficiency on the soleus and EDL muscles 

This study was particularly interested in the effect of dysferlin-deficiency on a wide range 

of measures of ex vivo muscle function. There were no differences in maximum tetanic 

force between WT and BLAJ soleus and EDL muscles, which is consistent with previous 

literature (Barton et al., 2010, Han et al., 2010, Dillingham et al., 2015). These findings 

indicate that higher stimulus frequencies do not produce observable differences in the 

force producing capacity of control and dysf-/- muscle. If dysferlin-deficiency does disrupt 

normal Ca2+ handling (Kerr et al., 2014a), these effects were not evident at maximal 

stimulation frequencies, which is likely due to Ca2+ saturation of the myofilaments at 

these high frequencies (Fuglevand et al., 1999). Furthermore, the stimulus frequencies 

where maximum tetanic force is recorded do not reflect normal physiological activation 

(Ritter et al., 2014). We therefore, also investigated muscle function across a range of 

stimulus frequencies. 

Single twitch contractions showed significant differences between normal and dysf-/- 

muscle function. Additionally, the results show novel differences in the impact of 

dysferlin-deficiency on slow and fast twitch muscle function. The BLAJ soleus had a 

significantly faster twitch contraction and relaxation, compared with WT muscle; 

whereas, the BLAJ EDL showed a slower relaxation and an increased maximum rate of 

force production. Similarly, both the BLAJ soleus and EDL had abnormal force-

frequency relationships, whereby the mean force frequency curves were significantly 

shifted to the right (soleus) and left (EDL) compared to WT, particularly at the lower, 

more physiologically relevant stimulus frequencies. These force-frequency results reflect 

the differences found in TTP and 1/2RT of the BLAJ muscles. Compared with WT, the 

contraction times for the BLAJ soleus are shorter, so force summation would be reduced 

for a given stimulation frequency, whereas, the BLAJ EDL had a longer relaxation, likely 

contributing to higher force summation. Myofibre type specific differences were also 

shown in terms of delayed post fatigue recovery in the BLAJ soleus in the first 15 

minutes. No significant effect of dysferlin-deficiency was observed in EDL fatigue or 

post fatigue recovery. 

MHC myofibre typing showed that the differences in BLAJ soleus muscle contractions 

were not due to a change in myofibre type composition (as measured by MHC isoforms). 

As such, our results are indicative of disrupted EC coupling in the dysf-/- soleus. This is 

consistent with past studies showing that dysferlin-deficiency is associated with 
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ultrastructural changes to the T-tubules, and impairment of DHPR and RyR1 function in 

dysf-/- skeletal muscle (Ampong et al., 2005, Klinge et al., 2010b, Flix et al., 2013, Kerr 

et al., 2013, Lukyanenko et al., 2017). The variations in dysf-/- soleus muscle function 

may be explained by myofibre type specific isoform variations in Ca2+ handling proteins, 

such as SERCA and calsequestrin, present in slow and fast twitch myofibres (Berchtold 

et al., 2000, Bottinelli and Reggiani, 2000). 

In the BLAJ EDL, the relative increase in the proportions of MHC isoform ‘intermediate’ 

type IIx myofibres compared with ‘fast’ type IIb myofibres, may account for some of the 

differences in our ex vivo function measures, namely longer relaxation time and leftward 

shift of the force frequency curve. This shift in MHC isoform composition reflects 

findings in humans with advanced stage dysferlinopathy, where muscle biopsies from 

quadriceps, gastrocnemius, biceps, triceps, and deltoid muscles, displayed a type I 

myofibre predominance of up to 80%, suggesting a selective loss of type II myofibres 

(Fanin and Angelini, 2002). In addition to an impact of dysferlin-deficiency on EC 

coupling that will affect muscle function, molecular disturbances that could preferentially 

impact the cellular and metabolic activities of slow or fast twitch myofibres need to be 

considered. In this context, studies in normal soleus and EDL muscles of adult male rats 

aging from 3 to 12 months, show substantial changes in many physiological and 

biochemical characteristics during early to mid-adulthood (Xu et al., 2017a); such post-

growth changes in different muscles may affect the onset and progression of muscle 

diseases such as dysferlinopathy.  

Previous experimental studies using dysf-/- mice have focussed more on limb girdle 

muscles with pronounced histopathology, rather than distal limb muscles such as the 

soleus (without marked histopathology). However, we have shown that the soleus is in 

fact impacted by dysferlin-deficiency in terms of mass and contractile function. The 

soleus muscle from mice is reported to be similar to human skeletal muscle, due to the 

higher proportion of slow twitch myofibres (Kho et al., 2006), thus our murine results 

may have strong implications for understanding the dysferlinopathy pathology. Indeed, 

in the human disease, the soleus is one of the first muscles affected (Miyoshi et al., 1986), 

with recent detailed MRI analyses of many muscles in human dysferlinopathy patients 

showing pathological changes in the soleus, due to adipocyte replacement, early in the 

disease progression (Diaz-Manera et al., 2018). The differences in severity of 

dystropathology progression in the soleus between the human disease and the mouse 

model may be due (in part) to the very different loading patterns present between large 



FUNCTION OF DYSFERLIN-DEFICIENT MUSCLES 

 88 

bipedal humans and very small quadrupedal mice, combined with impact of the far longer 

growth phase (~16-20 years depending on gender) and longevity of humans compared 

with mice.  

Clearly further investigation into the nature of the impact of dysferlin-deficiency on the 

soleus and slow twitch myofibres in both species is of much interest. It would also be 

beneficial to investigate these functional characteristics of BLAJ skeletal muscle at other 

ages to better understand the progression of the disease. This new research focus on the 

nature of disease manifestation in different types of dysf-/- myofibres, is likely to provide 

novel insights into the molecular basis for the disease that will influence the selection of 

specific muscles for design of future pre-clinical studies and, of much importance 

clinically may identify new drug targets for future therapies for dysferlinopathies. 
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4.1.5 Corrigendum 

Note: a corrigendum was submitted to PlosONE, as shown below; however, they chose 

not to publish the corrigendum as the editor felt it did not impact the science of the paper. 

The authors regret that an error was introduced in Figure 4.7A and B when the figure was 

assembled. In the original Figure 4.7, the non-contiguous lanes (WT and BLAJ) of the 

gel were not indicated. The corrected version is shown below. This image substitution 

would not affect any results presented in the originally published version, nor the 

corresponding text description and the conclusion of the paper. The authors apologise for 

any inconvenience or misunderstanding that this error may have caused. 

 

Figure 4.7: Myofibre myosin heavy chain (MHC) composition of soleus and EDL muscle from WT 

and BLAJ mice aged 10 months (n = 6). Representative MHC gels (A, B) for soleus and EDL muscles, 

loaded with a pooled sample (Mixed) used to generate the Calibration curve (see Methods), with (C, D) 

showing percentage of different MHC in soleus and EDL muscles. ** BLAJ significantly different to WT 

(ps < 0.01). Data are presented as individual values with horizontal lines indicating mean ± SD. Non-

contiguous lanes from the same gel are separated by black dashed lines. 
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4.2 IMPACT OF DYSFERLIN DEFICIENCY ON CA2+-ACTIVATION 

PROPERTIES OF ISOLATED MYOFIBRES 

4.2.1 Introduction 

Our study (Section 4.1) showed myofibre-type specific differences in soleus and EDL 

muscle function, between dysf-/- BLAJ and C57BL/6J WT mice, that could not be fully 

accounted for by altered myofibre-type composition (Lloyd et al., 2019). Therefore, our 

findings are indicative of disrupted Ca2+ handling in dysf-/- muscle. This brief results 

section investigates whether these functional changes are explained by alterations in the 

myofilament response to Ca2+, specifically the impact of dysferlin deficiency on Ca2+-

activation properties of isolated slow- and fast-twitch myofibres. 

4.2.2 Methods 

Animals 

This study used three-month-old WT and BLAJ male mice (n = 2). Mice were maintained 

as described in Chapter 3. Mice were anaesthetised using sodium pentobarbitone 

(40 mg/kgBM, i.p.) and placed on a heated plate at 37°C to maintain core body 

temperature. The soleus and EDL muscles from both hind limbs were excised, blotted dry 

and kept in paraffin oil at 5ºC until use. Mice were then euthanised (by overdose of 

pentobarbitone) and additional tissues, were snap frozen for later analyses. 

Isolated myofibre Ca2+-activation properties 

Myofibre isolation & preparation 

The dissection of single myofibres was performed with the muscle pinned out under 

paraffin oil, on a bed of Sylgard. Myofibres were isolated from the medial region of the 

respective muscles. Following dissection, myofibres were chemically skinned through 

exposure to Triton X-100 (permeabilising detergent) for 12 mins, resulting in the 

disruption of all cellular membranous compartments, which destroys the endogenous 

Ca2+-handling system and leaves only the contractile apparatus functionally intact (see 

Figure 4.8 for a schematic diagram). This preparation primarily allows the Ca2+-activation 

properties of the myofibres to be examined directly. 

Each myofibre was mounted between a rigid pin, attached to the arm of a force transducer 

(model BAM4C, Scientific Instruments, Heidelberg, Germany), and a pair of fine forceps 
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using braided silk thread. Force responses were recorded and analysed using PowerLab 

data acquisition software (AD Instruments, UK) connected to a desktop computer. 

 

Figure 4.8: A schematic depiction of chemically skinning a myofibre. Chemical skinning by exposure 

to Triton X-100 disrupts all membrane structures of the myofibre and leaves only the myofilaments intact, 

bypassing the excitation-contraction coupling pathway and calcium (Ca2+) release from the sarcoplasmic 

reticulum (SR), allowing Ca2+-activation properties to be examined directly. 

 

Solutions 

The Ca2+-activation properties of myofibres were determined by exposing chemically 

skinned myofibres to Ca2+-ethylene glycol-bis(β-aminoethyl ether)-N,N,N′,N′-

tetraacetic acid (EGTA) solutions of known free Ca2+ concentrations. Solutions were 

prepared according to established methods (Stephenson and Williams, 1981), and their 

compositions are given in Table 4.2. All solutions had a pH of 7.10 ± 0.01, with added 

sodium azide to inhibit mitochondrial Ca2+ fluxes. The buffered Ca2+ solutions were 

prepared by mixing varying ratios of Solutions A (relaxing solution) and B (maximum 

activation Ca2+ solution). Free Ca2+ concentrations were calculated using a previously 

determined apparent affinity constant for EGTA of 4.78 × 106 (Fink et al., 1986). 

Evaluation of the contractile apparatus’ response to Ca2+ 

The force response of skinned myofibres was measured when myofibres were exposed to 

a series of solutions of decreasing power of Ca2+ (pCa; -log10[Ca2+]), i.e., increasing Ca2+ 

concentrations from pCa 8 (relaxing solution A) to 4.5 (i.e., maximal Ca2+ activating 

solution B). Once a steady-state force response was established, myofibres were then 

moved to the next activating solution, producing a staircase-like increase in force until 

maximum Ca2+-activated force was produced. 



FUNCTION OF DYSFERLIN-DEFICIENT MUSCLES 

 92 

Table 4.2: Composition of solutions used in skinned myofibre experiments. The main solutions used 

were the relaxing solution (A), maximal calcium (Ca2+) activating solution (B), and maximal strontium 

(Sr2+) activating solution (S). Abbreviations: ATP: adenosine triphosphate; EGTA: ethylene glycol-bis(β-

aminoethyl ether)-N,N,N′,N′-tetraacetic acid; HEPES: N-2-hydroxyethylpiperazine-N-2-ethane sulfonic 

acid; K+: potassium; Mg2+: magnesium; Na+: sodium; NaN3: sodium azide; pH: power of hydrogen. 

 Concentration (mM) 

Compound Solution A Solution B Solution S 

K+ 126 126 126 

Na+ 36 36 36 

Ca2+  47.5  

Sr2+   40 

Mg2+ 10.3 8.1 8.1 

EGTA 50 50 50 

HEPES 90 90 90 

NaN3 1 1 1 

ATP 8 8 8 

Creatine phosphate 10 10 10 

pH 7.10 ± 0.01 

 

Ca2+-activated force responses were expressed as a percentage of maximal force and 

plotted as function of pCa. Data were fitted with sigmoidal curves using GraphPad Prism 

(Version 9, GraphPad Software, Inc., USA), and the Ca2+ sensitivity parameters Hillslope 

coefficient (the maximum slope of the force-pCa curve, which is an estimate of 

cooperative interactions between myofibrillar elements) and pCaX (the amount of Ca2+ 

needed to produce ‘X’ amount of force) were derived. For example, pCa10 represents the 

pCa values that produces 10% of the maximum Ca2+-activated force, giving an indication 

of the pCa level required to elicit a force response (i.e., pCa threshold for Ca2+ activation). 

Specific force (mN/mm2) was calculated as maximum Ca2+-activated force (mN) 

normalised to myofibre CSA (mm2), which was estimated from myofibre diameter 

measurements. Myofibre diameters were measured, prior to contractile apparatus 

evaluation, at a minimum of three sites along the myofibre using a glass graticule on the 

eyepiece of a dissection microscope. Myofibre CSA was assumed to be ellipsoidal and 

was approximated by the formula: CSA = (π × a × b)/4, where a is the major axis of the 

ellipse (taken as the largest diameter measurement), and b is the minor axis of the ellipse 

(smallest diameter measurement). 
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Determination of myofibre-type based on the sensitivity of the contractile apparatus to 

strontium 

Following contractile apparatus evaluation, myofibres were classified as slow- or fast-

twitch using strontium (Sr2+) sensitivity measures. Myofibres were exposed to two Sr2+-

EGTA buffered solutions of known Sr2+ concentration, prepared by mixing different 

proportions of maximal Sr2+ activating solution S (see Table 4.2) with the relaxing 

solution A to achieve power of Sr2+ of 5.5 (‘low’) and 4.5 (‘high’). Myofibre-type 

classification was determined by the ratio of the force responses to ‘low’ and ‘high’ pSr 

solutions, where slow-twitch myofibres, which are more sensitive to Sr2+ than fast-twitch 

myofibres, had a higher ratio (~75-85%) compared to fast (~0-5%). 

Statistical analyses 

All data are presented mean values ± standard error of mean (SEM). Data were examined 

using separate one-way Analyses of Variance (ANOVAs), two-way ANOVAs, or t-tests 

where appropriate. Post hoc comparisons with Holm-Bonferroni corrections were 

conducted for each statistical test where appropriate, with statistical significance taken as 

p < 0.05. Statistical analyses were performed using Jamovi (Version 1.2). 

4.2.3 Results 

Dysferlin deficiency did not impact the Ca2+-activation properties of slow- or fast-twitch 

myofibres, with no differences between WT and BLAJ for maximum Ca2+-activated 

specific force (Figure 4.9), nor Ca2+ sensitivity, including force-pCa curves (Figure 4.10) 

and measures of Hillslope coefficient, pCa10, pCa50, or pCa90 (p > 0.05) (Table 4.3). 

 

Figure 4.9: Maximum Ca2+-activated specific force of isolated slow- and fast-twitch myofibres from 

normal WT and dysferlin-deficient BLAJ mice aged three months. Dysferlin deficiency had no impact 

on the maximum force production of slow- and fast-twitch myofibres (classified by strontium sensitivity 

test) (p > 0.05). Data are presented as mean ± SEM (n = 3-7). 
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Figure 4.10: Force-pCa relationship of isolated (A) slow- and (B) fast-twitch myofibres from normal 

WT and dysferlin-deficient BLAJ mice aged three months. Dysferlin deficiency had no impact on the 

Ca2+ sensitivity of slow- and fast-twitch myofibres (classified by strontium sensitivity test) (p > 0.05). Data 

are expressed as percentage of maximum force, presented as mean ± SEM (n = 3-7). 

 

Table 4.3: Ca2+ sensitivity parameters of isolated slow- and fast-twitch myofibres from soleus and 

EDL muscles from normal WT and dysferlin-deficient BLAJ mice aged three months. Dysferlin 

deficiency had no impact on the Ca2+ sensitivity of slow- and fast-twitch myofibres (classified by strontium 

sensitivity test) (p > 0.05). Data are presented as mean ± SEM (n = 3-7). 

 Slow Fast 

 WT BLAJ WT BLAJ 

Hillslope 5.71 ± 0.99 5.05 ± 0.47 4.62 ± 0.37 5.16 ± 0.30 

pCa10 6.65 ± 0.03 6.65 ± 0.03 6.45 ± 0.03 6.43 ± 0.01 

pCa50 6.48 ± 0.03 6.47 ± 0.01 6.24 ± 0.03 6.25 ± 0.01 

pCa90 6.30 ± 0.04 6.24 ± 0.01 6.02 ± 0.05 6.05 ± 0.02 

 

4.2.4 Discussion 

Lloyd et al. (2019) (Section 4.1), showed that dysferlin deficiency altered the contractile 

function of intact, predominantly slow- and fast-twitch skeletal muscles largely 

independent of changes in myofibre-type composition, supporting the growing consensus 

that dysferlin deficiency disrupts Ca2+ handling. To investigate this further, this brief 

study assessed Ca2+-activation properties of isolated myofibres from three-month-old WT 

and dysf-/- BLAJ mice. There were no differences in the maximum Ca2+-activated force 

nor Ca2+ sensitivity, indicating that altered contractile function of dysf-/- muscles is not 

due to intrinsic differences in myofilament responses to Ca2+, rather it is likely that 
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dysferlin deficiency impacts other aspects of EC coupling/Ca2+ handling as indicated by 

previous studies discussed below. 

Dysferlin is localised at the sarcolemma and T-tubules in both developing/regenerating 

(Klinge et al., 2007, Klinge et al., 2010b) and mature muscles (Ampong et al., 2005, 

Roche et al., 2011, Flix et al., 2013, Kerr et al., 2013), where the absence of dysferlin is 

associated with ultrastructural changes in the T-tubules (Klinge et al., 2010b, 

Demonbreun et al., 2014). It is hypothesised that these morphological changes to the T-

tubules, which are observed in early stages of the disease prior to noticeable abnormalities 

in muscle micro-architecture, may contribute to the altered Ca2+ signalling reported in 

dysf-/- muscle, however the mechanisms underlying these alterations have not yet been 

fully elucidated (Al-Qusairi and Laporte, 2011, Hofhuis et al., 2017). 

Dysferlin is known to interact with many Ca2+-handling proteins including 

dihydropyridine receptor (DHPR), ryanodine receptor (RyR), caveolin-3, and 

calsequestrin-1, which are central to regulating T-tubule development and EC coupling 

(Ampong et al., 2005, Hernández-Deviez et al., 2006, Flix et al., 2013, Kerr et al., 2013). 

Alterations in basal intracellular free Ca2+ (Cea et al., 2016, Fernández et al., 2020) and 

voltage-induced Ca2+ transients (Kerr et al., 2013, Hofhuis et al., 2017, Lukyanenko et 

al., 2017, Barefield et al., 2021) have been reported for dysf-/- myotubes and myofibres in 

vitro, including freshly isolated myofibres and cultured myofibres or myotubes, however 

the direction of these changes has been varied. One study showed that reduced Ca2+ 

transients in cultured dysf-/- myofibres, taken from the flexor digitorum brevis, were 

restored to control levels (~20% increase from dysf-/-) by blocking DHPR/L-type Ca2+ 

channels with diltiazem, and by restoration of dysferlin expression near the triad junction 

(i.e., the interface between T-tubule and sarcoplasmic reticulum, including junction 

proteins DHPR and RyR), strongly implicating dysferlin’s interaction with DHPR in the 

altered EC coupling (Lukyanenko et al., 2017). Moreover, studies have shown that 

increased osmotic shock induced damage of dysf-/- myofibres (from flexor digitorum 

brevis muscles), compared to control, is ameliorated by pharmacological inhibition of 

DHPR/L-type Ca2+ channels and RyR1, or reducing extracellular Ca2+ (Kerr et al., 2013, 

Lukyanenko et al., 2017), indicating that dysf-/- muscle may be more susceptible to injury 

as a result of Ca2+-induced damage to T-tubules. Preventing muscle damage by reducing 

external Ca2+ or blocking L-type Ca2+ channels (with diltiazem), suggests the 

involvement of the DHPR/L-type Ca2+ channel in the pathology, rather than mechanically 

induced sarcolemmal tears as previously hypothesised (Covian-Nares et al., 2010). 
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Consequently, it has been posited that dysferlin modulates sarcoplasmic reticulum Ca2+ 

release by stabilising the mechanochemical coupling of DHPR and RyR1, though the 

exact mechanism of this stabilisation is not clear (Kerr et al., 2013, Kerr et al., 2014b, 

Lukyanenko et al., 2017). 

Furthermore, the lipid-associated pathology evident in dysferlin deficiency may also 

contribute to these alterations in Ca2+ handling. There is clear metabolic involvement to 

the dysf-/- pathology, demonstrated by lipid droplet and adipose tissue accumulation, 

impaired glycolytic metabolism, and very different lipid profiles between WT and dysf-/- 

mice (Grounds et al., 2014, Schoewel et al., 2015, Agarwal et al., 2019, Haynes et al., 

2019). Notably, Haynes et al. (2019) reported striking increases in a broad array of lipids, 

including phospholipids, sphingolipids, and cholesterol, which are major components of 

the sarcolemma (Fiehn et al., 1971), and may have implications for T-tubule development 

and Ca2+ handling. T-tubule development is dependent on lipids, where cholesterol-

binding caveolin, a known interactor with dysferlin, appears to have a key role (Matsuda 

et al., 2001) (Al-Qusairi and Laporte, 2011). Furthermore, short-term removal of 

cholesterol in the T-tubule membrane altered Ca2+ handling by impacting the 

depolarisation of the T-tubules and DHPR function (Launikonis and Stephenson, 2001, 

Launikonis and Stephenson, 2002). Taken together, it is likely that the lipid-associated 

pathology may impact Ca2+ handling in dysf-/- muscle, by influencing T-tubule formation 

and triad junction function; thus, further investigation is warranted. 

It is important to note that Ca2+-activation properties of dysf-/- myofibres were assessed 

only in muscles from mice aged three months, whereas Lloyd et al. (2019) (Section 4.1) 

used muscles from mice aged 10 months. Isolated myofibre analyses were attempted with 

10-month-old mice, however, the 10-month dysf-/- slow-twitch myofibres were fragile 

and difficult to excise. Interestingly, when these myofibres broke, there were observable 

lipid droplets released into the paraffin oil, which is unsurprising due to the reported lipid 

droplet deposition in dysf-/- slow oxidative (type 1) myofibres (Demonbreun et al., 2014, 

Grounds et al., 2014). Thus, it was not possible to conduct isolated myofibre analyses in 

10-month-old mice. Therefore, these preliminary data can only inform the intrinsic 

impact of dysferlin deficiency on Ca2+ sensitivity, not potential age-related changes 

associated with disease progression. Nonetheless, these results rule out any direct effects 

of dysferlin deficiency on myofilament force production and support the likely 

involvement of altered EC coupling/Ca2+-handling proteins in dysferlinopathy-related 

contractile dysfunction. 
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4.3 CHAPTER SUMMARY 

This chapter demonstrates that dysferlin deficiency has subtle myofibre-type specific 

effects on the function of intact muscles. Specifically, that dysferlin deficiency 

significantly alters the contractile properties of predominantly slow-twitch skeletal 

muscle, with differing effects on predominantly fast-twitch muscle from older mice (aged 

10 months) (Lloyd et al., 2019). The changes to twitch contraction times, in the absence 

of marked changes to myofibre-type composition, suggest the likely involvement of 

disturbed Ca2+ handling affecting EC coupling. Moreover, these functional changes in 

dysf-/- muscles are not explained by intrinsic differences in the Ca2+-induced force 

production of the myofilaments in dysf-/- muscle. However, there is evidence that 

dysferlin may impact Ca2+ handling, specifically EC coupling, via altered T-tubule 

formation and Ca2+-handling protein function. The impact of dysferlin deficiency on the 

abundance of Ca2+ handling-associated proteins is examined in Chapter 6. 
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5 GLUCOCORTICOID TREATMENT OF DYSFERLIN-
DEFICIENT MUSCLES 

The detailed functional studies described for WT and BLAJ mice aged 10 months in 

Section 4.1 (Lloyd et al., 2019), were conducted in parallel with studies of WT and BLAJ 

mice aged 10 months treated with the glucocorticoid dexamethasone for five weeks 

(reported in this Chapter). This chapter investigates the molecular basis for the 

accelerated loss of muscle function reported in dysferlinopathy patients treated with 

glucocorticoids, using two studies (for mice aged 5 and 10 months) with measures of 

muscle function and myofibre-type composition for slow-twitch soleus and fast-twitch 

EDL muscles (as in Chapter 4), combined with gene expression in psoas and quadriceps 

muscles and liver (related to metabolism and the immune system). Note this chapter is in 

the form of a manuscript prepared for submission. 

Lloyd, EM, Crew, RC, Haynes, VR, White, RB, Jackaman, C, Mark, PJ, Pinniger, 

GJ, Murphy, RM, Watt, MJ & Grounds, MG. Investigating the adverse effects of 

glucocorticoids on dysferlinopathy, by functional and molecular analyses after 

short-term Dexamethasone treatment in BLAJ mice. Pending submission. 
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ABSTRACT & KEYWORDS 

Glucocorticoids administered to patients with dysferlinopathy are reported to have 

adverse effects with accelerated loss of muscle strength, however the molecular basis for 

this is unclear. The glucocorticoid dexamethasone was administered for 4-5 weeks (0.5-

0.75 μg/mL in drinking water) to dysferlin-deficient BLAJ and normal wild-type (WT) 

male mice, sampled at 5 (Study 1) or 10 months (Study 2). Analyses included phenotype, 

and quantification of the expression of metabolism and immune-related genes in psoas 

and quadriceps muscles, and liver. Study 2 also analyzed function and myofiber-type 

composition of isolated (slow) soleus and (fast) extensor digitorum longus muscles. The 

main impact of dexamethasone on BLAJ mice was a striking increase in fat pad mass, 

indicating enhanced adipogenesis, and increased expression of inflammasome-related 

genes in muscles at 5 months. At both ages, many complement-related genes were highly 

expressed in BLAJ muscles, and WT mice were generally more responsive to 

dexamethasone than BLAJ. In untreated mice many parameters showed strain-specific 

differences. This study highlights the need for a greater focus on adipocytes and the 

immune system, including complement activation and the inflammasome, for longer-term 

investigations into actions of glucocorticoids on dysferlinopathy. These observations also 

emphasize the need to investigate levels of glucocorticoid receptors and associated 

signaling molecules in dysferlin-deficient muscles and adipocytes, and to consider 

implications of differences between slow and fast dysferlin-deficient myofibers. 

 

KEY WORDS: Limb girdle muscular dystrophy, dysferlinopathy, dysferlin, 

glucocorticoids, dexamethasone, skeletal muscle, adipocytes, complement, 

inflammasome 
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5.1 INTRODUCTION 

Dysferlinopathies are a heterogeneous class of autosomal recessive muscular dystrophies 

resulting from mutations in the dysferlin (Dysf) gene, which predominantly affect skeletal 

muscles and usually manifest once growth ceases, in young adults (Amato and Brown, 

2011). Clinically, dysferlinopathies present as limb girdle muscular dystrophy (LGMD) 

R2 dysferlin-related, previously known as LGMD2B (Straub et al., 2018b), or Miyoshi 

myopathy, with initial weakness in the proximal limb girdle or distal limb muscles, 

respectively (Amato and Brown, 2011, Harris et al., 2016), although these phenotypes 

overlap (Moore et al., 2021). Dysferlin is a member of the ferlin family and is a 

membrane-associated protein present in many cell types that binds to many other proteins 

and plays important roles in protein vesicle trafficking and fusion [reviewed by Lek et al. 

(2012) and Bulankina and Thoms (2020)]. Dysferlin protein is located in the sarcolemma 

and transverse tubules in skeletal and cardiac muscles where it is strongly associated with 

formation of these deep invaginations continuous with the sarcolemma (Klinge et al., 

2010b, Hofhuis et al., 2017, Hofhuis et al., 2020), and forms a complex with both 

dihydropyridine receptor and ryanodine receptors [reviewed by Bulankina and Thoms 

(2020)], although it is still unclear how dysferlin deficiency results in disease pathology 

(Cárdenas et al., 2016, Bulankina and Thoms, 2020). Unfortunately, there are currently 

no effective treatments available for patients with dysferlinopathy. 

Because dysferlinopathies have a pronounced inflammatory phenotype [reviewed in 

Tidball et al. (2018)] and were initially considered to resemble inflammatory myopathies 

(Hoffman et al., 2002), some patients were treated with synthetic glucocorticoids. 

Glucocorticoids such as prednisolone, deflazacort, and dexamethasone (Dex) have many 

complex short- and long-term benefits and adverse effects on signaling pathways related 

to metabolism and the inflammatory response, which are influenced by the regime for 

delivery [reviewed in Herbelet et al. (2020) and Quattrocelli et al. (2021)], and it is widely 

recognized that glucocorticoids can also cause muscle atrophy (Fappi et al., 2019). These 

steroids are widely used to treat many inflammatory and neuromuscular disorders, 

including myopathies such as myositis and Duchenne muscular dystrophy (DMD) where 

they offer many benefits, as well as some adverse side effects (Manzur et al., 2008, 

Moxley et al., 2010, Ernste and Reed, 2013, Matthews et al., 2016, Quattrocelli et al., 

2021). In contrast to the benefits of glucocorticoids in these other myopathies, one clinical 

study reported that patients with dysferlinopathy responded adversely to glucocorticoid 
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treatment, with accelerated loss of muscle strength (Walter et al., 2013), supporting earlier 

observations (Hoffman et al., 2002); discussed in Quattrocelli et al. (2021). Recently, 

further evidence for these adverse effects of glucocorticoids on dysferlinopathy was 

reported: the study described dysferlinopathy in 53 subjects from 33 families in Saudi 

Arabia, where 9 individuals (incorrectly diagnosed with polymyositis) treated with high-

dose steroids exhibited a decline in muscle strength and mobility (Alharbi et al., 2022). 

Adverse effects of glucocorticoids are also reported in two studies using daily prednisone 

or prednisolone in dysferlin-deficient (dysf-/-) mice (Quattrocelli et al., 2017, Sreetama et 

al., 2018) (these studies are discussed in more detail later). The reasons for this 

unexpected adverse clinical response of dysferlinopathy to classic glucocorticoids 

treatments are not known but could reveal key insights into the mechanistic basis of this 

dystropathology. 

Dysf-/- muscles in mice and humans are characterized by inflammation and by unusually 

pronounced lipid accumulation, with intramyocellular lipid droplets (Haynes et al., 2019), 

and later adipocyte replacement of myofibers in older mice and humans, which is 

pronounced in dysf-/- mouse quadriceps, psoas, and gluteus muscles by about 18 months 

of age (Terrill et al., 2013, Demonbreun et al., 2014, Grounds et al., 2014, Nagy et al., 

2017, Agarwal et al., 2019, Hogarth et al., 2019), becoming conspicuous in other muscles 

such as gastrocnemius, tibialis anterior, and extensor digitorum longus (EDL) by 24 

months (Defour et al., 2017). To accurately interpret data from molecular analyses it is 

essential to understand the extent of histopathology for different dysf-/- mouse muscles at 

various ages. Therefore, a short comment follows on dysf-/- muscles of mouse models, 

exemplified by BLAJ (B6.A-Dysfprmd/GeneJ) mice, up to 10 months of age, as used in 

this study (Nagy et al., 2017, Hogarth et al., 2019, van Putten et al., 2020). There is a low 

incidence (<1% by area) of myofiber necrosis in dysf-/- muscles, even in mice aged 12 

and 19 months (Terrill et al., 2013); instead it seems that some form of proteolysis may 

be the main reason for loss of dysf-/- myofibers (Cenacchi et al., 2005, Grounds et al., 

2014). Histopathology is barely evident in dysf-/- mice aged 3-5 months (apart from some 

central myonuclei) and yet disturbed lipid metabolism and an altered skeletal muscle 

lipidome are present in BLAJ mice aged 3-4 months (Haynes et al., 2019). Thus 3-5 

months is a good age to investigate intrinsic disturbances in dysf-/- mouse muscles, 

without secondary complications of myopathology that are evident in vulnerable muscles 

such as quadriceps and especially psoas by 10 months (Sellers et al., 2018); although 
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adipocyte replacement of myofibers is not conspicuous until after about 12 months (Nagy 

et al., 2017, Hogarth et al., 2019, van Putten et al., 2020). 

It is well recognized that glucocorticoids affect metabolism, and stimulate lipogenesis 

and adipogenesis [reviewed in Quattrocelli et al. (2021)], with a more pronounced effect 

of glucocorticoids on adipocyte expansion reported in injured muscles (Dong et al., 

2014); hence, we were interested in the possibility that these molecular aspects in 

dysferlinopathy might be exacerbated by glucocorticoid treatment and accelerate the 

functional decline of the dysf-/- muscles. Due to the marked differences in contractile and 

metabolic properties of slow and fast twitch myofibers, and since most muscles are a 

complex mixture of different myofiber types (Schiaffino and Reggiani, 2011), for some 

analyses we compared the predominantly slow soleus muscle composed of about 37% 

slow type 1 and 63% intermediate (2A/2X) myofibers, with the predominantly fast EDL 

muscle composed of about 34% intermediate and 66% fast type 2B myofibers (Augusto 

et al., 2004). The mouse soleus muscle most closely resembles relatively slow human 

muscles (Kho et al., 2006), and clinical studies using MRI identify soleus as the earliest 

and most affected muscles for human dysferlinopathy (Diaz-Manera et al., 2018). To 

investigate the molecular basis for the adverse effects of glucocorticoids on dysf-/- 

muscles, we conducted in vivo studies using short-term administration of the 

glucocorticoid Dex in BLAJ (and WT) mice at two different ages, with analyses including 

phenotype, functional measures and myofiber-type composition for soleus and EDL 

muscles, and gene expression in psoas and quadriceps muscles and liver (related to 

metabolism and immune system). 

5.2 MATERIALS AND METHODS 

5.2.1 Animals 

Two in vivo experiments were conducted (starting in 2015) using normal male C57BL6/J 

wild-type (WT) mice, the background strain for BLAJ mice, and dysf-/- BLAJ mice 

obtained from the Animal Resources Centre, Murdoch, Western Australia. Young mice 

aged 4-5 months (Study 1; n = 8 mice/group) and older mice aged 9-10 months where 

histopathology is more evident (Study 2; n = 8-9 mice/group) were used. Mice were 

transferred to the Preclinical Animal Facility at the University of Western Australia and 

housed under a 12-hour light-dark cycle at an ambient temperature of 20-22°C, with free 

access to water and standard rodent chow. The young mice were caged in groups of eight 
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mice (Study 1). However, for Study 2, all mice were housed individually in adjacent cages 

with clear sides, due to aggression and fighting of male BLAJ mice at this age: they were 

acclimatized for one week before start of the experiment. All animal procedures were 

approved by the Animal Ethics and Experimentation Committee of the University of 

Western Australia (RA/3/100/1436), in accordance with the guidelines of the National 

Health and Medical Research Council of Australia. 

5.2.2 Dex treatment of mice at two ages (Study 1 and Study 2) 

Mice were treated with the synthetic glucocorticoid Dex as dexamethasone acetate 

(Sigma-Aldrich Chemical Co., St Louis, MO, USA) in drinking water (Mark et al., 2014). 

Dex is soluble in water and is ~50-fold more potent than corticosterone (the major adrenal 

corticosteroid in mice) at activating the glucocorticoid receptor (Karssen and de Kloet, 

2007): Dex is widely used clinically and in animal studies (Meduri and Chrousos, 2020). 

Untreated mice received normal drinking water. Water was replaced twice weekly, and 

water consumption was recorded throughout the treatment period. Dex delivery in 

drinking water is far less stressful for mice than acute administration by daily oral gavage 

or intraperitoneal injection of glucocorticoids during the daytime (widely used in animal 

studies). Consumption of Dex in water accords with the onset of normal nocturnal activity 

(during the dark phase) with drinking and circadian influences on metabolism in the mice: 

it is noted that endogenous corticosterone is produced by the adrenal cortex in response 

to circadian and stress stimuli (Ramamoorthy and Cidlowski, 2016). 

Many rodent studies with Dex only use short-term administration, e.g., 8-10 days (Mark 

et al., 2014), whereas we aimed to treat mice for several weeks to maximize opportunity 

for molecular changes, and also possible tissue and muscle function changes. Since Dex 

is known to cause muscle atrophy (Schäcke et al., 2002, Schakman et al., 2008, Fappi et 

al., 2019), there was concern that muscle wasting might be more pronounced in dysf-/- 

muscles and, since Animal Ethics will not allow experiments to continue if an animal 

loses >15% of body weight, experiments needed to proceed with caution. 

In the pilot study (Study 1), young adult WT and BLAJ mice were untreated or provided 

with 0.5 µg/mL Dex in their drinking water for five weeks: beginning at 4 months of age 

and then sacrificed at ~5 months of age. Since weight loss was not pronounced in Study 

1, a slightly higher Dex dose was used in Study 2, to assess the impact of Dex during a 

period of more advanced disease. Older mice were untreated or administered Dex at a 
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dose of 0.75 µg/mL Dex in water for four weeks: beginning at 9 months of age and then 

sacrificed at 10 months of age. 

Following the Dex treatments, mice were anesthetized via intraperitoneal injection of 

sodium pentobarbitone (40 mg/kg dose), weighed (for body mass), and muscles (soleus, 

EDL, gastrocnemius, quadriceps, and psoas), liver, and epididymal adipose tissue were 

dissected, weighed and, in most cases, were immediately snap frozen in liquid nitrogen 

and stored at -80°C until further analysis. For mice in Study 2, soleus and EDL muscles 

(from one leg) were dissected and used for functional analyses (described below) with 

the contralateral muscles snap frozen. Animals were euthanized via an overdose of 

intraperitoneal sodium pentobarbitone. 

5.2.3 Muscle function and myosin heavy chain composition (Study 2) 

Grip strength 

Forelimb grip strength was measured for mice aged 10 months using a Chatillon Digital 

Force Gauge (Model DFE-002; AMETEK, FL, USA) as previously described (Lloyd et 

al., 2019). The average of four consecutive grip strength tests was recorded and 

normalized to body mass (g/gBM). Measures of grip strength and body mass were made 

weekly throughout the treatment period and on the morning of sampling day for all 

experimental groups. 

Ex vivo assessment of contractile function in soleus and EDL muscles 

Ex vivo analyses of soleus and EDL function were undertaken as described in detail 

previously (Lloyd et al., 2019). Briefly, mice were anesthetized (by sodium 

pentobarbitone) and placed on a heated plate at 37°C to maintain core body temperature. 

The soleus (predominantly slow twitch myofibers) and EDL (predominantly fast twitch 

myofibers) muscles were dissected and mounted in an in vitro force transducer system 

(1205A, Aurora Scientific Inc., Aurora, Canada) in an organ bath filled with mammalian 

ringer solution, bubbled with Carbogen (95% O2, 5% CO2) and maintained at 25°C. 

Assessment of contractile function included peak isometric twitch force, time to peak 

twitch force, half-relaxation time, maximum rate of force production, and the force-

frequency relationship including maximum tetanic force. Muscle fatigability was 

assessed using an isometric fatigue protocol. Muscles were stimulated once every two 

seconds for 100 stimulations (~3.5 minutes (mins)), with 800 ms pulses at 60 Hz for the 

soleus, and 500 ms pulses at 70 Hz for the EDL. Fatigue was measured as the percentage 
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of initial force, and post-fatigue recovery was monitored at 5-min intervals for 40 mins. 

Force (N) was normalized to cross-sectional area calculated from myofiber length, 

muscle mass, and density (1.056 g/cm3) and presented as specific force (N/cm2). 

Myofiber typing by quantification of myosin isoform proteins 

Skeletal muscle myofiber myosin heavy chain (MyHC) composition was determined by 

quantifying proteins for four distinct MyHC isoforms, ranging from slow to fast as MyHC 

1, 2A, 2X, and 2B, in homogenates of soleus and EDL muscles from all mice in Study 2 

as described previously (Lloyd et al., 2019). In brief, the muscle homogenates were 

denatured, and 20 µg total protein separated using SDS-PAGE, adapted for optimal 

separation of the four MyHC isoforms, as previously described (Xu et al., 2017a, Lloyd 

et al., 2019). Gels were stained with Coomassie brilliant blue G250 to visualize the MyHC 

protein bands, images were collected, and densitometry of each band performed using the 

Chemidoc MP system and Image Lab version 6.0 (Bio-Rad). 

5.2.4 Molecular analyses 

Gene expression analysis (Study 1 and 2) 

Expression of selected genes related to metabolism, adipogenesis, inflammation, and the 

complement pathway (see Table 5.1) were measured by reverse transcription quantitative 

Polymerase Chain Reaction (RT-qPCR). These specific genes were selected for analysis 

as we proposed that Dex might have adverse effects on BLAJ metabolism with a focus 

on lipogenesis and adipogenesis (see Introduction), and also adverse effects on the 

immune system, since increased inflammation and activation of the complement system 

is widely reported in dysferlinopathy (Selcen et al., 2001, Wenzel et al., 2005, Han et al., 

2010). The expression analyses for key genes of interest (Table 5.1) for Study 1 

(conducted at the University of Melbourne) used slightly different methodology to Study 

2; therefore is not appropriate to directly compare levels between results from Studies 1 

and 2. Total RNA was extracted from muscle and liver tissues (for both studies) using the 

Qiazol method, as per the manufacturer’s instructions (Qiagen, VIC, Australia). The 

concentration and purity of RNA was assessed using the Nanodrop ND-1000 

spectrophotometer (Thermo Scientific, Wilmington, DE, USA). Total RNA (1 µg) was 

converted to cDNA using a QuantiTect Reverse Transcription Kit (Qiagen, VIC, 

Australia), which incorporates a genomic DNA elimination reaction prior to reverse 

transcription. 
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For Study 1, synthesis of complementary DNA from 1 µg of total RNA was performed 

using an iSCRIPT kit (Bio-Rad, Hercules, California, USA), then each 10 µl RT-qPCR 

reaction consisted of 5 µl SYBR Green Master Mix (Qiagen, Hilden, Germany), 1 µl 

forward and reverse gene-specific primers (20 µM; either Qiagen or Sigma-Aldrich), 3 µl 

H2O, and 1 µl cDNA. The PCR reaction cycle included an incubation period of 95°C for 

10 mins, denaturation at 95°C for 5 s, annealing at 60°C for 20 s and elongation at 72°C 

for 20 s, and was performed using a CFX384 Touch Real-Time PCR Detection System 

(Biorad, Hercules, California, USA). The reference genes used to normalize values were 

hypoxanthine-guanine phosphoribosyltransferase (Hprt) in the liver and skeletal actin 

(Acta1) in psoas muscle. Relative gene expression was calculated using the delta-delta Ct 

method. 

The gene expression levels for Study 2 (analyzed in Perth laboratory) were measured by 

RT-qPCR using a Rotorgene Q machine (Qiagen, Hilden, Germany). All gene-specific 

primer sets were supplied by Qiagen (QuantiTect Primer Assay, Qiagen, VIC, Australia; 

see Table 5.1 for specific catalogue numbers). Each 10 µl PCR reaction consisted of 2 µl 

QuantiTect primer, 5 µl Qiagen SYBR green pre-mix, 2 µl ddH2O, and 1 µl cDNA 

template. The two-step PCR reaction cycle included an incubation period of 95°C for 

5 mins, denaturation at 95°C for 15 s and combined annealing and elongation steps at 

60°C for 30 s. Standard curves were generated from 10-fold serial dilutions of PCR 

product and were used to determine relative gene expression concentration with 

Rotorgene Q series software. All values were standardized against the reference genes 

Ppia and Tbp1, using the GeNorm algorithm (Vandesompele et al., 2002). 

5.2.5 Statistical analysis 

All data are presented as mean values ± standard error of mean (SEM). Gene expression 

data were log10 transformed to improve normality. The impact of Dex treatment on 

dysferlin deficiency was examined using separate two-way and three-way Analyses of 

Variance (ANOVA), or unpaired two-tailed t-tests where appropriate. Post hoc 

comparisons with Holm-Bonferroni corrections were conducted for each statistical test 

where appropriate, with statistical significance taken as p ≤ 0.05. Statistical analyses were 

performed using Jamovi (Version 1.6). 
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Table 5.1: List of genes quantified by qPCR. 

Gene Encoding protein 
Primer sequence or Qiagen catalogue number 

Study 1 (young) Study 2 (old) 

Metabolic and lipogenic/adipogenic genes 

Acaca Acetyl-CoA carboxylase 1 F5’ CTGTATGAGAAAGGCTATGTG 3’ 
R5’ AACCTGTCTGAAGAGGTTAG 3’ 

QT00258419 

Acly ATP citrate lyase F5’ ATATTCATCAGCTTCCTCCC 3’ 
R5’ 

TCCAAGAAGCCAAATCTTATCCTG 3’ 
QT00163030 

Cebpa CCAAT enhancer binding 
protein alpha 

F5’ AAGGGTGTATGTAGTAGTGG 3’ 
R5’ AAAAAGAAGAGAAGGAAGCG 3’ 

QT00311731 

Cebpδ CCAAT/enhancer-binding 
protein delta 

F5’ ACAAAGTGTTTAGGTTGGAC 3’ 
R5’ GTAAAGCTTCAGCCAGTATC 3’ 

QT00295883 

Chrebp Carbohydrate-responsive 
element-binding protein - QT00125335 

Fasn Fatty acid synthase F5’ GATTCAGGGAGTGGATATTG 3’ 
R5’ CATTCAGAATTCGTGGCATAG 3’ 

QT00149240 

Glut4 
(Slc2a4) 

Glucose transporter type 4 F5’ CAATGGTTGGGAAGGAAAG 3’ 
R5’AATGAGTATCTCATAGGAGGC 3’ 

QT01044946 

Lpl Lipoprotein lipase F5’ GAGACTCAGAAAAAGGTCATC 3’ 
R5’ GTCTTCAAAGAACTCAGATGC 3’ 

QT01046017 

Pparγ Peroxisome proliferator 
activated receptor gamma 

F5’ AAAGACAACGGACAAATCAC 3’ 
R5’ GGGATATTTTTGGCATACTCTG 3’ 

QT00100296 

Srebf1 Sterol regulatory element-
binding transcription factor 1 

F5’ AATAAATCTGCTGTCTTGCG 3’ 
R5’ CCTTCAGTGATTTGCTTTTG 3’ 

QT00167055 

Immune and complement genes 

C1qb Complement C1q B chain QT00495299 QT00495299 

C3 Complement component 3 QT00109270 QT00109270 

C3ar1 complement 3a receptor 1 QT00251216 - 

C4 Complement component 4 QT01074948 QT01074948 

C5 Complement component 5 QT00102032 - 

C5ar1 Complement 5a receptor 1 - QT00288232 

C5ar2 Complement 5a receptor 2 QT00287553  - 

Casp1 Caspase 1 QT00199458 QT00199458 

Daf1 Decay accelerating factor 1 
for complement (CD55) QT00133994 - 

Daf2 Decay accelerating factor 2 
for complement B (CD55b) QT00172984 - 

Nlrp3 NLR family pyrin domain 
containing 3 QT00122458 QT00122458 

Tnf Tumor necrosis factor  - QT00104006 

Reference genes 

Acta1 Actin, alpha 1, skeletal actin F5’ATTCCTTCGTGACCACAGCTGAAC
GT 3’ 

- 
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Gene Encoding protein 
Primer sequence or Qiagen catalogue number 

Study 1 (young) Study 2 (old) 

Hprt Hypoxanthine guanine 
phosphoribosyl transferase 

R5’ 
CGCGAACGCAGACGCGAGTGCGC 3’ 

- 

Ppia 
Peptidylprolyl isomerase A 

F5’ AGGGATTTGAATCACGTTTG 3’ F5’ 
AGCATACAGGTCCTGGCATC 

3’ 

Sdha Succinate dehydrogenase 
complex flavoprotein subunit 
A 

R5’ TTTACTGGCAACATCAACAG 3’ R5’ 
TTCACCTTCCCAAAGACCAC 

3’ 

Tbp 
TATA-box binding protein 

- F5’ 
TGGGGCGACTCGTGGCTTTC 

3’ 

Note: Some genes were only analyzed in one study: - indicates not measured. 

5.3 RESULTS 

5.3.1 Phenotype 

Study 1: Dex treatment in young mice aged 5 months  

Dex (0.5 µg/mL in drinking water) was delivered for 5 weeks to male WT and BLAJ 

mice, compared with untreated control WT and BLAJ mice, with all mice sampled at 

5 months of age; analyses included phenotype and quantification of gene expression 

related to metabolism and immune function for psoas muscles and liver. 

Body mass in BLAJ mice was significantly lower overall than WT at 5 months of age 

(p < 0.05) (Figure 5.1A). Similarly, fat (epidydimal) mass was reduced in BLAJ mice 

compared with WT; however, this 50% reduction in fat mass in untreated BLAJ, 

compared with WT, was attributable to a trending interaction effect (p = 0.06) (Figure 

5.1B). Notwithstanding, when only untreated strains are compared, BLAJ had 

significantly lower fat pad mass (~50%) compared to WT (Student’s t-test, p < 0.05). 

Furthermore, when only assessing the impact of Dex on BLAJ mice, Dex treated BLAJ 

had significantly increased fat pad mass (up to WT levels) (Student’s t-test, p < 0.05). 
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Figure 5.1: Whole body (A) and epididymal fat pad mass (B) of mice aged 5 months. Data for WT 

and BLAJ mice, without and with Dex treatment. Data analyzed by two-way ANOVA: * BLAJ (± Dex) 

vs WT (± Dex) (p < 0.05, strain effect). Data are presented as mean ± SEM (n = 8). 

 

Food and water consumption throughout this experiment was significantly higher in 

untreated BLAJ compared to untreated WT, while Dex treatment significantly reduced 

both food and water consumption in BLAJ mice, but not in WT (p < 0.0001) 

(Supplementary Figure 5.1). 

Study 2: Dex treatment in adult mice aged 9-10 months 

A slightly higher dose of Dex (0.75 µg/mL in drinking water) was delivered for only 4 

weeks to male WT and BLAJ mice, compared with untreated control WT and BLAJ mice, 

with all mice sampled at 10 months of age. Analyses included phenotype and 

quantification of gene expression related to metabolism and immune function for 

quadriceps and psoas muscles and liver.  

Body mass was not different between experimental groups (Figure 5.2A). Quadriceps 

muscle mass in the Dex treated BLAJ mouse was significantly lower (~ -55%) when 

compared with WT treated with Dex (p < 0.05) (Figure 5.2B). Soleus mass was 

significantly heavier in BLAJ mice compared to WT (p < 0.0001), and also in Dex treated 

compared to untreated mice (p < 0.05) (Figure 5.2C). EDL mass did not differ between 

experimental groups (Figure 5.2D). 
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Figure 5.2: Body mass and normalized muscle mass of mice aged 10 months. Data for WT and BLAJ 

mice, without and with Dex treatment. (A) Body mass measured at sampling, and (B) quadriceps (quad), 

(C) soleus and (D) EDL muscle mass normalized to body mass (mg/gBM). Data analyzed by two-way 

ANOVA: **** BLAJ (± Dex) vs WT (± Dex) (p < 0.0001, strain effect); # Dex treated vs untreated 

(p < 0.05, treatment effect); ^^ BLAJ + Dex vs WT + Dex (p < 0.01, strain/treatment interaction effect). 

Data are presented as mean ± SEM (n = 8-9). 

5.3.2 Muscle function, MyHC composition for mice aged 10 months (Study 2) 

In vivo function 

Grip strength was not different between untreated WT and BLAJ mice. Dex had strain 

specific effects, whereby Dex treated WT mice had increased grip strength, compared to 

both untreated WT and Dex treated BLAJ, but had no effect on BLAJ mice (p < 0.05; 

Figure 5.3). 

 

Figure 5.3: Grip strength of mice aged 10 months. Data for WT and BLAJ mice, without and with 

Dex treatment. Grip strength was recorded on the day of sampling and normalized to body mass. Data 

analyzed by two-way ANOVA: ^, ^^ significant difference between groups (p < 0.05, 0.01, respectively, 

strain/treatment interaction effect). Data are presented as mean ± SEM (n = 8-9). Note: the data for 

untreated WT and BLAJ muscles has been published previously (Lloyd et al., 2019). 

 

Ex vivo function for soleus and EDL muscles 

The contractile properties of soleus and EDL muscles were compared for WT and BLAJ 

mice and in response to Dex treatment. For soleus muscles the specific maximum tetanic 

force did not differ between untreated strains (Figure 5.4A). Maximum tetanic force was 



GLUCOCORTICOID TREATMENT OF DYSFERLIN-DEFICIENT MUSCLES 

 111 

significantly higher in the Dex treated soleus muscles of WT mice (p < 0.001), although 

there was no effect of Dex on BLAJ soleus (Figure 5.4A). Maximum tetanic force of the 

EDL was not different between groups and was unaffected by Dex treatment (Figure 

5.4A). 

For soleus muscles there were no overall differences in peak twitch force between 

experimental groups (Figure 5.4B). Dex treated WT soleus muscle had significantly 

shorter time to peak twitch force (TTP) and half relaxation time (1/2RT; p < 0.05), while 

the untreated BLAJ soleus had shorter TTP and 1/2RT compared to WT (p < 0.05) but 

was unaffected by Dex treatment (Figure 5.4C, D). Maximum rate of force production 

(dF/dt) was significantly higher in BLAJ compared to WT mice, and also in Dex treated 

muscles compared with untreated (p < 0.05; Figure 5.4E). 

In the EDL, peak twitch force was unaffected by dysferlin deficiency or Dex (p > 0.05; 

Figure 5.4B). TTP was significantly longer in Dex treated compared with untreated EDLs 

(p < 0.01; Figure 5.4C), while 1/2RT was longer in Dex treated WT muscles but was 

unchanged by Dex in BLAJ muscles (p < 0.001). dF/dt was significantly greater in BLAJ 

EDL muscles compared to WT (p < 0.01), but unaffected by Dex (Figure 5.4E). 
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Figure 5.4: Ex vivo measurements of contractile function for soleus and EDL muscles of mice aged 

10 months. Data for WT and BLAJ mice, without and with Dex treatment. (A) Maximum tetanic force, 

(B), maximum twitch force, (C) time to peak twitch force, (D) 1/2 relaxation time, and (E) maximum rate 

of force production. Data analyzed by two-way ANOVA: ** BLAJ (± Dex) vs WT (± Dex) (p < 0.01, strain 

effect); #, ## Dex treated vs untreated (p < 0.05, 0.01, respectively, treatment effect); ^, ^^, ^^^ significant 

difference between groups (p < 0.05, 0.01, 0.001, respectively, strain/treatment interaction effect). Data are 

presented as mean ± SEM (n = 8-9). Note: Y-axis scale differs between comparison of soleus and EDL due 

to their different functional properties. Note: the data for untreated WT and BLAJ muscles has been 

published previously (Lloyd et al., 2019). 

 

Normalized force-frequency relationship of the soleus was significantly lower in both 

BLAJ and Dex treated groups, compared with WT and untreated groups, respectively 

(p < 0.05; Figure 5.5A). In contrast, for the EDL, the normalized force-frequency 

relationship was greater in BLAJ and Dex treated groups compared with WT and 

untreated groups, respectively (p < 0.01; Figure 5.5A). 

Fatigue in the soleus muscle was not affected by dysferlin deficiency or Dex (Figure 

5.5B). While early post-fatigue recovery (between 5-20 mins) of the WT soleus was 

significantly lower in Dex treated mice, this was unaffected by Dex in the BLAJ soleus 

(p < 0.001; Figure 5.5C). In the EDL, fatigue was reduced in Dex treated WT, compared 

with untreated WT (i.e., less reduction in force; p < 0.0001; Figure 5.5B). Moreover, post-

fatigue recovery was significantly increased in Dex treated WT EDL compared with 

untreated (p < 0.05; Figure 5.5C); whereas Dex had no effect on fatigability and post-

fatigue recovery of the BLAJ EDL. 
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Figure 5.5: Force and fatigue measurements for soleus and EDL muscles of mice aged 10 months. 

Data for WT and BLAJ mice, without and with Dex treatment. (A) Force-frequency relationship, 

normalized to maximum tetanic force, (B) fatigue and (C) post-fatigue recovery normalized to tetanic force 

at t = 0. The fatigue protocol was ~3.5 mins, and post fatigue recovery was recorded at 5-min intervals for 

40 mins following the fatigue protocol. Data analyzed by three-way ANOVA: Soleus: * BLAJ (± Dex) 

lower than WT (± Dex) (p < 0.05, strain effect); # Dex treated lower than untreated (p < 0.05, treatment 

effect); +++ WT + Dex lower than WT, BLAJ unaffected (p < 0.001, strain/treatment/time interaction 

effect). EDL: ** BLAJ (± Dex) higher than WT (± Dex) (p < 0.01, strain effect); # Dex treated higher than 

untreated (p < 0.05, treatment effect); ^, ^^^^ WT + Dex higher than WT, BLAJ unaffected (p < 0.05, 

0.0001, respectively, strain/treatment interaction effect). Data are presented as mean ± SEM (n = 8-9). 

Note: the data for untreated WT and BLAJ muscles has been published previously (Lloyd et al., 2019). 

 

Myofiber typing of soleus and EDL muscles 

Since functional and metabolic properties are affected by myofiber-type composition, we 

compared the proportion of MyHC isoforms in the soleus and EDL muscles from WT 

and BLAJ mice aged 10 months; there were no strain specific differences in response to 

Dex treatment (Figure 5.6). Dex significantly increased the proportion of MyHC 2X in 

the soleus compared with untreated soleus muscles in both strains (p < 0.05; Figure 5.6A), 

and MyHC 2X was higher overall in BLAJ compared with WT soleus muscles (p < 0.05). 

In the EDL, Dex increased the proportion of MyHC 2X and concurrently decreased the 

proportion of MyHC 2B compared to untreated EDL muscle, for both strains (p < 0.001; 

Figure 5.6A). 
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Figure 5.6: Skeletal myofiber myosin heavy chain (MyHC) protein composition of soleus and EDL 

muscles of mice aged 10 months. Data for WT and BLAJ mice, without and with Dex treatment. (A) 

Percentage of different MyHC in soleus and EDL muscles with (B) representative MyHC gels loaded with 

a pooled sample (Mixed) used to identify all isoforms, and a mixed sample to generate the Calibration 

curve. Data analyzed by two-way ANOVA: * BLAJ (± Dex) vs WT (± Dex) (p < 0.05, strain effect). #, 

## Dex treated vs untreated (p < 0.05, 0.01, respectively, treatment effect). Data are presented as 

mean ± SEM (n = 6). Note: the data for untreated WT and BLAJ muscles has been published previously 

(Lloyd et al., 2019). 

5.3.3 Gene expression analyses for mice aged 5 and 10 months 

Metabolism-associated gene expression 

Mice aged 5 months: psoas and liver (Study 1) 

In the psoas, the expression of metabolism-associated genes Glut4, Lpl, Srebf1, Pparγ, 

Cepbδ, Fasn, Acly, and Acaca, was significantly higher overall in BLAJ mice compared 

to WT (p < 0.05; Figure 5.7). For the liver, Dex treatment resulted in significantly lower 

expression of Pparγ, Fasn, and Acly compared with untreated mice for both strains 

(p < 0.05; Figure 5.7D, G, H). The expression of Glut4, Lpl, Srebf1, Cebpα, Cepbδ, and 

Acaca was unaffected by dysferlin deficiency or Dex treatment (p > 0.05). 
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Figure 5.7: Levels of metabolism-associated gene expression in psoas and liver of mice aged 5 months. 

Data for WT and BLAJ mice, without and with Dex treatment. (A) Glucose transporter type 4 (Glut4); 

(B) Lipoprotein lipase (Lpl); (C) Sterol regulatory element-binding transcription factor 1 (Srebf1); (D) 

Peroxisome proliferator activated receptor gamma (Pparγ); (E) CCAAT enhancer binding protein alpha 

(Cebpα); (F) CCAAT/enhancer-binding protein delta (Cepbδ); (G) Fatty Acid Synthase (Fasn); (H) ATP 

citrate lyase (Acly); (I) Acetyl-CoA carboxylase 1 (Acaca). Data analyzed by two-way ANOVA: **, ***, 

**** BLAJ (± Dex) vs WT (± Dex) (p < 0.01, 0.001, 0.0001, respectively, strain effect); #, ## Dex treated 

vs untreated (p < 0.05, 0.01, respectively, treatment effect). Data are log10 transformed and presented as 

mean ± SEM (n = 5-8). 

 

Mice aged 10 months: quadriceps, psoas, and liver (Study 2) 

In the quadriceps, expression of metabolism-associated genes Glut4, Lpl, and Acaca was 

significantly lower in BLAJ mice overall, compared to WT (p < 0.05; Figure 5.8A, B, J); 

whereas expression of Cebpα was significantly higher in untreated BLAJ, compared with 

WT (Figure 5.8F). Dex treated muscles, compared to untreated for both strains, had 

significantly lower expression of Glut4 and higher Pparγ and Acaca (p < 0.05; Figure 

5.8A, D, J). The expression of Fasn and Acly was significantly higher in Dex treated WT 
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muscles, compared with both untreated WT and Dex treated BLAJ (p < 0.05; Figure 

5.8H, I). Expression of Srebf1, Chrebp, and Cepbδ was unaffected by strain or Dex 

treatment in the quadriceps (p > 0.05). 

In the BLAJ psoas, compared to WT, the expression of Lpl, Srebf1, Chrebp, and Cebpα 

was significantly lower (p < 0.05; Figure 5.8B, C, E, F). Dex treated BLAJ muscles had 

significantly lower expression of Glut4 compared to both untreated BLAJ and Dex treated 

WT (p < 0.05; Figure 5.8A). Expression of Fasn, Acly, and Acaca was unaffected by 

dysferlin deficiency. 

In the liver, the expression of Glut4 and Lpl was significantly higher in BLAJ mice, 

compared to WT (p < 0.05; Figure 5.8A, B). Furthermore, Dex treated livers, compared 

to untreated, had significantly lower expression of Cepbδ and Acly, and higher expression 

of Cebpα (p < 0.05; Figure 5.8F, G, I). Expression of Srebf1, Pparγ, Chrebp, Fasn, and 

Acaca was unaffected by strain or Dex treatment. 
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Figure 5.8: Levels of metabolism-associated gene expression in quadriceps, psoas, and liver of mice 

aged 10 months. Data for WT and BLAJ mice, without and with Dex treatment. (A) Glucose 

transporter type 4 (Glut4); (B) Lipoprotein lipase (Lpl); (C) Sterol regulatory element-binding transcription 

factor 1 (Srebf1); (D) Peroxisome proliferator activated receptor gamma (Pparγ); (E) Carbohydrate-

responsive element-binding protein (Chrebp); (F) CCAAT enhancer binding protein alpha (Cebpα); (G) 

CCAAT/enhancer-binding protein delta (Cepbδ); (H) Fatty Acid Synthase (Fasn); (I) ATP citrate lyase 

(Acly); (J) Acetyl-CoA carboxylase 1 (Acaca). Data analyzed by two-way ANOVA: **, ***, **** BLAJ 

(± Dex) vs WT (± Dex) (p < 0.01, 0.001, 0.0001, respectively, strain effect); #, ##, ### Dex treated vs 

untreated (p < 0.05, 0.01, 0.001, respectively, treatment effect); ^, ^^, ^^^, ^^^^ significant difference 

between groups (p < 0.05, 0.01, 0.001, 0.0001, respectively, strain/treatment interaction effect). Data are 

log10 transformed and presented as mean ± SEM (n = 7). 

 

Immune-associated gene expression 

Mice aged 5 months: psoas and liver (Study 1) 

For immune-associated gene expression in the psoas, expression of C1qb and C4 was 

significantly higher overall in BLAJ compared with WT mice (p < 0.05; Figure 5.9A, D), 

and expression of C1qb was lower overall in Dex treated psoas muscles, compared to 

untreated (p < 0.05; Figure 5.9A). The expression of C3, C3ar1, C5, Daf2, Casp1, and 

Nlrp3 was higher in both untreated and Dex treated BLAJ mice compared to WT 

(p < 0.05; Figure 5.9B, C, E, H, I, J), and C5ar2 and Daf1 expression was higher in Dex 

treated BLAJ compared to WT (p < 0.05; Figure 5.9F, G). Dex treated WT psoas muscles 

had lower expression of the complement-related genes C3, C3ar1, C5ar2, Daf1, Daf2, 

and Casp1 compared with untreated WT (p < 0.05; Figure 5.9B, C, F, G, H, I), and Dex 

significantly increased expression of the inflammasome-associated genes Casp1 and 

Nlrp3 in the BLAJ psoas compared with untreated BLAJ (p < 0.05; Figure 5.9I, J). 

In the liver, only expression of Casp1 was significantly increased in BLAJ compared to 

WT mice (p < 0.05), and there were no effects of Dex on either strain (Figure 5.9I). 
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Figure 5.9: Levels of immune-associated gene expression in psoas, and liver of mice aged 5 months. 

Data for WT and BLAJ mice, without and with Dex treatment. (A) Complement C1q B Chain (C1qb); 

(B) Complement component 3 (C3); (C) Complement C3a Receptor 1 (C3ar1); (D) Complement 

component 4 (C4); (E) Complement component 5 (C5); (F) Complement C5a Receptor 2 (C5ar2); (G) 

Decay accelerating factor 1 for complement (Daf1 or CD55); (H) Decay accelerating factor 2 for 

complement B (Daf2 or CD55b); (I) Caspase 1 (Casp1); (J) NLR family pyrin domain containing 3 (Nlrp3). 

Data analyzed by two-way ANOVA: *, **** BLAJ (± Dex) vs WT (± Dex) (p < 0.05, 0.0001, respectively, 

strain effect); ## Dex treated vs untreated (p < 0.01, treatment effect); ̂ , ̂ ^, ̂ ^^, ̂ ^^^ significant difference 

between groups (p < 0.05, 0.01, 0.001, 0.0001, respectively, strain/treatment interaction effect). Data are 

log10 transformed and presented as mean ± SEM (n = 5-8). 

 

Mice aged 10 months: quadriceps, psoas, and liver (Study 2) 

For immune-associated genes, in the quadriceps muscle, the expression of C1qb, C3, 

C5ar1, and Casp1 was significantly higher in BLAJ mice overall, compared to WT 

(p < 0.05; Figure 5.10B, C, E, F). Tnf and C4 expression was higher in untreated BLAJ 

compared with WT, and C4 expression was also higher in Dex treated BLAJ compared 
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with WT (p < 0.05; Figure 5.10A, D). Dex treated WT quadriceps muscles also had 

significantly higher expression of C4 compared to untreated (p < 0.05; Figure 5.10D). 

In BLAJ psoas, expression of C4, C5ar1, Casp1, and Nlrp3 was significantly higher, 

compared with WT (p < 0.05; Figure 5.10D, E, F, G). Expression of Tnf, C1qb, and C3 

was unaffected by dysferlin deficiency or Dex treatment. 

In the BLAJ liver, C5ar1 expression was significantly lower, and Tnf expression was 

significantly higher, compared with WT overall (p < 0.01; Figure 5.10A, E). Dex treated 

livers had significantly lower expression of C4, compared with untreated (p < 0.05; 

Figure 5.10D). C1qb expression was significantly lower in untreated BLAJ, compared to 

WT livers, and was significantly increased by Dex treatment in BLAJ, but not in WT, 

mice (p < 0.01; Figure 5.10B). Expression of C3 was unaffected by strain or Dex 

treatment. 
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Figure 5.10: Levels of immune-related gene expression in quadriceps, psoas, and liver of mice aged 

10 months. Data for WT and BLAJ mice, without and with Dex treatment. (A) Tumor necrosis factor 

(Tnf); (B) Complement C1q B Chain (C1qb); (C) Complement component 3 (C3); (D) Complement 

component 4 (C4); (E) Complement C5a Receptor 1 (C5ar1); (F) Caspase 1 (Casp1); (G) NLR family 

pyrin domain containing 3 (Nlrp3); Casp1 and Nlrp3 not assessed for liver. Data analyzed by two-way 

ANOVA: *, **, **** BLAJ (± Dex) vs WT (± Dex) (p < 0.05, 0.01, 0.0001, respectively, strain effect); 

# Dex treated vs untreated (p < 0.05, treatment effect); ^, ^^^, ^^^^ significant difference between groups 

(p < 0.05, 0.001, 0.0001 respectively, strain/treatment interaction effect). Data are log10 transformed and 

presented as mean ± SEM (n = 4-10). 
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5.4 DISCUSSION 

5.4.1 Overall impact of Dex administration on BLAJ mice 

This study investigated the molecular basis for the adverse effects of glucocorticoids on 

dysferlinopathy and identified two main effects of Dex on BLAJ mice: one was the 

promotion of adipogenesis with Dex increasing BLAJ fat pad mass, and the second effect 

was some sustained activation of the immune response by Dex in BLAJ muscles with 

respect to gene expression related to complement and increased expression of two genes 

related to the inflammasome. Beyond this, Dex had relatively few specific effects on 

BLAJ compared with WT mice. The parallel treatment of WT mice with glucocorticoids 

revealed that WT mice were generally more responsive to Dex than BLAJ, for muscle 

function and expression of some genes (that varied between mice aged 5 and 10 months). 

For other parameters the response to Dex was similar for both strains: Dex did not cause 

conspicuous loss of body mass nor quadriceps mass in either strain at either age, yet at 

10 months Dex increased soleus mass in both strains and there was a similar shift in 

MyHC isoforms for all soleus and EDL muscles. Implications of these observations are 

discussed below under specific topics, but first some comparison of Dex, and different 

glucocorticoids and delivery regimes provides essential context for the discussion that 

follows.  

5.4.2 Comparison of Dex with other glucocorticoids 

It is useful to compare the delivery of Dex in our study with that of other glucocorticoids 

where around 0.75-1 mg/kg/day is widely used to treat muscular dystrophies in humans. 

For example, for the clinical trial with dysferlinopathy subjects, 1 mg/kg deflazacort was 

administered daily for the first month followed by every second day from two to six 

months of age (Walter et al., 2013), and similarly in dysf-/- mice one study used 1 mg/kg 

prednisone administered by intraperitoneal injection (at 7 am) for four weeks, either daily 

or weekly (Quattrocelli et al., 2017). Another study used oral gavage of prednisolone at 

a high dose of 30 mg/kg for acute (five days) or chronic (three months) delivery and 

compared this with benefits of a new steroid called vamorolone (VBP15) (Sreetama et 

al., 2018). In constrast with these situations, Dex delivered in drinking water is available 

for many hours (especially during the nocturnal active phase for mice when water 

consumption is highest). Since the amount of water, and hence Dex, consumption varied 

between groups in our study, an estimate was made to compare the likely effective daily 
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Dex dosage with widely used prednisone/prednisolone. In Study 1 (with 0.5 µg/mL Dex) 

where all mice weighed ~30 g, the WT mice drank ~5 ml/day whereas BLAJ drank less, 

only ~3 ml/day; and in Study 2 (with 0.75 µg/mL Dex) all mice weighed ~33 g, and all 

drank more water (~6.75 ml/day). The half-life in plasma for both Dex and 

prednisone/prednisolone is similar (~3 hours), but the biological half-life of Dex in 

tissues is longer (36-72 hours) and an important consideration is that Dex has a greater 

affinity for the glucocorticoid receptor and is a much more potent activator (~8-fold) 

compared with prednisolone (Karssen and de Kloet, 2007). Therefore, the effective Dex 

dose was estimated as about 0.64 mg/kg/day for WT and 0.40 mg/kg/day for BLAJ mice 

in Study 1, and 1.35 mg/kg/day for both strains in Study 2 (for comparison with likely 

effects of prednisolone). Despite possible implied lower dose of Dex in young BLAJ mice 

(Study 1), strong effects of Dex were evident including increased fat pad mass and impact 

on expression of several genes at this age. These broad calculations indicate the difficulty 

of comparing the impact of different glucocorticoids and modes of delivery in vivo. In 

addition, there are multiple isoforms of the glucocorticoid receptor that arise by alternate 

splicing and translation initiation mechanisms that can respond to specific glucocorticoids 

in subtly different ways (Ramamoorthy and Cidlowski, 2016). Furthermore, different 

tissues (e.g., muscles and adipocytes) can exhibit differential responses to glucocorticoids 

(sometimes transactivation, other times transrepression) depending on what accessory 

proteins bind to the glucocorticoid receptor and what co-factors interact with the activated 

receptor [reviewed in Ramamoorthy and Cidlowski (2016) and Herbelet et al. (2020)]. 

The impact of dysferlin deficiency on glucocorticoid receptor isoform expression and 

associated availability of co-factors is not known, but may differ between WT and BLAJ 

mice, as well as between skeletal muscles and adipocytes. 

5.4.3 Muscle function and myofiber-type composition in soleus and EDL muscles of 

mice aged 10 months, and impact of Dex 

For untreated mice, our ex vivo studies show some effects of dysferlin deficiency on 

contractile properties of BLAJ soleus and EDL muscles (with no overt histopathology in 

these specific muscles at this age); although these effects are subtle. In brief, the untreated 

BLAJ soleus showed quicker twitch contraction (time to peak force) and relaxation times, 

and for the EDL and soleus the overall maximum rate of force production was higher in 

BLAJ, compared with WT muscles; the impact of strain on many of these ex vivo function 

measures is discussed in Lloyd et al. (2019). One feature of interest is that soleus muscles 
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were heavier in BLAJ compared with WT mice at 10 months, and this is possibly due to 

increased oedema in these slow muscles evident in male BLAJ mice at this age [discussed 

in Lloyd et al. (2019)]: whether oedema might also be implicated in the specific response 

to Dex of soleus muscles (increased mass for both strains) remains to be investigated. 

However, other studies did not observe differences in soleus mass between these strains 

aged 12 months, although quadriceps, psoas, and gluteus were all reduced in mass (Nagy 

et al., 2017). We observed no difference in grip strength between 10-month-old BLAJ 

and WT mice, in accordance with similar results for these strains aged 12 months (Nagy 

et al., 2017): their study examined a wide range of functional tests at different ages and 

reported other movement deficits at much younger ages that probably reflect the 

progressive pathological changes occurring mainly in the limb girdle muscles (Nagy et 

al., 2017). 

Dex had various effects on muscle function in WT but not BLAJ mice. Dex increased 

grip strength in WT mice in vivo, and ex vivo, increased tetanic force and maximum rate 

of force development in WT soleus along with faster twitch contraction times and slower 

post-fatigue recovery, and in EDL WT muscles Dex resulted in slower twitch contraction 

times, reduced fatigue and improved post-fatigue recovery, as reported in the literature 

(Vignos et al., 1976, Laszewski and Ruff, 1985). In contrast, few of these effects were 

seen in BLAJ muscles, which appeared largely refractory to Dex, apart from faster rate 

of force production for BLAJ soleus and slower twitch time to peak in BLAJ EDL. 

However, a study in dysf-/- mice (aged nine months) using intraperitoneal injection of 

1 mg/kg prednisone over four weeks, showed reduced body and muscle mass and loss of 

strength, in vivo, with daily glucocorticoid administration, in contrast with benefits for 

once weekly dosing, including increased myofiber cross-sectional area, grip strength, and 

maximum force production (Quattrocelli et al., 2017). Presumably these differences 

between studies reflect the glucocorticoid regimes used and perhaps the background 

strains for the dysf-/- mice. 

Myofiber-type composition of soleus and EDL muscles was conducted in order to obtain 

insight into molecular changes associated with functional properties of these muscles and 

the impact of Dex. Analysis of myosin isoforms for the untreated WT and BLAJ mice 

has been described previously (Lloyd et al., 2019), and so the main point of interest is the 

impact of Dex, which had similar effects on both strains with increased proportions of 

MyHC 2X protein in soleus and EDL muscles, and for EDL a concomitant decrease in 

MyHC 2B in both strains. The functional effects of this may be more evident in the WT 
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soleus that had lower type 2X myofibers initially, which can explain the quicker 

contraction and relaxation in the Dex treated WT soleus compared with untreated WT 

muscles. This shift in MyHC composition in the Dex treated soleus away from slow 

twitch type 1 myofibers is consistent with findings of Laszewski and Ruff (1985), who 

reported faster contraction times and increased fatigability in soleus muscles of rats 

treated with a glucocorticoid. For the EDL, Dex had the opposite effect, causing slower 

contraction, regardless of strain, and slower relaxation in the WT EDL only, consistent 

with past studies in rabbit EDL muscles (Vignos et al., 1976). These alterations in 

response to Dex may be related to the shift towards the intermediate type 2X myofiber-

type, and decreased expression of type 2B myofibers for EDL in both strains. These 

changes in contraction times explain the shift in the force frequency curves: in the soleus, 

shorter contraction times would result in less force summation within physiologically 

relevant stimulation frequencies, resulting in a rightward shift in the curve (i.e., lower 

force-frequency relationship). The opposite effect is evident for EDL, where slowed 

contraction was observed, which would enable greater force summation and the higher 

force-frequency relationship (i.e., leftward shift). 

Overall, these studies emphasize the value of specifically comparing predominantly slow 

and fast muscles (as for slow mouse soleus with no fast 2B myofibers, and fast EDL with 

no slow type 1 myofibers) to critically ascertain different consequences of the dysferlin 

deficiency. This myofiber-type influence needs to be considered when trying to 

extrapolate such data to observations in muscles that are comprised of quite different or 

relatively equal proportions of slow and fast myofiber-types, such as the widely used 

mouse quadriceps (Type 1 + 2A/2X 42% and 2B 55%), where the different impact of 

dysferlin deficiency may be obscured by the overall myofiber composition. 

5.4.4 Dex impact on metabolism 

Dex increases adipogenesis in BLAJ mice 

One marked effect of Dex that was only observed in BLAJ mice was the rapid increase 

in mass of the epididymal fat pads in young BLAJ mice (Study 1). In the untreated BLAJ 

mice at five months, the epididymal fat pad mass was ~50% lower compared with WT 

mice, which is consistent with our previous observations using MRI analysis in mice aged 

four months showing that epididymal and subcutaneous adipose weights were 71% and 

61% lower in BLAJ mice, respectively (Haynes et al., 2019). The striking and genotype-

specific increase in adiposity after only five weeks of Dex treatment, strongly indicates a 
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Dex-stimulated increase in dysf-/- adipocyte number and/or size. This accords with 

observations that long-term (three months) treatment with daily prednisone increased 

adipogenesis in dysf-/- mouse muscle (Sreetama et al., 2018) (whereas treatment with the 

glucocorticoid vamorolone was beneficial and reduced such adipocyte content). 

Adipocyte content of BLAJ muscles was not measured in the present study, due in part 

to the relatively short duration of the Dex treatment. This adipogenic effect of 

prednisolone and Dex might be accounted for by an increase in glucocorticoid receptor 

(Lee et al., 2014) or enhanced post-receptor signaling in BLAJ adipocytes or in 

fibroadipogenic progenitors (FAPs), which are now considered to be very similar or 

identical to fibroblasts (Contreras et al., 2021), and both can differentiate into adipocytes 

or myofibroblasts. If this rapid glucocorticoid effect on dysf-/- adipocytes occurs in human 

muscles [as observed after three months in dysf-/- mice (Sreetama et al., 2018)], then the 

many months of clinical administration of glucocorticoids might exacerbate the 

replacement of dysf-/- myofibers by dysf-/- adipocytes, and contribute to the reported 

histopathology and loss of muscle function in humans with dysferlinopathy (Quattrocelli 

et al., 2021). 

Limited impact of Dex on metabolism-associated genes in BLAJ muscles and liver 

We previously reported strain specific differences with remodeling of lipid metabolism 

genes in the BLAJ quadriceps muscle of 18-week-old mice (Haynes et al., 2019), where 

genes that encode regulatory proteins of sphingolipid metabolism were uniformly 

increased in BLAJ mice with a few changes in select genes that would predict increased 

triglyceride storage in lipid droplets contained within myofibers (i.e., Pnpla2, Plin5). In 

the present study, examination of genes encoding proteins that regulate metabolism did 

not provide a clear picture of the effects of dysferlin deficiency nor Dex treatment. There 

were various effects of Dex on gene expression patterns in the psoas that were more 

pronounced in WT mice, although this was not consistent between mice aged 5 and 10 

months and differed to the pattern of gene expression in quadriceps at 10 months. In psoas 

muscles of young (5 months) untreated BLAJ (compared with WT) mice there was 

increased expression of lipogenic genes (i.e., Lpl, Fasn, Acly and Srebf1) that contribute 

to increased lipid deposition in muscle: there were also increases in Pparg and Cebpδ 

expression, both genes associated with adipogenesis and inflammation, which are 

typically lowly expressed in skeletal muscle (Kawai and Rosen, 2010). This accords with 

high levels of Cebpd mRNA in dysf-/- quadriceps muscle also reported for male BLAJ 

and female A/J mice aged three months (increased >1.5-fold compared with WT), 
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emphasizing the early upregulation of this gene in dysf-/- muscles (Grounds et al., 2014). 

Interestingly, glucocorticoids usually upregulate Cebp isoforms in skeletal muscle, at 

least under septic conditions (Penner et al., 2002), consistent with the effect observed for 

Cebpd in this study. We surmise that these effects might reflect the previously observed 

increase in differentiation of muscle-resident FAPs that contribute to progressive 

adipogenic replacement and degeneration of dysf-/- muscle, manifesting initially only in 

specific muscles such as psoas and quadriceps (Hogarth et al., 2019). Interestingly, these 

differences were not observed in the psoas nor quadriceps muscles of 10-month-old BLAJ 

compared with WT mice, although other changes were noted. While other studies show 

upregulated mRNA expression of enzymes involved in lipogenesis and triacylglycerol 

synthesis pathways in many muscles in very old (~2 years) BLAJ mice (Agarwal et al., 

2019), interpretation of these observations is confounded by significant fatty replacement 

of muscles at this old age. 

Dex increased expression of Pparγ in quadriceps (but not psoas) of both strains at 10 

months, and this accords with increased Pparg expression in BLAJ quadriceps after daily 

prednisone treatment for four weeks (Quattrocelli et al., 2017); similarly Dex also 

increased expression of Acaca (associated with lipogenesis) and decreased Glut4 

(involved in glucose uptake and glycogen deposition). Together, our data indicate that 

molecular remodeling of metabolic genes is most likely an early manifestation of 

dysferlinopathy in mice and is exacerbated by excess glucocorticoid exposure. Larger 

effect sizes in response to Dex would be likely after extended exposure (>4-5 weeks) or 

at higher doses, further exacerbating the adverse phenotype evident in BLAJ mice. 

Glucocorticoids are well-known regulators of lipid metabolism, promoting adipogenesis 

and decreasing lipolysis, and aberrant glucocorticoid signaling has been linked to 

metabolic diseases, including type 2 diabetes and obesity (Lee et al., 2014, de Guia and 

Herzig, 2015).  

In addition to changes for gene expression in the muscles of Dex treated WT and BLAJ 

mice, some alterations were observed in the liver, which controls glucose metabolism and 

is a major target of glucocorticoid action. In livers of both strains, Dex decreased 

expression of Pparg, Fasn and Acly at 5 months, decreased expression of Cepbδ and Acly, 

and increased expression of Cebpα at 10 months. Assuming the decrease in mRNA also 

reduced function of the protein, reduced hepatic Acly would decrease the fatty acid 
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synthesis and gluconeogenesis capacity of the liver while lower Cebpd would decrease 

hepatic adipogenesis. 

The reasons for these observations are unclear but may relate to dosage and delivery 

regime for Dex and different ages of mice in these studies. The mice were killed in the 

light phase at a time where Dex levels would be at their lowest because mice drink Dex-

containing water (and feed) mostly in the dark phase. Additionally, Dex effects on 

lipogenic gene expression are heightened in fasted animals and blunted or absent in fed 

animals, and the Dex consumption in the dark phase is also when mice are feeding and 

thus the gene expression response may be blunted. 

It is probable that Dex increases adipogenic conversion of muscle resident dysf-/- cells, as 

indicated by others that assessed lipid droplet production in FAPs cultured from muscle 

(Quattrocelli et al., 2017); however, subtle effects might not be detected using gene 

expression analysis in skeletal muscle (or liver) because FAPs constitute a small fraction 

of the cellular mass. 

5.4.5 High expression of immune-related genes in BLAJ muscles, enhanced by Dex  

In BLAJ (compared with WT) muscles there was high expression of genes associated 

with the complement cascade and formation of membrane attack complex (MAC), and 

of genes associated with the inflammasome.  

Complement activation and the presence of MAC on many apparently ‘uninjured (non-

necrotic) myofibers’ has been observed in dysferlinopathies for over 20 years, in contrast 

with absence of these in many other myopathies (Spuler and Engel, 1998, Selcen et al., 

2001). A clinical immunohistological study emphasized that only for dysferlinopathy was 

MAC deposit observed on the sarcolemma of nonnecrotic myofibers (Choi et al., 2009). 

In another study, reduced levels of decay accelerating factor (DAF)/CD55 mRNA were 

reported for human dysferlinopathic muscles, although this was not specific to 

dysferlinopathy (Nagaraju et al., 2008). Perturbed regulation of the complement pathways 

was also shown by comprehensive studies using dysferlin-null mice (Han et al., 2010), 

which demonstrated complement C5b-9 deposits on myofibers, and, similar to our data, 

increased expression of complement-related genes in quadriceps muscles (compared with 

WT) that were higher at eight compared with two months. Additional studies including 

genetic ablation of C3 in dysf-/- mice reduced disease severity; it was concluded that 

activation of C3 accelerates muscle damage in dysferlin-null mice and that complement-

mediated injury is central to the pathogenesis of dysferlinopathy (Han et al., 2010). An 
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earlier study in 2005 identified increased susceptibility to complement attack due to 

down-regulation of DAF1/CD55 and DAF2/CD55b only in dysf-/- muscles, demonstrated 

by mRNA and protein analyses in three dysf-/- mouse models and patients with 

dysferlinopathy (Wenzel et al., 2005); down-regulation of Daf1 was also shown for two 

and nine-month-old dysf-/- quadriceps in a microarray study (Suzuki et al., 2005). In 

contrast with these studies, we did not observe decreased levels of Daf1 (CD55) nor Daf2 

(CD55b) mRNA in BLAJ psoas muscles (relative to WT) at five months, possibly 

explained by different muscles used for analyses in the various studies. While Dex 

decreased expression of many complement-related genes in WT psoas muscles at five 

months, consistent with its known potent anti-inflammatory properties, Dex had little 

impact on these genes in BLAJ psoas at this age. Exactly what is attenuating this typical 

anti-inflammatory effect of Dex in BLAJ mice is unclear. At 10 months, there was no 

consistent pattern for psoas or quadriceps muscles, although Dex increased C4 in WT 

muscles: these very different responses to Dex at the two ages are difficult to reconcile 

(but might relate to the different duration and dosage of Dex used). For liver, there was 

minimal effect of Dex at 5 months, but at 10 months Dex reduced C4 in both strains and 

increased C1qb only in BLAJ liver: the implications of these data are unclear, although 

liver plays a key role in innate immunity and hepatocytes are a major source of the 

production of many complement components including C4, also made by macrophages 

and many other cell types (Zhou et al., 2016, Diaz-Jimenez et al., 2021). Glucocorticoids 

can have enhancing or suppressive actions on cells as shown for normal human peripheral 

blood mononuclear cells (lymphocytes and monocytes) stimulated ex vivo with Dex, 

which induced many inflammatory markers including cytokines and complement 

components but also repressed the expression of adaptive immune-related genes, and the 

response can depend on whether the cell is resting or activated (Galon et al., 2002). Since 

BLAJ muscles contain more macrophages than WT, this might influence the overall 

response to Dex, especially since complement regulation appears intrinsically perturbed 

due to dysferlin deficiency. Our new gene expression data for BLAJ muscles aged 5 and 

10 months, along with the published clinical and other studies strongly support 

involvement of the immune system, complement activation, and MAC in subsequent 

death of dysf-/- myofibers. This focusses attention on understanding why dysferlin 

deficiency results in this early complement activation and MAC deposition on myofibers, 

plus consideration of possible therapies that target the complement cascade: such targeted 
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therapies are now a topic of intense interest for many diseases with an increasing number 

of drugs available (Harris et al., 2018, Parker et al., 2019, Huber-Lang et al., 2021). 

Two key genes related to the inflammasome, Casp1 and Nlrp3, were highly expressed in 

BLAJ (compared with WT) psoas muscle at five months, and both were also significantly 

increased by Dex, in marked contrast with the impact of Dex on WT psoas. Similarly at 

10 months, Casp1 expression was elevated in BLAJ quadriceps muscles compared with 

WT, although there were no strain differences for Nlrp3, nor significant effect of Dex. 

The lack of significant Dex effect on muscles at 10 months might reflect the shorter 

duration of Dex treatment that was only four weeks, compared with five weeks for mice 

sampled at 5 months. The NLRP3 inflammasome is activated by a complexity of factors, 

including sterile cell damage and complement (Paik et al., 2021). It was reported that 

sublethal complement MAC formation (but not C3a and C5a) activated the NLRP3 

inflammasome in vivo (Laudisi et al., 2013), and this appears to involve C5a and 

specifically C5aR2 (Yu et al., 2019): this of particular interest in the context of high levels 

of MAC reported on dysf-/- myofibers and the elevated expression of complement-related 

genes in BLAJ muscles in the present study (discussed above). Activated NLRP3 drives 

chronic inflammation via caspase-1-mediated proteolytic cleavage and secretion of 

proinflammatory cytokines, interleukin-1β and interleukin-18 (Peladeau and Sandhu, 

2021). Our gene expression data accord with observations that the inflammasome is 

strongly up-regulated in dysf-/- mouse and human skeletal muscles and “may initiate, 

exacerbate, and possibly perpetuate the underlying myofiber-specific dystrophic 

process”(p. 2892)(Rawat et al., 2010), plus our data show that Dex further exacerbates 

this heightened inflammasome in the BLAJ muscles at five months of age. In contrast 

with classic anti-inflammatory effects, Dex and other glucocorticoids can induce NLRP3 

expression and hence the inflammasome, shown in mouse and human macrophages 

(Busillo et al., 2012, Diaz-Jimenez et al., 2021). In the BLAJ muscles there might also be 

some dysregulation of regulators of complement, resulting in limited response to Dex and 

consequent downstream activation of the inflammasome. A pro-inflammatory effect of 

Dex on the BLAJ inflammasome might have additional impact on dysf-/- macrophages 

since they have been shown to be increased within muscles and to have enhanced 

phagocytic activity (Nagaraju et al., 2008). A better understanding of glucocorticoid-

mediated effects in macrophages may aid in the production of targeted therapies for 

different diseases (Diaz-Jimenez et al., 2021), and be of relevance to dysf-/- macrophages 

in skeletal muscles. 
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5.4.6 Conclusions and future studies.  

These in vivo studies showed remarkably little impact of short-term administration of the 

glucocorticoid Dex on dysf-/- BLAJ (compared with WT) mice at two ages, except for the 

striking rapid increase in adipocyte mass in fat pads of BLAJ mice stimulated by only 

five weeks of Dex treatment, and the impact of Dex on the immune system especially 

increased inflammasome that will further damage the dysf-/- muscles. Both interesting 

observations need to be substantiated, and they highlight the need for greater focus within 

muscles on the study of adipocytes and the immune system, including complement 

activation and the inflammasome, for future longer-term investigations into actions of 

glucocorticoids in dysferlinopathy. These observations also emphasize the need to 

consider implications of the marked differences between slow and fast dysf-/- myofibers, 

and to investigate levels of glucocorticoid receptors and associated signaling molecules 

in dysf-/- muscles and adipocytes. For future studies, the type of glucocorticoid 

administered and regime for delivery needs to be carefully considered, as the widely 

reported benefits and adverse effects of glucocorticoids on muscular dystrophies are 

complicated by use of many different glucocorticoid regimes (Quattrocelli et al., 2021). 

Of particular interest is that the classic regime of daily delivery of glucocorticoids is 

challenged by studies in mice showing that intermittent administration of prednisone once 

weekly (by intraperitoneal injection), rather than daily, can produce many of the benefits 

but reduce the adverse effects of glucocorticoids as demonstrated for various mouse 

models of muscular dystrophy including LGMDR2, where weekly prednisone (1 mg/kg 

for four weeks in mice aged nine months) did not induce atrophy nor adipogenesis, and 

was associated with improved muscle function (Quattrocelli et al., 2017). Thus, it is 

prudent to consider the implications of these variables in future experimental and clinical 

designs to investigate long-term use of glucocorticoids in dysferlinopathy. 
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SUPPLEMENTARY DATA 

Study 1: Dex treatment in young mice aged 4-5 months 

 

Supplementary Figure 5.1: Food and water consumption in mice from 4-5 months of age. (A) Food 

(g/day/mouse) and (B) water consumption (mL/day/mouse) of WT and BLAJ male mice over 5-week 

period, without and with Dex treatment. Data analyzed by three-way ANOVA: ^^^^ BLAJ + Dex vs BLAJ 

untreated (p < 0.0001, strain/treatment interaction effect). Data are presented as mean ± SEM (n = 8-9). 

 

5.5 CHAPTER SUMMARY 

This chapter using short-term (4-5 weeks) administration of the glucocorticoid Dex to 

WT and BLAJ mice (at two ages) investigated the molecular and functional basis for the 

unexpected adverse effects of glucocorticoid treatment on dysferlinopathy, i.e., 

accelerated loss of muscle function in patients. The results show that this short-term Dex 

treatment had limited impact on BLAJ muscle function, but rapidly increased adipocyte 

expansion and gene expression associated with the immune response in BLAJ mice; 

importantly, these combined events may account for exacerbation of dysferlinopathy. 

These data also provide new insight into additional molecular differences (i.e., gene 

expression) between dysf-/- BLAJ and normal muscles, further implicating the metabolic 

and immune systems in the pathophysiology of dysferlinopathy. 
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6 MYOFIBRE-TYPE DIFFERENCES IN 

NEUROMUSCULAR DISORDERS 
Chapters 4 and 5 demonstrated myofibre-type specific difference in the impact of 

dysferlin deficiency on muscle function. As such, a large literature review was undertaken 

to explore differences in myofibre-type characteristics, and how these are impacted by 

and contribute to neuromuscular disorders. This review includes new data showing the 

impact of dysferlin deficiency on selected Ca2+-handling and metabolic proteins in 

predominantly slow- and fast-twitch muscles. Note this chapter is in the form of a 

manuscript, that, at the time of thesis submission, was submitted as an invited review to 

Physiological Reviews. 
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ABSTRACT 

The diverse range of skeletal muscles in mammals are composed of a spectrum of slow- 

to fast-twitch myofibers that express variations in protein isoforms that underly their very 

different contractile, metabolic, and other properties. For many neuromuscular disorders 

there can be a differential impact of disease manifestation in a specific myofiber-type 

which forms the central premise of this review. The variation in functional properties 

across the spectrum of classic ‘slow’ to ‘fast’ myofibers are outlined, combined with 

exemplars of predominantly slow-twitch soleus and fast-twitch extensor digitorum longus 

muscles. This includes associated differences for intrinsic susceptibility to damage, 

myonecrosis and regeneration, plus extrinsic associated nerves, extracellular matrix, and 

vasculature, discussed in the context of growth, aging, metabolic disorders, sexual 

dimorphism, and neuromuscular diseases, with a final focus on dysferlinopathies. These 

combined studies emphasize the importance of carefully considering the influence of 

myofiber-type composition on manifestation of various neuromuscular disorders across 

the lifespan for both sexes. Equally, understanding the different responses of slow and 

fast myofibers, due to intrinsic and extrinsic factors, can provide deep insight into the 

precise molecular mechanisms underlying manifestation of specific neuromuscular 

disorders. This focus on myofiber influence is of fundamental importance to enhance 

translation for clinical management and therapies. 
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Graphical abstract 

 

Clinical highlights 

• Skeletal muscles contain different proportions of myofiber types with a spectrum 

of slow to fast twitch properties, reflecting intrinsic physiological differences in 

structure, metabolism, and calcium regulation. 

• Extrinsic factors also contributing to myofiber-type differences, include 

innervation by slow or fast motoneurons, extracellular matrix composition and 

vascularity. 

• Normal slow and fast myofibers show a different vulnerability to exercise-

induced ‘damage’ and myonecrosis. This response can differ for diseased 

muscles. Thus, generalizing from normal myofibers to disease situations, can be 

inadvertently misleading. 

• These myofiber properties are also modified by age, sex, and obesity. 

• These observations emphasize the clinical importance of carefully considering the 

differential influence of myofiber-types on manifestation of various 

neuromuscular disorders across the lifespan for both sexes. 
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• A focus on myofiber-type differences can provide new insight into the precise 

mechanistic basis for some disease pathogenesis, to help develop more specific 

targeted therapies. 

• Dysferlinopathy is used as an exemplar to illustrate the impact of myofiber-type 

differences on disease manifestation. 
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6.1 INTRODUCTION 

Neuromuscular disorders cover a wide range of conditions including genetic diseases 

such as muscular dystrophies (MDs) that are a large group of inherited skeletal muscle 

diseases characterized by muscle wasting and weakness; they are clinically distinct and 

biochemically heterogeneous due to a diversity of genetic mutations (Emery, 2002a, 

Mercuri et al., 2019). The MDs vary markedly in their age of onset, disease progression 

and spectrum of clinical severity that often includes variation in myofiber size, myofiber 

necrosis (myonecrosis), infiltration of inflammatory cells, and replacement of myofibers 

by fat and connective tissue (Emery, 2002a). With about 640 distinct (usually paired 

bilateral) skeletal muscles in the human body there are huge differences in the size, shape, 

architecture, patterns of vasculature and innervation, loading and function of the various 

muscles throughout the lifespan: all muscles are clearly not the same [discussed in 

Grounds and Shavlakadze (2011) and Randolph and Pavlath (2015)]. 

While the widely studied severe X-linked Duchenne muscular dystrophy (DMD) affects 

most muscles in young boys, a notable feature of many MDs is that pathologies may 

manifest mainly in specific muscle groups (Straub et al., 2018b). For example, the limb 

girdle muscular dystrophy R2 dysferlin-related (LGMDR2), widely referred to as 

dysferlinopathy (or LGMD2B), primarily affects limb girdle and distal limb muscles 

(Diaz-Manera et al., 2018), whereas facioscapulohumeral MD mainly impacts facial, 

shoulder and upper arm muscles (Padberg et al., 1991), and oculopharyngeal MD 

involves muscles of the eyelid and pharynx (Harish et al., 2015). The reasons why 

different MDs preferentially manifest in specific groups of muscles remain unclear: 

possibilities include some variations in molecular patterning during embryonic 

development (Bismuth and Relaix, 2010), with differences in satellite cell populations 

(Randolph and Pavlath, 2015), or more generally may reflect anatomical location and 

architecture - including arrangements and lengths of myofibers, tendons and extracellular 

matrix (ECM), patterns of vasculature, lymphatics and motor neuron (motoneuron) 

innervation - resulting in distinctly different mechanisms of usage or loading of small and 

large muscles (Paul, 2001). Within this complexity we are interested in the functional 

consequences of distinctly different modus operandi of individual myofibers with 

characteristics ranging from predominantly slow to fast-twitch properties of contraction. 

This discussion is restricted to extrafusal myofibers that make up the bulk of skeletal 

muscles. It does not cover the intrafusal myofibers in specialized spindle structures that 
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are stretch activated mechanosensors within muscles: these muscle spindles provide 

proprioceptive feedback to the central nervous system and play a vital role in posture and 

gait [reviewed in Thornell et al. (2015)], and spindle function is affected in many 

neuromuscular diseases including muscular dystrophies (Kröger and Watkins, 2021).  

The contraction of skeletal muscles varies from predominantly slow and prolonged 

activation required for postural muscles which contain a higher proportion of slow-twitch, 

fatigue resistant myofibers, whereas rapid explosive movements performed mainly by 

limb muscles containing higher proportions of fast-twitch, which are either fatigue 

resistant due to the predominance of oxidative metabolism or fatigable due to glycolytic 

metabolism, myofibers. Some muscles perform very rapid, but intermittent contractions 

(e.g., extraocular muscles) and others such as the diaphragm are constantly working 

throughout the whole lifespan. Simplistically, the function of different muscles varies in 

terms of contraction speeds and metabolism (influenced by many factors including the 

composition of fast and slow myofibers, muscle architecture, motoneuron activity, and 

patterns of innervation) and mechanical loading, which is further influenced by the size 

of the species and the force of gravity e.g., small quadrupedal mouse compared with large 

biped human [see Grounds and Shavlakadze (2011)]. These diverse muscles are 

composed of mixtures of the various myofiber types ranging from slow to fast myofibers, 

and the distinct properties of individual myofibers are outlined below. 

6.2 MYOFIBER-TYPE SPECIFIC DIFFERENCES 

6.2.1.1 Intrinsic differences in myofiber phenotypes 

Adult mammalian skeletal muscle consists of at least four distinct types of myofibers that 

differ in their biochemical, contractile/mechanical and metabolic phenotypes (Frontera 

and Ochala, 2014), and associated nerves, where myofiber composition corresponds to 

the functional and metabolic requirements. Muscle contraction involves a complexity of 

many interacting proteins (e.g., myosin, actin, actinin, titin) organized into sarcomeres 

within myofibers, with overlapping proteins resulting in a distinct pattern of banding 

(e.g., A, I) with a striped (striated) appearance and hence the name striated muscle (Figure 

6.1B, C and Figure 6.2A). In response to an electrical stimulus from the nerve (Figure 

6.1A and Figure 6.2 B), contraction (shortening) of the myofibers results from sliding of 

the sarcomeric myosin-based thick filaments over actin-based thin filaments (Figure 

6.2A): the energy (adenosine triphosphate: ATP) for this contractile process is typically 
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provided by metabolism of glucose and lipids (Figure 6.3). Myofibers contain myosin 

heavy chain (MyHC) isoforms that determine the identification of myofibers as slow-

twitch type 1, or fast-twitch type 2A, 2X or 2B in mature muscles (see images of 

immunostaining in Figure 6.1D, E); notably type 2B myofibers are not detected in 

humans although are present in mice (Smerdu et al., 1994b). In addition during muscle 

development, and also myogenesis during regeneration, other MyHC isoforms are 

expressed including embryonic and neonatal (Schiaffino and Reggiani, 2011). Several 

distinct myofiber-types exist that are specialized to the unique functional requirements of 

head and neck muscles (Schiaffino and Reggiani, 2011). For example, extraocular (EO) 

muscles express MyHC-EO and these myofibers have both high contraction speed and 

fatigue resistance, while jaw muscles express a masticatory MyHC isoform (MyHC-M) 

ideal for producing high power contractions. Hybrid myofibers also exist, which contain 

a combination of MyHC isoforms, and lie on a spectrum, of contractile function and 

metabolic phenotype, between slow type 1 and fast type 2B myofibers: 1 ↔ 1/2A ↔ 2A 

↔ 2A/2X ↔ 2X ↔ 2X/2B ↔ 2B (Stephenson, 2001, Schiaffino and Reggiani, 2011). It 

is essential to be aware of such diversity in the spectrum of ~600 skeletal muscles. 

However, we focus mainly on the myofiber-types from limb muscles that are widely used 

routinely for pre-clinical and clinical studies of neuromuscular disorders (with the most 

widely studied muscles in humans being the vastus lateralis, soleus, and triceps), with 

characteristics of the main myofiber-types in mature muscle from humans and mice 

summarized in Table 6.1. 
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Figure 6.1: Images of normal skeletal muscle, including a range of slow and fast myofibers. A) 

Overview of long myofibers (M) showing nerves (N) and connection at neuromuscular junctions (arrows); 

scale bar: 50 μm; adapted with permission from Gallik (2013). B) Transmission electron microscopy 

showing ultrastructure of highly organized components of sarcomere, including A, I, M, and Z-bands, in 

longitudinal section, for mouse tibialis anterior muscle; scale bar: 500 nm; adapted with permission from 

Zhang et al. (2008). C) Myofibers stained with desmin (dark) showing striations and an activated satellite 

cell (arrow) on the surface; scale bar: 5 μm; unpublished, M Grounds. Transverse sections of muscles 

stained with myosin antibodies to show (D) mainly (pale) slow myofibers in soleus and (E) many fast 

(darker) myofibers in extensor digitorum longus (EDL) muscles: muscles of a four-month-old female Lewis 

rat stained with monoclonal antibodies to (slow) type 1 (pale), 2A, 2X/D or 2B (darkest, fast) MyHC 

isoforms; scale bar: 100 μm; adapted with permission from Soukup et al. (2002). 

 

The many contractile and metabolic differences between myofiber-types have been 

reviewed extensively by Schiaffino and Reggiani (2011) and more recently by Tobias and 

Galpin (2020). This is a complex vast topic, and the aim of our review is to highlight 

some less well recognized differences, including important differential susceptibility to 

damage of normal compared with diseased myofibers, and the roles of nerves, with 

implications for aging and especially a deeper understanding of the impact in various 

neuromuscular diseases. Broadly, myofibers can be classified as slow (type 1), fast 

oxidative glycolytic (2A), and fast glycolytic (2X, 2B). Generally, type 1 myofibers are 

characterized as slow-twitch and fatigue resistant with energy for contraction, as ATP, 

provided mainly by mitochondrial oxidative metabolism of fatty acids; while type 2 

myofibers are fast-twitch, with ATP provided mainly by glycolytic metabolism using 

glucose as a fuel [summarized in Figure 6.3A and reviewed with a focus on human 

myofibers by Tobias and Galpin (2020)], and type 2A are characterized as having higher 

levels of oxidative enzymes and therefore are less fatigable compared with type 2X and 
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2B (Fitts, 1994). An important fatiguing mechanism in the fast-twitch mammalian 

muscle, is reduced sarcolemma excitability during repetitive stimulation due to build-up 

of potassium ions (K+) in the narrow transverse (T)-tubular system, which is reversible in 

minutes relative to metabolic fatigue, which takes minutes to hours to recover from 

[reviewed in Stephenson et al. (1998) and Allen et al. (2008)]. 

In the context of biomechanical properties, e.g., stiffness of individual myofibers, it was 

proposed that passive tension is inversely correlated with the isoform length of titin (a 

large protein in the sarcomeres that functions as a molecular spring), with lower passive 

tension, and longer titin in slow type 1 compared with fast type 2 myofibers (Freiburg et 

al., 2000, Prado et al., 2005). The longer titin isoforms (lower stiffness) in type 1 

myofibers is likely due to the fact that titin elasticity is key in maintaining the stability of 

myosin filaments during contraction (Horowits and Podolsky, 1988), whereby a low 

stiffness spring (longer titin) provides lower stability than a high stiffness due to shorter 

titin. So, in fast twitch myofibers that rapidly generate higher active tensions (e.g., type 

2X), a higher stiffness via short titin, and thus higher stability may be required (Prado et 

al., 2005). However, it is important to note that predominantly fast muscles are varied in 

their expression of short and long titin, resulting in highly variable muscle stiffness (Prado 

et al., 2005). Differences in titin stiffness have been suggested to account for larger 

stretch-induced force enhancement during eccentric contractions in isolated (fast) 

extensor digitorum longus (EDL) muscles, compared with (slow) soleus muscles, in mice 

(Ramsey et al., 2010). Although the functional implications of the myofiber-type specific 

differences in stiffness at the single myofiber level have not been thoroughly elucidated, 

it is likely that such differences in stiffness and force production impact the force 

transmission and interaction of the individual myofiber with its mechanical environment, 

e.g. shear stress on the sarcolemma (Zhang and Gao, 2012). This ultimately results, via 

mechanotransduction pathways, in biochemical signals that have wide ranging impacts 

on cell function, ECM deposition and composition, and metabolism (Kjaer, 2004, 

Miyagoe-Suzuki and Takeda, 2011, Gumpenberger et al., 2020, Romani et al., 2021). 

It is noted that passive stiffness at the myofiber level does not scale to total passive 

stiffness of the whole muscle that is probably largely determined by extramyofibrillar 

structures, particularly the ECM and collagens (Prado et al., 2005, Ward et al., 2020); 

further discussion of such mechanobiology lies beyond the scope of this review. 
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Myofiber-type functional heterogeneity is due to variations in many characteristics of 

skeletal muscle, including expression of proteins related to contractile function and 

metabolism to provide cellular energy (Westerblad et al., 2010, Schiaffino and Reggiani, 

2011), see Table 6.1. A comparative study of the impact of scale across species with a 

100,000 fold difference in body mass ranging from 25 g (mice) to 2,500 kg (rhinoceros) 

showed that myonuclear domain size is highly dependent on myofiber-type (larger in 

fibers expressing fast MyHC isoforms) and scales with body size (independent of species) 

and that this may be determined by myosin isoform expression and also mitochondrial 

proteins (Liu et al., 2009). 

The initial major events for neuronal signaling of myofiber contraction are referred to as 

excitation-contraction (EC) coupling (summarized in Figure 6.2B). The EC coupling is 

initiated by an electrical signal from the motoneuron via synaptic transmission across the 

neuromuscular junction with the surface of the myofiber (sarcolemma). This signaling 

(1) generates an action potential along the sarcolemma and down the T-tubular system, 

to result in (2) depolarization of the T-tubule membrane that is detected by the 

transmembrane voltage-sensing dihydropyridine receptors (DHPRs). (3) The DHPRs 

then transmit the contractile signal to the calcium (Ca2+) release channels called ryanodine 

receptors (RyRs) located in the triadic region of the sarcoplasmic reticulum (SR) 

membrane, causing Ca2+ ions to be released in quanta amounts from the SR into the 

muscle cytoplasm (sarcoplasm); (4) this increased Ca2+ in the sarcoplasm transiently 

activates the Ca2+-regulated contraction of sarcomeric proteins, culminating in 

crossbridge cycling and force production/movement. Contraction is followed by 

relaxation resulting from Ca2+ reuptake by the SR Ca2+-ATPase pump (SERCA) against 

a large concentration gradient which is aided by the presence of the high affinity Ca2+ 

binding protein, calsequestrin (CSQ). Such EC coupling is described in great detail in 

many papers (Lamb, 1992, Margreth et al., 1993, Stephenson et al., 1998, Murphy et al., 

2013). The energy (ATP) for EC-coupling is provided by two different main fuel sources 

either glucose or lipid (Figure 6.3), with glucose metabolism generally associated with 

fast myofibers and lipid with slow myofibers (Ogata and Mori, 1964, Padykula and 

Gauthier, 1967, Barnard et al., 1971, Peter et al., 1972, Schiaffino and Reggiani, 2011). 

Many of the proteins involved in EC coupling and associated metabolism show marked 

variation between slow- and fast-twitch myofibers, reflecting their different contractile 

properties (see Table 6.1): for example, slow-twitch type 1 myofibers have a lower 

density of DHPR and lower ratio of DHPR to RyRs (Lamb, 1992, Margreth et al., 1993), 
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with myofiber-type specific isoforms of SERCA and CSQ, which have different 

capacities for Ca2+-regulation compared with fast-twitch type 2 myofibers (Jorgensen et 

al., 1979, Stephenson et al., 1998, Murphy et al., 2009, Lamboley et al., 2013). 

 

Figure 6.2: Diagram of skeletal muscle (A) organization and (B) excitation-contraction (EC) 

coupling. (A) Simple hierarchical diagram of skeletal muscle structure. Skeletal muscle is composed of 

bundles of myofibers and innervated by motor neurons (motoneurons). Each myofiber is made up of 

multiple myofibrils that comprise of sarcomeres, containing the thin (actin) and thick (myosin) contractile 

filaments, and titin a supporting elastic filament. B) High power diagram of myofiber surface and transverse 

(T)-tubule area indicating main proteins associated with EC coupling. In response to the motoneuron 

generating an action potential along the myofiber surface (sarcolemma) and down the T-tubules, complex 

EC coupling releases Ca2+ that causes contraction of the myofilaments. Abbreviations: ATP: Adenosine 

triphosphate; Ca2+: Calcium; CSQ: Calsequestrin; DHPR: Dihydropyridine receptor; RyR: Ryanodine 

receptor; SERCA: Sarco/endoplasmic reticulum Ca2+-ATPase; SR: Sarcoplasmic reticulum. 
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Figure 6.3: Diagram of skeletal muscle (A) glucose and (B) lipid metabolism and storage.The energy 

(ATP) for muscle contraction is provided by metabolism and storage of glucose and lipids. (A) Glucose, 

the main fuel for fast-twitch myofibers, can be (i) stored as glycogen (glycogenesis/glycogenolysis) until 

required for energy production via (ii) glycolytic metabolism. (B) Lipids are the main fuel for slow-twitch 

myofibers via (i) oxidative metabolism; (ii) excess fatty acids are stored as lipid droplets and undergo 

lipolysis to liberate fatty acids for metabolism. Abbreviations: ACS: Acyl-CoA synthetase; ATP: 

Adenosine triphosphate; CD36: Cluster of differentiation 36/Fatty acid translocase; Ce: Ceramide; CoA: 

Coenzyme A; CPT1/2: Carnitine palmitoyltransferase 1/2; DAG: Diacylglyceride; FABPc: Fatty acid 

binding protein at the cytosol; FABPpm: Fatty acid binding protein at the plasma membrane; FATP1/4: 

Fatty acid transport 1/4; G6Pase: Glucose-6-phosphatase; GBE: Glycogen branching enzyme; GCK: 

Glucokinase; GDE: Glycogen debranching enzyme; GLUT4: Glucose transporter 4; GP: Glycogen 

phosphorylase; GS: Glycogen synthase; MPC: Mitochondrial pyruvate carrier; PDH: Pyruvate 

dehydrogenase complex; PGM: Phosphoglucomutase; TCA: Tricarboxylic acid; TG: Triglyceride; UDP-

GPase: Uridylyltransferase-glucose pyrophosphorylase. 

 

6.2.1.2 Comparison of rodent and human muscle myofiber composition 

It is important to recognize that skeletal muscle of rodents, for example the commonly 

used mouse models of human muscular dystrophies (van Putten et al., 2020), are 

comprised predominantly of fast-twitch glycolytic type 2 myofibers (2X and 2B) 

whereas, in marked contrast, human skeletal muscles are mainly composed of slow-twitch 

oxidative type 1 and intermediate type 2A oxidative myofibers (Schiaffino and Reggiani, 

2011). A comparative transcriptome analysis of various mouse and human skeletal 

muscles concluded that the mouse soleus (predominantly slow) most closely resembles 

human muscle properties (Kho et al., 2006), whilst the gastrocnemius and hind limb 
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muscles are also suitable, being comprised of mixed myofiber-types: ideally these 

transcriptome data need to be substantiated by protein analyses. 

The muscle most traditionally chosen for human biopsy is the vastus lateralis (thigh), 

which is of mixed myofiber-type. Concerns with molecular analyses of mixed myofiber-

type muscles, are that pooled information may obscure distinctly different properties 

between individual myofibers and yet such myofiber-type specific information may be 

vital for mechanistic insight.  

To address specific properties of slow or fast myofibers, animal studies often 

conveniently use whole intact soleus and EDL muscles in vivo, or dissected and studied 

ex vivo (Lloyd et al., 2019), or single myofibers isolated from these muscles ex vivo, to 

allow for functional and molecular assessment of predominantly slow- and fast-twitch 

muscles respectively (properties summarized in Table 6.1 and discussed in Section 

6.2.1.3). Specifically, for the classic laboratory strain of C57BL/6J mice, the 

predominantly slow-twitch soleus muscle consists mainly of slow type 1 (37%) and 2A 

(39%) myofibers (representing a total of ~76% of all myofibers), with considerably fewer 

2A/2X (19%) and fast 2X (6%) myofibers (Augusto et al., 2004). That the mouse soleus 

contains predominantly type 2A myofibers was confirmed by immunohistochemical 

analysis, showing 46% 2A compared with 43% type 1 (representing ~89%) and 11% 2X 

(Kammoun et al., 2014). However, it is important to note there are some species 

differences and that the mouse soleus differs to both rat and human muscles where almost 

all myofibers are type 1; specifically, rat soleus is about 97% type 1 and only 3% 2A 

(Delp and Duan, 1996, Bloemberg and Quadrilatero, 2012), see images in Figure 6.1D, 

E, and human soleus is 92% type 1 and 5% 2A, with 3% myofibers co-expressing both 

type 1 and 2A MyHC (Ohira et al., 1999). Such species differences need to be considered 

when extrapolating whole muscle data from pre-clinical animal to human studies.  

However, species differences are less pronounced for fast EDL muscles, as shown below. 

The predominantly fast-twitch EDL in mice contains mainly type 2B (56-66%), with 

variable 2X/2B (7-21%), 2X (0.5-24%), 2A/2X (4-8%), 2A (0.5-10%), 1/2A (3%,) and 1 

(less than 0.5%) myofibers, depending on the reporting study (Augusto et al., 2004, 

Bloemberg and Quadrilatero, 2012). A similar distribution has been reported in rat EDL 

muscle (Delp and Duan, 1996, Bloemberg and Quadrilatero, 2012). We are not aware of 

such analyses for human EDL. 
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Immunohistochemical quantification usually examines transverse sections through the 

mid-region of a muscle, but examination of MyHC distribution along the longitudinal 

axis of individual myofibers extracted from rat EDL muscles showed that more than one 

MyHC can be present along the length of a myofiber (Stephenson, 2001), and these hybrid 

myofibers are likely due to myonuclear domains (Zhang and Gould, 2017). Further 

variables to be aware of are the plasticity of myofibers that can switch MyHC isoforms 

in response to various conditions such as denervation and aging (Pette and Staron, 2001, 

Blaauw et al., 2013); discussed later in Sections 6.2.2.1 and 6.3.1. 

Comparisons between humans and rodent limb muscles, and extrapolation to the clinical 

situation of pre-clinical data, also need to consider the vast differences between species 

related to the impact of the far longer growth phase (~16-20 years in humans compared 

with 2-3 months in mice) and longevity of humans compared with mice (~70 years 

compared with ~2 years). Furthermore, there are very different loading patterns and 

biomechanics of limb (especially hind limb) muscles between large upright bipedal 

humans compared with very small quadrupedal mice (humans are ~3,000 times heavier 

than mice), along with differences in metabolism, e.g. the basal metabolic (mass specific) 

rate is 7 times greater in mice than humans (Demetrius, 2005). However, despite these 

cautionary differences, there are remarkable similarities between these species related to 

myofiber phenotypes and normal and diseased muscle characteristics. 

Table 6.1: Intrinsic characteristics of main myofiber-types from trunk and limb muscles. Some key 

properties are shown for humans and mice. 

Characteristic Slow Intermediate Fast 

Myosin heavy chain isoforms    

Human Type 1 Type 2A Type 2X 

Mouse Type 1 Type 2A Type 2B/2X 

Phenotype    

Relative size (cross-sectional area) Smaller  Larger 

Contractile function    

Speed of contraction Slow Fast Fast 

Fatigue resistance High Intermediate Low 

SERCA activity Low High High 

Myosin-ATPase activity Low High High 

Z-band (and M-band) structure Wide (strong)  Narrow (weak) 

Titin: length of filaments Long  Variable 

Passive tension Lower  Variable 
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Characteristic Slow Intermediate Fast 

Metabolism (fuel for contraction) Oxidative Oxidative/glycolytic Glycolytic 

Mitochondrial content High High Low 

Oxidative phosphorylation capacity High High Low 

Lipid content High Intermediate Low 

Glycogen content Low Intermediate High 

Enzymes for anaerobic glycolysis Low Intermediate High 

 

6.2.1.3 Identifying the spectrum of slow and fast myofibers 

It is pertinent to make brief comment about classic histological methods used to 

distinguish between the spectrum of slow- and fast-twitch myofibers [reviewed by 

Schiaffino and Reggiani (2011)], and modern technologies now available for deeper 

analyses, especially for human myofibers [reviewed in Tobias and Galpin (2020)]. During 

the 1970s, electron microscopy provided many new ultrastructural insights and identified 

differences between sarcomeric Z- and M-band appearance (Figure 6.1B) for slow and 

fast myofibers: Z-band width varied from wide to narrow (for type 1 to 2B myofibers, 

respectively) and M-bands varied from five strong M-bridge lines (for type 1), to three 

strong and two very weak (hard to detect) for type 2 myofibers, with a combination of 

these two criteria recommended for myofiber-type classification (Sjöström et al., 1982). 

While of much interest, such electron microscopy observations are not convenient for 

routine analyses. The gold standard for clinical diagnosis in muscle diseases was based 

on histological staining of frozen tissue sections of muscle biopsy by light microscopy 

for various proteins, including metabolic enzymes such as the oxidative and 

mitochondrial associated succinic dehydrogenase (SDH) and presence of reduced 

nicotinamide adenine dinucleotide (NADH) combined with tetrazolium dye (stains blue 

and is pronounced in slow myofibers), although it became evident that there was wide 

variation in metabolic enzyme activities especially within fast myofiber sub-type 

populations [reviewed in Schiaffino and Reggiani (2011)]. 

Histochemical stains for myosin Ca2+-dependent ATPase activity were developed and 

involved the differing pH dependencies for the different myosin ATPases present (around 

1955), and these correlated with differences in the speed of contraction of slow and fast 

muscles and were widely used initially for diagnostic purposes. However, the ATPase 

assay is very dependent on the temperature at which it is performed, due to the subtle 

differences in pH that were necessary to discern some isotypes. Since it was shown that 
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myosin ATPase forms correlated more closely with the MyHC isoform proteins present, 

MyHC quantification has been deemed most appropriate for myofiber identification. 

With the advent of immunostaining with specific antibodies (as these became available), 

analyses of single isolated myofibers could be achieved by SDS-PAGE followed by 

western blotting. Alternatively, electrophoretic analysis of myosin isoforms where the 

different MyHC isoforms migrate slightly differently (due to their molecular weights), is 

suitable for myofiber identification and allows for relative quantification of each isoform 

present in each myofiber-type to be revealed (Pette et al., 1999). Quantification of 

ribonucleic acid (RNA) levels by in situ hybridization and reverse transcription-

polymerase chain reaction revealed more complexity and that there was not always good 

correspondence between messenger RNA (mRNA) and protein isoform patterns (Pette et 

al., 1999).  

Protein isoforms of MyHCs are now considered the best choice for myofiber 

classification, and sensitive western immunoblotting of small myofiber segments 

(< 2 mm) of individual myofibers (e.g. from human muscle biopsy), allowed 

simultaneous determination of the myofiber-type and relative abundance of proteins of 

interest (Murphy, 2011). This was further refined to a quick and simple novel dot blotting 

method for MyHC isoforms using minimal sample (< 1/10 that of the previous method) 

with the remainder of each myofiber segment pooled with myofiber segments of the same 

type (1 or 2) from a given sample for subsequent protein quantification by western 

blotting (Christiansen et al., 2019). In addition, transcriptome analyses of RNA from 

single type 1 and 2B mouse myofibers isolated from soleus and EDL muscles provides 

deep insight into gene expression patterns (Chemello et al., 2011) and global proteomic 

analyses of individual myofibers adds another valuable dimension to myofiber-type 

diversity (Schiaffino et al., 2020). Such techniques greatly facilitate investigations of 

individual myofiber-type specific features and responses to diverse stimuli, for both 

human and animal muscles. 

6.2.1.4 Normal muscle and propensity for transient damage compared with 

myonecrosis 

The severity of muscle damage in response to loading and exercise that can result in loss 

of force is of much interest, especially to exercise physiologists and for studying 

neuromuscular disorders. Muscle damage is greatest during lengthening (eccentric) 

contractions, that occur during downhill running in humans, and appears in tissue sections 
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(by microscopy) as myofibrillar disruption (Figure 6.4A) with sarcomere breakdown, and 

Z-band streaming (reducing force generation) (Figure 6.4A), and also disruption of the 

ECM (reducing force transfer) and is sometimes associated with inflammation, activation 

of satellite cells, and transient membrane leakiness (that is rapidly re-sealed). However, 

it is important to emphasize that most available evidence indicates that for normal healthy 

fast myofibers/muscles where such exercise-induced skeletal muscle damage in vivo does 

occur, this is transient and sub-lethal, and normally does not result in myonecrosis, and 

thus there is no consequent muscle regeneration required (Figure 6.4A); yet the opposite 

is often widely assumed [discussed in Yu et al. (2002), Yu et al. (2004), Macaluso and 

Myburgh (2012), Grounds (2014), Hyldahl and Hubal (2014)]. Thus, to avoid ongoing 

confusion, careful clarification is required by specifying the precise cellular events that 

result from exercise-induced intrinsic ‘damage’ over time, as outlined below. 

The in vivo response of normal fast myofibers to overloading in eccentric exercise 

(summarized in Figure 6.5A) is usually an initial tearing or ‘popping’ of sarcomeres, 

identified as Z-band streaming (Figure 6.4A): the Z-bands are aligned with costamere 

structures that physically couple the sarcomeric force with the sarcolemma and the ECM 

(Ervasti, 2003). Further myofibrillar disruption results in greater forces being placed on 

the sarcolemma, along with ‘leakiness’ of the sarcolemma with a small influx of Ca2+, 

which cascades to an activation of Ca2+-dependent proteases such as calpains (Murphy et 

al., 2007). Overall loss of force generation comes about due to reduced Ca2+ release from 

the SR and likely involves the calpain-mediated cleavage of junctophilin 1 which holds 

the triadic region in place (Murphy et al., 2013). There is also marked disruption of the 

complex ECM, that normally transfers the force generated by the intracellular contractile 

proteins through to the tendons to move the bones; this ECM disruption provides 

additional protection to prevent excessive force occurring at the sarcolemma (Hyldahl 

and Hubal, 2014). A consequence of such sub-lethal ‘transient’ muscle tissue damage in 

vivo is subsequent inflammation and activation of satellite cells (shown in Figure 6.1C) 

that are muscle precursor cells (often called muscle stem cells) that generate myoblasts. 

It is important to note that myoblasts do not fuse with intact myofibers after such 

‘transient’ tissue disturbance from exercise (Grounds, 2014), nor after denervation 

(Dupont-Versteegden et al., 1999, Grounds, 2014), nor in cachexia where inflammation 

and increased numbers of myoblasts are conspicuous (He et al., 2013); yet the presence 

of many inflammatory cells and activated myoblasts in these situations has often been 

mis-interpreted as regeneration. 
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In contrast, necrosis of myofibers results from severe breakdown of sarcolemma integrity 

that affects some length of the myofiber (Figure 6.4Bi), the myofiber can ‘reseal’ itself at 

both ends of a focal lesion, there is rapid infiltration of inflammatory cells (Figure 6.4Bii), 

which phagocytose necrotic tissue and stimulate activation of satellite cells, myoblast 

proliferation, and myogenesis. By about four days the myoblasts start to differentiate and 

fuse to form multinucleated myotubes that later fuse with ends of the damaged original 

myofibers (Figure 6.4Biii): central myonuclei often persist for many months in 

regenerated myofibers of mice [for detailed descriptions of such necrosis, inflammation, 

myogenesis, and regeneration see Papadimitriou et al. (1990) and Grounds (2014)]. 

Where eccentric damage has been studied ex vivo using myofibers isolated from animal 

and human muscles, some of the imposed forces and/or length changes can exceed normal 

physiological conditions and thus may not accurately reflect situations of voluntary 

contractions in vivo. Despite this caveat, such experiments show that the strong fast 

contractions of type 2 normal myofibers result in excessive sarcomere strain that leads to 

initial damage with Z-band streaming and sarcomere breakdown (Crameri et al., 2007, 

Macaluso and Myburgh, 2012); reviewed by Hyldahl and Hubal (2014). Susceptibility to 

such contraction-induced damage investigated in single permeabilized myofiber 

segments from slow soleus and fast EDL muscles of rats, showed that fast myofibers 

incur greater force deficits than slow myofibers (MacPherson et al., 1996), and studies in 

biopsied human muscles similarly show greater susceptibility of fast myofibers (type 

2A/2X > type 1) to an eccentric protocol in the vastus lateralis muscle (Choi et al., 2012).  

Such transitory myofibrillar and ECM disruption and remodeling (that protect myofibers 

from excessive force) is often associated with ‘leakiness’ of the sarcolemma 

(bidirectional), that can be measured as increased levels of muscle proteins such as 

creatine kinase into the blood, and conversely as uptake of Evan’s blue dye or procion 

orange from the blood into ‘leaky’ myofibers (observed in frozen muscle sections after 

experimental dye administration) (Hamer et al., 2002). Whether this muscle tissue 

damage does progress to further myofiber breakdown and necrosis under some extreme 

physiological conditions in vivo is not clear: as emphasized above, the consensus is that 

this does not normally occur for most healthy human and rodent muscles. 

After severe exercise regimes some human muscle biopsies examined by electron 

microscopy display evidence of myonecrosis and rhabdomyolysis (where intracellular 

muscle constituents are released into the circulation, including myoglobin in the urine) 
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[reviewed in Irintchev and Wernig (1987)]. For example, analyses of 10 trained males 

with gastrocnemius muscles biopsied for up to 7 days after running a marathon, reported 

histological features of ‘myonecrosis’ in some biopsies: however, there was no evidence 

of associated muscle regeneration (that normally occurs within a week of myonecrosis) 

and the paper states that “Satellite cells were present at all stages... although they did not 

appear to be involved in regenerative activities. At no time were myotubes, or fusing or 

branching muscle fibers observed” (p. 197, (Hikida et al., 1983)). This study also 

supported a preferential myonecrosis of oxidative myofibers and states “The oxidative 

fibers could be either the slow-twitch fibers (type I in humans) or fast oxidative (type 

IIa)” (p. 200, (Hikida et al., 1983)). Another study of 5 subjects (aged about 25 years) 

who performed heavy strength training of the elbow flexors, which were sampled up to 

23 days later, reported myonecrosis in only 3 of the 15 biopsies, with the 2 most severely 

affected specimens being from the same subject (Lauritzen et al., 2009). Therefore, it may 

be that where the exercise intensity is too high (or due to individual vulnerability, e.g., 

genetic or unaccustomed to exercise) the response may sometimes become ‘maladaptive’ 

leading to myonecrosis: this issue remains controversial. 
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Figure 6.4: Images of different responses to myofiber damage by (A) myofibrillar disorganization or 

(B) myonecrosis. Disturbed sarcomere structure, shown (using transmission electron microscopy) by (Ai) 

altered Z-bands (encircled; Z); scale bar: 500 nm; adapted with permission from Roth et al. (1999), and 

(Aii) disrupted myofibrillar structure (encircled; adapted with permission from Gibala et al. (1995)), which 

can progress to (Aiii) major myofibrillar dysregulation (see large area below asterisk; scale bar: 5 μm; 

adapted with permission from Yu et al. (2004)). These adaptations are transient and reversible and resolved 

by myofibrillar remodeling. Shown for human muscle following exercise (biopsies from (i) vastus lateralis, 

(ii) biceps brachia, and (iii) soleus). (B) Where myofiber necrosis occurs, this results in a complex series 

of regenerative events to restore myofiber integrity and function; indicated here in longitudinal sections 

(LS) of mouse muscles. The diagram (Bi) summarizes early events in a myofiber three hours after 

experimental injury, with the zone of necrosis (N) indicated. The loss of sarcolemma integrity is evident 

(arrows), and the center of this necrotic lesion has early breakdown of the sarcoplasm with presence of 

infiltrating polymorphonuclear leukocyte (neutrophils) within about 30 mins. At both edges of the lesion 

are zones of hypercontracted myofibrils with many mitochondria, that help to initially ‘seal off’ the necrotic 

zone from the adjacent remaining ‘intact’ myofiber structure; adapted with permission from Papadimitriou 

et al. (1990). By about one day (Bii) many macrophages and other inflammatory cells are conspicuous 

within necrotic myofibers (asterisks indicate length of some of these necrotic myofibers). This frozen 

muscle (in LS) from a dystrophic mdx mouse aged 28 days (with intrinsic myonecrosis), is stained with 

hematoxylin and eosin and shows blue nuclei of many inflammatory cells within necrotic myofibers, with 

some portions of adjacent (pink) undamaged myofibers; scale bar: 50 μm; unpublished, M Grounds. The 

process of advanced muscle regeneration (Biii) is shown at seven days after experimental crush injury of 

normal mouse muscle, stained with an antibody to desmin (brown) that is strongly increased in myoblasts 

and newly formed myotubes, to show many newly formed immature long multinucleated myotubes in 

intimate contact and fusing with portions of ‘apparently healthy undamaged’ (pale) segments of myofibers; 

scale bar: 50 μm; unpublished, M Grounds. 

 

It is noted that even where fast myofibers are specifically affected by some genetic 

mutations that affect function, these do not appear to influence the low incidence of 
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myonecrosis, e.g., mutations that affect glycolytic metabolism or cytoskeletal 

composition of actinin, discussed later in Section 6.4. 

In contrast to the situation for fast myofibers, it is important to note that one striking 

exception is the slow soleus muscle that in normal humans and rodents in response to 

unaccustomed (even mild) exercise is reported to readily undergo an acute initial bout of 

myonecrosis (Figure 6.5B), observed by histological analysis of tissue sections [discussed 

in Grounds et al. (2020)], and thereafter is protected from subsequent bouts of 

myonecrosis after similar exercise. While this is dramatic in the soleus, it is not observed 

in other limb muscles examined in young normal mice subjected to low resistance wheel 

exercise (Soffe et al., 2016). 

In a detailed study of six mouse strains subjected to acute voluntary wheel exercise, the 

soleus muscle was the most susceptible to such initial exercise-induced myonecrosis, 

although this was also affected by strain and was variable (Irintchev and Wernig, 1987). 

The vulnerability of the soleus to such myonecrosis is potentially attributed to ischemia, 

oxygen deficit, and mechanical pressure due to location of the muscle. As mentioned, 

subsequent myonecrosis did not seem to result from the same exercise when repeated 

over many months, presumably because of adaptation after the first bout of myonecrosis. 

The tibialis anterior muscles from the same mice also showed evidence of some 

myonecrosis but this was far less pronounced (< 1%) compared with soleus, and 

predominantly oxidative myofibers were affected. In contrast, this exercise did not result 

in any myonecrosis in the predominantly type 2B fast glycolytic EDL mouse muscle 

(Irintchev and Wernig, 1987). It is not clear if the lack of myonecrosis in the EDL is due 

mainly to myofiber-type differences, or also to different activation patterns during gait; 

the latter is hard to ascertain in vivo as it is complex and also involves the myotendinous 

unit (Charles et al., 2018, Charles et al., 2020). 

Studies in humans subjected to strenuous mountain running, including both uphill and 

downhill, where blood levels of myosin isoforms (fast and slow) were used as a systemic 

measure of specific contractile protein breakdown and myofiber ‘leakiness’, showed 

elevated slow (but not fast) myosin in the blood, supporting this notion of specific damage 

and leakiness of slow (but not fast) myofibers (Carmona et al., 2019). This unusual 

susceptibility of the soleus (and likely slow oxidative myofibers in other muscles) to 

exercise-induced damage with a pronounced bout of myonecrosis/regeneration needs to 

be more fully recognized, since only about six limb muscles are routinely analyzed in 
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mice. Thus, it can be misleading to extrapolate results for the ‘atypical’ soleus to the many 

diverse muscles throughout the body; for example, in experiments that aim to assess the 

extent of fusion of satellite cells with most mature myofibers in response to exercise 

(Masschelein et al., 2020). 

 

Figure 6.5: Simplified comparison of susceptibility to myonecrosis of slow and fast myofibers in 

normal and dystrophic DMD muscles. Indicated for (A, B) damage resulting from standard exercise 

(including eccentric contraction under physiological conditions). For description of these cellular events 

see Figure 6.4. For other neuromuscular diseases, the specific gene affected may impact the vulnerability 

to necrosis of a specific myofiber type. (Note: fast myofibers and motoneurons may have a lesser capacity 

for regeneration and reinnervation; discussed in text). Abbreviations: ECM: extracellular matrix; DMD: 

Duchenne muscular dystrophy (DMD); mdx: mouse model for DMD. 
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There is increasing interest in new biofluid (blood or urine) biomarkers to help distinguish 

damage of slow compared with fast myofibers, for normal muscles where muscle 

‘damage’ results in sarcolemma ‘leakiness’ or myonecrosis, e.g., after in vivo eccentric 

exercise [as discussed above and also in Neuromuscular disorders (Section 6.4)]. Such 

molecular biomarkers in the blood include isoforms of contractile proteins such as slow 

and fast skeletal troponin 1 (Chapman et al., 2013) or slow and fast myosins (Carmona et 

al., 2019) derived from myofibrillar breakdown, and also non-coding microRNAs 

(miRNAs) such as miR-206-3p as a robust indicator of slow myofiber damage compared 

with miR-133b-3p and -434 for fast myofibers (Siracusa et al., 2018). Such emerging 

blood biomarkers are potentially powerful new tools for in vivo studies to measure 

systemically, the damage to slow and fast myofibers (with blood or urine analyses being 

minimally invasive compared with muscle biopsies for human analyses) for normal 

muscles and especially for neuromuscular disorders including DMD. 

6.2.1.5 Dystrophic muscles and susceptibility of fast myofibers to necrosis 

The severe dystropathology in skeletal muscles of DMD and the mdx 

(C57Bl/10ScSnmdx/mdx) mouse and other animal models (discussed below) is 

characterized by repeated bouts of intrinsic myonecrosis caused by muscle contraction 

and exacerbated by exercise (Figure 6.5C) with early histological observations using 

biopsies from young DMD boys identifying preferential necrosis of fast type 2 myofibers 

(Webster et al., 1988) (in contrast with little myonecrosis in fast myofibers from healthy 

individuals), and similar observations for dystrophic dogs (Yuasa et al., 2008). Studies in 

mdx mice concluded that the mechanism of contraction-induced injury was dramatically 

different between dystrophic and control normal muscle (Dellorusso et al., 2001), with 

several studies of whole mdx muscles or isolated myofibers subjected to lengthening 

eccentric contraction damage, showing major susceptibility of dystrophic fast EDL 

myofibers to damage (e.g., irreversible force drop of 40-60% and membrane damage), 

with no alteration in mdx soleus, nor wild type (WT) controls (Head et al., 1992a, Moens 

et al., 1993). This was confirmed by a recent study where loss of force after increasing 

severity of eccentric contractions was far greater in mdx EDL (87%) compared with 

soleus muscle (13%) for male mice aged 3-6 months (Lindsay et al., 2019). This 

propensity of dystrophic fast myofibers to succumb to necrosis is emphasized by the early 

severity of damage and dystropathology widely reported in the DMD and mdx diaphragm 

(Stedman et al., 1991), that is predominantly composed of pure fast-twitch type 2D 

myofibers (Guido et al., 2010). 
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A study of the interaction of the ongoing dystrophic process and aging measured 

phenotype and functional parameters ex vivo (maximum isometric tetanic force and 

power output) for soleus and EDL muscles from mdx and WT mice aged 6-28 months 

(Lynch et al., 2001). This study reported significantly higher muscle mass and lower 

maximum isometric specific force in both EDL and soleus muscles from mdx compared 

to WT mice across the lifespan. However, while maximum power output in EDL was 

consistently ~25% lower in mdx mice at all ages, the difference in power output for the 

soleus muscle was much more modest and only became evident in aged mice (>18 

months). This highlights the myofiber-type specific manifestations of the 

dystropathology that may vary with age. The increasing numbers of branched myofibers 

in mdx muscles with age is another confounding factor to consider as this affects 

myofiber-type identification, function and susceptibility to damage (Head, 2010). 

Such myonecrosis, combined with several other features of fast myofibers (lower 

numbers of satellite cells, greater response to denervation and vulnerability of fast 

motoneurons, discussed in Sections 6.2.1.6, 6.2.1.7, and 6.2.2.1), is widely considered to 

result in preferential loss of fast type 2 myofibers (and thus increased relative proportions 

of slow myofibers) over time in DMD muscles and other conditions. Indeed, a recent 

study of myofiber pathology in mdx mice from two weeks to two years of age, reported a 

previously underappreciated myofiber loss in older mdx mice (Massopust et al., 2020). In 

this context, biofluid (blood and urine) molecular biomarkers, including the myofiber-

type specific isoforms and miRNAs mentioned above, are of increasing interest for 

clinical use to indirectly measure the extent of muscle necrosis and pathology in a range 

of conditions, and miRNAs have already been used in this context for DMD [reviewed in 

Grounds et al. (2020)].  

In conclusion, the very different sensitivity of myofiber-types to damage leading to 

myonecrosis between normal muscles (with slow myofibers more susceptible to 

myonecrosis) and diseased muscle (where fast myofibers are highly susceptible in DMD), 

emphasizes that simple extrapolation from observations in normal muscles to diseased 

situations may be very misleading. The need for myofiber-type specific difference to be 

more carefully considered when investigating the precise mechanisms leading to 

pathology for each neuromuscular disease is emphasized, since such potential myofiber-

type specific differences may influence the effects of genetic modulation, drugs and 

proposed clinical therapies. 
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6.2.1.6 Numbers of satellite cells (are lower) and myofiber response to denervation 

(greater) in fast myofibers 

In addition to the intrinsic molecular and protein level differences between slow- and fast-

twitch myofibers (Table 6.1), differences in the numbers and response of satellite cells 

(Figure 6.1C) are also reported, with classic electron microscopy studies showing 50% 

more satellite cells on slow myofibers (Gibson and Schultz, 1982). Since the larger, fast-

twitch myofibers in DMD muscles are considered to be more susceptible to intrinsic 

damage and myonecrosis (as discussed in Section 6.2.1.5), this vulnerability combined 

with a lower number of satellite cells might contribute to often stated ‘failed regeneration 

of fast myofibers’, that contributes to their demise. The repeated myonecrosis in DMD 

can also damage neuromuscular junctions with progressive morphological changes in 

neuromuscular junctions indicating denervation being widely reported (Haddix et al., 

2018); this consequently results in secondary neuronal changes associated with 

neurodegeneration with likely progressive denervation of myofibers over time that will 

further impair function of dystrophic muscles (Dhindsa et al., 2020, Krishnan et al., 

2020a, Krishnan et al., 2020b). In this context it is of interest that studies of EDL muscles 

from normal rats after experimental sciatic nerve denervation showed a marked atrophy 

of all fast type 2A, 2X, and 2B myofibers at 30 days, that was not evident in slow type 1 

myofibers (Bobinac et al., 2000). Therefore, such preferential susceptibility of fast 

myofibers to denervation (with subsequent impact on fast motoneurons) may further 

contribute to the pronounced ‘loss of fast myofibers’ widely reported in DMD, 

dysferlinopathies and other muscle conditions (including normal aging). In addition, a 

greater vulnerability of fast motoneurons to insults (discussed in Section 6.2.2.1) may 

amplify a ‘preferential loss of fast myofibers’ in these various situations. 

6.2.1.7 Muscle atrophy: susceptibility of slow and fast myofibers can differ, depending 

on the cause 

The term atrophy, associated with muscle wasting, can apply to individual myofibers 

where atrophy manifests as a decrease in cross sectional area (smaller myofibers) - 

discussed below. Yet atrophy is also used to describe whole muscles; while this may refer 

to many smaller myofibers, atrophy of whole muscles may also result from death (loss) 

of myofibers with replacement by fibrous or fatty connective tissue that can be especially 

pronounced in diseased situations such as MDs. Thus, precision is required when using 

the term muscle atrophy, in the context of healthy normal and diseased muscles to avoid 
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confusion in interpretation (see also comment below related to a shift in myofiber type). 

Myofiber atrophy involves complex signaling pathways that regulate the balance between 

protein synthesis and protein breakdown: atrophy occurs rapidly in normal muscle in 

response to starvation/fasting, that is initially pronounced for fast type 2 myofibers, since 

skeletal muscles break down to provide amino acids and glucose in the blood for 

maintenance of vital heart and brain metabolism and function (Shavlakadze and Grounds, 

2006). Myofiber atrophy occurs in many other situations and the susceptibility of 

different myofiber types depends on the cause for this muscle wasting, due to complex 

interactions between many distinct signaling pathways [reviewed in Schiaffino and 

Reggiani (2011), Ciciliot et al. (2013), and Wang and Pessin (2013)]. Since the 

susceptibility of different types of myofibers to myofiber atrophy in diverse situations has 

been so extensively reviewed (Ciciliot et al., 2013, Wang and Pessin, 2013), only brief 

comment is made here. As mentioned, atrophy is more pronounced in fast myofibers 

during food deprivation and this also occurs in response to inflammation (e.g., cachectic 

cancer, sepsis) (see Table 6.2) and in normal aging, as shown for atrophy of fast EDL 

muscles compared with no change in soleus muscles, of mice aged ~20 months (Messa 

et al., 2019). The sensitivity of fast myofibers to atrophy appears to reflect the lower 

content of peroxisome proliferator-activated receptor gamma coactivator 1α (PGC1α) in 

type 2A, and especially 2X, myofibers, compared with slow myofibers: in humans, 

PGC1α mRNA is positively correlated with the proportion of type 1 myofibers (Krämer 

et al., 2006) and polymorphisms have an impact in women but not men (Yvert et al., 

2020). In mouse models, experimental over-expression of PGC1α promotes oxidative 

metabolism and slow type myofibers, and can repress muscle atrophy (Sandri et al., 

2006), emphasizing the important role of PGC1α in the resistance to atrophy of slow 

myofibers. 

In contrast, slow myofibers of limb muscles are more susceptible to atrophy resulting 

from situations related to neuronal inactivity (e.g., denervation, spinal injury, 

unloading/bed rest) (Ciciliot et al., 2013). Many animal and human studies analyze only 

a few limb muscles and these responses are not representative of all the diverse muscles 

throughout the body, thus care is required before extrapolation; for example atrophy does 

not occur in extraocular eye muscles [discussed in Ciciliot et al. (2013)], and the response 

to atrophy (of limb muscles) can differ in specialized muscles such as the diaphragm. 

Mixed responses of different muscles are reported for clinical studies in chronic 

obstructive pulmonary disease and heart failure (both of which put added load on the 
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respiratory system and diaphragm), that concluded atrophy was pronounced in slow type 

1 myofibers in limb muscles, whereas atrophy occurs more in type 2 myofibers in the 

diaphragm [discussed in Ciciliot et al. (2013)] (see Table 6.2 for references). Some 

clinical studies can be hard to interpret, since the discussion sometimes relies on analyses 

of ‘shifts of myofiber type populations’, where it seems to be assumed that some 

myofibers have ‘disappeared due to atrophy’; yet instead these myofibers may have 

become converted to another myofiber type [discussed in Ciciliot et al. (2013), and also 

Section 6.2.2.1], related mainly to ‘loss of fast myofibers’ (Jackson, 2020). What is 

required to confirm atrophy is direct demonstration of smaller myofibers of a specific 

myofiber type. 

Another complication to consider in the context of signaling involved in myofiber 

atrophy, is that physical activity can also counteract muscle atrophy via systemic 

signaling from contracting skeletal muscle. Skeletal muscle plays a pivotal role in 

regulation of physiological homeostasis and disease progression in other tissues, directly 

via the release of skeletal muscle-derived cytokines (myokines) (Febbraio and Pedersen, 

2002, Febbraio et al., 2004) and metabolites (myometabolites) (Rai and Demontis, 2016) 

and myofiber contraction increases secretion of many molecules including exosomes 

containing non-coding RNAs, that communicate systemically with other organs and, in 

turn, some of these other tissues cross-talk back to skeletal muscle (Murphy et al., 2020). 

Studies in mice show that exercise induced muscle secretome molecules such as the 

myokine musclin can reduce myofiber atrophy in cancer cachexia (Cecconi et al., 2019) 

and the benefits of exercise for muscle secretome counteracting myofiber atrophy are of 

increasing interest [reviewed in Papadopetraki et al. (2022)]: this review concluded that 

the “engagement in exercise training programs… presents a promising complementary 

therapeutic intervention that can prevent or alleviate muscle wasting by enhancing 

muscle anabolic processes and suppressing muscle protein catabolism” (p. 6). However, 

the impact of such systemic signaling on atrophy of specific myofiber types in the various 

disorders mentioned above requires further investigation.  

This complex variation in propensity for atrophy of fast and slow myofibers in different 

circumstances, clearly has implications and needs to be considered carefully for many 

muscles composed of mixed myofiber-types. 
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6.2.2 Extrinsic differences for other components of skeletal muscle tissue 

Beyond myofibers per se, other tissue components can also be myofiber-type dependent 

as discussed for nerves, ECM, vasculature, and lymphatics below, and summarized in 

Figure 6.6. 

6.2.2.1 Nerves (and vulnerability of fast motoneurons) 

The force produced by a single muscle depends on the number of active motor units (the 

entire motoneuron and the myofibers innervated by the axon), the number and size of the 

myofibers innervated by motoneurons (i.e., innervation number), the contractile 

characteristics of the motor units, and the frequency at which the motoneurons discharge 

action potentials; although little is known about the variation in these properties across 

human muscles (Duchateau and Enoka, 2022). The complexity of motor units and the 

relationship of the peripheral and central nervous system falls outside the present review, 

that will focus mainly on motoneurons (axons and their Schwann cells). Properties of the 

‘slow’ or ‘fast’ motoneurons that initiate slow- and fast-twitch myofiber contractions also 

differ; these include the peripheral nerve axon and surrounding Schwann cells. The 

motoneuron properties, i.e., excitability and conduction velocity, are closely matched to 

the mechanical and metabolic properties of the myofibers they innervate (i.e., the motor 

unit properties). For example, motoneurons innervating slow type 1 myofibers are smaller 

(have higher input resistance and lower threshold for action potential generation), and 

therefore are recruited before larger motor units [reviewed in Gransee et al. (2012)], and 

they also have slower conduction velocity that matches the slower contraction relaxation 

times for slow myofibers. The opposite occurs for fast motor units. The typical action 

potential firing frequency of slow-twitch type 1 myofibers is around 20 Hz, compared 

with higher speeds for fast myofibers of 50-80 Hz for type 2A, 2X and 70-90 Hz for 2B 

myofibers [reviewed in Schiaffino and Reggiani (2011)]: the higher frequency bursts of 

action potentials may contribute to the increased vulnerability of fast axons to dysfunction 

during hyperpolarizing stress and this is supported by fast motoneurons/axons also being 

more vulnerable than slow in the neurodegenerative disorder Amyotrophic lateral 

sclerosis (ALS) (Nijssen et al., 2017). Other studies in ALS emphasize the complexity of 

cellular interactions that influence the function and survival of motoneurons and can 

contribute to the vulnerability of fast motoneurons, compared with slow twitch 

motoneurons that are largely resistant to neurodegeneration (Crabé et al., 2020). While 

studies of ALS have mainly focused on neuronal aspects, there is now increasing interest 
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in earlier changes in skeletal muscle that may contribute to driving the loss of 

motoneurons [reviewed in Pikatza-Menoio et al. (2021)]. A study of peripheral nerve 

excitability in rats showed that beyond conduction velocity, there are clear biophysical 

differences between slow and fast axons related to the type of myofiber innervated, with 

fast motoneurons predisposed to dysfunction during hyperpolarizing stresses, and thus, 

at high risk of degeneration in conditions like aging (Bell et al., 2019). 

There is increasing interest in the role of Schwann cells in maintenance of axons under 

conditions of stress, and it is proposed that extracellular vesicles transferred from 

Schwann cells are the local source of replacement and repair macromolecules for long 

axons [reviewed in Tytell et al. (2016)]. Indeed, it has been shown that Schwann cell-

derived exosomes communicate with dorsal root ganglia neurons, assist with re-

myelination and have therapeutic applications (Wang et al., 2020). The extent to which 

the content of these extracellular vesicles might vary when released from either slow or 

fast motoneurons is of future interest. Similarly, extracellular vesicles produced by 

satellite cells (positioned on the surface of myofibers in intimate contact with the 

sarcolemma) may serve as a source of communication and maintenance between the 

myofibers and the associated nerves (Murach et al., 2020, Yablonka-Reuveni and Lepper, 

2020) and the ECM. Thus, clarification of content of exosomes released specifically by 

slow- and fast-twitch myofibers is welcomed. 

These muscle and nerve interactions may involve the primary cilia of satellite cells and 

Schwann cells, as it is well documented that cilia interact with the local environment for 

mechanosensing and there is increasing evidence that cilia can also modulate the ECM 

environment (Collins and Wann, 2020), plus cilia can produce extracellular vesicles 

distinct from the parent cell (Mohieldin et al., 2021). Cilia are present on quiescent and 

activated satellite cells and on differentiating myoblasts [reviewed in Ng et al. (2021)], 

and the presence of primary cilia on Schwann cells has also been described (Park et al., 

1988) with modified cilia on peri-synaptic Schwann cells of the vertebrate motor endplate 

(Voigt et al., 2004). Cilia are now attracting increasing attention as a key signaling hub 

in the peripheral nervous system for neuronal regulation and regeneration (Ki et al., 

2021), and insight into the neuromuscular roles for cross-talk of cilia and exosome 

signaling in slow and fast motoneurons and myofibers is likely to rapidly expand. 

There are many forms of peripheral neuropathies, that can affect the motor, sensory, and 

autonomic nerves. Peripheral neuropathy is the most common chronic complication of 
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diabetes mellitus (in addition to direct effects on myofibers), characterized by damage to 

neurons, Schwann cells, and blood vessels within the nerves (Gonçalves et al., 2017), 

initially affecting the sensory nerves and later the motoneurons (Kobayashi and 

Zochodne, 2018). In diabetes, the high levels of glucose, inflammation, and oxidative 

stress affect miRNA biogenesis and release (within extracellular vesicles) with many 

effects of these miRNAs on Schwann cells (Fan et al., 2020), and the contribution of 

disturbed Schwann cells to neuronal dysfunction during diabetes is becoming 

increasingly evident. 

It is often stated that there is a preferential loss of fast-twitch myofibers with aging and 

in many neuromuscular disorders, and this was widely assumed to be due to some form 

of preferential ‘death or atrophy’. However, an alternative perspective is that these fast 

myofibers do not disappear, but instead may become reinnervated by slow motoneurons 

and convert into slower type myofibers [discussed in Purves-Smith et al. (2014) and 

Grounds and Pinniger (2015)]. Indeed, this latter explanation related to plasticity is 

gaining traction, with increasing evidence for selective loss of large fast-motoneurons 

(that innervate fast myofibers), and reinnervation of these ‘intact’ myofibers by collateral 

sprouting of slow motoneurons throughout life, that is particularly apparent in humans 

(Jackson, 2020). Thus, this age-related change may largely reflect the vulnerability of fast 

motoneurons, rather than an intrinsic problem with aging myofibers. Since normal fast 

myofibers seem to generally avoid myonecrosis, by strategy of sarcomere and ECM 

disruption associated with increased local inflammation (discussed in Section 6.2.1.4), 

such local inflammation may also contribute to the demise of local fast motoneurons. 

A more severe situation exists in DMD, where instead fast myofibers (rather than slow 

myofibers) are the most susceptible to myonecrosis, and this is associated with much local 

inflammation and elevated reactive oxygen species that may damage the ‘vulnerable’ fast 

(large) motoneurons in intimate contact with these necrotic dystrophic myofibers: thus, a 

compounding adverse effect on both fast myofibers and their fast motoneurons. Since it 

has been emphasized that myogenesis and regeneration may be relatively less efficacious 

for fast muscles that have fewer satellite cells and fewer capillaries (discussed in Sections 

6.2.1.6 and 6.2.2.3), these combined events related to vulnerability of fast dystrophic 

myofibers and motoneurons may further exacerbate the loss of dystrophic myofibers over 

time. 
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6.2.2.2 Extracellular matrix (ECM) 

The ECM that surrounds each myofiber and the whole muscle is of crucial importance 

for muscle function, formation, and regeneration: these issues are discussed in depth by 

several reviews, e.g., Grounds (2008a), Csapo et al. (2020). Indeed, many myopathies are 

due to gene mutations that disturb molecular components of the ECM including various 

collagens, laminin alpha-2, tenascin, and fibrillin-1 (Voermans et al., 2008). Much 

attention has focused on collagens (with 28 members in the super-family) as these are a 

major structural component for force transmission (Csapo et al., 2020) via the interstitial 

connective tissue and specialized myotendinous junctions that connect myofibers with 

the tendons (Tidball, 1991, Gaut and Duprez, 2016). In intimate contact with the surface 

of the myofiber is the specialized ECM structure called the basement membrane, this 

serves to transfer force generated within the myofiber across the sarcolemma and out to 

the strong collagens in the interstitial ECM compartment and is rich in laminins; the 

composition varies throughout development (Grounds et al., 2005). The basement 

membrane composition varies between different cell types, and even for one type of cell 

is not always constant as shown for endothelial cells of blood vessels during development 

and in different tissues where the dynamic ECM presents different molecular signatures 

depending on the physiological situation (Hallmann et al., 2005). Few studies have 

compared the basement membrane composition of slow and fast myofibers; an exception 

is a time course study of basement membrane associated proteins in aging rats (1-24 

months) that showed higher levels of type IV collagen in slow (soleus) compared with 

fast (rectus femoris) muscles, that increased significantly with age and appeared to be 

further increased by exercise: with a similar age-related increase seen for laminin that 

was higher in fast muscles (Kovanen et al., 1988). Since the basement membrane and 

wider ECM is of such crucial importance for all aspects of skeletal muscle biology and 

function, subtle differences in this complex extracellular molecular structure including 

the differential impact on slow and fast myofibers, warrants further investigation. 

Complex changes in ECM gene expression across the lifespan are a feature of skeletal 

muscle in aging rodents (Ibebunjo et al., 2013, Barns et al., 2014), and many differences 

in ECM composition are described for human and rodent muscles during aging [reviewed 

in (Zullo et al., 2020)]. Analyses of ECM gene expression in vastus lateralis muscles of 

young and older men (aged 70 years) subjected to various exercise regimes, showed 

changes in transcriptome of some of the matrix metalloproteases (MMPs) and their 

inhibitors (involved in ECM remodeling), as well as for collagen I; these mRNAs were 
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marked with age and in response to exercise (Gumpenberger et al., 2020), but it is unclear 

if this translates to differences at protein or activity levels since myofiber-type differences 

for MMP2 were not observed for rat muscle (Ren et al., 2019). Interestingly some MMPS 

are also located intracellularly as demonstrated by a study using isolated myofibers from 

rats and humans where ~70% of the metalloprotease MMP2 was located within myofibers 

(similar levels for slow soleus and fast EDL) closely associated with T-tubules: however, 

the proteolytic targets and physiological role of this intracellular MMP2 remain to be 

elucidated (Ren et al., 2019). In humans, ~50% of the total MMP9 has an intracellular 

localization (Ren, Lamb and Murphy, unpublished data). Increased collagen content with 

increased oxidation (glycation) and crosslinking, with decreased collagen turnover, which 

results in pronounced interstitial fibrosis and increasing ‘stiffness’ of older skeletal 

muscles, and reduced elasticity with altered mechanotransduction, is widely reported 

(Kragstrup et al., 2011, Wood et al., 2014, Gumpenberger et al., 2020, Pavan et al., 2020, 

Zullo et al., 2020). Few studies have investigated alterations of other ECM molecules 

during aging and almost none have examined possible differences between slow and fast 

myofibers, apart from the study mentioned above (Kovanen et al., 1988). There is also 

increasing interest in cross modulation between the ECM and satellite/stem cells, with 

satellite cells producing ECM components also being influenced by the ECM ‘niche’ 

[reviewed Henze et al. (2020), Ng et al. (2021)]. 

Consistent reports state that the age-related loss of muscle mass alone cannot account for 

the extent of decline of muscle strength. Across the neuromuscular system there is 

extensive remodeling with age, which involves muscles (with changes in architecture and 

pennation), fascia, and the central and peripheral nervous systems (Zullo et al., 2020). 

The altered architecture of tendons may also contribute as shown by intriguing 

observations from a study of soleus muscles of mice aged 6, 18 and 24 months where 

there was a doubling in length of the myotendinous junction region with an increase in 

proximal tendon length (31%) with age, thereby altering the biomechanics of contraction 

for this muscle in old animals (Nielsen et al., 2018): this study introduces a whole new 

aspect of ECM remodeling that needs to be more widely considered for diverse skeletal 

muscles during normal aging, and possibly in diseases. Indeed, detailed morphological 

analysis for a range of muscles (including soleus and EDL) of mice aged 6-32 months, 

further emphasizes that loss of myofibers is not a significant contributor to age-related 

muscle wasting in mice (Lal et al., 2021). 
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6.2.2.3 Vasculature 

There is much interest in the control of blood flow and oxygen (required for supply of 

nutrients, energy and removal of waste products) in different muscles of humans and 

animals, especially in response to the demands of exercise (Joyner and Casey, 2015) and 

aging (Socha and Segal, 2018). The vascular organization and response differs between 

slow and fast-twitch muscles as shown for the predominantly oxidative slow soleus (86% 

type 1 myofibers) compared with fast peroneal (84% type 2 myofibers) muscles of the 

rat, with slow myofibers having a higher capillary density, a higher proportion of perfused 

capillaries per myofiber at rest, and significantly higher specific oxygen consumption 

at rest and during stimulation (Behnke et al., 2003); this link between oxidative 

metabolism and high density of the capillary network in muscle is evident across species 

(Hendrickse and Degens, 2019). These fundamental vascular differences have many 

implications for function of various slow and fast muscles during normal aging and in 

disease, with vascular changes being of key interest for diabetes and obesity (Horton and 

Barrett, 2021). In addition, it is important to note that satellite cells are widely reported 

to be juxtavascular and closely associated with capillaries (Christov et al., 2007), with 

both these features being higher in slow-twitch muscles (summarized in Figure 6.6). 

Age-related vascular changes associated with structural and functional alterations of 

endothelial cells and blood vessel walls include thickening of the basement membrane in 

both sexes, resulting in increased vascular stiffness and endothelial dysfunction [reviewed 

in Xu et al. (2017b)]. The microcirculation in skeletal muscles shows complex age-related 

changes for slow and fast myofibers, with altered distribution and decreased numbers of 

capillaries; these appear to be related to myofiber size, can be attenuated by exercise, and 

have implications for satellite cell function and angiogenesis [reviewed by Hendrickse 

and Degens (2019)]. 

6.2.2.4 Lymphatics 

Lymphatics also need to be considered: the proximity of specific muscles to the lymph 

nodes and larger lymphatic system would likely impact waste removal and immune cell 

infiltration, and muscle disorders are closely correlated with lymphatic dysfunction, 

growth, and remodeling; although, to date, available data show no marked differences 

associated with slow or fast myofibers (Ji, 2018). 

These wider aspects of factors outside myofibers per se need deeper consideration to 

provide the full picture for evaluating the significance of slow- and fast-type myofibers 
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(and their specific innervation) in the context of manifestation of aging, metabolic 

disorders (such as diabetes, obesity) and many neuromuscular diseases. 

 

Figure 6.6: Summary of myofiber-type differences related to intrinsic responses of myofibers (see 

also Figure 6.5), and extrinsic factors. Presented as slow-twitch compared with fast-twitch myofibers. 

6.3 IMPACT OF OTHER CONDITIONS 

Brief comment is made to collate conditions that impact normal muscle homeostasis and 

neuromuscular disease manifestation: these include growth, aging, obesity, diabetes, and 

sex (with some aspects already mentioned above). 

6.3.1 Growth and aging 

6.3.1.1 Growth, metabolism, and onset of different neuromuscular diseases 

Many studies of skeletal muscles in animal models and humans use young adults, but the 

intrinsic changes that occur in muscles during growth and aging of healthy individuals 

also need to be considered in order to accurately interpret the relative impact of slow and 

fast myofibers in normal and diseased situations at different stages of life. Two 
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contrasting examples are provided to illustrate the impact of growth on manifestation of 

very different forms of muscular dystrophy: DMD and dysferlinopathy, a form of limb 

girdle muscular dystrophy.  

For the X-linked childhood disease DMD that manifests in very young boys and affects 

most muscles in the body it has been proposed that the physical and metabolic demands 

of growth, combined with unmet high energy needs of dystrophic skeletal muscle in DMD 

boys exacerbate intrinsic myonecrosis and disease severity (Radley-Crabb et al., 2014). 

This is supported by magnetic resonance imaging (MRI) and nuclear magnetic resonance 

spectroscopy analyses of mdx female mice aged 6-12 weeks, where the phase of high mdx 

myonecrosis during growth was associated with deficiency of energy metabolism, and 

subsequently improved during the adult stabilization phase (Heier et al., 2014). The 

implications of a severe ‘metabolic crisis’ for dystrophic skeletal muscles (Markham et 

al., 2017) is increasingly being recognized (Strakova et al., 2018), with altered 

mitochondria and energy production deficits [reviewed in Kourakis et al. (2021)]. One 

major impact of myofiber-type in DMD is that fast myofibers are more susceptible to 

intrinsic myonecrosis especially during growth (see also 6.2.1.5). That DMD stabilizes to 

a low chronic disease post-growth is a feature of mdx mouse and rats and other 

mammalian animal models of DMD where growth is of relatively very short duration 

(maximal up to about 6 weeks and 6 months in normal mice and dogs, respectively), 

compared with many years in humans (where height increase ceases by about 18 years), 

allowing for vastly different durations of the intense period of repeated muscle necrosis 

and accumulating histopathology with loss of muscle mass and function over time, before 

growth ceases (Grounds, 2008b, Grounds and Shavlakadze, 2011). The impact on many 

systems of vastly different size, growth rates, muscle loading and metabolism also needs 

to be considered in species comparison. 

Dysferlinopathies initially manifest mainly in the limb girdle muscles and are very 

different to DMD in molecular etiology and disease progression. In dysferlinopathy (in 

marked contrast with DMD) the onset of loss of muscle function usually manifests post-

growth (Amato and Brown, 2011) and yet many patients diagnosed as young adults were 

elite athletes during their adolescence (Klinge et al., 2010a). One speculative explanation 

is that such juvenile athletic prowess might benefit from the high levels of lipid droplets 

(steatosis) within slow dysferlin-deficient (dysf-/-) myofibers (Grounds et al., 2014), since 

these intramyocellular lipid droplets (pronounced in type 1 myofibers of human soleus) 

potentially provide an important substrate supply for contracting muscle for oxidative 
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mitochondrial metabolism and high energy production (Watt et al., 2002), and high levels 

of intramyocellular lipid droplets are also a feature of elite marathon runners (Li et al., 

2019). It is now apparent that the size, density, and localization (intramyofibrillar or 

subsarcolemmal) of lipid droplets are heavily influenced by metabolic state and exercise 

training; with increased density rather than size of droplets accounting for the higher lipid 

content in type 1 human myofibers (Seibert et al., 2020). In dysferlinopathy, this steatosis 

might not be a problem where energy demands are high during growth. However, muscle 

steatosis may have adverse consequences when growth slows/ceases and energy needs 

decrease in young adults, especially when combined with the shift in metabolism from 

predominantly lipogenic to more glycogenic that occurs between growing and adult 

normal human muscle. Specifically, as fuel for energetic metabolism during exercise, 

children rely more on fat than carbohydrates compared with adults, and the transition to 

an adult-like metabolic profile occurs between middle to late puberty and is completed 

by the end of puberty (Stephens et al., 2006, Aucouturier et al., 2008). Dysferlinopathies 

are discussed in detail at the end of this review (Section 6.5), but intrinsic disturbed lipid 

metabolism and altered lipidomics are a feature of young adult dysf-/- BLAJ mice (Haynes 

et al., 2019). In the context of metabolism, during post-growth normal maturation there 

are further shifts in glycogen metabolism that differ between slow and fast myofibers (Xu 

et al., 2017a); discussed in Section 6.3.1.2. Therefore, such a metabolic shift from lipids 

to carbohydrates as fuels during growth and maturation, might well contribute to the 

timing of the onset of disease manifestation of dysferlinopathies. The intrinsic differences 

between properties of slow type 1 myofibers (that metabolically mainly utilize lipids as 

fuel for oxidative pathways) compared with fast type 2 myofibers (that rely on 

carbohydrates and glycolytic pathways) may play a distinct role in the dysferlinopathies, 

and such myofiber-type differences for proteins related to metabolism in dysf-/- muscles 

are explored at the end of this review. Dysferlinopathies, like many neuromuscular 

disorders, progressively become more severe with age, and thus it is pertinent to examine 

wider changes that occur normally during healthy aging in the context of slow and fast 

myofibers. 

6.3.1.2 Normal aging 

Age-related changes in many systems become evident by about 60 years of age for 

humans and after about 18 months in rodents, including loss of muscle mass and function, 

called sarcopenia, that results from changes in many systems [reviewed by (Sayer et al., 

2013)]. Many of these (e.g., hormonal) fall outside the scope of this review but will 



MYOFIBRE-TYPE DIFFERENCES IN NEUROMUSCULAR DISORDERS 

 169 

clearly influence the onset and progression of many neuromuscular disorders, as do wide 

age-related intrinsic changes in neuronal systems and ECM (Zullo et al., 2020), also 

discussed above in Section 6.2.2 . Brief mention of immunoaging is warranted as this is 

attracting increasing attention. In brief, age-related changes in macrophages and many 

other immune cells can have adverse effects. For example, the extent of muscle wasting 

(atrophy) in response to cancer cachexia is increased in old mice (compared with young 

mice) and this is further exacerbated by anti-cancer therapies; but the situation is 

ameliorated by immunomodulation of old macrophages (Tomay et al., 2018). Similar 

adverse effects of normal immunoaging are evident for the kinetics of muscle 

regeneration after experimental injury in old mice, also ameliorated by 

immunomodulation (Duong et al., 2021). Regeneration of old nerves is also impaired, as 

a result of defective response of Schwann cells attributed to immunoaging, especially 

hyperinflammation, since the microenvironment of old uninjured nerves is characterized 

by chronic macrophage infiltration with elevated expression of cytokines and pro‐

inflammatory markers: such effects on nerves of older individuals impact the old muscles 

and progression of neuromuscular disorders (Buttner et al., 2018).  

Inflammation is closely linked with increased oxidative stress. It is well documented that 

levels of irreversibly oxidized proteins (but not reversibly oxidized protein thiols) 

increase during normal aging (Tohma et al., 2014), as well as in many neuromuscular 

diseases: indeed, the accumulation of irreversibly oxidized macromolecules results in 

deposition of lipofuscin, a classic marker of aging in all tissues across species, as 

demonstrated in normal skeletal muscles of mice aged 3-29 months (Tohma et al., 2011). 

In dysf-/- muscles of the AJ mouse model, lipofuscin was prematurely and significantly 

elevated by 3 months (compared with WT) and conspicuous by 12 months in the severely 

affected psoas muscle, indicating early irreversible consequences of cumulative oxidative 

damage (Terrill et al., 2013). The impact of oxidative stress on different myofiber-types 

was compared for slow (soleus) and fast (quadriceps) muscles of mature adult (12 

months) and old (25 months) normal male mice, using a global proteome approach and 

differential labeling of reduced and reversibly oxidized cysteine residues (Smith et al., 

2018): this study found that while age-related proteomic changes depended on myofiber-

type, redox specific changes did not. 
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6.3.1.3 Time course studies in rodent muscles across the life span 

In normal mice from about 15 months of age, there are major changes in metabolism and 

ECM composition as well as progressive denervation of muscles, corresponding with the 

onset and progression of sarcopenia (Ibebunjo et al., 2013, Barns et al., 2014, Pannerec 

et al., 2016, Börsch et al., 2021), and such changes generally correspond with altered 

events during human aging and sarcopenia. The myofiber denervation is associated with 

alterations in peripheral nerves indicating neurodegeneration and denervation (Krishnan 

et al., 2016), pronounced initially in hind limbs of rodents and lower limbs of humans 

(Pannerec et al., 2016); and sarcopenia is also associated with changes in sensory nerves 

and disturbed connections to motoneurons in the spinal cord of old (27 months) male 

mice (Krishnan et al., 2018). In accordance, morphological and other changes in sensory 

muscle spindles (proprioceptors) have been described in very old (28-31 months) male 

rats (Kim et al., 2007), and impaired proprioception in elderly humans (Suetterlin and 

Sayer, 2014) and also muscular dystrophies (Kröger and Watkins, 2021). Such broad 

neuronal changes conspire to reduce muscle function. 

Some of the complex effects of aging on myofiber-type differences for contractile and 

metabolic properties can be ascertained from a comprehensive time course study that 

compared physiological and biochemical characteristics of slow soleus and fast EDL 

muscles (including single skinned myofibers) across the ages of 3, 6, 9 and 12 months for 

normal male rats (Xu et al., 2017a): 12 months represents mature adult rats just before 

the marked onset of sarcopenia and aging. Maximum specific force increased with 

maturation in both muscles, but by twice as much for EDL (~50%) compared to soleus 

(~25%). The smaller force increase for soleus may reflect a larger age-related decline in 

Ca2+ sensitivity of contractile apparatus in soleus (~0.07 pCa units) compared with EDL 

(~0.04 pCa units) myofibers. Classic studies on contractile properties of whole muscle of 

normal mice across the whole lifespan showed marked decrease in maximum specific 

force for old EDL at 27 months but no change for soleus (Brooks and Faulkner, 1988). 

6.3.1.4 Reasons for a net loss of fast myofibers during aging 

While a net loss of fast myofibers during aging is widely reported, this can be hard to 

determine from small biopsy specimens of human muscles (Lal et al., 2021). One favored 

explanation now (discussed above under Nerves, Section 6.2.2.1) is that these fast 

myofibers do not die/disappear, but instead remain intact, become transiently denervated, 

and then instead progressively become reinnervated by more robust slow motoneurons 
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over time and hence ‘converted into slow myofibers’: the demise of fast motoneurons is 

likely exacerbated by vulnerability and preferential loss of fast nerves over time 

(discussed in Section 6.2.2.1) with additional impact of immunoaging (see Section 

6.3.1.2).  

These substantial age-related changes between slow and fast muscles need to be 

considered in the design and interpretation of experiments and in the context of onset and 

progression of neuromuscular disease. In this context, it is of interest that severity of some 

disease phenotypes may diminish or alter during aging, as demonstrated for a mouse 

model of periodic paralysis, where potassium-induced weakness decreased with age 

whereas other features associated with RyR1 dysfunction increased (Suetterlin et al., 

2021). Before focusing on inherited neuromuscular diseases, it is pertinent to make some 

comment on metabolic disorders such as obesity and diabetes that are strongly associated 

with neuromuscular disorders, with increasing prevalence in many populations across the 

world. 

6.3.2 Metabolic disorders: obesity and diabetes 

Obesity and the associated conditions of type 2 diabetes mellitus (T2DM) and metabolic 

syndrome are an increasing global problem, with more than 1.9 billion people over the 

age of 18 years estimated to be either overweight or obese (World Health Organisation, 

2020), and the prevalence of T2DM is at pandemic levels with the numbers of patients 

increasing by 5% annually (Gonçalves et al., 2017). A key feature T2DM is an inadequate 

response to circulating insulin by peripheral tissues resulting in insulin resistance and 

damaging high levels of blood glucose. These metabolic conditions are influenced by 

obesity and of much interest in the context of skeletal muscle myofiber-types (Muoio and 

Newgard, 2006), as they are often associated with a myofiber-type shift from type 1 to 

type 2X and it is proposed that insulin resistance in T2DM is a type 1 myofiber disease 

(Wade et al., 1990, Hickey et al., 1995, Gaster et al., 2001, Tanner et al., 2002, Oberbach 

et al., 2006, Albers et al., 2015, Frankenberg et al., 2022). This is because the oxidative 

slow type 1 myofibers normally have high expression of the insulin regulated glucose 

transporter type 4 (GLUT4) and greater insulin stimulated glucose uptake compared with 

fast type 2 myofibers, and yet GLUT4 expression is reduced in type 1 myofibers from 

patients with T2DM, as measured using immunohistochemistry (Gaster et al., 2001). A 

recent study of individual myofiber segments isolated from muscle biopsies from T2DM 

patients showed that, compared with normal control, glycogen content is lower in type 1 
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myofibers, while glycogen phosphorylase (GP) is significantly increased in both type 1 

and type 2 myofibers; this increase in GP may be compensating for the reduced glycogen 

content (Frankenberg et al., 2022). Moreover families with a history of T2DM show 

reduced activity of oxidative enzymes, consistent with a shift away from type 1 myofibers 

(Mootha et al., 2003, Patti et al., 2003), and studies in nondiabetic patients with metabolic 

syndrome where insulin responsiveness correlates with the proportion of type 1 myofibers 

(Stuart et al., 2013) also indicate that the loss of slow type 1 myofibers (with shift to 2X), 

may contribute to the development of insulin resistance: however, while other studies 

show a decrease in type 1 myofibers (Frankenberg et al., 2022) not all studies of T2DM 

find changes in myofiber-type proportions (Zierath et al., 1996, He et al., 2001), which 

may be due to the control groups used for comparisons. Nonetheless, it has been 

demonstrated that obesity (associated with increased insulin levels but reduced insulin 

sensitivity, increased oxidative damage, and reduced diacylglycerol kinase delta and 

adiponectin levels) may contribute to this shift from type 1 to type 2 myofibers via 

interrelated Ca2+-activated and 5’-adenosine monophosphate-activated protein kinase 

(AMPK) signaling pathways (Tallis et al., 2018). This reduction in oxidative type 1 

myofibers then exacerbates increased insulin resistance and T2DM (Patti et al., 2003, 

Lowell and Shulmanz, 2005, Tallis et al., 2018). High blood glucose levels and fatty acid 

overload, result in oxidative stress through the production of reactive oxygen species and 

glycation products that play a major role in the development of insulin resistance via 

repression of skeletal muscle GLUT4 expression, β-cell dysfunction, impaired glucose 

tolerance, T2DM and wider adverse effects (Pinto-Junior et al., 2018, Yaribeygi et al., 

2020). 

In addition to myofiber-type composition, a high fat diet and diet-induced obesity have 

muscle-specific impacts on morphology and contractile function, in both humans and 

rodents (Tallis et al., 2018, Hill et al., 2019, Hurst et al., 2019, Messa et al., 2020). Obesity 

can result in increased absolute force production of anti-gravity muscles, due to larger 

weight-bearing demands; however, force production and power output are ultimately 

reduced when normalized to body mass resulting in poor muscle quality and greater 

fatigability (Tallis et al., 2018). For example, after 16 weeks of a high fat diet in 5 month 

old mice, the myofiber cross sectional area was increased in soleus and diaphragm 

muscles, while the EDL was unaffected (Messa et al., 2020). The hypertrophy of the 

soleus is likely the result of increased body mass, whereas the increased mass of the 

diaphragm is likely compensatory for the reduced force-development capacity relative to 
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muscle mass in these diaphragm muscles (Hill et al., 2019, Hurst et al., 2019), or perhaps 

is an adaptive response to higher airway resistance in obese individuals. 

Obesity also has myofiber-type specific effects on contractile function in the elderly. In 

contrast to young individuals, obese elderly individuals have significantly higher 

proportions of type 1 myofibers in vastus lateralis compared to normal weight individuals 

(Choi et al., 2016). There was also a two-fold greater intramuscular lipid content in type 

1 myofibers from obese individuals that is inversely correlated with maximum specific 

force, shortening velocity, and power output suggesting that lipid accumulation may 

affect contractile function in a myofiber-type specific manner.  

The unfortunate increasing incidence of these metabolic disorders in the general 

population that strongly implicate disturbances in type 1 myofibers, combined with the 

impact of normal aging with progressive conversion of fast-twitch myofibers into slow-

twitch myofibers, will also influence the manifestation of various neuromuscular 

disorders. In addition, the important differential impact of sex on myofiber-type needs to 

be considered. 

6.3.3 Sexual dimorphism 

Males and females can differ in their severity of disease manifestation, since there are 

major sex-based differences in myofiber composition, MyHC expression, contractile 

function, and the regulation of these physiological differences by hormones; with about 

3,000 genes differentially expressed in male and female skeletal muscles (Glenmark et 

al., 2004, Haizlip et al., 2015), and analyses of DNA methylation of autosomal genes in 

skeletal muscle of men and women identified 10,240 differentially methylated regions 

between the sexes related to muscle function and substrate metabolism (Landen et al., 

2021). Furthermore, a study of blood metabolome in adult male and female rats showed 

a significant sex-dependent pattern for the main markers of energy metabolism and also 

for the urea cycle (Leskanicova et al., 2020). The interplay of these features is not well 

understood. Biological sex impacts the pathogenesis of numerous diseases, including 

metabolic disorders since many aspects of energy balance and glucose metabolism are 

regulated differently in males and females and influence their predisposition to T2DM 

(Tramunt et al., 2020).  

Males tend to generate greater maximum muscle power and have a higher capacity for 

anaerobic metabolism, whereas female muscle tends to recover faster, is more fatigue 

resistant, and shows less mechanical damage after exercise (Stupka et al., 2000, Glenmark 
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et al., 2004). While effects of sex hormones on skeletal muscle mass, function, and 

metabolism are well described in males, female specific studies are scarce in the 

literature, e.g., with females represented in only 6% of exercise studies (Alexander et al., 

2021). Despite the extreme sexual dimorphism in jaw muscles from some species (Eason 

et al., 2000), the myofiber-type proportions in most muscles are very similar between 

males and females (Staron et al., 2000). However, the cross-sectional area of myofiber-

types does differ markedly between the sexes and, importantly, this complicates the 

interpretation of muscle biopsies from women and men. For example, in vastus lateralis 

muscles of males the type 2A myofibers have the largest cross-sectional area whereas for 

females type 1 myofibers are largest (Staron et al., 2000): thus, the percentage of the 

biopsy area containing type 1 myofibers is significantly higher in females (44%) 

compared to males (36%), and the opposite is true for type 2A myofibers. A similar 

relationship can be seen for MyHC gene expression and protein isoforms with greater 

proportions for type 1 in females and type 2A in males (Staron et al., 2000, Welle et al., 

2008, Haizlip et al., 2015). The higher proportion of slow oxidative type 1 myofibers in 

female (compared with male) muscles probably accounts for the reported higher 

endurance levels and slower muscle contraction times in females, and the higher resting 

intramuscular triglyceride content of female muscles (compared with male), independent 

of diet or training status (Steffensen et al., 2002). Sex-related differences result in altered 

fuel metabolism during exercise, with females having a greater reliance on lipolysis for 

energy production [reviewed by Yardley et al. (2018)]. 

These sex differences are likely due in large part to hormones (Glenmark et al., 2004), as 

testosterone clearly has a hypertrophic effect on muscle and can increase muscle mass 

and strength (Haizlip et al., 2015), whereas estrogen, specifically 17ß-estradiol, promotes 

lipid oxidation and glycogen sparing during exercise [reviewed in Yardley et al. (2018)], 

although effects of estrogen are disputed (Haizlip et al., 2015). 

Sex also influences the immune system. Quantification of circulating leukocytes in young 

adult male and female C57Bl/6J mice, concluded that stages of the female reproductive 

cycle had minimal effect on these peripheral blood cell populations, that there were sex-

specific differences in immune cell prevalence with fewer monocytes, neutrophils, and 

natural killer cells for females and that immunophenotype was more variable in males 

(Breznik et al., 2021). This study emphasized the traditional imbalance in consideration 

of biological sex, often with exclusion of females, in research studies and the need to 

address this problem for meaningful clinical translation. Importantly, it is now recognized 
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that sex chromosomes per se via extent of inaction of the second X chromosome, also 

exert independent and interactive effects on adiposity, lipid metabolism, and 

inflammation (Zore et al., 2018). 

Sexual dimorphism is striking for immune responses and changes with puberty, as shown 

in spleens of normal mice (Lamason et al., 2006), and throughout aging [reviewed in 

(Jaillon et al., 2019)]. Females tend to have a more robust immune system, heightened 

immune and autoimmune responses and better resistance to infection than males 

(Verthelyi, 2006), and have a different response of the cytokine interleukin 6 after 

resistance exercise (Benini et al., 2015). Elderly females exhibit higher levels of 

inflammation, natural killer cells, and interleukin‐10 levels, whereas males tend to have 

a higher number of regulatory and cytotoxic T cells, and lower numbers of B cells, helper 

T cells, immunoglobulins and overall T cell proliferation: these observations emphasize 

that “sex is a biological variable that should be considered in immunological studies” 

(p. 626, (Klein and Flanagan, 2016)). 

Sex-related differences that impact muscles are found in many conditions throughout life, 

including age-related loss of skeletal muscle mass and function during normal aging 

(sarcopenia), and in cancers (cachexia) (Carson et al., 2016, Kim et al., 2016): [reviewed 

in Anderson et al. (2017)]. Since many pre-clinical and human studies use only males, 

this is increasingly recognized as a problem for clinical translation when evaluating 

models of diseases that affect both females and males. As sex differences (that affect 

myofiber-types, metabolism, and inflammation) occur in many tissues and change with 

age, the impact of sex also must be more carefully evaluated in neuromuscular conditions. 

Overall, the complexity of factors that distinguish and influence slow- and fast-twitch 

myofibers, impact all aspects of muscle function throughout life. These marked myofiber-

type differences, resulting from a combination of intrinsic and extrinsic factors, are vitally 

important to consider in the context of neuromuscular disorders, especially when trying 

to elucidate mechanistic pathways and treatment approaches for neuromuscular disorders. 

6.4 NEUROMUSCULAR DISORDERS 

6.4.1 Impact of myofiber-type 

Many neuromuscular disorders can result in shifts in myofiber-type composition 

[reviewed by Dowling et al. (2016), Talbot and Maves (2016)]; although less 
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consideration is given to the reverse situation where the intrinsic characteristics of 

different myofiber-types can influence manifestation and progression of specific diseases. 

Even for classic neuronal disorders like ALS characterized by upper and lower 

motoneuron degeneration, the contribution of skeletal muscles is increasingly recognized, 

with fast type 2 myofibers preferentially affected [reviewed Manzano et al. (2021), 

Pikatza-Menoio et al. (2021)]. Examples of involvement of slow and fast myofibers in a 

variety of inherited neuromuscular diseases and other disorders are provided in Table 6.2. 

A genetic disease/disorder may manifest preferentially in either slow or fast myofibers, 

dependent on the specific gene affected, or the disease manifestation can be influenced 

by specific properties of the different myofiber-type. Some examples are provided below. 

6.4.1.1 Direct effects of gene defects on specific myofiber-types 

Myosinopathies exemplify gene defects that directly and specifically compromise the 

function of either slow or fast myofibers due to myosin isoforms that are predominantly 

expressed, with mutations for the slow type 1 (MyH7) or fast type 2A (MyH2) MyHC 

respectively (Krivickas et al., 2000, Vihola et al., 2003, Pisani et al., 2008). Mutations in 

the gene for slow type 1 MyHC (MyH7) result in a range of skeletal and cardiac muscle 

myopathies and have been linked with myofiber-type disproportion, while patients with 

fast type 2A MyHC (MyH2) mutations show mild muscle weakness including facial and 

eye muscles being affected (Fukuda et al., 2006, Raben et al., 2008, Lim et al., 2014, 

Tajsharghi et al., 2014). 

The second example relates to the cytoskeletal protein α-actinin-3 (a major component of 

the Z-band) that is predominantly expressed in fast glycolytic myofibers in humans and 

has attracted much interest since there is a common polymorphism (R577X) in the 

ACTN3 genotype (with a premature stop codon at amino acid 577) that when 

homozygous (XX) results in loss of α-actinin-3 and is associated with human athletic 

performance (MacArthur and North, 2004). A significant proportion (approximately 

18%) of the human population is totally deficient in α-actinin-3 protein and, while this is 

not associated with any overt disease, this is detrimental to optimal sprint and power 

performance in elite athletes and the general population, and initially was considered 

beneficial for endurance athletes such as marathon runners. The loss of α-actinin-3 

changes the overall protein composition and elastic properties of fast myofiber Z-disks, 

resulting in loss of force generation and increased susceptibility to eccentric damage in 

α-actinin-3-deficient (XX) individuals (Del Coso et al., 2019, de Lima et al., 2021). Wider 
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effects of ACTN3 genotype related to altered muscle function and adaptation to physical 

demands and atrophy are observed and have been widely investigated in human 

populations, with ACTN3 genotype considered a disease modifier for inherited 

myopathies such as McArdle disease and DMD (Houweling et al., 2018). 

6.4.1.2 Biased effects on different myofiber-types 

Broader effects manifest where gene defects are related to metabolism (carbohydrate or 

lipid) and contractile function, due to differences in the levels of certain proteins across 

myofiber-types (and other tissues). An early report for a single patient demonstrated that 

reduced tolerance to strenuous exercise resulted from an inherited muscular defect in 

glycogenolysis (making glycogen unavailable as a source of energy for muscle 

contraction), this patient could tolerate long walks on flat ground but not stressful exertion 

(stairs) and this became pronounced by 20 years of age (Schmid and Mahler, 1959). Many 

other individuals with related defects in glycogen breakdown, glycogen storage disease 

(GSD), have now been identified, typified by McArdle disease (GSD type V) that 

primarily impacts fast type 2 myofibers and predominantly fast glycolytic muscles 

(Godfrey and Quinlivan, 2016, Krag et al., 2016, Real-Martinez et al., 2019). Similarly, 

in Pompe disease (GSD type 2) glycolytic fast type 2 myofibers (and associated nerves) 

are predominantly impacted, due to deficiency of the lysosomal acid alpha-glucosidase 

enzyme that results in accumulation of glycogen in lysosomes (Fukuda et al., 2006, Raben 

et al., 2008).  

Similarly, functional differences between slow and fast myofibers may leave one type 

more vulnerable to consequences of the gene defect. For example, in DMD where the 

dystrophin defect is not myofiber-type specific, fast myofibers are more susceptible to 

sarcolemma damage and resultant myonecrosis (Webster et al., 1988) (discussed in 

Section 6.2.1.5); although all dystrophic myofibers are vulnerable. 
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Table 6.2: Broad overview to indicate myofiber-type dependent effects in neuromuscular disorders. Full name of genes affected: DMD: dystrophin. DUX4: double homeobox 4. 

CAPN3: calpain-3. SGCA: sarcoglycan alpha. DMPK: myotonic dystrophy protein kinase. CNBP: CCHC-type zinc finger nucleic acid binding protein. MyH7: myosin heavy chain 7. 

MyH2: myosin heavy chain 2. GAA: glucosidase alpha acid (enzyme). PYGM: glycogen phosphorylase, muscle associated. *Simplistic indication of main myosin heavy chain (MyHC) 

type initially impacted by condition (often resulting in a myofiber-type shift). 

Disorder 
MyHC 

affected* 

Myofiber-type differences 

Slow (type 1) vs fast (type 2) 

Myopathies. Gene affected   

Duchenne muscular dystrophy (DMD). DMD 2 > 1 Fast (type 2) myofibers first affected; slow (type 1) myofibers affected later in humans (Webster et al., 1988). 
Predominantly fast muscles preferentially affected in DMD models in mice (Head et al., 1992a, Moens et al., 1993, Petrof et 
al., 1993) and dogs (Yuasa et al., 2008). 

Facioscapulohumeral MD. DUX4 2 > 1 Increased proportion of slow (type 1) myofibers. Fast (type 2) myofibers reduced maximum force capacity, not in slow 
(type 1) myofibers (Celegato et al., 2006, Jones et al., 2020). 

Calpainopathy. CAPN3 2 > 1 Predominant proportions of slow (type 1) myofibers (Murphy and Lamb, 2009). 

α-sarcoglycanopathy. SGCA 1 > 2 Differential effects on muscle function between slow soleus and fast EDL from mice. Increased proportion of fast (type 2X) 
myofibers in Scga-null soleus, no change in EDL (Danieli-Betto et al., 2005). 

Myotonic dystrophy Type 1. DMPK 1 Slow (type 1) myofiber atrophy, with higher frequency of central nuclei in slow myofibers (Krivickas et al., 2000, Vihola et 
al., 2003, Pisani et al., 2008). 

Myotonic dystrophy Type 2. CNBP 2 Fast (type 2) myofiber atrophy, with higher frequency of central nuclei in fast myofibers (Vihola et al., 2003, Pisani et al., 
2008). 

Congenital fiber type disproportion. Various genes 1 > 2 Slow (type 1) predominance; smaller than fast (type 2) myofibers. No histologic muscle structural abnormality (Clarke, 
2011). 

Myosinopathies   

MyH7 (encodes slow type 1 MyHC) 1 Variable predominance of slow (type 1) myofibers, but consistently smaller diameter of slow myofibers (Fukuda et al., 
2006, Raben et al., 2008, Lim et al., 2014, Tajsharghi et al., 2014). 

MyH2 (encodes fast type 2A MyHC) 2A Reduced proportion of fast (type 2A) myofibers, with fatty infiltration (Tajsharghi et al., 2014). 
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Disorder 
MyHC 

affected* 

Myofiber-type differences 

Slow (type 1) vs fast (type 2) 

Pompe disease. GAA 2 > 1 Decreased myofiber size and autophagic build-up in fast (type 2) myofibers, slow (type 1) only exhibit induction of 
autophagy (Fukuda et al., 2006, Raben et al., 2008). 

McArdle disease. PYGM 2 > 1 Progressive degeneration of fast (type 2A, 2X, and 2A/2X) myofibers, slow (type 1) unaffected (Krag et al., 2016, Real-
Martinez et al., 2019). 

Other conditions   

Aging/sarcopenia, fasting, inflammatory conditions 
e.g., fasting, cachexia, sepsis, glucocorticoid 

treatment 

2 Atrophy increased in fast (type 2) myofibers with aging (Lexell, 1995, Nilwik et al., 2013), consistent with reduced 
expression of fast MyH2 (type 2A) and MyH1 (type 2X), with slow MyH7 (type 1) unaffected (Klitgaard et al., 1990, Short 
et al., 2005). 
Other inflammatory and/or metabolic conditions show similar effects on muscle myofiber-type, generally show more 
atrophy of fast in limb muscles; reviewed in Ciciliot et al. (2013). 

Neuronal inactivity, e.g., denervation, spinal injury, 
bed rest 

1 > 2 Atrophy in all myofiber-types, general shift toward faster phenotypes, from slow (type 1) and intermediate (2A) to fast 
(type 2X) (Grimby et al., 1976, Burnham et al., 1997, Ditor et al., 2004, Gallagher et al., 2005, Trappe et al., 2007, Biering-
Sorensen et al., 2009, Ahmetov et al., 2012, Ciciliot et al., 2013). 

Chronic obstructive pulmonary disease, heart 
failure 

Mixed Limb muscles exhibit shift from slow (type 1) to fast (type 2) myofibers (Gosker et al., 2000, Remels et al., 2013); similar 
to those seen in muscle inactivity disorders (see above). 
Diaphragm, shows opposite effects, with shift from fast (type 2) to slow (type 1) myofibers (Gosker et al., 2000). 

Obesity and type 2 diabetes 1 Reduced proportion of slow (type 1) myofibers, with concomitant increase in fast (type 2X) myofibers (Wade et al., 1990, 
Hickey et al., 1995, Gaster et al., 2001, Tanner et al., 2002, Oberbach et al., 2006, Frankenberg et al., 2022). 
Reduced oxidative metabolism activity and shift to fast (type 2X) myofibers in diabetes, however myofiber-type 
composition change is not always observed (He et al., 2001, Mootha et al., 2003, Patti et al., 2003) 
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To investigate how characteristics of different myofiber-types may determine the phenotype 

manifestation of a specific disease or disorder, various experimental techniques are used, as 

outlined briefly below. 

6.4.2 Basic laboratory models for studying myofiber-type differences 

Beyond clinical studies, genetic diagnostics, and studying muscles from human biopsies 

and animal models associated with in vivo pre-clinical studies and trials, there are many 

approaches to investigating muscle disorders including widely used in vitro cultures of 

myoblasts, myotubes, or isolated myofibers (sometimes studied ex vivo), each with their 

own advantages and disadvantages. A major question surrounding these different models 

of muscle biology is how representative are they of the human disease pathologies and 

how translatable are their findings to the clinic? The use of muscle cell cultures and 

isolated myofibers are briefly discussed below, with a focus on the perspective of 

properties for slow and fast myofiber-types. 

Cultured immortalized skeletal muscle cells (myoblasts) and primary cultures of 

myoblasts derived from animals or human tissue, fuse together to form a multinucleated 

syncytium called a myotube, (similar to what occurs during in vivo myogenesis). Such 

tissue cultured myotubes are widely considered to represent a mature myofiber in vivo. 

However, these in vitro myotubes are immature growing muscle cells, without 

innervation or mechanical loading and they lack the full properties of a mature myofiber, 

e.g., with respect to major differences in contractile function, metabolic responses, and 

cellular Ca2+ handling (Han et al., 2006, Westerblad et al., 2010). Cultured myotubes 

conveniently derived from immortalized C2C12 mouse cells have a fast-twitch (2A) 

phenotype, whereas myotube cultures resulting from primary cultures of cells derived 

from a wide range of mouse muscles, including diaphragm, tongue, soleus, EDL, and 

other limb muscles, have similar myosin isoforms (mainly type 2A and 1) and gene 

expression patterns irrespective of their muscle of origin (LaFramboise et al., 2003). This 

also applies to human myotubes (derived from tissue cultured cells from biopsies) where 

myotubes are predominantly fast glycolytic (2X), probably reflecting the artificial culture 

conditions (compared with in vivo situation): a more oxidative slow-twitch phenotype can 

result when cultured under specific conditions (LaFramboise et al., 2003, Aas et al., 

2013). While cultured human myotubes have some limitations, they are useful to 

investigate many aspects of general skeletal muscle biology related to individuals with 

specific disease conditions (LaFramboise et al., 2003, Randolph and Pavlath, 2015). 
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Advances in human induced pluripotent stem cell technology to generate human skeletal 

muscle precursor cells (plus many other cell types) permit studies of myotubes for a wide 

range of neuromuscular disorders: these are of increasing interest when combined with 

tissue engineered three-dimensional cultures and organoids that can more realistically 

represent the in vivo environment of skeletal muscle particularly in the context of 

mechanical loading, electrical stimulation and co-cultures with other cell types (Mills et 

al., 2019, Fralish et al., 2021, Zschüntzsch et al., 2022). Critical challenges for these 

complex skeletal muscle cultures are the extent of tissue maturation and consideration of 

myofiber-type composition (Khodabukus, 2021). 

An alternative strategy for tissue culture studies is to use individual myofibers isolated 

from fresh mature muscle samples; for example, dissociated adult mouse flexor digitorum 

brevis myofibers maintain expression of mature proteins and reflect a more relevant 

system for the study of adult skeletal muscle function (Ravenscroft et al., 2007). Such 

individual myofibers isolated from skeletal muscles (at any age) allow for ex vivo studies 

of fully formed individual slow- and fast-twitch myofibers. These can be either ‘intact’ 

when liberated by enzyme-assisted dissociation from the ECM and often used for studies 

of myofibers, satellite cells and sarcolemma (Bockhold et al., 1998, García-Pelagio et al., 

2020), or else ‘skinned’ single myofibers in which the ECM and sarcolemma are either 

mechanically peeled away or chemically permeabilized for contractile function 

measurements (Lamb and Stephenson, 2018) and used for biochemical and molecular 

analyses (Pette et al., 1999, Murphy et al., 2009, Tobias and Galpin, 2020). These 

techniques can also be applied to small segments of myofibers isolated from human 

biopsies, a powerful but slow and invasive process (Lamboley et al., 2015, Frankenberg 

et al., 2022); also discussed in Section 6.2.1.3. An excellent comparison of techniques for 

myofiber-type specific protein analyses of human muscles is provided by Tobias and 

Galpin (2020). The use of such analyses and the differential impact of disease 

manifestation in slow and fast myofibers is now illustrated and briefly discussed in the 

context of dysferlinopathies. 

6.5 DYSFERLINOPATHIES 

6.5.1 Overview 

Dysferlinopathies, are a clinically heterogeneous group of neuromuscular disorders that 

arise from mutations in the dysferlin gene (DYSF), resulting in reduced expression of 
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functional dysferlin protein [reviewed by Amato and Brown (2011); Cárdenas et al. 

(2016)]. Dysferlinopathies are characterized by progressive skeletal muscle weakness and 

muscle wasting (Cenacchi et al., 2005, Fanin et al., 2014), with symptoms manifesting 

usually post growth (in young adults) with initial weakness typically in the proximal limb 

girdle (LGMDR2) or distal muscles (Miyoshi myopathy) respectively (Liu et al., 1998), 

although gradations across phenotypes are now more widely recognized (Harris et al., 

2016). Studies in dysf-/- mice [including the BLAJ (B6.A-Dysfprmd/GeneJ), A/J (A/Jdysf-/-

), and SJL/J (SJL/Jdysf-/-) mouse models] and humans show early accumulation of lipid 

droplets (steatosis) in slow-twitch myofibers (Demonbreun et al., 2014, Grounds et al., 

2014, Fanin and Angelini, 2016), altered lipid metabolism and lipidomics in young adult 

dysf-/- BLAJ mice (Haynes et al., 2019), disturbed immune responses including altered 

macrophage function and inflammasome (Nagaraju et al., 2008, Rawat et al., 2010, 

Rayavarapu et al., 2010, Yin et al., 2015), increased oxidative stress (Terrill et al., 2013, 

Rajakumar et al., 2014), pronounced complement activation on myofibers (Wenzel et al., 

2005, Han et al., 2010, Mariano et al., 2013, Fanin and Angelini, 2016), and in later 

stages, replacement of muscles by adipocytes (Amato and Brown, 2011, Terrill et al., 

2013, Demonbreun et al., 2014, Grounds et al., 2014, Fanin and Angelini, 2016, Diaz-

Manera et al., 2018). 

Dysferlin is a Ca2+-binding protein highly expressed in skeletal muscle and localized to 

the T-tubules (especially during development) and sarcolemma (predominant in mature 

myofibers), but also present in many other cell types including macrophages, neutrophils, 

adipocytes and vascular endothelial cells (Grounds et al., 2014, Bulankina and Thoms, 

2020). Dysferlin interacts with a variety of proteins reflecting its numerous functions 

throughout the body. Notably, dysferlin plays an important role in vesicle trafficking and 

fusion (Bansal et al., 2003, Glover and Brown, 2007) and T-tubule formation (Ampong 

et al., 2005, Roche et al., 2011), and is strongly implicated in Ca2+ handling associated 

with EC coupling (Klinge et al., 2010b, Bulankina and Thoms, 2020). While the 

localization and some functions of dysferlin are well established, it is largely unclear how 

dysferlin deficiency results in adipocyte replacement of myofibers and loss of muscle 

function. Clarifying the molecular mechanisms resulting from dysferlin deficiency and 

their consequences that result in dystropathology, along with the extent to which disease 

manifests in slow and fast myofibers, is a fundamental priority for the development of 

future therapies. 
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6.5.2 Myofiber-type specific differences in dysferlinopathy 

Studies that describe myofiber-type differences in dysferlin deficiency are summarized 

in Table 6.3. 

6.5.2.1 Lipid accumulation within myofibers 

Lipid accumulation is a marked feature of dysferlinopathy with the early presence of lipid 

droplets within slow oxidative myofibers (steatosis) in humans and mice, and the shift in 

metabolism during normal growth and maturation may influence the adult onset of 

dysferlinopathies (discussed in Section 6.3.1.1). Since human (and rat) soleus muscles 

are composed almost entirely of type 1 myofibers (92%) (Ohira et al., 1999, Bloemberg 

and Quadrilatero, 2012) as discussed in Section 6.2.1.2, steatosis is widely presumed to 

occur mainly within type 1 myofibers for humans. Indeed, the content of triglycerides 

(the major component of lipid droplets) is 2-3 times higher in type 1 myofibers than type 

2 in humans and rats, and in human soleus compared with tibialis anterior, with positive 

correlation between content of type 1 myofibers and triglycerides in quadriceps in humans 

(Kiens, 2006). However, one study reports that intramyocellular lipid droplet 

accumulation in normal mouse soleus muscles is highest in type 2A (rather than type 1) 

myofibers and is increased by high fat diet and denervation (Komiya et al., 2017): whether 

this specific type 2A myofiber lipid accumulation also applies to dysf-/- muscles in rats 

and humans requires clarification. The precise myofiber distribution of the increased 

intramyocellular lipid droplets in dysferlinopathy remains to be investigated. Lipidomic 

and metabolic investigations show that this basic muscle steatosis probably results from 

an increased capacity for fatty acid esterification to triglycerides demonstrated in the 

soleus of young adult (3 months) dysf-/- BLAJ, compared with WT male mice (Haynes et 

al., 2019): at this age there is no overt histopathology in any muscles.  

Severe histopathology and adipocyte replacement are not features of dysf-/- mouse soleus 

at 4, 10 and 11 months (Sellers et al., 2018, Lloyd et al., 2019), nor even in very old male 

mice aged 20-23 months (Agarwal et al., 2019). Yet severe dystropathology with 

adipocyte replacement is pronounced at this late age in many mouse muscles 

(gastrocnemius, quadriceps, gluteus, and psoas) especially in females, with female soleus 

also showing adipocyte replacement (Agarwal et al., 2019). While no change in wet 

muscle mass was observed between BLAJ and WT mice aged up to 25 weeks (Nagy et 

al., 2017), we observed that BLAJ soleus was significantly heavier (~125%) than WT 

(possibly due to oedema) for male mice aged 10 months, with no strain difference 



MYOFIBRE-TYPE DIFFERENCES IN NEUROMUSCULAR DISORDERS 

 184 

apparent for EDL muscle weights at this age (Lloyd et al., 2019). It is noted that the soleus 

is one of the first muscles affected in humans (Miyoshi et al., 1986), with MRI analyses 

of many muscles in dysferlinopathy patients showing that the soleus is one of the earliest 

and most impacted in terms of severe pathological adipocyte replacement (Diaz-Manera 

et al., 2018). This marked difference in severity of disease manifestation in the soleus of 

mice and humans may reflect the many differences between species for myofiber-type 

composition, muscle loading and metabolism. 

6.5.2.2 Mechanism for demise of dysf-/- myofibers 

The striking replacement of dysf-/- myofibers by adipocytes is probably what results in 

loss of function, yet the reasons for this remain obscure and warrant discussion. While 

there is certainly evidence for isolated myofibers undergoing myonecrosis and 

regeneration within dysf-/- muscles as described by early studies in SJL/J mice (Bittner et 

al., 1999), now known to lack dysferlin (van Putten et al., 2020), this is infrequent with 

overall very low levels of myonecrosis (<1%) observed in dysf-/- A/J mice even up to 19 

months of age (Terrill et al., 2013). Furthermore, exercise does not result in necrosis of 

dysf-/- muscles of SJL/J mice (Han et al., 2010), and regeneration after experimental 

injury appears to be excellent, especially in SJL/J mice, although this is somewhat 

controversial and may be influenced by strain and mode of injury [reviewed in Ishiba et 

al. (2019) and Bulankina and Thoms (2020)]. Very tight criteria should be used to confirm 

the extent to which classic myofiber necrosis has specifically occurred in dysf-/- muscles, 

as compared with other forms of myofiber damage and death. 

Importantly, it seems that some form of proteolysis or autolysis with severe loss of 

myofilaments, as described by electron microscopy, is a major cause of myofiber death 

in dysf-/-mice (Grounds, 2014) and humans (Cenacchi et al., 2005). This is further 

supported by immunostaining of human dysf-/- muscles for neonatal MyHC: while early 

studies concluded that small myofibers immunopositive for neonatal MyHC were 

‘regenerating myofibers’ (hence must have resulted from myonecrosis), these small 

myofibers were subsequently re-interpreted as being ‘atrophic and degenerating’ and this 

has very different implications, supporting degeneration rather than myonecrosis of dysf-

/- myofibers (Fanin et al., 2014). 

These observations of myofiber degeneration accord with many reports of activation of 

the complement system in dysf-/- muscles with increased membrane attack complexes on 

dysf -/- myofibers of both humans and mice (Spuler and Engel, 1998, Wenzel et al., 2005, 
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Han et al., 2010, Schoewel et al., 2015). These data strongly indicate that complement-

mediated muscle injury is central to the loss of myofibers and pathogenesis of 

dysferlinopathies. Complement activation is also implicated in muscle oedema reported 

by MRI of patients with dysferlinopathy (Diaz-Manera et al., 2018), and in the increased 

(~125%) mass of dysf -/- soleus muscles in BLAJ male mice aged 10 months, compared 

with WT mice (Lloyd et al., 2019). While fibroadipogenic precursors are implicated in 

the adipogenesis that replaces dysf-/- myofibers (Hogarth et al., 2019), it is not yet clear 

what the precise mechanisms are that link the high levels of lipid droplets in slow 

myofibers and the disturbed phospholipid composition of cell membranes in dysf-/- 

muscles (Haynes et al., 2019), to later activation and disturbances of the systemic immune 

system, and complement deposition across dysf-/- muscles with resultant loss of myofibers 

and replacement by adipocytes: this is an active area of research. 
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Table 6.3: Summary of studies that report myofiber-type differences in dysferlin-deficient (dysf-/-) compared with control normal muscles: general phenotype. *Simplistic 

indication of main myosin heavy chain (MyHC) type initially impacted by dysferlin deficiency (often resulting in a myofiber-type shift). Abbreviations: A/J: A/Jdysf-/-; BLAJ: B6.A-

Dysfprmd/GeneJ; EDL: extensor digitorum longus. F: female. M: male. m: months. TA: tibialis anterior. TG: triglyceride. y: years. 

Measure MyHC 
affected* 

Myofiber-type differences in dysf-/- vs control muscles 

Slow-twitch (type 1) compared with fast-twitch (type 2) 
Dysf-/- 
model 

Age Sex Reference 

Myofiber-type 
composition 

2 Increased proportion of slow (type 1) myofibers in biopsy (various muscles). Human 17-58y M/F (Fanin and Angelini, 2002) 

2 Increased proportion of slow (type 1) myofibers in biopsy (triceps); conversion process fast to slow. Human 16-76y M/F (De la Torre et al., 2009) 

2 Increased proportion of slow (type 1) myofibers in biopsy (TA). Fast myofibers more variable in size than 
slow. 

Human 45y M (Khaiboullina et al., 2017) 

2 Shift from fast (type 2B) to intermediate (type 2X) in EDL; slow soleus unchanged. BLAJ 10m M (Lloyd et al., 2019) 

Lipid accumulation 1 Slow (soleus) muscle most and earliest impacted by adipocyte replacement. Human 10-86y M/F (Diaz-Manera et al., 2018) 

1 Slow (soleus) increased storage of TG; fast/mixed (quadriceps) TG content unaffected. BLAJ 4m M (Haynes et al., 2019) 

1 Slow myofibers have increased lipid droplets (psoas). BLAJ, 
A/J 

8m M/F (Grounds et al., 2014) 

N/A Adipocyte replacement in soleus, gastrocnemius, quadriceps, gluteus, and psoas. BLAJ 20-23m M/F (Agarwal et al., 2019) 

Muscle function 2 Maximum specific force lower in fast EDL (2m) and diaphragm (2, 8m); slow soleus unaffected. A/J 2, 8m M (Barton et al., 2010) 

varied Slow soleus heavier, quicker twitch contraction, and slower fatigue recovery. 
Fast EDL slower relaxation, and higher maximum rate of force production. 

BLAJ 10m M (Lloyd et al., 2019) 

Eccentric contraction-
induced damage 

2 Fast (type 2A) more susceptible to membrane tears in diaphragm. A/J 2, 8m M (Barton et al., 2010) 
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6.5.2.3 Myofiber-type susceptibility to damage 

Whether there are differences in vulnerability to degeneration between slow and fast dysf-

/- myofibers requires clarification. Studies using histochemical staining for the enzymes 

NADH-TR and SDH (associated with mitochondria and oxidative metabolism) 

concluded that degeneration of fast type 2 myofibers was more pronounced than for slow 

type 1 myofibers in dysf-/- SJL/J quadriceps at eight months, but that the sensitivity of the 

type 2 myofibers to injury might be site specific depending on the location of the muscle 

(Kobayashi et al., 2010). In 10 month old dysf-/- BLAJ male mice, we reported a slight 

shift in myofiber-type composition in the fast EDL (assessed by SDS-PAGE analysis of 

MyHC isoforms) away from fast type 2B towards intermediate type 2X myofibers, with 

no change in myofiber-type composition in the predominantly slow soleus muscles 

(Lloyd et al., 2019). Muscle biopsies from patients with advanced stages of 

dysferlinopathy have a predominance of slow type 1 myofibers, suggesting a selective 

loss of fast type 2 myofibers or a conversion process (Fanin and Angelini, 2002, De la 

Torre et al., 2009, Khaiboullina et al., 2017, Jackson, 2020); indeed, proteomic analysis 

supports an active fast-to-slow myofiber conversion process occurring in dysferlinopathy 

(De la Torre et al., 2009). Such ‘apparent loss of fast myofibers’ may reflect many 

parameters associated with fast myofibers (discussed in Section 6.2.2.1), including a 

greater vulnerability of fast motoneurons to inflammatory and other assaults, especially 

since immune disturbances are widely reported in dysferlinopathy (discussed in Section 

6.5.1). 

6.5.2.4 Functional studies 

Functional studies show limited impact of dysferlin deficiency on predominantly slow 

soleus and fast EDL mouse muscles. Studies of maximum specific force at two and eight 

months of age in A/J (dysf-/-) mice (compared with WT) showed a reduction in the fast 

EDL (two months) and intermediate diaphragm (two and eight months), while the slow 

soleus was unchanged (Barton et al., 2010), and studies using BLAJ male mice aged 10 

months showed no effect of dysferlin deficiency for both soleus and EDL [discussed in 

Lloyd et al. (2019)]. However, we identified some myofiber-type dependent differences 

on other measures of muscle function in 10-month-old BLAJ male mice, with a greater 

impact on dysf-/- soleus (that was significantly heavier than WT), with quicker contraction 

and relaxation and delayed post fatigue recovery; the dysf-/- EDL mass did not differ but 
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had a slower relaxation and higher maximum rate of force production compared with WT 

(Lloyd et al., 2019). 

Barton et al. (2010) found that the dysf-/- A/J soleus was more susceptible to ex vivo 

eccentric contraction induced damage as measured by force loss at both two and eight 

months of age, with no membrane damage observed, while the dysf-/- EDL was 

unaffected. Eccentric contraction of the diaphragm resulted in procion orange 

predominantly entering type 2A myofibers in eight-month-old A/J mice (but not control 

mice), demonstrating these dysf-/- myofibers were more susceptible to membrane 

‘leakiness’ (Barton et al., 2010). While such dye penetration into myofibers indicates 

sarcolemmal ‘leakiness’, there is no evidence that this progresses to myonecrosis. 

Similarly, other in vivo studies using both blood CK, plus Evan’s blue dye within 

myofibers, to measure myofiber leakiness in dysf-/- mice (compared with WT) showed 

blood CK was elevated in all mice aged 2.5-8 months, with Evans blue dye increased in 

many muscles including the soleus (the EDL was not analyzed) of sedentary dysf-/- mice 

aged 2.5 months (Lee et al., 2015). However, both Evans blue dye and immunoglobulin 

G (another marker of sarcolemma leakiness) were further increased within myofibers in 

vivo in response to a single downhill treadmill running regime for the soleus and EDL, as 

well as gluteus muscles of dysf-/- mice aged three months (Gushchina et al., 2017). 

6.5.2.5 Myofiber-type differences in response to various treatments 

A wide range of interventions have already been tested using dysf-/- mice, with variable 

success, including drugs that target the immune response [reviewed in Mariano et al. 

(2013)] and adeno-associated virus treatments, both of which have shown myofiber-type 

dependent differences in the response of dysf-/- muscles, with two examples presented 

here. The first study treated SJL/J mice with Fasudil (that aims to reduce inflammation 

by inhibiting the Rho-associated protein kinase signaling pathway) for 16 weeks from 2 

months of age (Rayavarapu et al., 2010): unexpected adverse effects were observed, with 

decreased maximum specific force in dysf-/- soleus but not EDL muscles, and this was 

not seen in the untreated dysf-/- muscle, nor in the same muscles from C57Bl/6J WT 

animals (Rayavarapu et al., 2010). Also, in response to insulin-like growth factor 1 

induced muscle hypertrophy, the dysf-/- soleus muscle was slower to increase in mass 

compared with dysf-/- EDL muscle (Barton et al., 2019). Further evaluation of various 

interventions for dysferlinopathy falls outside the scope of this discussion. However, a 

deeper understanding of how slow and fast dysf-/- myofibers differ and how they may 
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have differential responses to various treatments can provide important insight into the 

fundamental disease mechanisms and hence prediction and development of successful 

treatments. Accordingly, some new protein data are presented below to illustrate 

fundamental biochemical differences for dysf-/- slow and fast muscles. 

6.5.3 New protein data for soleus and EDL muscles of dysf-/- BLAJ mice 

We quantified the abundance of key proteins associated with EC coupling and 

glucose/glycogen metabolism in the slow soleus and fast EDL muscles of male dysf-/- 

BLAJ and WT normal C57Bl/6J mice aged 10 months, using contralateral muscles from 

the same mice used to investigate functional differences between these muscles (Lloyd et 

al., 2019). Marked myofiber-type specific differences between BLAJ and WT muscles 

were evident for several proteins (Figure 6.7). The main differences in BLAJ slow soleus 

were increased abundance of CSQ1 and decreased glycogen synthase (p < 0.05). 

Whereas, for BLAJ fast EDL muscles, there were increased levels of DHPR and 

SERCA1, and decreased GLUT4 and glycogen debranching enzyme (p < 0.05); notably 

for BLAJ EDL muscles the abundance of RyR1 was below the level of detection for 5 of 

the 6 muscles analyzed (see EDL in Figure 6.7B). The main roles of these proteins 

impacted by dysferlin deficiency in BLAJ muscles related to these data, are summarized 

diagrammatically in Figure 6.8. These protein level changes likely relate to the dysf-/- 

myofiber-type specific differences reported for function and metabolism, as discussed 

below in the context of proteins related to Ca2+ regulation and glucose/glycogen 

metabolism. 
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Figure 6.7: Different levels of proteins associated with excitation-contraction (EC) coupling and 

glucose/glycogen metabolism in soleus and EDL muscles of dysferlin-deficient BLAJ, compared with 

WT, mice. Data for WT and BLAJ male mice aged 10 months. Whole muscle homogenates analyzed by 

western blot. (A) Dihydropyridine receptor (DHPR); (B) Ryanodine receptor 1 (RyR1); (C) 

Sarco/endoplasmic reticulum Ca2+-ATPase 1 (SERCA1); (D) Calsequestrin 1 (CSQ1). (E) Cytochrome c 

oxidase subunit IV (COXIV); (F) Glucose transporter type 4 (GLUT4); (G) Glycogen synthase (GS); (H) 

Glycogen branching enzyme (GBE); (I) Glycogen phosphorylase (GP); (J) Glycogen debranching enzyme 

(GDE). Data analyzed by Student’s t test: *, **, **** BLAJ vs WT (p < 0.05, 0.01, 0.0001 respectively). 

Data are presented as individual values and mean ± SEM (n = 4-6).  

Methodology: Protein abundance was quantified using standard western blotting procedures, as described 

in detail previously (Murphy et al., 2012, Xu et al., 2017a, Lamboley et al., 2021). Given protein levels 

were normalized to total protein (a.u.) (Murphy et al., 2012). Each data value is the average of 3-4 

independent measurements of given muscle homogenate. Representative gels are presented in 

Supplementary Figure 6.1 and Supplementary Figure 6.2. 
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Figure 6.8: Summary diagram of myofiber-type specific differences in proteins levels of dysferlin-

deficient BLAJ muscles, related to excitation-contraction (EC) coupling and glucose/glycogen 

metabolism. A) Simplified diagram (related to Figure 6.2 and Figure 6.3) indicating location and direction 

of change (arrows) of affected proteins, for male BLAJ slow soleus (shown in green) and fast EDL (shown 

in red) muscles, relative to WT mice, aged 10 months (n = 4-6). B) Summary emphasizing relative changes 

in these proteins. Abbreviations as shown in Figure 6.2, Figure 6.3, and Figure 6.7. 

6.5.3.1 Ca2+ regulation and function of dysf-/- muscles: impact of myofiber-type 

An increase in CSQ1 protein in BLAJ soleus muscle, compared with WT, supports our 

observation of faster contraction and relaxation for BLAJ soleus muscle at 10 months 

(Lloyd et al., 2019). CSQ1 is a high affinity Ca2+ buffering protein, with higher affinity 

for Ca2+ than the CSQ2 isoform, which is typically present in slow-twitch myofibers, 

hence increased abundance of CSQ1 will result in an enhanced Ca2+ buffering capacity 

of the SR and thus higher rate of Ca2+ release and reuptake (Shin et al., 2003). 

In contrast, the BLAJ EDL had ~5-fold more DHPR protein than WT, which may be 

compensating for the extremely low RyR1 protein levels (undetectable in 5/6 samples) or 

vice versa, in order to maintain muscle function. Typically, DHPR proteins are associated 
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with a single RyR tetramer, however many RyR tetramers are not coupled to a DHPR. 

The increased DHPR content suggests an increase in the overall DHPR:RyR1 and hence 

enhanced EC coupling-induced Ca2+ release and submaximal force production (Delbono 

and Meissner, 1996, Baylor and Hollingworth, 2003); indeed, we reported increased 

relative force production in BLAJ EDL muscles at some submaximal stimulus 

frequencies (Lloyd et al., 2019). Moreover, increased cytosolic [Ca2+] could ultimately 

prolong the Ca2+ reuptake period, accounting for the slowed relaxation reported for the 

BLAJ EDL (Lloyd et al., 2019). Increased abundance of SERCA1 protein suggests that 

the EDL would have an enhanced capacity for contraction and relaxation, while the 

opposite was evident. It is important to note that SERCA activity is regulated by other 

proteins (e.g., sarcolipin, phospholamban) (Shaikh et al., 2016), which may also explain 

why there were no functional consequences of the increased SERCA protein content in 

the BLAJ EDL. Thus, a complexity of compensatory protein changes may help to 

maintain the function of these dysf-/- muscles. The marked contrast between changes in 

BLAJ compared with WT soleus and EDL, emphasizes the propensity for different 

manifestation of the impact of dysferlin deficiency dependent on the myofiber 

composition of the muscles. 

6.5.3.2 Glucose and glycogen metabolism for dysf-/- muscles: impact of myofiber-type 

Lower glycogen synthase in the BLAJ soleus, compared with WT, suggests a decreased 

capacity to synthesize glycogen; however, as no strain differences for other glycogen-

related proteins or for GLUT4 were evident, there may be little overall effect on glycogen 

metabolism in the dysf-/- soleus muscle. The regulation of glycogen synthase activity is 

complex (Marr et al., 2022) and the protein measurement is insufficient to determine 

activity. Nonetheless, perhaps if the lower glycogen synthase did translate to decreased 

glycogen synthesis capacity, it may provide a link to the increased reliance on lipids 

reported for BLAJ soleus muscles (Haynes et al., 2019). 

In the BLAJ EDL, the reduced GLUT4 abundance indicates that glucose uptake may be 

reduced; however, determining the functional relevance of this requires full investigation 

of GLUT4 dynamics at the sarcolemma. In addition, glycogen debranching enzyme 

protein was also reduced in BLAJ EDL compared with WT mice, which may limit 

glycogen utilization and feedback to reduce glucose uptake. Since many proteins not 

included in our analyses can interact with, and influence glycogen utilization and 
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synthesis, these preliminary data suggest that a deeper analysis of glycogen metabolism, 

in both slow and fast-twitch dysf-/- muscles, is warranted. 

These results related to altered EC coupling and glucose metabolism, that are both of key 

importance for muscle function, strongly indicate distinct intrinsic myofiber-type specific 

effects of dysferlin deficiency with important implications for a more precise 

understanding of the molecular basis of the disease. The marked myofiber-type 

differences between dysf-/- slow soleus and fast EDL muscles in mice, clearly emphasize 

the importance of myofiber-type composition in different muscles for manifestation of 

dysferlinopathy. In this context it useful to stress that the composition of mouse soleus is 

very different to the soleus for humans and rats; as discussed in Section 6.2.1.2 (Ohira et 

al., 1999, Bloemberg and Quadrilatero, 2012). The similarity of rat and human soleus 

myofiber-type composition (almost entirely type 1), along with greater size of rats and 

various physiological and metabolic features of rats that more closely resemble humans 

(Żakowski, 2020), suggest that generation of a rat model of dysferlin deficiency, might 

provide a more representative model for human dysferlinopathy. Indeed, dystrophic rat 

models for DMD appear to have a more pronounced dystropathology, compared with 

classic mdx mice (Larcher et al., 2014, Krishnan et al., 2020b, Lim et al., 2020). 

6.6 CONTROVERSIES, GAPS, AND CONCLUSIONS 

Various controversies are mentioned throughout this review and a few are highlighted 

here. Controversies can arise related to difficulties in interpreting data obtained from 

human muscle biopsies where only a small portion of muscle is sampled, and when there 

appears to be a shift in myofiber-type populations it may be difficult to conclude whether 

this is due to a preferential loss (or atrophy) of one type of myofiber (widely presumed in 

the past e.g. for aging) or, instead, represents a constant number of myofibers with a shift 

in the myofiber-type populations due to altered pattern of innervation (e.g. in aging due 

to loss of more vulnerable fast motoneurons). This is more controversial where an 

opposite shift in myofiber type proportions is reported between limb and diaphragm 

muscles, in certain situations such as chronic obstructive pulmonary disease and heart 

failure. Such observations stress that vastly different muscles, composed of different 

proportions of fast to slow myofibers may have quite different properties and responses, 

influenced by their function, architecture, and location, thus caution must be exercised 

when extrapolating from the many studies using limb muscles, to assumed consequences 



MYOFIBRE-TYPE DIFFERENCES IN NEUROMUSCULAR DISORDERS 

 194 

in other disparate muscles throughout the human body (e.g., spinal, diaphragm, 

extraocular – that are clearly much less readily available). 

A further controversy relates to an intense recent focus on satellite (stem) cells as a central 

player in many situations of mature muscle related to atrophy, aging, and some 

neuromuscular diseases without due consideration for contrasting studies that dispute any 

major role in vivo. A related topic pertains to the need to more clearly define what is 

meant by the initial ‘damage’ resulting from some exercise, since much confusion can 

arise from casual misinterpretation of cellular events in muscle tissue sections; 

specifically, the need to distinguish between ‘transient reversible tissue disturbances’ and 

the bona fide necrosis of slow or fast myofibers, which is disruptive and initiates the 

complex series of events that result in new muscle formation and regeneration. 

Another crucial factor that must be considered is whether an appropriate control group 

has been used for clinical comparisons. Inclusion criteria for both the control (normal) 

and disease states can be difficult to ascertain, especially since many diseases progress 

over time and are phenotypically heterogenous between individuals at different ages. Plus 

gaining access to control individuals can also be difficult, particularly in diseases that 

affect children. 

Gaps include a need to consider the precise composition of the complex ECM (including 

the basement membrane) more intensively in a wide range of muscles, myofibers, and 

situations – this has barely been addressed, yet good tools are now available, and the ECM 

influences a huge range of signaling pathways and biomechanical responses critical for 

optimal function of myofibers and other cell types. The ECM is in intimate contact with 

cilia that are biosensors (influencing cell signaling) and modify the adjacent ECM, and 

their role on many cells (including myofibers, satellite cells, Schwann cells) warrants 

further investigation. The relationship of different myofiber types with many components 

of the peripheral and central neuromuscular system in various situations ranging from 

aging to disease would also be interesting to investigate more carefully, as would the role 

of lymph nodes and lymphatics relative to their proximity to specific adjacent muscles. 

Plus, more intense studies of isolated human myofibers that can identify altered levels of 

proteins related to calcium handling and metabolism for individual myofibers ranging 

from slow to fast-twitch (as illustrated here for dysferlinopathy), can be highly 

informative and provide specific new mechanistic insight into molecular disturbances that 
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may be present; this approach could be more widely applied to human muscle samples 

from different genetic neuromuscular diseases and other muscle disorders. 

In conclusion, this review highlights that myofiber-specific approaches can help to 

elucidate the fundamental molecular changes underlying vastly different neuromuscular 

diseases (illustrated using dysferlinopathy), whereas such precise information may not be 

discerned, and even striking differences obscured, in analyses of whole muscles with 

mixed populations of myofiber-types.  

The comparable myofiber-type composition between muscles of mice and humans (and 

other species) also needs to be considered for translational purposes. Such differential 

responses of slow and fast myofibers in some (but by no means all) neuromuscular 

diseases, along with the marked influence of many changes during normal aging, plus 

metabolic disturbances, and sex, need to be considered in the context of each disease. In 

addition, the wider consequences of different susceptibility to damage/myonecrosis of 

slow and fast myofibers between normal and diseased muscles, along with their different 

capacity for regeneration, plus the differential vulnerability of associated slow and fast 

motoneurons to damage and denervation, all conspire to influence normal muscle 

homeostasis throughout life and may serve to ‘tip the balance’ of manifestation and 

progression of neuromuscular diseases. 
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SUPPLEMENTARY DATA 

 

Supplementary Figure 6.1: Representative western blots for Ca2+ handling-associated proteins in 

soleus and EDL muscles from WT and BLAJ mice aged 10 months. Whole muscle homogenates 

analyzed by western blot. (A) Dihydropyridine receptor (DHPR; at 170 kDa); (B) Ryanodine receptor 1 

(RyR1; at 450 kDa); (C) Sarco/endoplasmic reticulum Ca2+-ATPase (SERCA1; at 100 kDa); (D) 

Calsequestrin 1 (CSQ1; at 63 kDa). Non-contiguous lanes from the same gel are separated by black dashed 

lines. 
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Supplementary Figure 6.2: Representative western blots for metabolism-associated proteins in soleus 

and EDL muscles from WT and BLAJ mice aged 10 months. Whole muscle homogenates analyzed by 

western blot. (A) Cytochrome c oxidase subunit IV (COXIV; at 17 kDa); (B) Glucose transporter type 4 

(GLUT4; at 45 kDa); (C) Glycogen synthase (GS; at 85 kDa); (D) Glycogen branching enzyme (GBE; at 

72 kDa); (E) Glycogen phosphorylase (GP; at 95 kDa); (F) Glycogen debranching enzyme (GDE; at 

165 kDa). Non-contiguous lanes from the same gel are separated by black dashed lines. 

 

6.7 CHAPTER SUMMARY 

This chapter reviewed a range of intrinsic and extrinsic factors that differentiate the 

spectrum of slow to fast-twitch myofibres, and subsequently how these myofibres behave 

in different contexts, including growth, muscle damage and regeneration, and ageing. 

This review was especially interested in the implications of these differences in slow and 

fast myofibres for neuromuscular diseases, and recommended that investigation of these 

variable responses in diseased (compared with normal) slow and fast myofibres can 

provide clarity and new insight into the molecular basis of some diseases. 
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Additionally, using dysferlinopathy as an exemplar to demonstrate the power of this new 

paradigm, new data were presented showing myofibre-type specific alterations in the 

abundance of Ca2+ handling and glucose metabolism associated proteins in muscles from 

BLAJ mice. The changes in Ca2+-handling proteins accorded with functional changes 

reported in Lloyd et al. (2019) (Section 4.1), and these preliminary data suggest that 

further investigation into the impact of dysferlin deficiency on Ca2+-handling proteins is 

warranted.  

These new data included in the Chapter 6 review, together with the results of Chapter 4 

showing subtle myofibre-type specific differences in muscle function for the BLAJ soleus 

and EDL muscles (that were not fully accounted for by altered myofibre-type composition 

nor changes in the Ca2+-activation properties of slow- and fast-twitch dysf-/- 

myofilaments), strongly implicate dysferlin deficiency in the disruption of EC coupling, 

potentially contributing to impaired muscle function in dysferlinopathy. 

Furthermore, data indicating altered glycogen metabolism, as measured by the glycogen-

associated proteins, fit with previous observations of disturbed glucose metabolism in 

dysferlinopathy. Since many proteins not included in the analyses of this study can 

interact with, and influence glycogen utilisation and synthesis, these preliminary data 

suggest that a deeper analysis of glucose/glycogen metabolism, in both slow- and fast-

twitch muscles, is warranted. 

 




