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Abstract 

Trypanosomes constitute a group of flagellate protozoan parasites responsible for a 

number of important, yet neglected, diseases in both humans and livestock. The most 

significantly studied include the causative agents of African sleeping sickness 

(Trypanosoma brucei) and Chagas disease (Trypanosoma cruzi) in humans. Much of our 

knowledge about trypanosome host-parasite relationships and life histories has come 

from these two human pathogens. Recent investigations into the diversity and life 

histories of wildlife trypanosomes in Australia highlight that there exists a great degree 

of biological and behavioural variation within and between trypanosomes. Additionally, 

the genetic relationships between some Australian trypanosomes show that they are 

unexpectedly more closely related to species outside Australia than within it. These 

findings have led to a growing focus on the importance of understanding trypanosomes 

occurring naturally in wildlife in order to: i) better document parasite biodiversity and 

host specificity in Australian birds and mammals, ii) characterise their biology and 

ultrastructure, iii) determine evolutionary relationships, iv) understand host-parasite 

interactions and the role of parasites in the natural ecosystem, and v) identify biosecurity 

issues of emerging disease in both wildlife and human populations. Here knowledge of 

the diversity, ultrastructure, host-parasite interactions, and evolutionary relationships of 

trypanosomes in Australian wildlife is expanded. In this context, focus was placed upon 

the genetic proximity of key Australian species to the pathogenic T. cruzi and similarities 

in their biology and behaviour that present a potential risk of human disease transmission 

by Australian vectors and wildlife. Additionally, the genetic relationships and diversity 

of trypanosomes isolated in Australia were also a key focus. Techniques used included; 

PCR-based screening methods of tissue and blood samples from wild animals (DNA 

extraction, PCR amplification, Sanger sequencing, high-throughput next-generation 

sequencing, bioinformatics, phylogenetic analysis), in vitro cell culture of locally isolated 

parasites, and 2-dimensional and 3-demensional microscopy (bright field, live-cell and 

fixed fluorescence, TEM, SEM, FIB-SEM).  

Research resulting from this thesis investigated the biodiversity and structural biology of 

avian trypanosomes in WA for the first time revealing that they are locally diverse and 

cross-continental showing no host-specificity. The ultrastructure of an entirely serially-

sectioned bird trypanosome revealed the structure of the mitochondrion-kinetoplast. A 

morphological and phylogenetic description of Trypanosoma noyesi (previously T. sp. 

H25) present in the T. cruzi clade was provided. Trypanosoma noyesi is genetically 
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similar to T. cruzi but lacks morphological similarities demonstrating the diversity present 

in the T. cruzi clade. Next-generation high-throughput sequencing of blood samples from 

marsupials isolated in south west Australia revealed a high incidence of mixed infections 

and high within species diversity of Australian Trypanosoma spp. A novel Trypanosoma 

(T. sp. ANU2) was also identified. This research also demonstrated there is a significant 

difference between the trypanosomes infecting the woylie and the brushtail possum in the 

south west of Australia. The host-parasite interactions of T. copemani were investigated 

in vitro in both eutherian and marsupial cells and were compared to T. cruzi. The 

intracellular behaviour differs between T. cruzi and T. copemani, which does not have an 

intracellular life cycle in vitro in the way that T. cruzi does. Although, exposure to T. 

copemani was detrimental to cell health. Trypanosoma cruzi infected marsupial cells in 

vitro in a similar way to other cells indicating T. cruzi would pose a biosecurity risk to 

marsupials and consequently to humans if it were to become established in Australia. The 

research conducted in this thesis demonstrates that Australian trypanosomes are diverse 

and both genetically and morphologically unique. Biosecurity issues of Australian 

trypanosomes infecting humans and human pathogens like T. cruzi infecting animals in 

Australia may represent a problem in the future if research is not focussed on 

understanding these relationships further. Additionally, the unique plethora of Australian 

trypanosomes most likely play a vital role within their host communities that should be 

better understood. 
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Chapter 1. General introduction 

Host-parasite relationships and life histories of 

trypanosomes in Australia. 
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1.1. Parasite diversity and community relationships  

1.1.1 The importance of understanding parasites in the community 

Parasites constitute a considerable proportion of global biodiversity and are responsible 

for numerous socio-economically important diseases. However, the majority of parasite 

research is focussed on disease causing agents that infect human and livestock hosts, 

while concerns should extend to all parasites and the wider community they inhabit 

(Dobson et al., 2008). The ‘one-health’ triad proposes that wildlife, livestock and human 

health are interconnected and the health of each group is reliant on the others (Thompson, 

2013). For example, naturally occurring parasites in wildlife represent unique genetic 

lineages important in preserving biodiversity and host-parasite relationships within their 

communities. A decline in parasite richness from depletion or local extinction may lead 

to an increase in the proportion of viral and bacterial infection in wildlife, which has 

important implications for community health (Harris and Dunn, 2013).  Additionally, 

disease can ‘spill-over’ in any direction between humans, wildlife, and domesticated 

animals, leading to possibly devastating effects. There are also concerns that wildlife may 

act as reservoirs or amplifiers for known livestock or human disease (Kruse et. al., 2004). 

Therefore, a greater understanding of the life histories of wildlife parasites may provide 

insight into identifying and controlling parasite infections, and developing more effective 

management plans for disease threatening community health (Thompson et al., 2009; 

Thompson et al., 2010; Thompson, 2013). In Australia this is of particular importance as 

little is known of the life histories of many wildlife parasites that exist in vulnerable 

wildlife species, such as trypanosomes.  

 

1.1.2 The importance of understanding trypanosomes 

Trypanosomes are flagellate protozoan parasites that occur in almost every animal taxon. 

They are referred to as Kinetoplastids due to an extra-nuclear mass of DNA in a unique 

mitochondrial-like structure called the kinetoplast. Trypanosomes include parasitic 

organisms responsible for a number of human diseases including, leishmaniasis caused 

by parasites from the genus Leishmania and trypanosomiasis caused by parasites from 

the genus Trypanosoma. Diseases caused by trypanosomes are referred to as neglected 

tropical diseases due to their high prevalence in poor communities. Here, we are 

concerned primarily with the genus Trypanosoma, which generally have a diphasic life 

cycle occurring between a vertebrate host and invertebrate vector. Trypanosoma is 
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traditionally separated into two biological groups, the stercoraria and the salivaria. 

Stercorarian trypanosomes reside in the hindgut of the invertebrate vector and are 

transmitted via the faecal route. Trypanosoma cruzi the causative agent of American 

trypanosomiasis in humans is an example of a stercorarian trypanosome (Hoare 1972). In 

the salivaria, trypanosomes reside in the mouthparts and transmission is inoculative (via 

saliva). Trypanosoma brucei the causative agent of African trypanosomiasis in humans 

belongs to the salivaria (Hoare, 1972). Trypanosoma cruzi and T. brucei are the most 

significantly studied trypanosomes due to their role in causing disease, yet somewhat 

surprisingly, their life histories are vastly different (Hoare, 1972) (Figure 1.1). These two 

causative agents of trypanosomiasis utilise vastly different mechanisms for immune 

evasion, have chronic versus neurological pathogenesis, exhibit pathogenic intracellular 

versus extracellular mammalian life stages, possess different (bug versus fly) vectors, and 

even have very different means of sexual recombination. Ultimately, their various life 

histories lead to damaged organ tissue, interference in brain function, anaemia, and poor 

health in numerous animal species including humans (Hoare, 1972; Masocha and 

Kristensson, 2012; Murray and Dexter, 1988). . It is most likely that other Trypanosoma 

species will exhibit and possess considerable variation in their life history, vectors, 

cellular metabolism, behaviour, pathogenesis, and host specificity. However, to date 

many Trypanosoma species, which are perceived to have little or no impact on their host 

or community, have been under-studied. Thus little information exists about wildlife 

trypanosomes and their potential for impact on the host. 

 

1.1.2.1 Causative agents of American trypanosomiasis 

Trypanosoma cruzi is responsible for American trypanosomiasis, or Chagas disease, an 

acute or chronic infection that affects 6 - 7 million people and kills around 15,000 each 

year (Clayton, 2010; WHO, 2015). Less than five percent of young children that develop 

an acute infection will die of myocarditis or meningoencephalitis (WHO, 2015). Fatalities 

associated with chronic infection can occur sometimes 10 to 30 years after infection either 

from tissue damage and enlargement of heart ventricles resulting in heart failure in 20 - 

30% of patients, or from gastrointestinal and neurological complications in up to 10% of 

patients (WHO, 2015). The life history of T. cruzi begins with an invertebrate host, a 

hematophagous bug from the family Reduviidae that deposits faeces containing 

trypanosomes onto the skin of a mammalian host whilst feeding. The infective 
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trypanosomes, which are called metacyclic trypomastigotes are recognisable by their 

undulating membrane and their elongated nucleus that is positioned anterior to the 

kinetoplast (Figure 1.1A). Metacyclic trypomastigotes enter the host via a mucosal 

membrane or a break in the skin and once in the bloodstream they can migrate to, and 

invade, a number of mammalian cell types (see section 4.2). Inside cells metacyclic 

trypomastigotes differentiate into spherical amastigotes (Figure 1.1B), which lack the 

long free flagella, and replicate until they completely fill the cell. Sphaeromastigotes 

represent the intermediate morphological form of the differentiating amastigotes that are 

becoming trypomastigotes inside the cell (Carvalho et al., 1981). The amastigotes divide 

by binary fission, differentiate into sphaeromastigotes to then form trypomastigotes, 

which leads to the eventual rupture of the cell releasing the trypomastigotes back into the 

bloodstream (Sibley and Andrews, 2000; Dvorak, 1975). The invertebrate vector 

becomes infected during a blood meal by ingesting trypomastigotes from the bloodstream 

(Figure 1.1C). Upon reaching the midgut, bloodstream trypomastigotes differentiate into 

epimastigotes and multiply. Epimastigotes are stouter than trypomastigotes and 

recognisable by their round nucleus, which is slightly posterior to the kinetoplast, and 

their free flagella (Figure 1.1E – 1.1F, 1.2). Epimastigotes differentiate into metacyclic 

trypomastigotes in the intestine of the invertebrate ready to pass into another mammalian 

host, thereby completing the life cycle (Hoare, 1972). Transmission generally ceases after 

the acute phase of infection as during the chronic phase trypanosomes reside within the 

tissue of the host. 

 

1.1.2.2 Causative agents of African trypanosomiasis 

The parasites that cause African trypanosomiasis are part of the T. brucei complex. 

Trypanosoma brucei is responsible for African sleeping sickness with an estimated 

10,000 human cases reported each year in Africa (CDC, 2012). T. brucei gambiense 

(human reservoir) causes West African sleeping sickness, T. brucei rhodesiense (animal 

reservoir) causes East African sleeping sickness, and T. brucei brucei, under normal 

conditions, does not infect humans (Hoare, 1972). Trypanosoma brucei infection presents 

particular problems for treatment due to an ability to evade the host immune system by 

changing the antigens expressed on their surface. This subsequently allows them to cross 

the blood-brain barrier leading to mental deterioration and organ failure (Masocha and 

Kristensson, 2012). Death from African sleeping sickness can occur within months of 
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infection with T. b. rhodesiense and 1- 3 years with T. b. gambiense, although not all 

infections are fatal. Trypanosoma brucei is transmitted by the tsetse fly, which infects a 

mammalian host with ‘stumpy’ metacyclic trypomastigotes during a blood meal, 

inoculatively (Vickerman, 1962; Hoare, 1972; Walshe et al., 2009) (Figure 1.1B(i)). Once 

in the bloodstream, trypanosomes differentiate into ‘slender’ bloodstream 

trypomastigotes (Figure 1.1B(ii)) that replicate by binary fission extracellularly and are 

transported around the body entering lymph or spinal fluid (Vickerman, 1962) (Figure 

1.1B(iii)). The ‘slender’ or ‘intermediate’ forms (Figure 1.1B(iv)) differentiate into 

‘stumpy’ non-replicating trypomastigotes, which the tsetse fly ingests during a blood 

meal (Figure 1.1B(v)). Differentiation in the invertebrate differs depending on the 

Trypanosoma spp. in question (Walshe et al., 2009). In the tsetse fly, T. b. brucei ‘stumpy’ 

trypomastigotes differentiate into procyclic trypomastigotes (Figure 1.1B (vi)). 

Procyclics differentiate into mesocyclics within the ectoperitrophic space of the insect gut 

(Figure 1.1B (vii)). Mesocyclics develop into long trypomastigotes that differentiate into 

asymmetric dividing trypomastigotes in the proventriculus at the base of the tsetse 

mouthparts, which differentiate into long and short epimastigotes (Figure 1.1B (viii)). 

Epimastigotes migrate to the anterior of the tsetse alimentary canal and attach to the 

epithelial cells. Short and long epimastigotes differentiate into metacyclic 

trypomastigotes, which are transmitted via the mouthparts into a new mammalian host 

(Van den Abbeele et al., 1999). 

 

1.1.2.3 Causative agents of animal trypanosomiasis  

Animal trypanosomiasis is an economically important disease in agriculture. Nagana is a 

disease caused by T. b. brucei, T. b. rhodesiense, T. congolense and T. vivax in cattle, and 

T. simiae in pigs (Loker and Hofkin, 2015). Trypanosoma evansi causes surra, a disease 

in camels, horses, cattle, and buffaloes (Reid, 2002). The trypanosomes that cause nagana 

and surra are derivatives of T. brucei and are usually transmitted by the tsetse fly. Animal 

trypanosomiasis generally involves fever and lethargy leading to anaemia, which can be 

fatal if left untreated (Reid, 2001). Anaemia following trypanosome infection is typically 

diagnosed by the presence of a low ‘packed cell volume’ in erythrocytes. The mechanisms 

of anaemia are thought to arise due to symptoms from the infection, induced by the innate 

immune response, leading to haemolysis, or from haemolysins released by trypanosomes 

(Murray and Dexter, 1988; Noyes et al., 2009). The onset of anaemia occurs in the early 
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stages of infection when parasitaemia is at its height. In nagana, anaemia accompanies a 

chronic infection regardless of whether parasites are still detectable in blood smears but 

the anaemia is cured when infected animals are treated using trypanocidal drugs. A 

number of novel aspects of trypanosome biology are seen during animal trypanosomiasis. 

For example, while the majority of trypanosomes are transmitted via developmental 

transmission where the trypanosomes establish an infection and differentiate in the 

invertebrate gut, T. evansi can only be transmitted mechanically. With this, it passes 

through the insect gut to infect another host, as it has lost the ability to differentiate in the 

invertebrate vector (Hoare, 1972). Trypanosoma equiperdum is another derivative of T. 

brucei infecting horses. It is unusual because it is transmitted sexually and does not 

involve an invertebrate vector (Oriel and Hayward, 1974). The majority of naturally 

occurring trypanosomes differ to the above mentioned pathogens in that they are not 

usually credited with invading tissues, entering cells, crossing the blood-brain barrier, or 

causing anaemia or disease. The majority of wildlife trypanosomes are historically 

considered benign in the vertebrate host as they generally occur at low parasitaemia. 

Whether this is true or merely indicative of the limited data available regarding wildlife 

trypanosomes remains to be determined. 

 

1.1.3 Trypanosomes in Australia  

Information available on the life histories and host-parasite interactions of trypanosomes 

isolated from Australian wildlife is limited. Recent investigations into Australian wildlife 

trypanosomes demonstrated the occurrence of high genetic diversity (Noyes et al., 1999; 

Hamilton et al., 2004; Botero et al., 2013), low species specificity (Averis et al., 2009; 

Botero et al., 2013), high morphological diversity (Noyes et al., 1999; Thompson et al., 

2013a), mixed infections with multiple trypanosome species (Paparini et al., 2011), and 

no geographic boundaries within Australia (Averis et al., 2009). The discovery of novel 

trypanosome species is often accompanied by concerns they could become emerging 

infectious diseases in either livestock or humans (Thompson et al. 2009, Thompson et al. 

2010). In Australia there have been a number of cases of emerging infectious disease - 30 

zoonotic diseases have been identified since 1973 (McFarlane et al., 2013). Information 

on life histories is necessary in order to assess any risks to wildlife, livestock, or human 

populations (Thompson et al., 2009; Thompson et al., 2010). This is especially important 

considering the continual pressures placed on wildlife communities in Australia from 
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climate change, reduction of habitat, expansion of the human population, and the 

prevalence of introduced predators. These pressures may threaten small populations of 

vulnerable marsupials by making them susceptible to opportunistic infections from 

naturally occurring trypanosomes in the event that animals are compromised due to health 

status, stress, limited food, or concurrent infections (McInnes et al., 2011a).  

There are concerns that trypanosomes are able to cause disease or population decline in 

Australian wildlife. Exotic trypanosomes in Australia have been experimentally 

implicated in causing disease in native Australian wildlife. For example, T. cruzi was 

experimentally pathogenic to common brushtail possums (Trichosurus vulpecula) 

(Backhouse and Bolliger, 1951), T. evansi to agile wallabies (Macropus agilis) (Reid et 

al. 2001; Reid, 2002), and T. lewisi (a common rodent trypanosome) has been implicated 

in the extinction of native rats on Christmas Island (Wyatt et al., 2008) (see section 4). At 

least one trypanosome - T. sp. H25 - isolated from marsupials in Australia is closely 

related to T. cruzi at two different genetic loci glyceraldehyde 3-phosphate dehydrogenase 

(gGAPDH) and the small subunit18S ribosomal DNA (18S rDNA) (Noyes et al., 1999; 

Botero et al., 2013) leading to concerns that T. cruzi could be transmitted by the 

invertebrate vector that transmits T. sp. H25 in Australia (see section 4.2). Additionally, 

native trypanosomes isolated from Australian wildlife have been implicated in disease 

and population decline of native marsupials. For example, T. irwini, T. gilletti, and T. 

copemani have all been implicated in the poor health of koalas (Phascolarctos cinereus) 

(McInnes et al., 2009; McInnes et al., 2011a), and T. copemani in the decline of the now 

critically endangered woylie, Bettongia penicillata (Botero et al., 2013). In addition to 

being associated with the decline of the woylie, T. copemani was observed to invade 

mammalian cells in vitro, in a manner similar to the pathogenic T. cruzi (Botero et al., 

2013) (see ‘section 4’).  

 

When all of the above are considered, a number of key questions about trypanosomes in 

Australian wildlife emerge: 

 What can explain the genetic diversity of Australian wildlife trypanosomes?  

 How significant is the genetic proximity of T. sp. H25 to T. cruzi?  

 Are the morphology and life histories of T. sp. H25 and T. cruzi similar?  

 Are T. sp. H25 and T. cruzi similar at additional genetic loci?  

 Could the vector of T. sp. H25 transmit T. cruzi and what are the vectors?  



8 
 

 What constitutes a vector and is mechanical transmission just as important as 

cyclical/developmental transmission in the spread of disease? 

 How many species of Australian trypanosomes exhibit intracellular behaviour?  

 What factors cause cell invasion to occur?  

 Is the entry of trypanosomes into tissues linked to immunosuppression in the host 

or is it an in vitro phenomenon?  

 Are the various genotypes reported for Australian wildlife trypanosomes different 

species?  

 What is the potential of Australian trypanosomes to cause pathogenicity in their 

marsupial hosts?  

Here we review what is known about the biodiversity, life histories, evolutionary 

relationships, and host-parasite interactions of trypanosomes in Australian wildlife. We 

highlight gaps in our understanding of the ultrastructure and life history of Australian 

trypanosomes, focussing on their apparent ability to invade mammalian cells in vitro, as 

well as their relationship(s) to the pathogenic T. cruzi clade of trypanosomes.  
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Figure 1.1: Representative life cycles of Trypanosoma cruzi and T. brucei. A = T. cruzi life cycle. 

i) Metacyclic trypomastigotes, which possess a kinetoplast posterior to the nucleus are the 

morphological form transmitted by the invertebrate vector that infect the vertebrate host. ii) 

Metacyclic trypomastigotes invade vertebrate cells. iii) Following entry parasites differentiate 

into amastigotes (non-flagellated) and divide inside the mammalian cell, amastigotes differentiate 

into sphaeromastigotes before forming flagellated trypomastigotes. iv) Parasites eventually 

rupture the cell as bloodstream trypomastigotes. v) Bloodstream trypomastigotes can re-enter 

mammalian cells in T. cruzi, or infect the invertebrate vector. vi) Epimastigotes, which have a 

kinetoplast anterior to the nucleus are the dividing morphological form in the invertebrate host 

gut in T. cruzi. vii) Dividing epimastigotes differentiate into the infective metacyclic 

trypomastigote ready to infect another vertebrate host via invertebrate faeces. B = T. brucei typical 

life cycle. i) T. brucei ‘stumpy’ metacyclic trypomastigotes infect the vertebrate host. ii) Once in 

the bloodstream trypanosomes differentiate into ‘slender’ or ‘intermediate’ bloodstream 

trypomastigotes. iii) Replication by binary fission occurs extracellularly and parasites are 

transported around the body entering lymph or spinal fluid. iv) The ‘slender’ forms differentiate 

into ‘stumpy’ non-replicating trypomastigotes (v), which the tsetse fly ingests during a blood 

meal. vi) Trypomastigotes differentiate into procyclic trypomastigotes. vii) Procyclics 

differentiate into mesocyclics within the ectoperitrophic space of the insect gut. viii) Mesocyclics 

develop into long trypomastigotes that differentiate into asymmetric dividing trypomastigotes in 

the proventricus at the base of the tsetse mouthparts. ix) The parasites differentiate into long and 

short epimastigotes. Epimastigotes migrate to the anterior of the tsetse alimentary canal and attach 

to the epithelial cells. Short and long epimastigotes differentiate into metacyclic trypomastigotes 

(i), which are transmitted via the mouthparts into a new mammalian host. Parasite nuclei are 

represented as larger pink circles and kinetoplasts as purple circles in the different morphological 

forms. 
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1.2. The history of trypanosomes in Australia 

The list of described trypanosomes naturally occurring in Australian wildlife is 

continually growing (Table 1.1). Of the mammals so far screened for trypanosomes in 

Australia, 28 mammal species have exhibited infection and nine species of trypanosomes 

have been described (Reviewed by Thompson et al., 2014). Naturally occurring 

trypanosomes have also been described in reptiles (Mackerras, 1960; Jakes et al., 2001), 

birds (Mackerras and Mackerras, 1959; Hamilton et al., 2004), fish (Mackerras and 

Mackerras, 1960; Lester et al., 1989), and amphibians (Johnston and Cleland, 1909; 

Mackerras and Mackerras, 1960; Delvinquier et al., 1989). Exotic trypanosomes have 

also been identified, including T. lewisi in rats (Rattus rattus), T. melophagium in sheep 

(Ovis aries), T. theileri in cows (Bos taurus) (Mackerras, 1959), and T. nabiasi in rabbits 

(Oryctolagus cuniculus) (Mackerras, 1959; Hamilton et al., 2005). Many wildlife 

trypanosomes, which have been observed in blood smears or characterised using 

molecular techniques have not yet been described to species level (Mackerras, 1959; 

Mackerras and Mackerras, 1960; Delvinquier et al., 1989; Noyes et al., 1999; Hamilton 

et al., 2004; Averis et al., 2009; Paparini et al., 2011) (Table 1.1). Information collected 

on trypanosomes in Australian wildlife has been sourced mainly from opportunistic 

sampling conducted during wildlife surveys resulting in insufficient data on their life 

histories (see box 1, 2). 

 

1.2.1 Australian trypanosomes found in reptiles, birds, amphibians, and fish 

1.2.1.1 Reptile trypanosomes 

The first record of a trypanosome isolated from Australian reptiles was T. chelodina 

described from an eastern snake-necked tortoise (Chelodina longicollis) in South 

Australia (SA) and this species was subsequently found in New South Wales (NSW) and 

Queensland (QLD) (Johnston, 1907; Mackerras, 1960a). The host range was later 

widened to include the Murray River turtle (Emydura macquarii), short-necked tortoise 

(E. krefltii), saw-shelled tortoise (Elseya latisternum), white-throated snapping turtle (E. 

dentate) (Mackerras, 1960), and the Brisbane River tortoise (Emydura signata) (Jakes et 

al., 2001). Bloodstream trypomastigotes observed from blood smears were 39.5 - 43 µm 

in length and T. chelodina was compared to T. vittatae from a Ceylon tortoise (Johnston, 

1907). A phylogenetic tree utilising the 18S rDNA region shows that this trypanosome is 

closely related to other trypanosomes isolated from aquatic environments outside 
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Australia that are usually transmitted by water-borne vectors such as leeches (Jakes et al., 

2001).  

Trypanosoma egerniae was the second trypanosome described from a reptile and was 

observed in blood smears from the Cunningham’s skink (Egernia cunninghami) and tree 

skink (Egernia striolata) in Sydney, NSW and Eidsvold, QLD (Mackerras, 1960). The 

average length of the trypanosomes from the tree skink were 22-28 µm, measured from 

only one blood smear. A single trypanosome found in a blood smear from the 

Cumminghams’ skink was reported as larger, but otherwise similar, resulting in a 

diagnosis of T. egerniae. Considering the difference in size between these two accounts 

it is difficult to be sure they are the same species. Trypanosoma phylluri was the third 

trypanosome isolated from a reptile in Sydney, NSW in blood smears from leaf-tailed 

geckos (Phyllurus platurus) (Mackerras, 1960). Of the 69 geckos tested, 11 were positive 

for trypanosomes 38 - 48 µm in length. Trypanosoma phylluri was described as very 

delicate, containing a granular cytoplasm, close together nucleus and kinetoplast, and a 

short flagellum. The authors remarked that it was similar in appearance to a number of 

trypanosomes from geckos in Ceylon (T. pertenue) and Tunisia (T. platydactyli) 

(Mackerras, 1960). Leaf-tailed geckos were experimentally infected using citrated heart 

blood from one gecko with a known infection, but no trypanosomes were seen in blood 

smears either three weeks or three months after infection. Nothing else is known about T. 

phylluri life history or development. There is currently no molecular data available on T. 

egerniae or T. phylluri and neither species has been reported following the original 

description. 

 

1.2.1.2 Bird trypanosomes 

The first record of a trypanosome isolated from a bird in Australia was T. anellobiae 

(Cleland and Johnston, 1910), observed in a little wattlebird (Anthochaera chrysoptera) 

in QLD. Bloodstream trypomastigotes were 30 µm long with a well-developed undulating 

membrane (Mackerras and Mackerras, 1959). Trypanosoma chlamydoderae (Breinl, 

1913) was described from one of five great bower birds (Chlamydera nuchalis) examined 

and a ‘stout’ and ‘broad’ morphological form were described (Mackerras and Mackerras, 

1959). Trypanosoma notophoyxis was isolated from one of six white-faced herons (Ardea 

novaehollandiae) examined in QLD (Breinl, 1913) and two morphological forms of 

different sizes were observed. A similar trypanosome found in the Pacific reef heron 
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(Demigretta sacra) was described as being possibly homologous to T. notophoyxis 

despite being smaller in size (Mackerras and Mackerras, 1959). Trypanosoma myzanthae 

was described as 19-24 µm in length and observed in three out of four noisy minor birds 

(Manorina melanocephala). Trypanosoma myzanthae was differentiated from other 

trypanosomes by a membrane that extended around the cell body and differed from T. 

notophoyxis in dimensions only (Mackerras and Mackerras, 1959). Oddly, the two 

trypanosomes from the heron were given the same species name despite differences in 

size, while the trypanosome from the minor bird was described as a novel species due to 

a difference in size. Trypanosoma eudyptulae in Tasmania was the first trypanosome 

isolated from a penguin, the little penguin (Eudyptula minor) (Jones and Woehler, 1989). 

Blood smears were collected from 57 animals and nine were infected. Trypanosoma 

eudyptulae was 36 - 52 µm in length based on measurements of only six individual 

trypanosomes, and considered a novel species based on the close proximity of the nucleus 

and kinetoplast. Trypanosoma sp. AAT was the first trypanosome isolated from an 

Australian bird (currawong, Strepera sp.) and grown in vitro (Hamilton et al., 2005). 

Trypanosoma sp. AAT is a large trypanosome and epimastigotes grown in vitro exhibit a 

free flagellum up to 42 µm in length. Subsequent genetic investigations have placed T. 

sp. AAT with members of the species T. corvi, a common bird trypanosome found in 

Europe, America and Asia (Zídková et al., 2012) (see section 3). Subsequently, T. avium 

was isolated in the noisy minor (Manorina melanocephala) and T. thomasbancrofti was 

described in the regent honeyeater (Anthochaera Phrygia) (Šlapeta et al. 2016). 

 

1.2.1.3 Amphibian trypanosomes 

The only trypanosome named to species level isolated from an Australian amphibian was 

originally considered a specimen of T. rotatorium (Cleland and Johnston, 1910), a 

trypanosome of European frogs. It was subsequently given the species name T. clelandi 

six years later upon re-examination (Johnston, 1916). It was first described in the ornate 

burrowing frog (Limnodynastes ornatus) then the spotted grass frog (L. tasmaniensis) 

found in QLD and SA (Johnston, 1916). The nucleus and kinetoplast were described as 

being close together and the total length 22.6 - 37.7 µm. Infections were found in four out 

of 17 ornate burrowing frogs in a subsequent study, which observed a ‘smaller’ and 

‘larger’ morphological form in the blood smears (Mackerras and Mackerras, 1960). No 

recent identification of this parasite has been recorded and there is no molecular data 



13 
 

available for this species. The only trypanosome from an Australian frog that was 

characterised using molecular methods was isolated from Fleay’s barred frog (Mixophyes 

fleayi) (Hamilton et al., 2005). The frog trypanosome was highly similar to T. cyclops 

from a Malaysian primate and T. sp. ABF isolated from a swamp wallaby (Wallabia 

bicolor).  

 

1.2.1.4 Fish trypanosomes 

Trypanosoma bancrofti was the first trypanosome isolated from an Australian fish and 

was described from a freshwater catfish (Tandanus tandanus) in QLD (Johnston and 

Cleland, 1910). It was pleomorphic ranging from 27 - 50 µm in length in blood smears. 

Trypanosoma bancrofti was reported many years later in a heavily infected catfish in 

Cairns but the trypanosomes observed in blood smears were conserved in size with no 

dividing forms 21.5 - 25 µm in length (Mackerras and Mackerras, 1960). It can only be 

assumed that the trypanosome specimens were considered homologous due to their 

presence in the same host species. The large difference observed in their size may indicate 

the presence of more than one species. Trypanosoma anguillicola was described from a 

longfin eel (Anguilla reinhardtii) in QLD and was 35.5 - 40 µm in length including the 

free flagella (Johnston and Cleland, 1910). It was different to T. granulosum (a 

trypanosome found in eels in Europe) in size and because it lacked granules in the 

cytoplasm. Trypanosoma pulchra (Mackerras and Mackerras, 1925) was found in a sea 

perch (Hypoplectrodes semicincta) and a white-ear (Parma microlepis) from Sydney 

harbour and was described as a long slender trypanosome 40.8 - 51.7 µm in length. It 

remains unknown why these two trypanosomes from the sea perch and white-ear were 

considered homologous. Trypanosoma aulopi (Mackerras and Mackerras, 1925) was 

found in a single sergeant baker (Latropiscis purpurissata) from Sydney Harbour out of 

eight specimens examined. The authors separated T. aulopi from T. pulchra based purely 

on the observation that taxonomically the host species are far apart. These unrelated host 

species living in Sydney harbour may share ectoparasites, and both a ‘small’ and ‘large’ 

morphological form was present in the same host, indicating there are possibly the same 

species (Mackerras and Mackerras, 1925). Trypanosoma carchariasi was described as a 

long narrow trypanosome 60 - 70 µm in length including the free flagellum isolated from 

an unidentified shark (Carcharias sp.) (Mackerras and Mackerras, 1960). Trypanosoma 

mackerasi is listed on the Atlas of living Australia and in memoirs of the QLD museum 
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under Burreson, 1989 found in an epaulette shark (Hemiscyllium ocellatum) and an 

ocellated angelshark (Squatina tergocellatoides) (O’Donoghue and Adlard, 2000). 

Currently no molecular data is available on trypanosomes isolated from fish, making 

confirmation of species descriptions and differentiation difficult. 

 

1.2.2 Australian trypanosomes found in mammals  

1.2.2.1 Trypanosoma sp. H25 

The Australian trypanosome T. sp. H25 was initially isolated from an eastern grey 

kangaroo (Macropus giganteus) (Stevens et al., 1999; Noyes et al., 1999). Following 

initial isolation, additional genotypes of T. sp. H25 have been identified in the blood of a 

number of different marsupials in Western Australia (WA) including; T. sp. 

AP2011bclone4 isolated from the common brushtail possum (Trichosurus vulpecula), 

and T. sp. H25 (G8) isolated from the banded hare wallaby (Lagostrophus fasciatus), 

boodie (Bettongia lesueur), and woylie (Noyes et al., 1999; Paparini et al., 2011; Botero 

et al., 2013). Trypanosoma sp. H25 bloodstream trypomastigotes have not been identified 

in blood smears of infected animals, indicating they exhibit low parasitaemia or they exist 

in the tissue cells when the host immunity suppresses them in the bloodstream (Noyes et 

al., 1999; Paparini et al. 2011; Thompson et al., 2013a). 

Trypanosoma sp. H25 isolated from the kangaroo was isolated in vitro and the dominant 

morphological forms observed were slow moving ‘promastigotes’ 17 µm in length, with 

extended flagella sheaths that aid in the formation of rosettes by the parasites, attached 

by hemidesmosomes (Noyes et al., 1999). The fusion of hemidesmosomes was observed 

in a TEM micrograph of sectioned ‘promastigotes’. While the description itself is 

appropriate, it should be noted that the term promastigotes actually refers to the 

morphological form of Leishmania parasites found in the invertebrate host. The term is 

not usually used in reference to species of Trypanosoma. The reason for the use of the 

term by Noyes is unclear, but should be discouraged when referring to Trypanosoma. 

Based on the information available, these promastigotes described by Noyes et al (1999) 

are most likely epimastigotes. In fewer numbers, fast moving trypomastigotes 5.5 µm in 

length were observed that would inhabit the invertebrate gut along with the epimastigotes. 

Morphological forms similar to these small trypomastigotes have been observed in other 

trypanosomes in vitro, such as T. lewisi isolated from flea rectums (Hoare, 1972; Noyes 

et al., 1999). In T. lewisi the small trypomastigotes invade the cells of the invertebrate 
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gut, and are not present in the vertebrate host (Hoare, 1972). However, the function of the 

small metacyclic trypomastigotes in T. sp. H25 remains unknown. Two additional 

morphological forms were reported in T. sp. H25 in very low numbers that were referred 

to as ‘nectomonads’ (a morphological form observed only in Leishmania spp.) and 

‘epimastigotes’ (Noyes et al., 1999). In the light micrographs these ‘nectomonads’ and 

‘epimastigotes’ appear the same as the ‘promastigote’ except they have an emergent 

flagellum. Trypanosoma sp. H25 was not infective to rhesus monkey kidney epithelial 

cells (LLCMK2) in vitro, or mice in vivo (Noyes et al., 1999). However, there is no report 

of the presence of large numbers of metacyclic trypomastigotes (the infective 

morphological form in the vertebrate host), therefore, it must be assumed that slow 

moving ‘promastigotes’ were used to infect the cells and mice. Infection would not be 

expected from morphological forms other than metacyclic trypomastigotes (Hoare, 

1972).  

Trypanosoma sp. H25 DNA has been isolated from biting flies including tabanid flies, 

mosquitos, and sand-flies identifying them as potential vectors (Thompson, 2014). 

Invertebrate samples were screened in pooled data sets after collection using both Marris 

style Malaise and Nzi traps rather than collecting insects directly from animals in order 

to reduce the possibility of false positives. Unfortunately the presence of trypanosomes is 

not sufficient to implicate biting flies as a vector. The morphology and life history of T. 

sp. H25 is of particular importance due to its close genetic proximity to T. cruzi (see 

section 3). It is the intracellular life cycle of T. cruzi that is pathogenic, therefore, it is 

important to determine if T. sp. H25 can cause symptoms of chronic trypanosomiasis in 

the vertebrate host. 

 

1.2.2.2 Trypanosoma copemani  

Trypanosoma copemani has been identified in a number of marsupials under a range of 

different synonyms, due to high intraspecific diversity (Austen et al., 2009; Hamilton et 

al., 2005; Botero et al., 2013; Austen et al., 2015a). Trypanosoma copemani was initially 

identified in wombats (Vombatus ursinus) as T. sp. H26 (Noyes et al., 1999), and 

subsequently T. sp. AAP and T. sp. AAI in NSW (Hamilton et al., 2005). Trypanosoma 

copemani was designated a species name after isolation of four genotypes from the 

Gilbert’s potoroo (Potorous gilbertii) and the quokka (Setonix brachyurus) in WA 

(Austen et al., 2009). Two additional strains were described from the woylie designated 
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genotype 1 (G1) and genotype 2 (G2) in WA (Botero et al., 2013). The host range was 

further extended through subsequent studies to include the koala (Phascolarctos cinereus) 

(McInnes et al., 2011b), quenda (Isoodon obesulus fusciventer), western quoll (Dasyurus 

spp.), and common brushtail possum (Botero et al., 2013). 

Together, these genotypes comprise the T. copemani clade. Interestingly, the 

trypanosomes within the T. copemani clade are closely related to two other Australian 

trypanosome species, T. gilletti and T. vegrandis (see section 3.2). The kDNA of T. 

copemani G1 and G2 also appear to be different from each other (Botero et al 2013). 

Genetic sequences of the kDNA demonstrated conserved and divergent regions between 

G1 and G2 when compared to T. cruzi, signifying that the two strains of T. copemani 

isolated from the woylie could actually be different species. However, further genomic, 

proteomic, and morphological data are required to confirm whether the genotypes within 

the T. copemani clade are all the same or potentially different species (Austen et al., 2009; 

Botero et al., 2013). 

Various morphological forms of T. copemani have been described in samples from the 

bloodstream. Both a ‘slender’ and a ‘broad’ bloodstream trypomastigote were observed 

in T. copemani isolated from the Gilbert’s potoroo, which were on average 37 µm in 

length. A similar ‘slender’ bloodstream trypomastigote was observed in the quokka (38 

µm in length) (Austen et al., 2009). Bloodstream trypomastigotes of T. copemani from 

the woylie also exhibited ‘slender’ and ‘broad’ morphological forms (Thompson et al., 

2013a). While samples in the bloodstream are readily recognised, a number of additional 

morphological forms of T. copemani have been reported from in vitro systems, leading 

to conflicting ideas regarding what stages exist (Austen et al., 2009; Hamilton et al., 2005; 

Botero et al., 2013; Austen et al., 2015a). It is important to remember that trypanosomes 

grown at 28°C and maintained in culture are expected to take the form of the epimastigote, 

which would typically be seen in the invertebrate vector gut (Castellani, 1967; Hoare, 

1972). The first reported images of T. copemani in vitro were dividing trypomastigotes 

of T. sp. H26 and T. sp. AAP (Noyes et al. 1999; Hamilton et al., 2005). Promastigotes 

and sphaeromastigotes were described as dividing in vitro in T. copemani isolated from 

the Gilbert’s potoroo (Austen et al., 2009). The appearance of ‘promastigotes’ most likely 

reflects changing conditions in the environment because these morphological forms are 

not observed in Trypanosoma spp. in vivo. The morphological form observed here is most 

likely an epimastigote (Figure 1.2). The extracellular sphaeromastigotes in vitro occur 

when amastigotes differentiate into epimastigotes in vitro at 28°C due to varying glucose 
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levels (Tyler and Engman, 2001), and are not the morphological form seen when T. cruzi 

amastigotes transform into trypomastigotes inside the mammalian cell at 37°C (Figure 

1.1). Sphaeromastigotes, amastigotes, promastigotes and an elongated trypanosome were 

reported in vitro of T. copemani isolated from the quokka, and from blood smears 

confirmed using fluorescence in situ hybridisation (FISH) (Austen et al., 2015a). The 

presence of extracellular amastigotes in blood smears and in in vitro culture was reported, 

but no nucleus or kinetoplast can be seen, and the trypanosomes do not exhibit the smooth 

round shape typical of an amastigote. Additionally, amastigotes are not usually reported 

from the bloodstream because they are known to be the intracellular stage in both 

Leishmania spp. and T. cruzi in the vertebrate host. Images of ‘promastigotes’  in T. 

copemani are shown with two flagella and a tapered end, suggesting they are actually 

dividing epimastigotes, which appear to be swelling in the mid area due to the division of 

the kinetoplast and nucleus. A scanning electron micrograph of this life stage was 

presented but neither the flagella nor the flagella pocket can be seen to confirm the 

morphological form. Two life stages that were reported, including a ‘thin’ and ‘tiny’ 

morphological form, do not appear to be trypanosomes due to the lack of any kinetoplast 

or nuclear structures.   

Of particular interest surrounding T. copemani stages was the initial report of intracellular 

amastigotes by Botero et al (2013). Epimastigotes, sphaeromastigotes, trypomastigotes, 

and intracellular amastigotes were all reported in in vitro cultures of T. copemani isolated 

from the woylie (Botero et al., 2013). However, the significance of observing amastigotes 

inside mammalian cells relates to the belief that this behaviour only exists in a small 

number of trypanosome species, and that this intracellular stage is linked to trypanosome 

pathogenicity. A number of questions about T. copemani’s intracellular behaviour and its 

potential to cause disease, remain unanswered (see section 4.1.4).  

Together, the plethora of different morphologically-discreet forms described in culture 

most likely reflect the pleomorphism of trypanosomes in vitro, which is highly dependent 

on the physiological conditions they are grown in, rather than true natural 

metacyclogenesis of the morphological forms. These data highlight the difficulty in 

understanding and comparing the morphology of parasites grown in vitro, with those that 

have been detected by in vivo sampling (see box 2). It is likely T. copemani divides as 

either epimastigotes or trypomastigotes when in vitro, and that this is dependent on the 

nutrients in the media. However, further investigation is required in order to truly 
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understand the life history and behaviour of T. copemani in both in vivo and in vitro 

systems.  

Austen et al., (2011) identified Ixodes australiensis as a potential vector for T. copemani 

after tick haemolymph and midgut tested positive for T. copemani both 49 and 117 days 

after collection. Intact trypomastigotes were observed from gut and haemolymph samples 

suggesting that they may have survived in the invertebrate for the duration of storage (30 

days). Trypanosoma copemani DNA was identified in the midgut but not the faeces of 

the ticks, yet some trypanosomes were identified in dried tick faeces left in the collection 

tube. Strangely, these do not resemble the trypanosomes found in quokka blood and 

instead resemble the in vitro forms of T. copemani. In relation to this report, it is important 

to recognise that the presence of trypanosomes in an invertebrate is not sufficient to 

implicate transmission, whether cyclical, mechanical, or via ingestion. In this case, ticks 

were collected directly from animals making it possible that the trypanosomes were 

simply acquired by the tick during a blood meal prior to collection. Nevertheless, ticks 

are a possible and likely vector for T. copemani, because they prey on all known hosts of 

T. copemani and inhabit all regions throughout Australia. As woylies in wildlife 

sanctuaries have been infected with T. copemani continuously for a number of years, it is 

assumed that the vector is not seasonal and is relatively common (Thompson et al., 

2013a). However, the continual presence of trypanosome DNA in woylie blood could 

also indicate they are suffering from a chronic infection and not be related to the vector 

or transmission. As such, it is clear that more research is required before the vector of T. 

copemani is identified.  

 

1.2.2.3 Trypanosoma vegrandis 

Trypanosoma vegrandis was recently identified as the smallest trypanosome described to 

date in blood smears isolated from the woylie in WA (6.9 – 10.5 µm) and two 

morphological forms were observed (Thompson et al. 2013b). However, due to their very 

small size further studies are required to confirm that there are two morphological forms. 

Trypanosoma vegrandis is prevalent in the south west region of WA, and occurs in mixed 

infections with T. copemani (Thompson et al., 2013a). Before this species was formally 

identified, T. vegrandis was reported as a number of different genotypes under the 

synonyms; TRY1, TRY2, WYA1, CHA1, WYA2 (Smith et al., 2008), D4, D27, D28 

(Paparini et al., 2011), and ‘clade B’ (Botero et al., 2013). Together, these studies 
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extended the host range to include the woylie, western grey kangaroo (Macropus 

fuliginosus), quenda, and tammar wallaby (Macropus eugenii). More recently, T. 

vegrandis has been identified in a number of bat species (Austen et al., 2015b), koalas 

(Barbosa et al., 2016a), and northern brown bandicoots (Barbosa et al., 2017a). It was the 

continual isolation of T. vegrandis DNA in blood samples that led researchers to 

investigate other means to find the parasite. A specific FISH probe was applied to tag the 

parasites in blood smears (Thompson et al., 2013a). The discovery of T. vegrandis raises 

the question of whether other species have not been identified due to the difficultly of 

adequately resolving them in an optical microscope. In phylogenetic studies, T. vegrandis 

is closely related to Australian trypanosomes T. gilletti and T. copemani (Smith et al., 

2008; Paparini et al., 2011; Botero et al., 2013). It is not clear if the different genotypes 

that exist in the T. vegrandis clade represent different species.  

 

1.2.2.4 Trypanosoma irwini 

Trypanosoma irwini was isolated and described in QLD from koalas in both New South 

Wales (NSW) and QLD (McInnes et al., 2009). Bloodstream forms of the parasite were 

32 – 38 µm in length and attempts to culture the parasite in vitro were unsuccessful. 

Trypanosoma irwini occurs in mixed infections with T. gilletti (McInnes et al., 2011a). 

The most closely related trypanosome to T. irwini was T. bennetti, an avian trypanosome 

isolated from an American kestrel in phylogenetic studies (McInnes et al., 2009).  

 

1.2.2.5 Trypanosoma gilletti 

Trypanosoma gilletti was described in koalas from 18S rDNA molecular data only 

(McInnes et al., 2011b). The parasite was not isolated in vitro or identified in blood 

smears. No morphology is available for comparison of T. gilletti to other trypanosomes, 

so it is not possible to determine if this trypanosome has previously been described. Two 

distinct morphological forms of trypanosomes were observed in blood smears from 

animals infected with both T. gilletti and T. copemani (McInnes et al., 2011a). However, 

bloodstream trypomastigotes of T. copemani are pleomorphic in blood smears making 

them difficult to identify by morphology alone (Thompson et al., 2013a). Therefore, it is 

not possible to confidently differentiate between the two different morphological forms 

seen in blood, since they may have both been T. copemani, or one T. copemani and one 
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T. gilletti. Koalas are often infected with ticks so they were suggested as possible 

invertebrate vector candidates (McInnes et al., 2011a). Trypanosoma gilletti is closely 

related to T. copemani and T. vegrandis at two genetic loci, 18S rDNA and gGAPDH 

(Paparini et al., 2011; Botero et al., 2013; Thompson et al., 2013a).  

 

1.2.2.6 Trypanosoma binneyi  

Trypanosoma binneyi was described by Mackerras (1959) after the collection of blood 

from a platypus (Ornithorhynchus anatinus) in 1950. A large (47-67 µm) broad 

trypanosome with a darkly staining nucleus was observed in Giemsa stained smears. It 

was the second trypanosome described from a monotreme, the first being a vague 

description of a long slender trypanosome 75 µm long found in two animals collected in 

1933 by a Dr. Owen, with no distinguishing features about the specimen recorded 

(Mackerras, 1959; Hoare, 1972). It was noted that T. binneyi was similar morphologically 

to trypanosomes from a crocodile and a water bird (Mackerras, 1959). The first molecular 

data for this parasite was provided by Noyes et al. (1999). Trypanosoma binneyi remains 

the only trypanosome described morphologically and subsequently characterised 

genetically, except T. chelodinae. Phylogenetic studies found T. binneyi in the platypus 

was closely related to T. chelodinae isolated from turtles in Australia, T. granulosum from 

European eels, and T. boissoni isolated from fish (Jakes et al., 2001; Hamilton et al., 2005; 

Paparini et al., 2014). Leeches and water borne ectoparasites were considered as potential 

vectors for T. binneyi in the platypus (Hamilton et al., 2005). Their potential status as 

vectors arose not just from the presence of trypanosomes but the large amount of DNA 

present in samples when parasitaemia was generally low in the vertebrate host. 

Additionally, the insects were not taken from the hosts, but collected separately indicating 

the potential vectors had not fed for some time (Hamilton et al., 2005). The aquatic leech 

was proposed as the most likely candidate for the vector by a later study, which isolated 

T. binneyi using molecular techniques (Paparini et al., 2014).  

 

1.2.2.7 Trypanosoma sp. ABF 

Hamilton et al. (2005) described the trypanosome T. sp. ABF, which was isolated from a 

swamp wallaby in NSW. This research was concerned with the genetic relationship 

between the organisms isolated in the study and consequently morphological notations 
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on the strains were brief and restricted to optical microscopy images of in vitro forms. 

Trypanosoma sp. ABF appears stout with a darkly staining cytoplasm after Geimsa 

staining. Molecular investigations positioned T. sp. ABF within the T. theileri clade 

alongside T. cyclops a trypanosome isolated from a Malaysian primate. Haemadipsid 

leeches collected in QLD and Victoria tested positive for T. sp. ABF along with a frog 

trypanosome isolated in Australia (Hamilton et al. 2005).  

 

1.2.2.8 Trypanosoma thylacis 

Trypanosoma thylacis was isolated from the northern brown bandicoot (Isoodon 

macrourus) and southern brown bandicoot (Isoodon obesulus) (Mackerras, 1959). 

Bandicoots were sampled in Brisbane, QLD and 12 of 82 were found to be infected. One 

bandicoot infected with T. thylacis was sampled 25 times during seven weeks and 

parasites were always present, but in low densities. Trypanosomes from blood smears 

were described as broad, the cytoplasm either clear or granular after Giemsa staining, and 

22 - 32 µm in length. Trypanosoma thylacis was also found in subcutaneous tissue, serous 

fluid, and the lymph gland. Trypanosomes from the lymph gland were described as being 

slender with the kinetoplast being just posterior to the nucleus at 19 - 22 µm in length. 

Attempts to infect laboratory animals with T. thylacis were unsuccessful. Parasites were 

grown in vitro in NNN media at 28°C and epimastigotes and intermediate stages were 

described as crithidial (epimastigote) and leishmanial (amastigote) forms. Epimastigote 

and amastigote morphological forms are non-infective in the vertebrate host, which would 

contribute to no infection being observed. No distinct relationship was described between 

the different forms of the parasite in vitro, although it was suspected they were the same 

organism. Slender trypanosomes similar to T. thylacis were observed in tick nymphs 

(Ixodes holocyclus) collected from bandicoots during the study (Mackerras, 1959). 

Despite the prevalence of T. thylacis in the bandicoots this species has not been identified 

since. A subsequent study identified trypanosomes in southern brown bandicoots and 

eastern barred bandicoots (Perameles gunnii), but the authors concluded that the 

morphology of these was different to T. thylacis (Bettiol et al. 1998). Bandicoots have 

since been screened for trypanosomes (Botero et al. 2013), but only blood samples were 

collected for genetic screening, which would not have identified T. thylacis as there is no 

molecular data available on this species. However, considering the prevalence of T. 

thylacis in the study describing it, it is likely that DNA for the parasite has been isolated 
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and was not recognised. There remains a possibility that T. thylacis is homologous to T. 

copemani, T. sp. ABF, or another trypanosome recently characterised using molecular 

techniques. 

 

1.2.2.9 Trypanosomes in bats 

In 1913, T. pteropi was the first trypanosome described in an Australian mammal from a 

single flying fox (Pteropus gouldii) in QLD (Breinl, 1913). Subsequent observations 

noted they appeared similar to T. vespertilionis, a trypanosome infecting bats in Europe 

and a member of the T. cruzi clade (Mackerras, 1959). However, T. pteropi was not 

isolated in vitro in either of these studies and this observation was not investigated further. 

The comparison to trypanosomes from the T. cruzi clade, indicates T. pteropi could be 

similar to T. sp. H25. Trypanosoma hipposideri was a relatively small (10.5 - 13 µm) 

trypanosome identified from the blood smear of a dusky horseshoe bat (Hipposideros 

bicolor albunensis) in QLD (Mackerras, 1959). No subsequent identifications of this 

species have been made and there is no genetic data available on any trypanosome 

isolated from an Australian bat. Trypanosoma vegrandis was subsequently isolated in a 

number of bat species including the Gould’s wattled bat (Chalinolobus gouldii),  lesser 

long-eared bat (Nyctophilus geoffroyi), little red flying fox (Pteropus scapulatus), and 

black flying fox (Pteropus Alecto) (Austen et al., 2015b). The prevalence in the bats was 

high with over 80% infected. However, the flying foxes had been clinically infected with 

Australian bat lyssavirus, which may have increased the incidence of infection. The small 

size of T. hipposideri could indicate that it is homologous to T. vegrandis, but there is no 

way to confirm this. 
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Table 1.1: Trypanosome species identified from Australian vertebrate wildlife. 

Trypanosome isolate (T. spp.), vertebrate host, and reference are included. The collection 

of morphological data (MD), and genetic data (GD) is indicated as yes (Y) or no (N). 

Trypanosoma 

spp. 

Vertebrate Host  Reference MD GD 

Trypanosoma sp. 

AAI 

Wombat (Vombatus ursinus) Hamilton et al. 2005 Y Y 

Trypanosoma sp. 

AAP 

Wombat Hamilton et al. 2005 Y Y 

Trypanosoma sp. 

AAT 

Currawong (Strepera sp.) Hamilton et al. 2005 Y Y 

Trypanosoma sp. 

ABF 

Brush-tailed rock wallaby (Petrogale 

penicillata) 

Hamilton et al. 2005 Y Y 

Trypanosoma sp. 

ABI 

Wombat Hamilton et al. 2005 Y Y 

Trypanosoma 

anellobiae  

Little wattlebird (Anthochaera chrysoptera)  Cleland and Johnston 

1910  

Y N 

Trypanosoma 

anguillicola  

Speckled longfin eel (Anguilla reinhardtii) Johnston and Cleland 

1910 

Y N 

Trypanosoma 

aulopi  

Sergeant baker (Latropiscis purpurissata) Mackerras and 

Mackerras 1925 

Y N 

Trypanosoma 

avium 

Noisy Miners (Manorina melanocephala) Šlapeta et al. 2016 Y Y 

Trypanosoma 

bancrofti  

Eel-tailed catfish (Tandanus tandanus) Johnston and Cleland 

1910 

Y N 

Trypanosoma 

binneyi 

Platypus (Ornithorhynchus anatinus) Mackerras 1959 Y N 

Noyes et al. 1999 Y Y 

Trypanosoma 

carchariasi  

Shark (Carcharias sp.) Burreson 1989 Y N 

Trypanosoma 

chelodina 

Murray River turtle (Emydura macquarii), 

short-necked tortoise (Emydura krefftii), 

white-throated snapping turtle (Elseya 

dentata) 

Johnston 1907  

 

 

 

Y 

 

 

 

N 

 

 

 

Saw-shelled tortoise (Elseya latisternum), 

eastern snake-necked tortoise (Chelodina 

longicollis),  

Brisbane river tortoise (Emydura signata) 

Jakes et al. 2001 

 

Y N 

Trypanosoma 

chlamydoderae  

Great bowerbird (Chlamydera nuchalis) Breinl 1913 Y N 
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Trypanosoma 

clelandi 

Ornate burrowing frog (Limnodynastes 

ornatus), spotted grass frog (Limnodynastes 

tasmaniensis) 

Johnston and Cleland 

1910 

Y N 

Trypanosoma 

copemani 

Wombat Noyes et al. 1999 Y Y 

Quokkas (Setonix brachyurus), Gilberts 

potoroo (Potorous gilbertii) 

Austen et al. 2009 

 

Y 

 

Y 

 

Koala (Phascolarctos cinereus), wombat McInnes et al. 2011b Y Y 

Quenda (Isoodon obesulus fusciventer),  Botero et al. 2013 Y Y 

western quoll (Dasyurus), common brushtail 

possum (Trichosurus vulpecula), woylie 

(Bettongia penicillata) 

   

Trypanosoma 

egerniae 

Cunningham’s skink (Egernia cunninghami) 

tree skink (Egernia striolata)  

Mackerras 1960 Y N 

Trypanosoma 

eudyptulae 

Little penguin (Eudyptula minor) Jones and Woehler 1989 Y N 

Trypanosoma 

gilletti 

Koala  McInnes et al. 2011b N Y 

Trypanosoma sp. 

H25 

Eastern grey kangaroo (Macropus 

giganteus)  

Noyes et al. 1999 Y Y 

Woylie, banded hare wallaby (Lagostrophus 

fasciatus), boodie (Bettongia lesueur) 

Botero et al. 2013 

 

N 

 

Y 

 

Common brushtail possum Paparini et al. 2011 N Y 

Trypanosoma 

hipposideri 

Dusky horseshoe bat (Hipposideros bicolor 

albosinensis) 

Mackerras 1959 Y N 

Trypanosoma 

irwini 

Koala McInnes et al. 2009 Y Y 

Trypanosoma 

mackerasi 

Epaulette shark (Hemiscyllium ocellatum), 

ocellated angelshark (Squatina 

tergocellatoides) 

Burreson 1989 Y N 

Trypanosoma 

myzanthae  

Noisy minor bird (Manorina 

melanocephala) 

Mackerras and 

Mackerras 1959 

Y N 

Trypanosoma 

notophoyxis 

White-faced heron (Ardea novaehollandiae), 

Pacific reef heron (Egretta sacra) 

Breinl 1913 Y N 

Trypanosoma 

phylluri 

Southern leaf-tailed gecko (Phyllurus 

platurus) 

Mackerras 1960 Y N 

Trypanosoma 

pteroid 

Black flying fox (Pteropus gouldii) Mackerras 1959 Y N 
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Trypanosoma 

pulchra  

Sea perch (Hypoplectrodes semicincta), 

white-ear (Parma microlepis) 

Mackerras and 

Mackerras 1925 

Y N 

Trypanosoma 

thomasbancrofti 

Regent Honeyeaters (Anthochaera Phrygia) Šlapeta et al. 2016 Y Y 

Trypanosoma 

thylacis 

Southern brown bandicoot (Isoodon 

obesulus), northern brown bandicoots 

(Isoodon macrourus) 

Mackerras 1959 Y N 

Trypanosoma 

teixeirae 

Australian little red flying fox (Pteropus 

scapulatus) 

Barbosa et al. 2016a Y Y 

Trypanosoma 

vegrandis 

Chuditch (Dasyurus geoffroii) Smith et al. 2008 N Y 

Woylie Paparini et al. 2011 N Y 

Western grey kangaroo (Macropus 

fuliginosus), western quoll, southern brown 

bandicoot, tammar wallaby (Macropus 

eugenii) 

Thompson et al. 2013 

 

 

 

Y Y 

Quenda  Botero et al. 2013 N Y 

Gould’s wattled bat (Chalinolobus gouldii),  

lesser long-eared bat (Nyctophilus 

geoffroyi), little red flying fox (Pteropus 

scapulatus), black flying fox (Pteropus 

Alecto) 

Austen et al. 2015b 

 

 

 

 

Y Y 

Koala 

Northern brown bandicoot 

Barbosa et al. 2016b 

Barbosa et al. 2017 

Y 

N 

Y 

Y 

Trypanosoma sp. Southern brown bandicoots, eastern barred 

bandicoots (Perameles gunnii) 

Bettiol et al. 1998 

 

N 

 

Y 

 

Shark bay mouse (Pseudomys fieldi),  

dibbler (Parantechinus apicalis), common 

planigale (Planigale maculata), golden 

bandicoot (Isoodon auratus) 

Averis et al. 2009 

 

 

 

N 

 

 

 

Y 

 

 

 

62 Anura spp. in five families Delvinquier et al. 1989 Y N 

Skink (Sphenomorphus taeniolatus) Johnston and Cleland 

1912 

Y N 

Brown snake (Diemenia textilis), rocket frog 

(Litoria nasuta), Lesueur's frog (Litoria 

lesueurii) 

Johnston and Cleland 

1910 

 

Y 

 

N 

 

Grey falcon (Falco hypoleocus), brahminy 

kite (Haliastur indus), morepork (Ninox 

novaeseelandiae) 

Breinl 1913  

 

 

Y 

 

 

N 
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Yellow-faced honeyeater (Caligavis 

chrysops), fuscous honeyeater (Meliphaga 

fusca), blue-faced honeyeater (Entomyzon 

cyanotis), jacky winter (Microeca 

fascinans), olive-backed oriole (Oriolus 

sagittatus),  black-headed pardalote 

(Pardalotus melanocephalus) 

Cleland and Johnston 

1911 

 

 

 

 

 

Y 

 

 

 

 

 

 

N 

 

 

 

 

 

 

Scarlet myzomela (Myzomela 

sanguinolenta) 

Cleland 1915  Y N 

 Mangrove golden whistler (Pachycephala 

melanura)  

Cleland 1922 

 

Y 

 

N 

 

Australian magpie (Cracticus tibice) Mackerras and 

Mackerras 1959 

Y N 

 

 

 

 

Figure 1.2: Representative internal structure of a Trypanosoma spp. epimastigote 

showing organelles. 
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Box 1: Investigating and understanding Trypanosoma life histories  

Investigating the life cycle and metacyclogenesis 

There are two aspects in the life of trypanosomes that are of particular interest when 

understanding life histories. The cyclical transmission that occurs between vertebrate host 

and invertebrate vector, and the identification of the morphological life stages and 

processes of differentiation that occur within this cycle. Early identification of 

trypanosomes relied on measuring the length and breadth of the cells, and the distance 

between kinetoplast and nucleus in bloodstream trypomastigotes isolated in blood smears 

taken directly from the vertebrate host (Mackerras, 1959; Mackerras and Mackerras, 

1959; Mackerras, 1960; Mackerras and Mackerras, 1960). The progression from 

investigating simple blood smears using microscopy to the development of improved in 

vivo and in vitro techniques greatly enhanced the capacity to investigate interactions with 

both the vertebrate hosts and invertebrate vectors in controlled environments, leading to 

the development of detailed schematics of trypanosome life cycles (Figure 1.1) (Hoare, 

1972). Studies looking at trypanosomes in vivo are an ongoing and important area of 

research that contributes to understanding life histories in both invertebrate vectors 

(Guevara et al., 2005) and vertebrate hosts (Goyard et al., 2014). The introduction and 

design of molecular techniques to better identify and categorise trypanosomes has 

enabled extensive sampling of wildlife and more efficient confirmation of the prevalence 

of parasites. Two gene regions are commonly used in the identification of trypanosomes 

- 18S rDNA and gGAPDH - due to their ability to differentiate between Trypanosoma 

species when used together (Hamilton et al., 2004). Molecular characterisation of 

trypanosomes in Australian wildlife has resulted in the identification of many novel 

isolates, while phylogenetic investigations have begun to reveal interesting evolutionary 

relationships (Noyes et al., 1999; Hamilton et al., 2004; Austen et al., 2009; McInnes et 

al., 2011b; Thompson et al., 2013a). 

The detection of trypanosomes in a vertebrate indicates they are a host. However, 

invertebrate vectors may act as a host in which cyclical development occurs followed by 

transmission to a vertebrate host, or facilitate mechanical transmission of parasites to a 

vertebrate host. Cyclical transmission occurs when the trypanosomes establish a chronic 

infection in the hind gut and differentiate inside the invertebrate vector into a number of 

morphological forms before infecting a new vertebrate host (Hoare, 1972). Mechanical 

transmission occurs when invertebrates containing live trypanosomes from a previous 
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blood meal can transmit them to additional hosts. For example, in T. evansi parasites 

survive in the invertebrate mouthparts and are transmitted via the proboscis, and in T. 

culicavium hosts are infected by directly ingesting the invertebrate vectors (Votýpka et 

al., 2012). Methods used to observe this phenomenon include microscopical examination 

of the vectorial candidate gut to observe the differentiation of trypanosomes or by 

maintaining potential invertebrate candidates in controlled environments and feeding 

them blood inoculated with parasites to determine their ability to establish an infection or 

survive passage through the digestive tract (Hoare, 1972). Specimens can additionally be 

processed and serially sectioned in order to observe internally differentiating parasites 

(Votýpka et al., 2012). It is important to demonstrate that any potential vector can cause 

infection in a new host. 

The development of in vitro cell culture methods has helped to decipher key aspects of 

Trypanosoma development, contributing significantly to our knowledge of trypanosome 

life histories. Carrel (1912) first grew tissue in culture establishing an immortal chicken 

heart cell line with early media including chick embryo extract, blood serum, and saline. 

Today there are numerous cell lines and media commercially available for the cultivation 

of a large number of continuous cell lines and single celled organisms for research. 

Despite the disadvantages of culturing protozoan parasites in vitro (see box 2) it is 

essential in elucidating host-parasite interactions in detail. The main advantage of in vitro 

cultivation of organisms includes the opportunity of conducting important baseline 

studies when little is known about an organism, or where it is not possible to conduct 

experiments in vivo (Freshney, 2011). It is possible to investigate a number of research 

questions that cannot be answered by other means due to the ability to dictate and control 

environmental and physiological conditions, both spatially and temporally. There are 

fewer legal, moral, and ethical questions around in vitro studies because the need for in 

vivo animal experiments is reduced. With this, significant progress can be made in testing 

a hypothesis before the research moves to a need for using live animal models or 

conducting clinical trials.  

In vitro methods are especially important in studying metacyclogenesis or the 

differentiation of the trypanosome life stages. Metacyclogenesis is the actual duplication 

and segregation of the organelles in dividing morphological forms and involves a number 

of different triggers in non-dividing forms. It was suggested that endocytic storage may 

contribute to differentiation of the parasites (Figueueiredo et al., 2000) and that 

trypanosome life cycles are subject to the generation time of the parasite (Elias et al., 
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2007; Lacomble et al., 2010). The morphological form most commonly seen in vitro is 

the epimastigote, which divides by binary fission when grown at 28°C and is maintained 

in a blood agar medium with a liquid overlay (Figure 1.2). This is the morphological form 

expected to exist in the gut of the invertebrate. Trypanosomes are maintained at this 

temperature because epimastigotes proliferate so well. Cultivating parasites at different 

temperatures, pH levels, amino acid concentrations, or allowing them to be nutrient 

depleted, are all methods used to transform parasites from epimastigotes into their various 

morphological forms (Castellani, 1967). For example, in T. cruzi infectivity is increased 

when epimastigotes are under stress and grown in media with reduced foetal calf serum 

to transform them into metacyclic trypomastigotes (Garcia Silva et al., 2014). In T. 

dionisii, metacyclic trypomastigote production is increased when parasites are grown 

without serum (Oliviera et al., 2009), or grown initially in LIT (Liver infusion tryptose) 

medium before being transferred to Grace’s medium to differentiate (Meada et al., 

2012a). The shape of the cell, the position of the kinetoplast and nucleus, and the region 

where the flagellum emerges from the flagella pocket, are all characteristics that define 

the stage of differentiation (De Souza, 1984; Elias et al., 2007; De Souza, 2010). In order 

to investigate the transformation of parasite life stages an understanding of their internal 

structure is required, which is easily facilitated when large numbers of parasites can be 

cultivated and differentiated in vitro. Information on the ultrastructure of the multiple 

forms of trypanosomes contributes to defining and categorising parasites as well as 

detailing their sub-cellular structure in order to understand cellular mechanisms and 

development (Elias et al., 2007). Modern day cell culture techniques combined with 

correlative microscopy techniques have made it possible to investigate trypanosome 

biology at a detailed level resulting in a number of discoveries.  

 

Ultrastructural characteristics 

Trypanosomes were one of the first biological organisms viewed in an electron 

microscope. Today, electron microscopy remains a powerful tool for investigating 

cellular structures and interactions between organelles, and has underpinned a number of 

advances in protozoan biology (reviewed in - De Souza, 2008). Opportunities to extend 

the acquisition of such information to 3 dimensions offers an exciting and unparalleled 

view into cellular mechanisms (Gabraith et al., 2011). The size and shape of the parasite 

itself, along with the cell membrane structure, cytoskeleton, nucleus position, size and 
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location of the kinetoplast-mitochondrion complex, structure of the flagella region, and 

the presence and content of reservosomes and glycosomes, are key areas of interest in 

trypanosome cellular biology (Figure 1.2) (Martins et al., 2012). The size and shape of 

the trypanosome generally allows identification of the morphological stage of the parasite 

because the cytoskeleton is remodelled as the trypanosome differentiates into different 

life stages (Field and Carrington, 2009). The cytostome, which is an invagination of the 

plasma membrane that penetrates into the cell body, is involved in differentiation in 

epimastigotes. The cell membrane of trypanosomes can be visualised using microscopy 

with immunoblots then used to compare surface profiles or identify particular 

components of interest. This has been applied in the past to explore and compare the 

differences between species, such as T. cruzi and T. dionisii, which are two intracellular 

trypanosomes (Maeda et al., 2012; Oliveira et al., 2013) (Figure 1.2).  

The flagella region is comprised of a flagella pocket, the flagella sheath, paraflagella rod, 

and basal body (Figure 1.2) (Lacomble et al., 2009; Martins et al., 2012). The flagellum 

is found in a 9+2 arrangement of the microtubules in trypanosomes. This is found inside 

the cytoplasmic membrane attached to the cell body through an invagination of the cell 

wall called the flagella pocket (Field and Carrington, 2009). The flagella pocket is at the 

base of the flagellum and it is responsible for all endocytic and exocytic processes in the 

cell cycle in T. brucei including cellular polarity, division, trafficking, and immune 

evasion (Portman and Gull, 2009). The paraflagella rod, which is inside the flagellum 

varies in size between species. The basal body is a continuation of the flagellum and is 

closely associated with the kinetoplast as they are connected via protein filaments (Figure 

1.2).  

Trypanosomes typically only have one mitochondrion that has a double membrane, which 

is connected to the kinetoplast to make the kinetoplast-mitochondrion complex (Figure 

1.2) (De Souza et al., 2002). The kinetoplast contains extra-nuclear DNA called 

kinetoplast DNA (kDNA), which is unique to kinetoplastids. The kDNA is believed to 

have a species specific structure made up of mainly minicircles, with some maxicircles, 

and the size of the structure is determined by the minicircles (Lukeš et al., 1999). 

Kinetoplastids have a unique form of RNA editing of kDNA, which involves guide RNAs 

encoded by the minicircles that insert or delete uridine residues and post-transcriptionally 

edit the encrypted maxicircles (Lukeš and Yurchenko, 2000; Hajduk and Ochsenreiter, 

2010). Mini-circle size and kinetoplast thickness have even been used in the past to 

differentiate between trypanosome strains (Votýpka et al. 2004) using transmission 
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electron microscopy (TEM). The kDNA of T. avium was found to have larger minicircles 

compared to other trypanosomatids (Lukeš and Yurchenko, 2000). The kinetoplast has 

been investigated in a number of trypanosomes including T. cruzi, T. brucei, T. corvi, and 

T. avium (Lukeš et al., 1999; Votýpka et al., 2004).  

Acidocalcisomes are membrane-bound organelles that contain calcium, phosphorus, 

sodium, potassium and zinc, and store the majority of the calcium content in different 

forms of T. cruzi (Miranda et al., 2000). The acidocalcisomes are thought to arise in 

response to different environmental conditions in the host (Figure 1.2). Due to the 

importance of calcium in the cellular invasion process, acidocalcisomes are of particular 

interest in T. cruzi. Acidocalcisomes have been found to have a species-specific 

composition in a number of different trypanosomes (Miranda et al., 2004), which has 

been determined using electron microscopy techniques (Lu et al. 1998), 

immunocytochemistry (Scott et al., 1998), and X-ray microanalysis (Scott et al., 1997; 

Miranda et al., 2004).  

Reservosomes, which are described as lysosome-related organelles, are found in the 

posterior region of epimastigotes; these have been studied extensively in T. cruzi (Figure 

1.2) (Sant'Anna et al., 2008a; Sant'Anna et al., 2008b; De Souza, 1999; De Souza, 2002). 

They act as a form of storage in trypanosomes, containing proteases and accumulating 

proteins utilised in endocytosis, which is important during the process of differentiation 

and growth. Lysosomal proteases in T. cruzi that are found in reservosomes include 

cruzipain and serine carboxypeptidase, which are also important in the cell invasion 

process (Cunha-e-Silva et al. 2002; Sant'Anna et al., 2008a Sant'Anna et al., 2008b). 

Reservosomes lack lysosomal markers and have an acidic nature, but no reservosome 

molecular marker has been identified. Interestingly, T. brucei and Leishmania spp. exhibit 

high levels of endocytic activity, but lack reservosomes. Glycosomes are another type of 

organelle present in trypanosomes, which contain the majority of glycolysis enzymes 

similar to lysosomes, or vesicles likened to peroxisomes (Figure 1.2). Additionally, the 

golgi complex is involved in protein glycosylation and membrane trafficking in T. cruzi 

(Figure 1.2) (Martins et al., 2012).  

With much of the morphological data that has been acquired, there are a number of 

difficulties associated with interpreting and interpolating 2 dimensional images and 

relating these back to the overall structure of a living, 3 dimensional organism. This is 

particularly true for transmission electron microscopy where prepared sections, which are 
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~100 nm-thick, allow for high resolution ultrastructural cell analysis but represent only a 

very small segment of a cell or organism. However, the very recent advent of automated, 

high-throughput imaging systems capable of 3 dimensional imaging at subcellular 

resolution, has led to the beginnings of a revolution in parasite biology, particularly in 

regard to cellular ultrastructure and host-parasite interactions. With this, the 3D cellular 

architecture of T. brucei, T. cruzi, and T. dionisii has been documented to some degree 

for a variety of morphological forms (Lacomble et al., 2009; Ramos et al., 2011; Girard-

Dias et al., 2012; Oliveira et al., 2013). Examples include electron tomography, which 

has been used to investigate the structure of the flagella pocket and cytoskeleton in T. 

brucei (Lacomble et al., 2009), and demonstrated the movement of the basal body aids in 

cell division (Lacomble et al., 2010). Of most interest to parasitologists the world over 

will be the development and application of super-resolution techniques (e.g. SIM, 

STORM) (Gabraith et al., 2011), focused ion beam scanning electron microscopy (SEM), 

(De Winter et al., 2009), block-face serial imaging by SEM (Denk and Horstmann, 2004), 

and automated tape collection ultramicrotomy and serial imaging by SEM (Schalek et al., 

2011). 

 

1.3. Evolutionary relationships of Australian trypanosomes  

1.3.1. The southern-supercontinent theory  

Australian trypanosomes exhibit vast genetic diversity and unexpected relationships and 

a number of theories have been developed to explain this, including the southern 

supercontinent theory (Stevens et al., 1999), host-fitting (Hamilton et al., 2004), and the 

bat seeding hypothesis (Hamilton et al., 2012). Trypanosomes isolated from the kangaroo 

(T. sp. H25), wombat (T. sp. H26 - T. copemani), and platypus (T. binneyi) (Noyes et al., 

1999) were the first trypanosomes from Australia included in a phylogenetic study 

(Stevens et al., 1999). The study investigated the origins of T. brucei (salivaria) and T. 

cruzi (stercoraria) using the 18S rDNA gene region (Stevens et al., 1999). It found that 

the salivarian and stercorarian trypanosomes have different lineages and different patterns 

of evolution. This research indicated that the T. brucei clade trypanosomes are evolving 

much faster than the T. cruzi clade (Stevens et al., 1999). An interesting result from the 

study was the vast genetic distance between the three different trypanosomes isolated 

from Australia. Trypanosoma sp. H25 from the kangaroo was included in the T. cruzi 

clade, while T. copemani from the wombat was closely related to T. pestanai from the 
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European badger. Trypanosoma binneyi isolated from the platypus was related to 

trypanosomes in an aquatic clade, containing isolates from aquatic leeches and fish from 

outside Australia (Figure 1.3). The surprising similarity between T. sp. H25 and T. cruzi 

led to the Southern Supercontinent theory of trypanosome evolution, which suggests that 

T. cruzi clade trypanosomes separated from other trypanosomes over 40 million years ago 

when South America was still connected to Australia (Stevens et al., 1999; Noyes et al., 

1999). This would indicate that the T. cruzi clade trypanosomes could have evolved from 

a marsupial host in Australia based on the presence of trypanosomes in Australian and 

South American marsupials, and the absence of native placental mammals in Australia at 

the time. 

 

1.3.2 Host-fitting and shared environments 

Some Australian trypanosome isolates were included in a phylogenetic study 

investigating the evolutionary diversion of the three trypanosomatid pathogens 

Leishmania major, T. brucei and T. cruzi (Hamilton et al., 2005). These included T. sp. 

AAT isolated from the currawong, T. sp. ABF isolated from the swamp wallaby, and T. 

sp. ABI (T. copemani) and T. sp. AAP (T. copemani) isolated from the wombat (Hamilton 

et al., 2004; Hamilton et al., 2005) (Table 1.1). Separate phylogenies were produced for 

the 18S rDNA and gGAPDH loci, which demonstrated these two gene regions result in a 

more robust tree topology supporting the early division of the trypanosomatid pathogens. 

The tree topologies generated were consistent with Stevens et al. (1999) in that T. sp. H25 

was found to be closely associated with the T. cruzi clade while T. binneyi was closely 

linked to freshwater and aquatic clades of trypanosomes at both loci (Hamilton et al., 

2004). Interestingly, T. copemani (T. sp. H26) was found to be closely associated with T. 

pestanai at the 18S rDNA region but not in the gGAPDH region. In the latter region, T. 

copemani (T. sp. AAP) was actually closer to the periphery of the T. cruzi clade. This was 

the only instance where the 18S rDNA and gGAPDH trees differed on phylogenetic 

arrangements of Australian trypanosomes. This difference was not seen in subsequent, 

larger studies (Hamilton et al., 2007) that supported the 18S rDNA observation, 

highlighting the importance of using more than one gene region to interpret phylogenetic 

relationships. Trypanosoma sp. AAT was associated with other trypanosomes isolated 

from birds. At the 18S rDNA locus T. sp. AAT, was almost identical to a trypanosome 

isolated from a hippoboscid fly, which was subsequently identified as T. corvi - a common 
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bird trypanosome with a worldwide distribution (Votýpka et al., 2004) (Figure 1.3). In 

the gGAPDH gene tree T. sp. AAT was closely related to T. avium, which is another 

common bird trypanosome worldwide (see section 3.4). Trypanosoma sp. ABF was 

similar to T. cyclops isolated from a Malaysian primate, and T. theileri from cattle.  

With the discovery of additional new isolates from Australian wildlife some patterns 

begin to emerge in their relationships, which assist in understanding their vast genetic 

diversity. The Australian trypanosomes tend to demonstrate relationships with others that 

share similar environments, not geographic regions (suggested in the southern 

supercontinent hypothesis) and this appears to be influencing trypanosome evolution 

(referred to as ‘host-fitting’) (Hamilton et al., 2004). In host-fitting scenarios 

trypanosomes are able to adapt to organisms that are similar to their established host or 

vector, and this often accompanies subsequent adaptation into novel environments. 

Considering the available information it is most likely the vector influencing host-fitting. 

Trypanosomes adapt to their mammalian host and the host is selected by the vector. 

Trypanosoma binneyi was isolated from the platypus, a monotreme that spends most of 

its time in freshwater and it is closely related to other trypanosomes from freshwater and 

aquatic environments, such as fish and frogs, supporting the theory that these organisms 

share a common invertebrate vector, which is allowing the trypanosomes to switch hosts. 

The connection between T. sp. ABF isolates, T. cyclops, and T. theileri could be 

haemadipsid leeches, which are likely vector candidates for these species (Hamilton et 

al., 2005). However, this theory does not adequately explain the relationship evident 

between T. sp. H25 and T. cruzi, or T. copemani and T. pestanai.  

A subsequent phylogenetic study that included a combined tree utilising both the 18S 

rDNA and gGAPDH loci (Hamilton et al., 2007) confirmed again that T. sp. H25 was 

within the T. cruzi clade, T. binneyi in the aquatic clade, T. sp. ABF in the T. theileri 

clade, and T. sp. AAT in the avian clade. The molecular characterisation of T. irwini 

isolated from the koala demonstrated it was similar to T. bennetti from a falcon and not 

closely related to any other Australian trypanosome. Trypanosomes from arboreal 

animals, including koalas and birds, are closely related to trypanosomes isolated from 

birds in other regions, supporting the host-fitting hypothesis of shared environments and 

shared vectors (McInnes et al., 2009; Hamilton et al., 2007) (Figure 1.3).  

A more distinct clade of Australian trypanosomes emerged after the characterisation of a 

number of novel isolates from Australian marsupials, including T. gilletti isolated from 
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the koala (McInnes et al., 2011b), and T. vegrandis isolated from the woylie (Thompson 

et al., 2013a). It was found that T. copemani, T. gilletti, and T. vegrandis clade 

trypanosomes were close together in a number of tree topologies, ultimately 

distinguishing an Australian clade of trypanosomes (Paparini et al., 2011; Botero et al., 

2013) (Figure 1.3). Curiously, T. copemani occurs on both the east and west coast of 

Australia in a number of marsupials, while T. vegrandis has only been isolated in WA, 

and T. gilletti has only been found on the east coast of Australia. Whether this represents 

truly geographically-isolated, but related, populations or simply reflects a lack of 

available data on the actual distribution of these species within Australia is unknown. 

Similarly, whether these different trypanosome species share ectoparasites that could be 

aiding in host-fitting is unknown, as there is essentially no data available regarding 

vectors of Australian trypanosomes.  

 

1.3.3 The bat-seeding hypothesis 

The development of the bat seeding hypothesis assisted in the explanation of the emerging 

relationships seen between trypanosomes from the T. cruzi clade, offering an alternative 

explanation to the southern supercontinent theory (Hamilton et al., 2012). The T. cruzi 

clade contains trypanosomes that infect bats in America, Africa, and Eurasia (Hamilton 

et al., 2012; Lima et al., 2012; Lima et al., 2013), and terrestrial land mammals including 

marsupials in South America, and Australia (Stevens et al., 1999). Unnamed trypanosome 

species isolated from a civet and a monkey in Africa, as well as T. conorhini isolated from 

a rat found throughout the tropics are also part of the T. cruzi clade (Hamilton et al., 2012). 

The bat seeding hypothesis proposed that T. cruzi clade relationships can be explained by 

the high mobility of bats that allowed bat trypanosomes to switch hosts to terrestrial 

mammals, throughout different regions of the world. Host-fitting was implicated as the 

mechanism facilitating host-switching, which in the bat seeding hypothesis would follow 

the principal that parasites adapt to new hosts that are closely related to their primary host. 

There are less host-switching evolutionary events involved in this scenario increasing the 

probability of this evolutionary relationship influencing trypanosome evolution. This 

theory proposes that T. cruzi evolved more recently than previous studies had indicated 

explaining the appearance of the African bat trypanosomes and T. sp. H25 in the T. cruzi 

clade. Trypanosoma sp. H25 appears to be at the periphery of the T. cruzi clade, close to 

the T. lewisi clade (Lima et al., 2012; Lima et al., 2013) (Figure 1.3). The bat-seeding 
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hypothesis can explain the relationship between T. cruzi and other members of the clade 

that infect bats. However, inconsistent with this theory is the fact that T. sp. H25 is yet to 

be isolated from bats. This may simply result from the fact that trypanosome populations 

in Australian bats have not been investigated extensively and that a wider sample of 

trypanosome isolates from wildlife is necessary to clarify which relationships have been 

influenced from host-fitting by the host or vector. 

 

1.3.4 The trouble with bird trypanosomes 

Initially trypanosomes from birds around the world were named to species level based on 

the assumption that bird trypanosomes were species specific. It is now established that 

despite the reported identification of almost 100 bird trypanosomes worldwide, the 

majority actually belong to one of three key species, T. corvi, T. avium, or T. bennetti, 

with the actual total number of trypanosome species occurring in birds being closer to 12 

(Baker et al. 1956, Nandi and Bennett 1994, Zídková et al. 2012). The knowledge that 

bird trypanosomes show less diversity than previously reported and that they are not 

species specific indicates that the multiple specimens described from Australian birds are 

unlikely to all be different species (see section 2.1.2). 

Trypanosoma sp. AAT appears to be part of the T. corvi clade based on genetic evidence, 

despite being isolated from a native Australian bird (Zídková et al., 2012; Votýpka et al., 

2012). The vertebrate host - the currawong, is an Australian bird belonging to the genus 

Strepera and the family Artamidae, which includes magpies, wood swallows, and butcher 

birds that are all native to Australia. While birds from Artamidae resemble ravens or 

crows from the family Corvidae, they are only distantly related, belonging to the 

superfamily Malaconotoidea, which originated in Australia. Malaconotoidea includes old 

world carnivorous songbirds from Australia and Africa, which separated from other 

corvids almost 45 million years ago during the late Eocene (Fuchs et al., 2012). The 

family Corvidae subsequently underwent an initial radiation in Southeast Asia (Ericson 

et al., 2005). The trypanosome T. corvi was originally described from a crow in India 

(Corvus splendens) then in a number of birds in the UK including ravens, blackbirds and 

jackdaws, and was successfully, experimentally transmitted to canaries (Baker, 1956b). 

Consequently, this lead to the conclusion that all large trypanosomes that had been 

previously described and been found in members of the family Corvidae were actually 

conspecific to T. corvi (Baker, 1956b).  
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The vectors of T. corvi are believed to be flies from the family Hippoboscidae. Commonly 

known as louse flies they are obligate parasites of birds and mammals, and transmission 

of the parasite is believed to be mechanical arising from the ingestion of flies whilst 

grooming (Votýpka et al., 2012). The invertebrate vector that transmits the Australian 

trypanosome T. sp. AAT, is unknown. Hippoboscid flies are present in Australia, 

although, there are a number of other candidates for T. corvi vectors including tabanid 

flies and mosquitos (Votýpka et al., 2012).  

Interestingly, T. sp. BDA4 isolated from an Australian mammal the boodie (Bettongia 

lesueur) on Barrow Island situated on the WA coast, was found to be genetically very 

similar to T. sp. AAT, showing 99% similarity (Averis et al., 2009). However, these 

researchers failed to comment on the similarity and only supplied partial 18S rDNA 

sequences of the isolate from the boodie. Analysis of the complete gene region may have 

shown increased diversity between these two genotypes. While bird trypanosomes have 

lower levels of diversity than previously thought, the presence of T. corvi infection in 

both avian and marsupial hosts would be unique. The prevalence and geographical range 

of T. sp. AAT in Australia remains unknown and there is a need for more extensive 

sampling of trypanosomes in the birds of Australia. Considering the ancient divergence 

between the avian hosts of T. corvi and T. sp. AAT it is worth investigating the level of 

genetic and morphological diversity observed between T. corvi and T. sp. AAT. The 

highly pleomorphic state of bird trypanosomes led to suggestions that in vitro 

investigations may be more accurate when trying to characterise their structure and 

understand the differences between species as in vitro studies provide a more stable, 

controlled environment (Zídková et al., 2012). 

 



38 
 

 

Figure 1.3: Representative diagram of the relative positions of Australian wildlife 

trypanosomes in phylogenetic studies based on consensus in 18S rDNA and gGAPDH 

gene regions. Branches do not indicate actual genetic distances. Australian trypanosomes 

are featured in bold and host organisms are in brackets. Relationships inferred from 

Stevens et al. (1999), Hamilton et al. (2004), Paparini et al. (2011), and Botero et al. 

(2013). 
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Box 2: Looking into the past: difficulties with early records 

There are significant challenges associated with trying to fully understand, interpret, and 

compare available data on trypanosomes that have been isolated from Australian wildlife. 

In many cases isolates have not been reported again following the original description 

and morphological forms may have been misrepresented where the species has been 

named from only a few samples (Mackerras, 1959; Mackerras and Maxkerras, 1959; 

Mackerras, 1960; Mackerras and Maxkerras, 1960). These issues stem from the typical 

opportunistic nature of sampling and reporting on trypanosomes in wildlife, which has 

been comprised mainly of incidental observation while investigating the host’s health in 

general and not looking specifically for Trypanosoma spp. The molecular techniques used 

routinely in modern times to isolate and investigate DNA sequences from various gene 

regions did not exist when early records began. Early records were restricted to describing 

trypanosomes based on the assumptions that they were host species-specific and that 

dimensions of the parasite in blood smears were sufficient to characterise different 

species. In many of the early accounts of trypanosomes described from Australia, they 

were simply compared to trypanosomes from a similar host organism that originated from 

Europe or Asia (Mackerras, 1960; Hoare, 1972). These assumptions are unfounded and 

the characterisation of trypanosome life histories, and the description of trypanosome 

species is far more complex (Votýpka et al., 2015). Recent evidence shows that Australian 

trypanosomes rarely exhibit species specificity (Thompson et al., 2014), and can exhibit 

several different morphological forms in the natural host (Austen et al., 2009; Thompson 

et al., 2013a).  

Additionally, due to the impossibility in confidently describing trypanosomes to species 

level based on a few individuals seen in a blood smear, many trypanosomes have only 

been reported as Trypanosoma spp. (Table 1.1). The development of molecular tools to 

complement morphological analysis has allowed advances in this space, but such tools 

still do not hold all of the answers when it comes to classifying and defining trypanosome 

species. For example, the two gene regions (18S rDNA and gGAPDH) commonly used 

to characterise trypanosomes are excellent tools when used together; however, it is 

important to be careful with interpretation of 18S rDNA phylogenies alone, due to the 

large evolutionary shift that occurred early in this gene region, which makes it unsuitable 

to differentiate between taxa (Hamilton and Stevens, 2011; Lymbery et al., 2011). 

Further, the parameters that separate species based on molecular data are unclear and can 

be difficult to decipher. There is no consensus on the number of mutations that define the 
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boundaries between species (Votýpka et al., 2015). This has resulted in the description of 

numerous genotypes of both described species and unnamed species of trypanosomes 

isolated from Australian wildlife (Table 1.1) (Averis et al., 2009; Paparini et al., 2011). 

In some cases, trypanosomes have not been given a species name when only molecular 

and morphological data from an in vitro system was available (Noyes et al., 1999; 

Hamilton et al., 2004). This may be due to previous studies on T. cruzi and T. brucei, 

which demonstrated that in vitro forms of trypanosomes showed high levels of 

morphological plasticity in their life cycle stages (Contreras, 1985; Rondinelli, 1988; 

Tyler and Engman, 2001). The current understanding of wildlife trypanosomes is further 

confused by the discovery of mixed infections of trypanosome species in the same host 

(Paparini et al., 2011; Thompson et al., 2013a; Botero et al., 2013). This unexpected 

finding was made while screening woylie blood samples for trypanosome DNA. The 

prevalence of such multiple-species infections in host populations is essentially unknown. 

It is likely that previous reports indicating the presence of different morphological forms 

of trypanosomes in blood smears could actually reflect the existence of multiple species 

infections, but this is difficult to determine without complementary molecular approaches 

(Paparini et al., 2011; Botero et al., 2013).  

In the past many animals have been considered free from trypanosomes due to the absence 

of these organisms in blood smears. Recent research suggests that even if trypanosomes 

are not observed in blood smears, trypanosome DNA can be isolated from the blood, 

leading to potentially misleading results regarding real parasite prevalence (Botero et al., 

2013; Thompson et al., 2013a). Many of the problems with understanding genetic 

relationships between Australian trypanosomes arise from the lack of genetic data 

available from other associated taxonomic groups within Australia, and from the fact that 

essentially no data is available from samples that were collected before molecular 

techniques were developed. There are a number of Australian trypanosomes for which 

there is no available molecular data. In particular, trypanosomes isolated from reptiles, 

amphibians, and fish taxa are highly underrepresented. However, it is evident that genetic 

data cannot characterise unknown specimens of trypanosomes without complementary 

morphological information to offer additional insight into behaviour, life histories, and 

host-parasite relationships.  

When one tries to go beyond this lack of comparative morphological and genetic data 

available for Australian trypanosomes, the fundamental problem remains that there is 

little opportunity to adequately study trypanosomes in Australian wildlife in vivo. This is 
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often because i) many marsupial and other native species are considered vulnerable or 

endangered and cannot be biopsied or killed for research; ii) appropriate in vivo models 

for these animals are not established; iii) wildlife populations are often in remote areas 

and trapping / sampling is not straightforward; and iv) opportunistic sampling of blood 

from wildlife does not go far enough in allowing us to understand the nature of 

trypanosome infections and in vivo behaviour. Conversely, the main disadvantages of 

experiments conducted in vitro stem from the acknowledgement that the environment is 

unnatural (i.e. no complex or variable tissues, altered nutrient availability, controlled pH 

and temperature) and the biological system has been simplified (i.e., single cell types 

only, low levels of antibodies), so data describing morphological appearances and stages 

must be interpreted carefully (Wilson, 2005). Given the complexity of trypanosome life 

histories, which can exhibit multiple morphological stages and lack host specificity, 

resulting in exceptional morphological plasticity in their natural environments 

(Castellani, 1967), it can be assumed that in vitro methods do not sufficiently cater for 

the complexity of parasite life cycles. When in vitro, organisms are not responding under 

normal environmental conditions but are being selected based on the particular 

physiological conditions they are exposed to (Freshney, 2011), and the exact components 

of cell media and growth conditions cannot always be controlled. Wildlife parasites are 

not often cultivated, therefore, their preferred growing requirements are not generally 

well defined, unlike for example, T. cruzi, which has been grown in culture for decades. 

Many of the descriptions of Australian trypanosome stages in vitro are not commonly 

seen in vivo and are based on few observations. It is difficult to decipher the 

morphological stages that actually occur in the host or the vector, and the stages that only 

exist in the carefully controlled (manipulated) laboratory environment. This stems from 

the lack of in vivo investigations in the natural host and vector. The trypanosomes isolated 

from wildlife in Australia are isolated from the host but grown as the invertebrate vector 

morphological form at 28°C because this is the most viable method used to cultivate 

trypanosomes in vitro (Castellani, 1967; Rondinelli, 1988; Tyler and Engman, 2001). The 

problem with this is the trypanosomes have not been observed in the invertebrate vector 

because the invertebrate vectors of Australian trypanosomes are not even identified. 

Additionally, other factors that may influence whether trypanosome infection is a factor 

in host health decline such as parasite load, stress, immune responses, or concurrent 

infections, simply cannot be observed or monitored in vitro. Despite these limitations it 

remains unfortunate that few trypanosomes have been isolated in vitro from Australian 

wildlife. There is no doubt that studies utilising in vitro populations facilitate our 
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understanding of cell differentiation and the development of key, morphological stages, 

allow for detailed studies into characterisation of cell architecture and composition across 

a range of length scales (e.g. kinetoplast structure, acidocalcisomes) (Lukeš et al., 1999; 

Miranda et al., 2004; Lacomble et al., 2010; Girard-dias et al., 2012), and provide 

opportunities to study trypanosome interactions with each other and with host cells, in 

real time (see box 1).  

A number of potential vectors have been suggested for various Australian trypanosomes 

based on their presence in various invertebrate candidates (Mackerras 1959; Austin et al., 

2009; Paparini et al., 2014). The vectors of trypanosomes in Australia have been difficult 

to identify as most vectorial candidates are hematophagous insects and any insect recently 

feeding on a mammal infected with trypanosomes would most likely contain parasites. 

The presence of trypanosomes in an insect does not make it a vector, although mechanical 

transmission cannot be ruled out (see box 1). The trypanosomes may not be differentiating 

in the gut of the invertebrate but can survive in their digestive tract to be passed on to 

another host. Vectors will be important in understanding the vast genetic divergence of 

Australian trypanosomes (Hamilton et al. 2004). Therefore, it is unfortunate that no 

conclusive evidence exists with regard to invertebrate vector(s) of trypanosomes in 

Australian wildlife.  

Overall, the very likely possibility that many of the existing reported species of 

trypanosomes in Australian wildlife belong to the same species or belong to another, 

already identified, species, cannot be ignored (Table 1.1). In short, the entire area needs 

to be taxonomically overhauled and reclassified, but, when you consider the issues 

identified above, including the paucity of available samples, such a task will be difficult, 

if not impossible.  

 

1.4. Trypanosome host-parasite interactions in Australia  

1.4.1 Implication of disease in Australia from trypanosomes  

1.4.1.1 Trypanosoma cruzi and experimental infection of Australian marsupials 

Although the majority of people infected with T. cruzi are from Central or South America, 

there are concerns Chagas disease will become a worldwide health problem driven by 

international migration, the movement of people from rural to urban areas over time, 

deforestation, poor detection and response to drug treatment, and insecticide resistance in 
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vectors (Schmunis and Yadon, 2006; Munoz-Saravia et al., 2010). Trypanosoma cruzi 

was estimated to infect 3,000 Australian immigrants from Latin America by 2006 with 

further increases in the population of immigrants causing this number to rise (Schmunis 

and Yadon, 2006; Gascon et al., 2010). As such, growing numbers of T. cruzi cases in 

Australia may represent a biosecurity risk to native wildlife as well as to humans. For 

example, if bugs from the family Reduviidae, which are vectors for T. cruzi were to 

become established pests in Australia they may be able to transmit T. cruzi to local 

marsupial species and humans. While reduviid bugs are not expected to become pests in 

Australia there are a number of local candidates including one reduviid bug - Triatoma 

leopoldi, which was found in Cape York Peninsula in QLD (Monteith, 1974). Due to their 

genetic similarity there is a possibility that the vectors that transmit T. sp. H25 in 

Australian ecosystems could also spread T. cruzi. If not through cyclical transmission 

then by mechanical transmission (Thompson and Thompson, 2015). This is possible, 

especially considering the recent discovery that bedbugs can transmit T. cruzi 

mechanically when previously only reduviid bugs had been implicated (Salazar et al., 

2015). Outside of the natural vectors, Chagas disease can be spread congenitally 

(Schenone et al., 2001), through breast milk (Norman and Lopez-Velez, 2013), 

contaminated food (Signori Pereira et al., 2009), blood transfusions and organ donation 

(Kransdorf et al., 2014), and laboratory accidents. 

A single study in Australia demonstrated that T. cruzi could cause disease in native 

possums and short-beaked echidna (Tachyglossus aculeatus). A 60% mortality rate in 

possums experimentally infected with T. cruzi was observed (Backhouse and Bolliger, 

1951). There is a difference in virulence between different isolates of T. cruzi and the 

isolate used in this study was ‘sent from London’ but not otherwise identified. Therefore, 

the expected virulence of the T. cruzi isolate was not known. Notably, these animals were 

in captivity and under considerable stress, which may have contributed to the high 

mortality rate. Although, the introduction of T. cruzi to any naive small population of 

vulnerable marsupial species as incidental hosts could have devastating effects. 

Marsupials in the wild may not suffer high mortality from a natural infection, but may 

become reservoirs. Marsupials in South America are reservoirs of T. cruzi and can 

amplify the parasite by increasing the number of infected animals and vectors creating 

spill-over into human populations (Travi et al., 1952). It is unknown whether local 

marsupial species in Australia would become reservoirs or incidental hosts, although both 

scenarios pose a biosecurity risk.  
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1.4.1.2 Trypanosoma lewisi and the rats of Christmas Island 

Trypanosoma lewisi is a trypanosome naturally infective to the common rat (Rattus 

rattus), which is transmitted by fleas (Hoare, 1972). The trypanosome was an invasive 

species introduced to Christmas Island, which was implicated in the decline of two native 

Christmas Island rats (Rattus macleari, Rattus nativitatis) when DNA of T. lewisi was 

extracted from museum specimens of both rat species from the time of extinction (Wyatt 

et al., 2008). It was noted that symptoms of trypanosomiasis were seen in the native rats 

in the period before their extinction (Wyatt et al., 2008). Trypanosoma lewisi DNA was 

absent from endemic rat samples collected before the introduction of the common rat 

indicating the trypanosomiasis was caused by T. lewisi. However, the presence of other 

diseases in the rat populations cannot be ruled out. The small population size of the native 

rats before extinction and the small size of the island may have been mitigating factors in 

the emergence of trypanosomiasis within the Christmas Island populations. 

Similarly, T. lewisi has been identified in species of introduced rats in QLD, NSW and 

WA in densely populated areas (Mackerras, 1959). Considering this identification was 

based solely on morphology alone, these trypanosomes could have belonged to a local 

species of Trypanosoma that was not recognised. There are currently no records of T. 

lewisi infecting native mammals in mainland Australia and T. lewisi has not been recorded 

since 1959, although a number of novel isolates from West Australian marsupials were 

phylogenetically similar to T. lewisi (Averis et al., 2009). These included T. sp. DBA1 

from the dibbler, BRA1/BRA2/BRA3 from the bush rat, BDA from the boodie, and 

AMA1 from the ash grey mouse. This study only included partial sequences of 18S 

rDNA, which makes tree topologies less robust when isolates are compared to different 

organisms and the tree branches have low confidence values indicating little support for 

these arrangements (Averis et al., 2009). All other tree topologies to date positioned T. 

lewisi with T. microti next to the T. cruzi clade (Noyes et al., 1999; Stevens et al., 1999; 

Hamilton et al., 2004; Smith et al., 2008). It is possible that T. lewisi could have been 

involved in some marsupial declines when initially introduced into mainland Australia 

and since this time there has been some host/parasite adaptation. Investigating the 

presence of T. lewisi in densely populated areas within Australia may assist in answering 

these questions. 
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1.4.1.3 Poor health in koalas and quokkas and the potential zoonotic significance  

Trypanosomes have been implicated in causing poor health and anaemia in Australian 

koalas that were infected with either T. copemani, T. irwini, or T. gilletti. These koalas 

displayed symptoms consistent with trypanosomiasis, such as skin lesions, extravascular 

haemolysis, and anaemia (McInnes et al., 2011b). However, multiple infections and 

symptoms unrelated to trypanosomiasis were reported - the presence of koala retrovirus, 

bone marrow disease, and chlamydiosis, were common in koalas in the region. 

Trypanosoma irwini was also found in healthy koalas suggesting that a healthy koala may 

not manifest trypanosomiasis from an infection but that immunocompromised koalas 

could - implying a condition-dependent pathogenicity (McInnes et al., 2011a; McInnes et 

al., 2011b). Considering the high incidence of koala retrovirus and chlamydia in the 

region sampled, it is likely that the koalas were stressed and immunocompromised, 

subsequently rendering them more susceptible to secondary infections with 

trypanosomes, rather than direct immuno-suppression induced by trypanosome infection. 

Trypanosoma copemani was also implicated in causing anaemia in wild quokkas due to 

the observation of trypanosomes attached to erythrocytes in blood smears (Austen et al., 

2015a). This was not confirmed with electron microscopy and may have been a 

misinterpretation of the image. The blood smears were collected from wildlife and not 

laboratory animals indicating there could have been a number of causes for the presence 

of anaemia, because the history of the individual host remains unknown. In neither of 

these cases can trypanosomes be confirmed as the primary cause of anaemia or ill health. 

However, if trypanosomes commonly manifest as secondary infections in wildlife, their 

potential to contribute to the clinical conditions caused by other infectious agents warrants 

further investigation. 

There have been claims that T. copemani is resistant to human serum in vitro (Austen et 

al., 2015c). The blood incubation infectivity test (BIIT) was used to test whether T. 

copemani could grow in vitro as epimastigotes after the incubation of bloodstream 

trypomastigotes in non-immune human serum for 5 hours (Austen et al., 2015c). The 

BIIT is normally used to differentiate between strains of the infective T. brucei 

rhodesiense and non-infective T. b. brucei because pre-incubation with human serum 

prevents infection of T. b. brucei metacyclic trypomastigotes in mice in vivo (Rickman 

and Robson, 1970). The BIIT has subsequently been adapted to be used in vitro where 

different strains of T. brucei trypomastigotes are differentiated by using a fluorescence 

assay to observe which strain has perished in the serum (Turner, 2004). The validity of 
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the test has not been investigated in species other than T. brucei and the survival of the 

parasites is linked to the SRA gene, which has only been identified in T. brucei. This gene 

is not known to exist in any other trypanosome. Similar tests have investigated the ability 

of T. cruzi and T. rangeli metacyclic trypomastigotes to resist human complement in vitro. 

It was found that ineffective removal of metacyclic trypomastigotes by the complement 

pathway in some T. cruzi strains allow some metacyclic trypomastigotes to invade cells 

establishing an infection (Cestari and Ramírez, 2010). Trypanosoma cruzi bloodstream 

trypomastigotes and amastigotes are resistant to human complement. Usually in vitro-

grown metacyclic trypomastigotes are grown in large numbers (5 x 10-5) and suspended 

in buffer to inoculate into the BIIT (Turner, 2004; Cestari and Ramírez, 2010). However, 

for T. copemani, trypanosomes were inoculated in quokka blood containing low numbers 

of bloodstream trypomastigotes in human serum (estimated five parasites per sample). 

Importantly, metacyclic trypomastigotes were not used, which would have been more 

relevant due to their infectivity. No explanation was provided for why they were 

inoculated in this manner and why doses were not more representative of previous BIIT 

investigations. As T. copemani was inoculated in biphasic blood media it is not clear if 

this test is intended to investigate survival in the vertebrate or invertebrate host, because 

it is not known if the parasites were maintained as epimastigotes or trypomastigotes after 

inoculation (Austen et al., 2015c). As T. copemani is neither in the T. cruzi nor the T. 

brucei clade of trypanosomes the relevance of these tests and the implications of their 

findings cannot be fully evaluated. It remains an interesting phenomenon that T. copemani 

can survive in human serum in such low numbers. The author’s note it is unlikely that T. 

copemani would be pathogenic in humans even if it was confirmed as resistant to human 

serum, because passage from the unknown vector of the parasite to a human would need 

to be demonstrated (Austen et al., 2015c). This is especially important as the life cycle 

and vector(s) of T. copemani are unknown. 

 

1.4.1.4 Trypanosoma copemani and the woylie of south west Australia  

The woylie is an endemic Australian marsupial that represents the plight of many 

Australian endemic species existing in small populations that may be vulnerable to 

disease. Before the arrival of European settlers the geographic distribution of the woylie 

was believed to be extensive across Australia. Due to reduction of suitable habitat after 

European settlement and the introduction of predators such as the red fox (Vulpes vulpes) 
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the woylie suffered a major population reduction and received an endangered status 

(Wayne et al., 2013). Following programs to reduce the number of introduced predators, 

the woylie increased in abundance and were removed from the threatened species list in 

1996. However, from 1999 there was an unexplained population decline that reduced the 

population by 90% over seven years (Wayne et al., 2013). Woylies are now listed as 

critically endangered (Wayne et al., 2008). Woylies are considered an important species 

due to their value as endemic Australian marsupials in the Biodiversity Hotspot of south 

west Australia (Myers and Mettimier, 2000), and their importance in seed dispersal in the 

area (Wayne et al., 2013). The current action plan for the woylie lists disease as a threat 

and is an important area of research in the decline of the species (Yeatman and Groom, 

2012).  

There are three natural habitats left for the woylie, which are all in south west Australia; 

the Upper Warren Region, the Dryandra Woodlands, and the Tutanning Nature Reserve 

(Wayne et al., 2013). The Upper Warren region has two genetically distinct populations 

that exhibit the majority of genetic diversity, although the population is declining (Pacioni 

et al., 2010). In addition to natural populations the woylie has been subject to a number 

of translocations, more than any other Australian mammal (Yeatman and Groom, 2012). 

Karakamia wildlife sanctuary has a stable translocated population and was used to 

compare the prevalence of trypanosomes with the declining populations (Botero et al., 

2013; Thompson et al., 2013a). Mixed infections with T. copemani and T. vegrandis were 

common in the declining population, which had a high percentage of T. copemani 

infection. The stable population had a higher infection rate with T. vegrandis, although T. 

copemani was also present at a lower rate.  

Woylies infected with T. copemani commonly showed signs of inflammation in various 

organs and T. copemani DNA was isolated from a number of different woylie tissues. 

Interestingly, structures suggestive of intracellular amastigotes were observed in 

histological sections of woylie heart tissue infected with T. copemani G2 (Botero et al., 

2013, see section 4.2.4). The concern with finding intracellular life stages of T. copemani 

in woylie tissues is that such intracellular amastigotes typically exist only in pathogenic 

species. This raises the question, is T. copemani pathogenic and causing disease in the 

woylie? (Botero et al., 2013; Thompson et al., 2013a). Due to their vulnerable status as 

critically endangered marsupials it is an area of research that requires priority.  
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1.4.2 A brief history of intracellular behaviour in trypanosomes 

It is the intracellular aspect of the T. cruzi life cycle that is responsible for its pathogenesis 

and the presence of this behaviour in trypanosomes may indicate they can also cause 

disease. Few species of trypanosomes have been observed entering cells, T. cruzi 

infecting humans and T. dionisii infecting bats are the most widely studied, and both 

originate from South America (Baker et al., 1978). Trypanosoma erneyi (Lima et al., 

2012) a bat trypanosome from Africa and T. theileri (Lee et al., 2012) a cattle parasite 

derivative of T. brucei were observed inside cells in vitro, while there is some controversy 

regarding the ability of T. rangeli from South America, to enter and multiply within cells 

(Tanoura et al., 1999; Eger-Mangrich et al., 2001; Zuñiga et al., 1997). Trypanosoma 

copemani was the first parasite observed invading cells in vitro and in wildlife tissues that 

is outside the T. cruzi clade, except for T. theileri (Botero et al., 2013). Trypanosoma 

cruzi is the only intracellular trypanosome confirmed to infect in mice, in vivo (Lima et 

al., 2012).  

 

1.4.2.1 The processes involved in Trypanosoma cruzi cell invasion 

The processes involved in cell invasion are complicated and despite the phenomenon 

being studied for over 100 years the mechanisms are not fully understood (Clayton, 2010). 

It has been established that there are a number of stages involved in the invasion process. 

These include adhesion, recognition, signalling, cell entry, formation of the 

parasitophorous vacuole (PV), and escape from the PV (Epting et al., 2010; De Souza et 

al., 2010; Maeda et al. 2012). A series of endocytic pathways are used by parasites to gain 

entry into cells and there appears to be considerable variation in the molecules involved 

(Barrias et al., 2013), which are dependent on the strain of parasite and the host cell in 

question (Yoshida and Cortez, 2008; Epting et al., 2010). 

Trypanosoma cruzi was first observed inside cells in vitro in heart muscle cells from 

chicken embryos where the process of cell invasion was observed and the intracellular 

life cycle documented (Kofoid, 1935; Mayer, 1942; Meyer and Xavier de Oliveira, 1948). 

This early work focussed on the life stages involved and the time taken for T. cruzi to 

invade and replicate before being released from the cell. Over time it was discovered that 

T. cruzi has the ability to invade a number of different cell types including phagocytic 

and non-phagocytic cells. Active penetration was first thought to be the mode of T. cruzi 

entry into cells, which is dependent on the host cell actin cytoskeleton (Kipnis, 1979). 
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However, it was found that inhibiting actin polymerisation, which is essential in non-

professional phagocytic cells did not stop the parasites from invading (Schenkman et al., 

1991). This was further confirmed by the discovery that cell entry was increased if the 

host cell cytoskeleton was disrupted (Tardieux, 1992; Rodriguez, 1999).  

It was ascertained that lysosomes were involved in cell invasion, which fuse to the 

phagosome after internalisation of the parasite because disruption to the lysosomes 

reduced the ability of T. cruzi to invade cells (Kress, 1975; Rodriguez et al., 1999; Milder 

and Kloetzel, 2004). Trypanosoma cruzi recruits host cell lysosomes in order to build 

itself a PV (Sibley and Andrews, 1999). The gradual change in the literature of referring 

to active penetration of parasites and the move towards referring to a PV is reviewed in 

De Souza and de Carvalho (2013). Trypanosoma cruzi then recruits Ca2+ (Tardieux et al., 

1994; Rodriguez et al., 1999), which can be signalled by an array of peptidases (Woolsey 

et al., 2003; Rodrigues et al., 2010). Subsequent research implicated a number of 

molecules in the invasion process including the parasite’s surface glycoproteins (gp82, 

gp80, gp35/50, and gp85), mucins (sugar residues that may interact with mammalian host 

cells), transialidases (Flannery et al., 2010), monosialotetrahexosyl ganglioside 1 (GM1) 

(a marker of membrane rafts) (Barrias et al., 2007; Fernandes et al., 2007), acid 

sphingomyelinase (Fernandes et al., 2011), cathepsin L-like cysteine protease (CatL), and 

cruzipain peptides that can promote invasion through inducing Ca2+ signalling (Rodriguez 

et al., 2010). Higher levels of trans-sialidase were proposed as the evolutionary difference 

between immune evasion processes that makes T. cruzi more virulent than other 

intracellular trypanosomes, such as T. dionisii (Oliveira et al., 2009). The PV ruptures 

after roughly an hour and the parasites escape into the cytoplasm. The breaking of the PV 

requires a low pH thought to be mediated by an acid-active pore-forming hemolysin 

secreted by T. cruzi (Ley, 1990; Andrews and Whitlow, 1989). Following escape from 

the PV, the parasite differentiates into an amastigote and divides by binary fission until it 

fills the cell. The amastigotes differentiate into sphaeromastigotes, transform to 

trypomastigotes, and finally lyse the cell expelling the parasites. 

 

1.4.2.2 Intracellular trypanosomes from America 

The majority of trypanosomes that invade cells are found in the T. cruzi clade. However, 

not all trypanosomes in this clade invade tissue, including T. marinkellei and T. 

livingstonei. Trypanosoma dionisii is a trypanosome that infects bats in South America 
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that is similar to T. cruzi. It is in the T. cruzi clade and the vectors for this parasite are also 

Triatoma bugs (Hoare, 1972). Intracellular behaviour in T. dionisii was first established 

in 1971 and subsequent studies developed a picture of the life cycle in vitro (Baker, 1971; 

Baker, 1972; Baker and Green, 1973; Baker and Seldon, 1978; Glauert, 1982). Until 

recently the mechanisms involved in the infection had not been investigated. 

Trypanosoma dionisii cell invasion is similar to T. cruzi and exhibits the use of lysosome 

mobilization and exocytosis in cell invasion, and it was revealed T. dionisii displays lower 

levels of trans-sialidase activity (Oliveira et al., 2009) and a distinctly different surface 

profile (Maeda et al., 2012). Trypanosoma dionisii is unique due to the discovery of 

epimastigotes and trypomastigotes inside host cell nuclei in heavily infected cells 

(Oliveira et al., 2009). Trypanosoma cruzi does not normally enter the nuclei of cells and 

it is metacyclic trypomastigotes alone that invade cells in T. cruzi. It has been concluded 

in past studies that T. dionisii may have developed slightly different mechanisms of 

evading the immune system resulting in it being less pathogenic than T. cruzi (Oliveira et 

al., 2009; Maeda et al., 2012). Trypanosoma cruzi and T dionisii both exhibit the use of 

lysosome mobilization and exocytosis in cell invasion (Oliveira et al. 2009), but display 

distinct surface profiles (Maeda et al., 2012).   

There are other trypanosomes similar to T. cruzi that also share this behaviour. 

Trypanosoma rangeli is a parasite that shares a similar geographic distribution with T. 

cruzi, although it is morphologically different. The vector of the parasite are Triatoma 

bugs and it infects a variety of mammals including humans, but is not known to cause 

disease. There is some controversy around the ability of T. rangeli to infect cells. In vitro 

trypomastigotes were shown to cause 70% mortality in experimentally infected mice, 

while trypomastigotes obtained from mouse blood did not (Zuñiga et al., 1997). Another 

study determined that metacyclic trypomastigotes harvested from humans grown with 

mouse fibroblasts in vitro increased cell invasion, but demonstrated that intracellular 

trypanosomes decreased over time and that a strain of T. rangeli from culture (which had 

been maintained over a long period) was less virulent (Tanoura et al., 1999). 

Trypanosoma rangeli was also investigated in vitro in a number of mammalian cell lines 

(Eger-Mangrich et al., 2001). While this study observed parasites inside cells, infectivity 

remained below 15 % and decreased with time (1 hr post infection with the rate highest 

in macrophages) possibly due to the continual division of the cells, or the eventual 

absorption and digestion of the parasite by the cell. Intracellular multiplication of 

parasites was not observed in any of the cell lines tested (Koerich et al., 2002).  
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1.4.2.3 Intracellular trypanosomes outside America 

A recently discovered intracellular trypanosome from the T. cruzi clade is T. erneyi, a bat 

trypanosome from Africa genetically similar to T. cruzi and T. marinkellei (Lima et al., 

2012). Like T. dionisii and T theileri, T. erneyi could infect mammalian cells in vitro, but 

failed to infect mice in vivo. The authors mention that parasites were susceptible to human 

complement mediated lysis, but these results were not shown in the study. Subsequent 

research has not been conducted on this parasite and the mechanisms of infection and life 

cycle are unknown. The research conducted so far supports the hypothesis that 

mechanisms of mammalian host cell invasion in trypanosomes is a conserved trait, as all 

known intracellular trypanosomes are from the T. cruzi clade, except for T. theileri and 

T. copemani. 

Trypanosoma theileri is not in the T. cruzi clade and is a stercorarian trypanosome of 

cattle. It is transmitted via the faecal origin route by tabanid flies, and is associated with 

long lasting infection and anaemia (Ward et al., 1984). Trypanosoma theileri has not been 

observed invading host tissues. Initially, T. theileri amastigotes were found following 

incubation with cells after 18 days (Moulton and Krauss, 1972), and then observed in 

cerebral spinal fluid (Braun et al., 2002). Intracellular life stages of T. theileri in vitro 

were observed in four different cell lines (Lee et al., 2012). Interestingly, unless T. theileri 

was regularly grown with cells in vitro it would perish, suggesting it requires entry into 

host cells in order to complete its’ life cycle in vitro. After T. theileri invasion of 

mammalian cells in vitro, new metacyclic trypomastigotes escaping from cells were 

observed 5 - 7 days after incubation, which is consistent with what is observed in T. cruzi. 

Molecules implicated in cell invasion included membrane rafts enriched in GM1 and 

CATL, similar to T. cruzi (Rodriguez et al., 2010; Lee et al., 2012). No signs of infection 

were seen in in vivo attempts to develop rat models (Lee et al., 2012). Trypanosoma erneyi 

and T. theileri were the first examples of intracellular species of Trypanosoma outside the 

Americas. 

 

1.4.2.4 Intracellular trypanosomes in Australia 

Trypanosoma copemani is the only trypanosome from Australia known to have an 

intracellular life cycle stage (Botero et al., 2013) (see section 4.1.4). In addition to the 
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structures suggestive of amastigotes observed in woylie heart sections, T. copemani G2 

was reported to have intracellular stages in vitro in different mammalian cell lines 

including VERO, L6, HCT8 and THP1, although it was not observed multiplying in cells 

(Botero, 2014). Due to the occurrence of mixed infections with T. copemani G1 and G2 

in the woylie, further investigation is required to confirm if it is only G2 invading cells. 

The most divergent genotype in phylogenetic studies in the T. copemani clade is G2, 

which could indicate it is actually a separate species. As it was not possible to generate 

genotype-specific antibodies without an animal model for T. copemani, no 

immunochemistry could be undertaken on the sections to determine with any certainty 

what species or genotype these amastigotes were. The highest infection rate was observed 

in VERO cells with an estimated 70% of cells infected at 48 hours post-infection, while 

in the other cell lines it was between 7% and 15% (Botero, 2014). While light microscopy 

images stained with Giemsa show structures resembling amastigotes inside the cells it is 

unclear if they are dividing like T. cruzi amastigotes. Structures suggestive of 

trypanosomes were observed inside TEM sections of VERO cells infected with T. 

copemani G2 (Botero et al., 2013). Trypanosoma copemani is the only intracellular 

trypanosome that has not been seen dividing in cells in vitro, except for T. rangeli. 

Additionally, the mechanisms of cellular invasion in T. copemani remain unknown. 

The discovery of other intracellular trypanosomes besides T. cruzi challenges 

preconceived ideas about trypanosome life histories. Trypanosoma cruzi invades cells to 

replicate inside them and in doing so evades the immune system. Other intracellular 

trypanosomes have not been observed replicating in cells in vivo. Still, why would a 

parasite enter a cell if not to avoid the host immune system and to divide and transform 

into the infective form for the invertebrate host? One answer could be that the ability to 

invade cells occurred early in the lineage and some trypanosome species lost the ability 

to enter cells as it did not confer an advantage in their new environment. A host-switching 

event could have provided a host with a different immune system that no longer required 

entry into cells to replicate, for some trypanosomes. An alternative to this is that 

trypanosomes are disposed of by the cells in their natural host, which could provide 

another explanation for why they are not pathogenic in vivo. Considering either of these 

options, the mechanisms utilised by intracellular trypanosomes should be the same 

because the process of invading cells is likely a conserved trait. Trypanosomes enter cells 

via lysosome recruitment rather than phagocytosis and it seems unusual that this would 

have evolved in a number of different trypanosome lineages separately. Intracellular 
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trypanosomes excluding T. cruzi may still possess the ability to invade cells in vivo but 

these events could be rare. Immuno-compromised hosts may still be susceptible, which 

could affect vulnerable wildlife, especially those that exist in small populations. Exactly 

how many other trypanosomes exhibit intracellular behaviour has not been investigated. 

It is important to investigate how trypanosome species invade mammalian cells for the 

development of disease treatments, to understand and identify biosecurity risks, and to 

understand the evolution of trypanosomes/protozoans and the evolution of this distinct 

behaviour.  

 

1.5. Future research  

Unfortunately, the majority of information regarding trypanosomes in Australia at present 

is sourced from trypanosome morphology in blood smears, which is an important 

preliminary step in their description, but contributes little to answering questions 

regarding their life history, developmental biology, and diversity. It is evident that a 

combination of both morphological and genetic data are needed to define and characterise 

trypanosomes to species level. From this, isolating uncharacterised trypanosome species 

or currently described species in vitro will be essential in understanding their complex 

life histories and pleomorphic life stages. The investigation of different trypanosome 

morphological forms in vitro using live-cell and high resolution microscopy techniques 

will lead to a much better understanding of the ultrastructure of trypanosomes isolated 

from Australian wildlife. This is particularly important for understanding intracellular 

behaviour and the potential for pathogenicity (especially with comparisons to the highly 

pathogenic T. cruzi). This may also provide morphological insight into differences 

between the genotypes (or separate species?) of T. copemani, T. vegrandis, and T. sp. 

H25, which are found in various Australian marsupials (Austen et al., 2009; McInnes et 

al., 2011b; Botero et al., 2013).  

Due to similarities in the morphology of many trypanosomes, the introduction of 

molecular techniques has become crucial in fully characterising trypanosome diversity 

and revealing evolutionary relationships. However, simply reporting the prevalence of 

parasites and characterising new genotypes using molecular techniques cannot offer 

insight into life histories, host-parasite interactions, or the recognition of invertebrate 

vectors. The introduction of additional genetic loci to 18S rDNA and gGAPDH, and the 

applications of high-throughput genomic/proteomic approaches to understanding 
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molecular differences present between trypanosomes in Australia would better clarify 

relationships, particularly between those that appear to be closely related.  

With this, it is clear that correlative approaches to investigate biodiversity, evolutionary 

relationships, and host-parasite interactions are necessary to provide the missing gaps in 

information around whether Australian trypanosomes have the potential to impact on 

wildlife, domestic animals, or human health. The key focus in this area is the 

relationship(s) and similarities between T. sp. H25 and T. cruzi (due to their close genetic 

similarity), and T. copemani and T. cruzi (due to the presence of intracellular life stages 

that are usually linked to pathogenicity in the host).  

 

1.6. Aims  

Considering the future research required in this area, the overarching aim of this study 

was to investigate a number of Australian trypanosomes by investigating novel aspects 

of their biology, host-parasite interactions, and evolutionary relationships. Specifically 

this study aimed to:  

• Investigate the presence and level of diversity in trypanosomes present in west 

Australian birds to better document parasite biodiversity and the degree of host specificity 

that exists in Australian trypanosomes. 

• Investigate the biology, life history stages, and ultrastructure of a number of 

Australian trypanosomes identified of importance in wildlife, using correlative 

microscopy techniques. These include T. copemani G1 and G2 genotypes that infect the 

critically endangered woylie, T. sp. H25 that also infects the woylie and belongs in the T. 

cruzi clade, and T. sp. AAT isolated from a currawong representing the understudied 

avian trypanosomes. 

• Investigate the level of genetic diversity between T. copemani strains, T. sp. H25, 

and other Australian trypanosomes by preforming next generation high-throughput 

sequencing to determine diversity present and evolutionary relationships within 

Trypanosoma 

• Investigate host cell invasion by Australian trypanosomes by investigating 

infectivity in marsupial cells (PtK2), and eutherian mammal cells in vitro, as well as 

investigating the pathogenicity of T. cruzi in marsupial cells in vitro to understand host-
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parasite interactions, the role of parasites in the natural ecosystem, and identify 

biosecurity issues of emerging disease in both wildlife and human populations. 

It is hypothesised that the structural biology of Australian trypanosomes will be unique 

and differ to currently characterised trypanosomes. We will test the hypothesis that 

Australian trypanosomes have the potential to cause disease and, therefore, decline of 

Australian marsupials by investigating their infectivity and similarity to T. cruzi in vitro. 

Finally, we hypothesise that because the level of genetic diversity within Australian 

trypanosomes is high, the different strains/genetic variants of T. copemani present in the 

woylie may constitute different species. The aims and outcomes for this project will be 

achieved by investigating the following key questions: 

1. What level of genetic and ultrastructural diversity exists in Australian 

trypanosomes, and how do they compare to other trypanosomes?  

2. What is the level of genetic and morphological diversity in T. copemani and T. sp. 

H25 in relation to T. cruzi? 

3. Can T. copemani (and potentially other Australian trypanosomes) invade 

marsupial cells (PtK2) in vitro, what are the mechanisms of cell invasion utilised by T. 

copemani, and how similar are these to T. cruzi?
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dimensional structural investigation into cross-

continental and novel avian Trypanosoma spp. in 

Australia.  
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Abstract 

Molecular and structural information on avian Trypanosoma spp. throughout Australia is 

limited despite their intrinsic value in understanding trypanosomatid evolution, diversity, 

and structural biology. In Western Australia tissue samples (n = 429) extracted from 93 

birds in 25 bird species were screened using generic PCR primers to investigate the 

diversity of Trypanosoma spp. To investigate avian trypanosome structural biology the 

first 3-dimensional ultrastructural models of a Trypanosoma spp. (T. sp. AAT) isolated 

from a bird (currawong, Strepera spp.) were generated using focussed ion beam milling 

combined with scanning electron microscopy (FIB-SEM). Here, we confirm four 

intercontinental species of avian trypanosomes in native Australian birds, and identify a 

new avian Trypanosoma. Trypanosome infection was identified in 18 birds from 13 

different bird species (19%). A single new genotype was isolated and found to be closely 

related to T. culicavium (T. sp. CC2016 B002). Other Trypanosoma spp. identified 

include T. avium, T. culicavium, T. thomasbancrofti, Trypanosoma sp. TL.AQ.22, T. sp. 

AAT, and an uncharacterised Trypanosoma sp. (group C-III in Zidková et al., 2012), all 

previously identified in Australia or other continents. Serially-sectioning T. sp. AAT 

epimastigotes using FIB-SEM revealed the disc-shaped kinetoplast pocket attached 

perpendicular to the branching mitochondrion. Additionally, the universal minicircle 

sequence within the kinetoplast DNA and the associated binding protein were determined 

in T. sp. AAT. These results indicate that bird trypanosomes are relatively conserved 

across continents, while being locally diverse, which supports the hypothesis that bird 

trypanosomes exist as fewer species than described in the literature. Evidence exists that 

avian Trypanosoma spp. are infecting mammals and could be transmitted by 

haemadipsidan leeches. Trypanosoma sp. AAT is most likely a separate species currently 

found only in Australia and the first 3-dimentional ultrastructural analysis of an avian 

trypanosome provides interesting information on their morphology and organelle 

arrangement.  

 

Keywords: Trypanosoma, Australian birds, 18S rDNA, FIB-SEM, mitochondrion, 

kinetoplast 
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2.1. Introduction 

Parasites from the genus Trypanosoma are protozoan flagellates that infect almost all 

known animal taxa and are responsible for a number of neglected diseases in humans and 

livestock. The biodiversity and biology of trypanosomes infecting wildlife worldwide is 

still an area that is poorly understood, especially in birds. The prevalence of bird 

trypanosomes is difficult to assess accurately because of low parasitaemia, morphological 

tropism in the host, and development in the bone marrow rather than peripheral blood 

(Baker, 1956a; Baker, 1956b; Stabler et al., 1966). In the past, avian trypanosomes were 

often presumed to be species specific, which resulted in the description of almost 100 

species. As early as 1974 researchers proposed the actual number of species present in 

birds was likely to be much lower and that the taxonomic descriptions of avian 

trypanosomes should be revised (Baker, 1974; Apanis, 1991; Votýpka et al., 2015). 

Researchers suggested that investigating blood smears taken from birds to identify 

trypanosomes was outlasting its usefulness, despite being the most popular method of 

screening for trypanosome infection (Apanis, 1991). Recent phylogenetic analyses of bird 

trypanosomes indicate there are less bird trypanosomes than currently described and the 

majority most likely belong to one of three trypanosome species (Trypanosoma corvi, 

Trypanosoma avium, or Trypanosoma bennetti) with the total number of species closer 

to 12 (Nandi and Bennett, 1994; Zidková et al., 2012). Despite this reduction in the 

number of avian Trypanosoma spp. they are still a polyphyletic group (Zidková et al., 

2012). 

Investigations into the trypanosomes of Australian wildlife in the past have demonstrated 

high levels of genetic and morphological diversity, mixed infections, and a lack of species 

specificity (Cooper et al., 2016). In Australia, trypanosomes have been described from a 

variety of wild birds (Mackerras and Mackerras, 1959) and while there are six 

Trypanosoma spp. that have been described in Australian birds since 1910 (Cleland and 

Johnston, 1910; Cleland and Johnston, 1911; Mackerras and Mackerras, 1959; Šlapeta et 

al., 2016) there is a need for taxonomic redescription to ensure current described species 

are confirmed/correlated with molecular sequence data (Baker, 1974; Apanis, 1991; 

Votýpka et al., 2015). Trypanosoma sp. AAT was the first trypanosome isolated in vitro 

from an Australian bird, the currawong (Strepera sp.) that was also characterised using 

molecular techniques (Hamilton et al., 2005). Trypanosoma sp. AAT has been utilised in 

a number of genetic investigations representing an Australian trypanosome (Hamilton et 

al., 2005; Botero et al., 2016a). The morphological information provided on T. sp. AAT 
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were two images of epimastigotes exhibiting long flagella and molecular sequences from 

the small ribosomal subunit 18S (18S rDNA) and glyceraldehyde 3-phosphate 

dehydrogenase (gGAPDH) gene regions. A subsequent study in Australia that described 

Trypanosoma thomasbancrofti from the regent honeyeater (Anthochaera phrygia) and 

isolated T. avium from noisy minor birds (Manorina melanocephala) also provided 

sequences from the 18S rDNA and gGAPDH gene regions using generic primers (Šlapeta 

et al., 2016).  

The class Kinetoplastida, which contains all trypanosomes has a unique organelle called 

the kinetoplast consisting of extra-nuclear DNA (kDNA). The kDNA is located inside the 

kinetoplast pocket that is part of the single large mitochondrion (Simpson, 1973; Jakob et 

al., 2017), which is unusual in both its structural and functional properties (De Souza et 

al., 2009; Martins et al., 2012). The structure and size of Trypanosoma mitochondria are 

variable and cell cycle dependant. This may be due to available carbon sources used in 

metabolism, especially high levels of glucose as this facilitates the transition from 

oxidative phosphorylation to glycolysis and reduces the size of the mitochondrion 

(Böhringer and Hecker, 1974; Böhringer and Hecker, 1975; Bringaud et al., 2006). 

Additionally, kinetoplastids have a higher percentage of their DNA in their 

mitochondrion compared to other eukaryotes (Simpson, 1973). For example, 

Trypanosoma cruzi the causative agent of Chagas disease can have up to 30% of its DNA 

in the kinetoplast-mitochondrion (Dias et al., 2005). The kDNA is made up of circular 

maxicircles and minicircles that appear as a network inside the kinetoplast pocket, which 

is attached to the flagellum by the tripartite attachment complex (TAC) (Ogbadoyi et al., 

2003). Maxicircles that encode for mRNA’s require RNA editing (post-transcriptional 

process of uridine insertion or deletion), which is achieved through guide RNA’s that are 

encoded on the minicircles (Hajduk and Ochsenreiter, 2004). Minicircle size and kDNA 

width have been used in the past to differentiate between trypanosomes isolated from 

birds (Votýpka et al., 2004). The kDNA minicircles contain the ‘universal minicircle 

sequence’ (UMS or CSB-3), a 12- mer sequence (5' GGGGTTGGTGTA 3'), which is 

conserved in most trypanosomatids although, the location and number of times it is 

present within the minicircles differ between species (Ray, 1989). In addition to this there 

are two other conserved sequence blocks within the minicircles (CSB-1, CSB-2). The 

UMS is the specific binding site for the UMS-binding protein (UMSBP), which is 

involved in kDNA replication (Milman et al., 2007) and anti UMSBP from Crithidia 

fasciculata has been used to detect homologous proteins in other trypanosomatids such 
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as T. cruzi, Leishmania donovani, and T. brucei (Coelho et al., 2003; Milman et al., 2007; 

Singh et al., 2016). Some trypanosomes isolated from birds such as T. avium possess what 

appears to be a unique kinetoplast, with unusually large minicircles (Votýpka et al., 2004; 

Yurchenko et al., 1999; Lukeš et al., 2000) that make them intrinsically important tool in 

trying to understand kinetoplastid evolution and biology. As a result of the pleomorphism 

of avian trypanosomes within species, it has been suggested that in vitro investigations 

may be more reliable when trying to characterise their structure and understand the 

differences between species as in vitro studies provide a more stable environment 

(Votýpka et al., 2012; Votýpka et al., 2015). 

When investigating trypanosomes using current microscopy techniques there are a 

number of difficulties associated with interpreting 2 dimensional images in relation to the 

3-dimensional (3D) organism. This is especially apparent in transmission electron 

microscopy (TEM), which allows for high resolution ultrastructural analysis in cells, but 

the sample sections only represent a small ~100nm-thick segment of the cell. With this, 

the angle the section has been cut through a structure is usually not known making feature 

identification and accurate quantifiable measurements, at times difficult. The recent 

improvement in automated, high-throughput imaging techniques capable of high 

resolution 3D imaging overcomes these issues, and has led to 3D cellular architecture 

being characterised in Trypanosoma brucei (Lacomble et al., 2010; Vanwalleghem et al., 

2015; Jakob et al., 2017; Hughs et al., 2017), T. cruzi (Girard-Dias et al., 2012; Alcantara 

et al., 2014), and T. dionisii (Oliveira et al., 2013). A variety of morphological forms have 

been studied using a variety of different techniques that are available, including super 

resolution confocal microscopy (Jakob et al., 2017), electron tomography (Lacomble et 

al., 2010; Girard-Dias et al., 2012), serial block-face scanning electron microscopy 

(Deerinck et al., 2010; Jakob et al., 2017; Hughs et al., 2017), and focussed ion beam 

milling combined with scanning electron microscopy (FIB-SEM) (Lacomble et al., 2010; 

Alcantara et al., 2014). The primary difference between the latter two SEM-based 

techniques is that the serial block face method uses a knife to cut through the sample slice 

by slice permitting analysis areas in the order of hundreds of microns, while the FIB-SEM 

uses a beam of ions to cut through the sample permitting analyses on the scale of tens of 

microns. 

The trypanosomes infecting birds must be better studied in order to understand 

trypanosome evolution, diversity, and structural biology. Therefore, the aim of this study 

was to resolve the taxonomy of Australian bird trypanosomes using molecular techniques, 
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including, for the first time, a number of bird species from Western Australia. 

Additionally, an ultrastructural analysis of T. sp. AAT was undertaken in order to better 

understand structural characteristics of an Australian avian trypanosome. 

 

2.2. Methods 

2.2.1 Collection of birds, 18S rDNA amplification, and sequencing of bird tissues 

Specimens were collected opportunistically from 93 dead birds handed into Murdoch 

University between 2008 and 2014 (sources included roadkill and fauna rehabilitation 

hospitals). Thirty Australian ravens (Corvus coronoides) and 13 Australian magpies 

(Cracticus tibicen) were included in the study along with a number of bird species 

residing in Australia (Table 2.1). Birds were frozen at -20°C following collection and 

dissected between March and December 2015. Dissected tissues were stored in 70% 

ethanol taking precautions to prevent cross-contamination between tissues. Up to seven 

tissues were extracted from 49 birds (n = 334) and up to three tissues extracted from 44 

birds (n = 95) (Table 2.1). Genomic DNA was extracted using Qiagen Blood and Tissue 

Mini-kit (Qiagen, Hilden, Germany) following the manufacturers’ protocols for tissue 

extraction including both positive and negative controls. All amplification reactions were 

performed in a PT100 thermocycler (MJ-Research). Trypanosome DNA was amplified 

using generic 18S rDNA PCR primers SLF (5` GCTTGTTTCAAGGACTTAGC 3`), 

S762R (5` GACTTTTGCTTCCTCTAATG 3`), S823F (5` ACCGTTTCGGCTTTTGTT 

GG 3`) and S662 (5` GACTACAATGGTCTCTAATC 3`) in a nested PCR protocol 

(Maslov et al., 2006; McInnes et al., 2009), under the following conditions: denaturation 

step at 94°C for 5 min, followed by 35 cycles of 30 sec at 94°C, 30 sec at 52°C, 50 sec at 

72°C, and a final extension step at 72°C for 7 min. Both external and internal reactions 

contained 25 µl consisting of 1 µl of DNA, 0.8 µM of each primer, 0.2 mM of dNTPs, 2 

mM of MgCl2 and 0.2 µl of Taq DNA polymerase for the external reaction. The internal 

reaction contained 1 µl of DNA, 0.8 µM of each primer, 0.2 mM of dNTPs, 1.5 mM of 

MgCl2 and 0.2 µl of Taq DNA polymerase. Due to the amplification of bird DNA by 

these primers tissues were also screened for trypanosomes using a subsequent nested 

primer set described in Noyes et al., (1999) including external (TRY927F (5` 

CAGAAACGAAACACGGGAG 3`), TRY927R (5` CCTACTGGGC AGCTTGGA 3`)), 

and internal (SSU561F (5` TGGGATAACAAAGGAGCA 3`), SSU561R (5` CTGAGA 

CTGTAACCTCAAAGC 3`)) primers under the following conditions: denaturation step 
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at 94°C for 5 min, followed by 30 cycles of 30 sec at 94°C, 1 min at 55°C, 1 min and 30 

sec at 72°C, and a final extension step at 72°C for 10 min. Both external and internal 

reactions contained 25 µl consisting of 2 µl of DNA, 0.2 µM of each primer, 0.32 mM of 

dNTPs, 3 mM of MgCl2 and 0.2 µl of Taq DNA polymerase. PCR products were purified 

by cutting DNA bands using gel cutting tips from 2% agarose gel and using the freeze-

squeeze method (Tautz and Renz, 1983). Samples were sequenced in both directions 

using an ABI PrismTM Terminator Cycle Sequencing Kit on an Applied Bio-system 3730 

DNA Analyser (Applied Bio-systems, California, USA). Sequences were edited and 

aligned using Geneious v. 8.1 (Kearse et al., 2012). 

 

2.2.2 Phylogenetic analysis 

A multiple-sequence alignment containing the 26 sequences isolated in this study from 

Western Australian birds, 47 sequences from trypanosome isolates downloaded (2017) 

from Genbank including two outgroups (T. brucei) was conducted using the MUSCLE 

(Edgar et al., 2004) plugin for Geneious v. 8.1. A GTR+G+I substitution model selected 

by jModelTest v. 2.1.1 (Posada, 2008) was used in the construction of maximum-

likelihood, neighbour-joining, and bayesian analysis trees. Bootstrap support for 1000 

replicates was performed for maximum-likelihood and neighbour-joining tree searches 

using MEGA v. 6 (Tamura et al., 2013). A Bayesian analysis (10000000 generations, 

sampling frequency of 1000, burnin 3000) was run in Mr Bayes v. 3.1.2 (Ronquist and 

Huelsenbeck, 2003) plugin for Geneious v. 8.1. The final tree was edited using Inkscape. 

 

2.2.3 Maintenance of trypanosomes in culture 

Vials of T. sp. AAT originally isolated in 2004 (Hamilton et al. 2005) were donated by 

Dr J.R. Stevens from Bristol University, UK and were identified using generic 

trypanosome primers described in section 2.2.1 (Maslov et al., 2006; McInnes et al., 

2009). Trypanosomes were grown in an incubator at 28°C with 5% CO2. Cultures were 

maintained in biphasic medium containing Brain-heart infusion (BHI), BBL agar- grade 

A, 0.48% gentamicin, and 10% defibrinated rabbit blood as a solid phase, and either 

RPMI 1640 (Roswell Park Memorial Institute 1640) supplemented with tryptose 

(TRPMI) as in Noyes et al. (1999), or Grace’s insect media (Grace and Brzostowski, 

1966) as a liquid phase. All liquid media was supplemented with 10% heat-inactivated 

foetal calf serum (FCS) and 1% penicillin-streptomycin. 
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2.2.4 Scanning and transmission electron microscopy 

For scanning electron microscopy (SEM), trypanosomes were fixed in 2.5% 

glutaraldehyde in 1 X PBS and stored at 4°C before being mounted on poly-L-lysine 

coated coverslips, dehydrated through a series of ethanol solutions (30%, 50%, 70%, 

90%, 100%, 100%) using a PELCO Biowave then processed in a critical point drier. 

Coverslips were mounted on stubs with adhesive carbon, coated with 2 nm platinum (Pt) 

and 10 nm carbon. Trypanosomes were imaged at 3 kV using the in-lens secondary 

electron detector on a Zeiss 55VP field emission SEM. For transmission electron 

microscopy (TEM) trypanosomes were fixed in 2.5% glutaraldehyde in 1 x PBS and 

processed using a PELCO Biowave microwave, where samples were post-fixed in 1% 

OsO4 in 1 x PBS followed by progressive dehydration in ethanol (30%, 50%, 70%, 90%, 

100%) then acetone, before being infiltrated and embedded overnight at 70°C in epoxy 

resin Procure-Araldite. Sections ~120 nm-thick were cut with a diamond knife on a Leica 

microtome and mounted on copper grids. Digital images were collected from unstained 

sections at 120 kV on a JEOL 2100 TEM fitted with a Gatan ORIUS1000 camera. 

 

2.2.5 Focused ion beam - scanning electron microscopy 

Trypanosoma sp. AAT samples were fixed in 2.5% glutaraldehyde in 1 X PBS and stored 

at 4°C before heavy metal staining, which had been adapted from previous methods 

(Deerinck et al., 2010; Kizilyaprak et al., 2015). Samples were washed in 1 x PBS three 

times then processed through 2% osmium tetroxide + 1.5% potassium ferricyanide for 1 

hr, thiocarbohydrazide for 20 min, 2% osmium tetroxide for 30 min, and finally left in 

1% aqueous uranyl acetate overnight at 4°C. The following day samples were stained 

with lead aspartate (20 mM lead nitrate in 0.03 M L-aspartic acid adjusted to pH 5.5 with 

1M KOH) for 1 hr (Deerinck et al., 2010). Samples were washed with water thoroughly 

between each stain three times for a duration of 5 min. Following staining, samples were 

dehydrated through a series of ethanol (20%, 50%, 70%, 90%, 100%, 100%) followed by 

acetone, and infiltrated using Hard plus resin 812 (25%, 50%, 75, 100%) (Kizilyaprak et 

al., 2015). Samples were embedded in fresh 100% resin before being cured at 70°C for 

48 hr. Samples were trimmed using a glass knife on a Leica microtome to locate sites of 

interest, attached to a 45 degree-angled metal stub using aluminium tape, coated with 10 

nm Pt, and prepared and imaged in a FEI Helios G3 FIB-SEM. To prepare sites of interest, 
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a protective coating of 1 µm Pt was deposited on the top surface of the region of interest 

(ROI) and side trenches (~15 µm3) were dug either side. The face of the ROI was then 

progressively milled and imaged in 25 nm steps. Milling was performed at 7 degrees (=52 

degree actual tilt) and a working distance of ~4 mm using a Ga beam at 0.79 nA and 30 

kV. Back scattered electron images were collected after each milling step at 45 degrees 

(=0 degree actual tilt) and a 2 mm working distance using a through lens electron detector 

(TLD) at 2 kV and 0.69 nA beam current. 3D data were aligned and processed using 

Amira 6.0 for FEI systems.   

 

2.2.6 UMS amplification and sequencing 

A fragment of T. sp. AAT minicircles was amplified by PCR using the UMS as a forward 

primer (UMSF 5' GGGGTTGGTGTA 3'), and its complementary sequence as a reverse 

primer (UMSR 5' TACACCAACCCC 3') under the following conditions: an initial step 

of 95°C for 5 min, followed by 35 cycles of 30 sec at 95°C, 30 sec at 40°C, and 60 sec at 

72°C, and a final extension step of 5 min at 72°C. Reactions contained 25 µl consisting 

of 1 µl of DNA, 1.5 mM of each primer, 200 mM of dNTPs, 0.2 µl of Taq DNA 

polymerase, and 1.5 mM of MgCl2. DNA was purified using an Agencourt AMPure PCR 

Purification system (manufacturer’s instructions). Purified amplicons were sequenced 

using an ABI Prism™ Terminator Cycle Sequencing kit (Applied Bio-systems, 

California, USA) on an Applied Bio-system 3730 DNA Analyser. Sequences were 

aligned with the minicircles of T. rangeli (accession number L19395T), T. lewisi 

(accession number M17995), two strains of T. cruzi (accession numbers X04680, 

M18814), and two strains of T. copemani (accession numbers TBA) using MUSCLE 

(Edgar, 2004). 
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Table 2.1: Tissue samples collected from 93 birds. Bird identification number (ID), bird 

species, and tissues extracted from each individual are included. Tissues extracted include 

heart (H), liver (L), spleen (S), kidney (K), lung (Ln), striated or skeletal muscle (Sm), 

brain (B), and thoracic muscle (T). 

ID Bird species H L S K Ln Sm B T 

B001 Pink and grey galah (Eolophus roseicapilla) X x x x x x x   

B002 Boobook (Ninox novaeseelandiae) X x x     x     

B003 Currawonga (Strepera spp.) X x   x x x x   

B004 Falcon (Falco spp.) X x x x x x x   

B005 Corella (Cacatua spp.) X x x x x x x   

B006 Pink and grey galah (Eolophus roseicapilla) X x x x x x x   

B007 Pacific black duck (Anas superciliosa) X x x x x x x   

B008 Barn owl (Tyto alba) X x   x x x x   

B009 Kite (Family Accipitridae) X x x x x x x   

B010 Kookaburra (Dacelo novaeguineae) X x x x x x x   

B011 Australian dovea (Family Columbidae) X x x x x x x   

B012 Rainbow lorikeeta (Trichoglossus moluccanus) X x x x x x x   

B013 Rainbow lorikeet (Trichoglossus moluccanus) X x x x x x x   

B014 Australian dove (Family Columbidae) X x x x x x x   

B015 Singing honeyeater (Gavicalis virescens)  X x   x x x x   

B016 Australian dovea (Family Columbidae) X x x x x x x   

B017 Sacred kingfisher (Todiramphus sanctus) X x x x x x x   

B018 Australian magpie (Cracticus tibicen) X x x x x x x   

B019 Australian magpiea (Cracticus tibicen) X x x x x x x   

B020 Australian magpie (Cracticus tibicen) X x x x x x x   

B021 Singing honeyatera (Gavicalis virescens) X x x x x x x   

B022 Kookaburra (Dacelo novaeguineae) X x x x x x x   

B023 Australian magpie (Cracticus tibicen) X x x x x x x   

B024 Boobook (Ninox novaeseelandiae) X x x x x x x   

B025 Corella (Cacatua spp.) X x x x x x x   

B026 Pink and grey galah (Eolophus roseicapilla) X x x x x x x   

B027 Wilson's storm petrel (Oceanites oceanicus) X x x x x x x   

B028 Rainbow lorikeeta (Trichoglossus moluccanus) X x x x x x x   

B029 Australian magpiea (Cracticus tibicen) X x x x x x x   

B030 Pigeon (Columba livia) X x x x x x x   

B031 Pigeon (Columba livia) X x x x x x x   

B032 Brown honeyeater (Lichmera indistincta) X x   x x x x   
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B033 New Holland Honeyeater (Phylidonyris 

novaehollandiae) 

x x X x x x x   

B034 Barn owl (Tyto alba) x x X x x x x   

B035 Falcon (Falco spp.) x x   x x x x   

B036 Barn owl (Tyto alba) x x X x x x x   

B037 Silvereye (Zosterops lateralis) x x X x x x x   

B038 Australian mudlark (Grallina cyanoleuca) x x X x x x x   

B039 Pink and grey galah (Eolophus roseicapilla) x x X x x x x   

B040 Corella (Cacatua spp.) x x X x x x x   

B041 Black cormorant (Phalacrocorax carbo) x x X x x x x   

B042 Rainbow lorikeet (Trichoglossus moluccanus) x x X x x x x   

B043 Pink and grey galah (Eolophus roseicapilla) x x X x x x x   

B044 Pink and grey galah (Eolophus roseicapilla) x x X x x x x   

B045 Frogmouth (Podargus strigoides) x x X x x x x   

B046 Rainbow lorikeet (Trichoglossus moluccanus) x x X x x x x   

B047 Corella (Cacatua spp.) x x X x x x x   

B048 Pigeon 1660 leg band (Columba livia) x x X x x x x   

B049 Brown honeyeater (Lichmera indistincta) x x   x x x x   

B050 Australian raven (Corvus coronoides)             x x 

B051 Australian raven (Corvus coronoides)           x     

B052 Australian raven (Corvus coronoides)           x x x 

B053 Australian raven (Corvus coronoides)           x x   

B054 Australian raven (Corvus coronoides)           x x x 

B055 Australian raven (Corvus coronoides)           x   x 

B056 Australian raven (Corvus coronoides)           x x x 

B057 Australian raven (Corvus coronoides)           x   x 

B058 Australian raven (Corvus coronoides)           x x x 

B059 Australian raven (Corvus coronoides)           x x x 

B060 Australian raven (Corvus coronoides)           x     

B061 Australian raven (Corvus coronoides)           x x x 

B062 Australian raven (Corvus coronoides)           x     

B063 Australian raven (Corvus coronoides)           x x x 

B064 Australian raven (Corvus coronoides)           x   x 

B065 Australian raven (Corvus coronoides)             x   

B066 Australian raven (Corvus coronoides)           x x x 

B067 Australian raven (Corvus coronoides)           x x   

B068 Australian raven (Corvus coronoides)           x x x 
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B069 Australian raven (Corvus coronoides)           x x x 

B070 Australian raven (Corvus coronoides)           x x x 

B071 Australian raven (Corvus coronoides)           x     

B072 Australian raven (Corvus coronoides)           x x x 

B073 Australian raven (Corvus coronoides)           x x x 

B074 Australian raven (Corvus coronoides)             x x 

B075 Australian raven (Corvus coronoides)           x x x 

B076 Australian raven (Corvus coronoides)             x   

B077 Australian raven (Corvus coronoides)             x   

B078 Australian raven (Corvus coronoides)             x   

B079 Australian raven (Corvus coronoides)               x 

B080 Australian magpie (Cracticus tibicen)             x   

B081 Australian magpie (Cracticus tibicen)           x x x 

B082 Australian magpie (Cracticus tibicen)           x x x 

B083 Australian magpie (Cracticus tibicen)roelands             x x 

B084 Australian magpie (Cracticus tibicen)           x x x 

B085 Australian magpie (Cracticus tibicen)roelands           x x   

B086 Australian magpie (Cracticus tibicen)roelands           x x x 

B087 Australian magpie (Cracticus tibicen)           x     

B088 Pacific black duck (Anas superciliosa)           x x x 

B089 Kookaburra (Dacelo novaeguineae)            x x x 

B090 Purple swamphen (Porphyrio melanotus)           x x x 

B091 Silver gull (Chroicocephalus novaehollandiae)           x     

B092 Silver gull (Chroicocephalus novaehollandiae)           x     

B093 Silver gull (Chroicocephalus novaehollandiae)             x   

aJuvenile birds 

 

2.2.7 Western blot  

Total protein extract from T. sp. AAT epimastigotes was obtained by centrifugation of 1 

x106 epimastigotes at 8000 g for 5 min. The pellet was washed, centrifuged twice in 1 x 

PBS, and resuspended in 40 μl of water. Subsequently, 10 μl of 10% SDS (Sodium 

Dodecyl Sulfate) was added and samples were sonicated for 5 min. After sonication, cell 

lysates were solubilised in cracking buffer containing final concentrations of 50 mM Tris-

HCl, pH 6.8, 4% SDS (wt/vol), 3.5% (vol/vol) beta-mercaptoethanol, 10% (vol/vol) 

glycerol, and 10 mM EDTA. The solution was centrifuged at 10000 g for 30 min at 4°C. 

The protein concentration was determined using the direct-detect assay free-cards (EMD 
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millipore corporation). Protein extract (30 μg) was boiled at 70°C for 10 min and loaded 

onto a NuPag10 4-12% Bis-Tris gel. Protein bands on the gel were transferred onto a 

nitrocellulose membrane using the turbo-transfer system (Biorad). The membrane was 

blocked by incubation in 5% skim dry milk (Difco) diluted in TBST (tris-buffer solution 

tween) for 2 hr with constant shaking, and probed with a 1:4000 dilution of Crithidia 

fasciculata anti-UMSBP over night at 4°C. The membrane was then washed three times 

with TBST and then incubated with a 1:10000 dilution of ECL peroxidase labelled 

conjugated anti-rabbit secondary antibody (Jackson ImmunoResearch Laboratories, Inc.) 

for 2 hr followed by ECL detection as recommended by the manufacturer (Amersham 

Pharmacia Biotech). 

 

2.3. Results 

2.3.1 Bird tissues screened for Trypanosoma spp. 

Tissue samples (n = 429) extracted from 93 dead birds across 25 species (Table 2.1) were 

screened for trypanosome infection by PCR and 19% (n = 18) of birds, comprising 13 

different species, were infected with trypanosomes from seven different species groups 

(Table 2.2). One novel genotype (T. sp. CC2016 B002) was identified from the boobook 

(Ninox novaeseelandiae) (that was also infected with T. avium), which was submitted to 

Genbank (accession number KY425593). Of the seven avian trypanosomes identified, 

four have a cross-continental distribution. One isolate has only been found in Australia – 

T. sp. AAT. The remaining isolate T. sp. CC2016 B069 was most closely related to an 

undescribed trypanosome in the T. theileri clade (T. sp. TL.AQ.22) found in a leech 

(Haemadipsidae) in Australia (Hamilton et al., 2005) and was submitted to Genbank 

(accession number KY425594). Mixed infections were observed in a boobook (Ninox 

novaeseelandiae) and an Australian magpie (Cracticus tibicen), and four different species 

of Trypanosoma were identified from different Australian magpies. A phylogenetic 

analysis of trypanosome isolates demonstrated the length of partial 18S rDNA amplified 

(506 bp located towards the middle of the gene region) was sufficient to separate all 

isolates to the species level (Figure 2.1). 
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Table 2.2: Bird tissues that tested positive for Trypanosoma spp. Bird identification 

number (ID), bird species, tissue, and Trypanosoma spp. are included. Tissues extracted 

include striated or skeletal muscle (Sm), heart (H), liver (L), spleen (S), lung (Ln), 

thoracic muscle (T), and brain (B).  

ID Bird species Tissue Trypanosoma spp. 

B002 Boobook (Ninox novaeseelandiae) L T. sp. CC2016 B002  

Ln, B, K T. avium 

B003 Currawonga (Strepera spp.) Sm T. sp. AAT 

B004 Falcon (Falco spp.) H T. avium 

B008 Barn owl (Tyto alba) Ln T. avium 

B016 Australian dovea (Family Columbidae) H T. avium 

B019 Australian magpiea (Cracticus tibicen) Ln T. thomasbancrofti 

B021 Singing honeyeatera (Gavicalis virescens) B, L T. culicavium  

B023 Australian magpie (Cracticus tibicen) Ln T. avium  

H T. calicavium 

B037 Silvereye (Zosterops lateralis) K T. calcicavium 

B038 Australian mudlark (Grallina cyanoleuca) Ln, B T. sp. C-111 

B039 Pink and grey galah (Eolophus roseicapilla) K T. sp. AAT 

B048 Pigeon (Columba livia) Ln T. avium 

B051 Australian raven (Corvus coronoides) Sm T. avium 

B054 Australian raven (Corvus coronoides) Sm, B, T T. avium  

B069 Australian raven (Corvus coronoides) B T. sp. CC2016 B069 

B082 Australian magpie (Cracticus tibicen) T T. sp. AAT 

B084 Australian magpie (Cracticus tibicen) B T. sp. AAT 

B091 Silver gull (Chroicocephalus novaehollandiae) Sm T. sp. AAT 

aJuvenile birds 
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Figure 2.1. Phylogenetic analysis of avian Trypanosoma spp. based on partial ribosomal 

subunit (18S rDNA) sequences. This tree was generated using maximum likelihood with 

a GTR + G + I DNA substitution model. Numbers adjacent to isolate names indicate 

Genbank accession numbers and sequences acquired in this study are in bold, which 

represent the bird identification code. The samples in boxes were novel isolates. The first 

two numbers at the nodes indicate bootstrap support for 1000 searches for maximum-

likelihood and neighbour-joining, respectively. The final number indicates bayesian 

posterior probability. Trypanosoma brucei rhodesiense and Trypanosoma brucei 

gambiense are used as outgroups. Scale bar indicates substitution per site. 
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2.3.2 Ultrastructural analysis of Trypanosoma sp. AAT 

Trypanosoma sp. AAT grown in culture varied in size and appearance, although the 

majority were present as epimastigotes of two different sizes when measured along the 

cell axis from anterior to posterior (Figure 2.2); a representative small individual 28 ± 3 

µm (Figure 2.2A) and a larger one 41 ± 4 µm (mean ± SD, n = 25) (Figure 2.3A), are 

shown. Trypomastigotes were occasionally observed, recognisable due to the posterior 

placement of the kinetoplast in relation to the nucleus (Figure 2.4A). The position of the 

kinetoplast is indicated by an arrow in the small epimastigote (Figure 2.2A). When grown 

in the presence of cells, epimastigotes attached to the surface of the cells by their flagella. 

This has been noticed observed in other Trypanosoma spp., especially with epimastigotes 

within the gut of an invertebrate vector (Figure 2.2B) (Hoare, 1972; Vickerman, 1973; 

Van den Abbelle et al., 1999). The larger epimastigote can also be seen in 3D volumetric 

analysis exhibiting reservosomes (late endosomes) which are recognisable by their i) 

irregular structure that contains folded monolayers and a mottled appearance, and ii) their 

position, which is usually in the posterior region (Figure 2.4B) (Sant'Anna et al., 2008a; 

Sant'Anna et al., 2008b). The reservosomes in the large T. sp. AAT epimastigotes are also 

present in the posterior region (Figure 2.3A). Consistent with this, the larger 

epimastigotes also had a reduced mitochondrion and elongated glycosomes, compared to 

the small epimastigote, which had round glycosomes (Figure 2.3B) (De Souza, 2008).  
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Figure 2.2. Scanning electron micrographs of Trypanosoma sp. AAT in culture. A. Single 

small epimastigote. B. Epimastigotes attached to outside of mammalian cells when grown 

at 37°C for 24 hr. C. Epimastigotes grown at 27°C in TRPMI dividing in nest (when 

trypanosomes divide while connected together). Scale bars A = 2 µm, B = 2 µm, C = 5 

µm.  
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Figure 2.3. High resolution 3-dimentional electron microscopy images of volume 

rendering of Trypanosoma sp. AAT following FIB-SEM. A. Larger epimastigote 

exhibiting fine structure of nucleus and nucleolus (white asterix), reduced mitochondrion 

(white arrow), and reservosomes (black asterix). B. Smaller epimastigote exhibiting 

mitochondrion (white arrow), and glycosomes (black arrow) (Video 2.1). Scale bars A = 

5 µm, B = 2 µm. 

 

Acidocalcisomes are recognisable as black/white, round, organelles in TEM, which are 

used in several cell functions including storage of calcium (Figure 2.4A) (Miranda et 

al., 2000; Miranda et al., 2004; Decampo et al., 2005). The smaller epimastigote also 

possessed reservosomes, acidocalicisomes, and glycosomes but these were rounder in 

shape (Figure 2.3). The entire kinetoplast-mitochondrion structure isolated using 

segmentation from T. sp. AAT small epimastigotes, revealed the branching cage-like 

structure of the single mitochondrion extending the length of the trypanosome and 
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situated just under the subpellicular microtubules (Figure 2.5A, B and Video 2.1). The 

kinetoplast pocket exhibited a disc-shape (Figure 2.5D) close to the basal body to which 

they are connected via the TAC (Ogbadoyi et al., 2003) and was positioned 

perpendicular to the mitochondrion in both small and large epimastigotes (Figure 2.3, 

Figure 2.5C). The average length of the kDNA inside the kinetoplast pocket was 1.06 ± 

0.10 µm and the average width or thickness was 0.39 ± 0.03 µm (mean ± SD, n = 25) 

(Figure 2.6). Volumetric analysis of 25 trypanosomes with 1K1N (1 kinetoplast and 1 

nucleus) gave an average kDNA volume of 0.33 ± 0.10 µm3 (mean ± SD, n = 25) and an 

average surface area of 2.80 ± 0.60 µm2 (mean ± SD, n = 25) (Figure 2.7). 

 

 

Figure 2.4. Trypomastigote of Trypanosoma sp. AAT. A. Light micrograph exhibiting 

trypomastigote recognisable by posterior kinetoplast (arrowhead). B. Transmission 

electron microscopy of trypomastigote exhibiting the kinetoplast (black arrowhead), 

nucleus (asterix), acidocalcisomes (white arrowhead), and glycosomes (black arrow). C. 

Reservosome in T. sp. AAT (arrow). Scale bars A = 5 µm, B-C = 1 µm. 
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Figure 2.5. High resolution, 3-dimentional, FIB-SEM images of Trypanosoma sp. AAT 

small epimastigote DNA containing structures. Images were constructed using 

segmentation. A. Segmented mitochondrion (pink), kinetoplast pocket containing kDNA 

(red), and nucleus (blue) shown with image collected from the electron beam to indicate 

the position of the organelles inside the cell. B. 3D model of DNA containing structures 

- mitochondrion (pink), kinetoplast pocket (red), and nucleus (blue). C. 3D model of 

kinetoplast pocket (red), which can be attached at multiple places to the mitochondrion 

(white arrows). D. Round disc-shaped kinetoplast pocket (red) (Video 1). Scale bars A - 

B = 2 µm, C = 1 µm, D = 0.5 µm. 
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Figure 2.6. Transmission electron microscopy images of Trypanosoma sp. AAT 

kinetoplasts. A. Elongated and loosely bound mini and maxi-circles within the boundaries 

of the kinetoplast. B. The kinetoplast inside the mitochondrion-kinetoplast. Scale bar A 

= 0.5 µm, B = 1 µm. 

 

Video 2.1: High resolution 3D electron microscopy volume rendering of Trypanosoma 

sp. AAT small epimastigote following FIB-SEM, including individual sections, and 

segmented organelles; kinetoplast (red), nucleus (blue) and mitochondrion (pink).  

 

2.3.3 The universal minicircle sequence and binding protein in Trypanosoma sp. AAT 

A 275 bp fragment of T. sp. AAT minicircle was amplified (Genbank accession number 

KY498637) and aligned with the minicircles of T. cruzi, T. rangeli, and T. copemani from 

Genbank (downloaded 2015). The three conserved sequence blocks previously reported 

in all trypanosomatids were identified. The first (CBS-1:10 bp) and second blocks (CBS-

2: 8 bp) of T. sp. AAT, shared only 3 and 2 bases with the blocks of T. cruzi, T. rangeli, 

and T. copemani (Table 2.3). The third CSB-3 block or UMS (12 bp) was identical to 

other Trypanosoma species (Table 2.3). C. fasciculata anti-Universal Minicircle Binding 

Protein (UMSBP) antibodies recognised three peptides of approximately 16.4 kD, 23.3 

kD, and 25.7 kD in T. sp AAT protein extracts (Figure 2.8). When C. fasciculata 

recombinant UMSBP was used (positive control for hybridisation), a peptide of ~15.1 kD 

and a series of higher UMSBP oligomeric forms were recognised (Figure 2.8). 
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Figure 2.7: Kinetoplasts (n = 11) extracted from an entire dataset of Trypanosoma sp. 

AAT serially sectioned using FIB-SEM. A. Whole dataset collected using FIB-SEM. B. 

A single slice collected using FIB-SEM C. The final slice from the dataset including all 

the extracted kinetoplasts from the whole dataset in different colours. D. Graphs 

exhibiting variation between individual kinetoplasts examined in volume analysis 

including volume, surface area, length and width. Scale bars = 2 µm. 
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Figure 2.8. Western blot analysis using Crithidia fasciculata UMSBP antibodies. Total 

protein cell extracts from Trypanosoma sp AAT and C. fasciculata recombinant UMSBP 

were used. CfUMSBP: recombinant UMSBP from C. fasciculata. Apparent molecular 

masses (M) of standard proteins are indicated in kilodaltons (kD). 

 

Table 2.3. Kinetoplast minicircle conserved sequence blocks CSB-1, CSB-2 and CSB-3 

(UMS) of Trypanosoma sp. AAT and other Trypanosoma spp. Differences are shown in 

bold. 

Organism CSB-1 CSB-2 CSB-3 or UMS Reference 

T. rangeli AGGGGCGTTC CCC-GTAC GGGGTTGGTGTA Barrois et al., 1981 

T. cruzi Y strain AGGGGCGTTC CCCCGTAC GGGGTTGGTGTA González, 1986 

T. copemani G1 AGGGGCGTTC CCCCGTAC GGGGTTGGTGTA Botero et al., 2014 

T. copemani G2 AGGGGCGTTC CCCCGTAC GGGGTTGGTGTA Botero et al., 2014 

T. sp AAT GATAAGGTAG ATGTGTTG GGGGTTGGTGTA This study 
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2.4. Discussion 

2.4.1 Cross-continental avian Trypanosoma spp.  

Microscopy or culture of tissues from birds in the past did not yield any positive 

trypanosome identification (Apanis, 1991), but in the present study many tissues tested 

positive by PCR. This demonstrates that tissues can be a valid tool for identifying 

Trypanosoma spp. infection. Trypanosoma spp. in Western Australia are diverse, cross-

continental in distribution, and non-species specific, which is consistent with recent 

studies of avian trypanosomes elsewhere (Bennett, 1961; Votýpka et al,. 2004; Zidková 

et al., 2012; Šlapeta et al., 2016). Four Trypanosoma spp. isolated in Western Australia 

including T. avium, T. thomasbancrofti, T. culicavium, and an unknown Trypanosoma 

spp. (group C-111 in Zidková et al., 2012) have an intercontinental distribution. Of these, 

T. avium was the most common trypanosome found in eight of 18 infected birds. The 

most recently described avian Trypanosoma spp. is T. thomasbancrofti that was found in 

regent honeyeaters, and now in a boobook, Australian magpie, and a falcon. Before its 

formal description T. thomasbancrofti was found in a number of birds in Europe (Zidková 

et al., 2012). This is the first report of T. culicavium in Australia, which was identified in 

Culex mosquitos and the collared flycatcher (Ficedula albicollis) in central Europe 

(Votýpka et al., 2012). A currently unnamed isolate from the group designated 

Trypanosoma spp. (Šlapeta et al., 2016) and group C-III (Zidková et al., 2012) identified 

in birds and mosquitos in Central Europe was found for the first time in Australia, in an 

Australian mudlark. While most of the Australian birds infected with these Trypanosoma 

spp. are non-migratory outside Australia they often have wide distributions across 

Australia and into numerous pacific islands. However, the bird species infected with the 

Trypanosoma spp. identified are not closely related. For example, T. avium was found in 

seven different avian species that belong in four different orders including; Passeriformes 

(Australian magpie and raven), Strigiformes (boobook and barn owl), Falconiformes 

(falcon), and Columbiformes (pigeon, Australian dove), which raises questions about 

why avian trypanosome species are so conserved. A possible reason for the relatively 

conserved number of avian trypanosomes include a high level of vectorial specificity, 

thus involving invertebrate species that are very common and occur on all continents. 

However, at this stage little is known of the vectors in Australia (Thompson and 

Thompson, 2015; Cooper et al., 2016), while avian trypanosome vectors are considered 

to be biting flies or mosquitos elsewhere in the world (Votýpka et al., 2004; Votýpka et 

al., 2012). In Australia, leeches (Hamilton et al., 2005), biting flies (Botero et al., 2016a), 



80 
 

and ticks (Austen et al., 2011) have been suggested most frequently in the literature as 

vector candidates for Australian trypanosomes. Mosquitos would be good candidates and 

should be considered in future studies. 

 

2.4.2 Australian avian Trypanosoma isolates  

A number of avian trypanosomes identified have only been found in Australia. One novel 

isolate was identified in the study (T. sp. CC2016 B002) from a boobook, which is a 

native owl widely distributed across Australia and a number of pacific islands. However, 

only a partial region of nuclear DNA was sequenced from a single sample, which is 

insufficient to characterise a new species. Trypanosoma sp. CC2016 B002 was positioned 

between T. bennetti and T. culicavium in phylogenetic analysis. A subsequent isolate 

found only in Australia is T. sp. AAT, which was identified in a currawong as well as two 

Australian magpies, a silver gull (Chroicocephalus novaehollandiae), and a pink and grey 

galah (Eolophus roseicapilla). These birds are all native to Australia and occasionally 

migrate within its borders depending on temperature or food source availability 

(Christidis and Boles, 2008) explaining the presence of T. sp. AAT on both west (this 

study) and east (Hamilton et al., 2005) coasts of Australia. While T. sp. AAT has only 

been found in Australia, it is closely related to T. corvi in both nuclear and mitochondrial 

gene regions (Hamilton et al., 2005), and genotypes from the T. corvi species clade have 

been identified in numerous bird species worldwide (Zidková et al., 2012). Of the 

common bird trypanosomes found worldwide the species not identified in the current 

study were T. bennetti and T. corvi, which is interesting as it has been suggested that most 

avian trypanosomes fall into one of three species – T. avium, T. corvi, or T. bennetti 

(Votýpka et al., 2004). The close genetic relationship observed between T. sp. CC2016 

B002/T. thomasbancrofti and T. sp. AAT/T. corvi suggest larger studies incorporating 

more bird species and larger sample sizes may identify additional novel isolates, 

including those of T. bennetti and T. corvi. 

Another trypanosome found in an avian host for the first time was T. sp. CC2016 B069 

isolated from an Australian raven. Trypanosoma sp. CC2016 B069 was highly similar to 

T. sp. TL.AQ.22 in phylogenetic analysis and the region of 18s rDNA that was amplified 

in this study differing at 10 sites in a 494 bp fragment. This trypanosome was previously 

reported from an Australian haemadipsan leech and placed in the Trypanosoma theileri 

clade (Hamilton et al., 2005). The original study that isolated T. sp. TL.AQ.22 found it 



81 
 

was similar to Trypanosoma cyclops isolated from a monkey in Asia, Trypanosoma sp. 

ABF found in a wallaby, and a number of other isolates from terrestrial leaches (Hamilton 

et al., 2005). This led the researcher’s to conclude haemadipsan leeches could be 

important vectors in Australia and Asia. The present study is not the first to identify 

similar trypanosomes infecting a mammal and a bird. A partial sequence of Trypanosoma 

18S rDNA that was obtained from a boodie (Bettongia lesueur) was identical to the avian 

T. sp. AAT (Averis et al., 2009). Both these organisms could be transmitted by the same 

vector, supporting the proposal that bird trypanosomes are similar due to high specificity 

towards the vector. However, birds and mammals being infected with the same 

trypanosome species is contradictory to the specificity of avian trypanosomes observed 

across continents. It is difficult to understand the path of transmission when so little is 

known about the life cycles, vectors, and biology of avian and Australian Trypanosoma 

spp.  

 

2.4.3 Trypanosoma sp. AAT ultrastructure 

The majority of investigations into avian trypanosomes have involved analysis of 

trypomastigotes present in blood. Here, however the epimastigote stage was investigated 

because it is the morphological form that is grown in vitro and it has become increasingly 

clear that this is a more appropriate way to investigate their biology (Votýpka et al., 2015; 

Cooper et al., 2016). With this, there are few Trypanosoma spp. to compare with the 

epimastigote biology of T. sp. AAT. Despite their close genetic relationship and similar 

kinetoplast width, the description of T. sp. AAT in vitro otherwise differs considerably 

when compared to the morphology of the closely related T. corvi. Three morphotypes 

were observed of T. sp. AAT and both epimastigote forms were significantly larger than 

T. corvi epimastigotes (Nandi and Bennett, 1994; Votýpka et al., 2012). Trypanosoma 

corvi had one epimastigote (19 ± 2 µm) when grown in culture (Votýpka et al., 2012), 

while a description from bone marrow identified a number of morphotypes including 

epimastigotes (shorter than 20 µm) with tapered ends, and trypomastigotes (Nandi and 

Bennett, 1994). Trypanosoma sp. AAT kDNA appear most similar to T. corvi and T. 

culicavium, and were less similar to those of T. avium or T. thomasbancrofti, which are 

much stouter in TEM micrographs (Votýpka et al., 2004; Votýpka et al., 2012; Šlapeta et 

al., 2016). The kDNA width of T. sp. AAT (kDNA width = 0.39 µm) did not differ from 

T. corvi (kDNA width = 0.39 µm), but was significantly different to T. culicavium (kDNA 
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width = 0.31 µm) (Votýpka et al., 2004; Votýpka et al., 2012). However, there is 

considerable variation in kDNA width between individuals even when measuring them 

using volume analysis, which is more accurate than measuring cross-sections used for 

TEM analysis. The variation is present even though only 1K1N trypanosomes were 

counted in the analysis, which implies there is some variation in the size of the kinetoplast 

within the epimastigote stage. Trypanosoma sp. AAT is most likely a separate species 

from T. corvi based on morphology as well as differences in 18S rDNA and gGAPDH 

gene regions that were observed (Hamilton et al., 2005). Although, the limited structural 

and molecular information available on avian trypanosomes combined with a high level 

of diversity within apparent species groups has resulted in unclear species boundaries 

between isolates. At this stage more information on avian trypanosomes is required before 

T. sp. AAT can be conclusively placed within T. corvi or characterised as a new species.  

The first comprehensive high-resolution, 3-dimensional, ultrastructural study of T. sp. 

AAT revealed that the kinetoplast is disc-shaped and perpendicular to the rest of the 

mitochondrion. The mitochondrion was observed under the subpellicular microtubules in 

the smaller epimastigotes and is a vast branching structure occupying a large volume in 

the cytoplasm. In T. cruzi and T. dionisii 3D reconstructions, the epimastigote 

mitochondrion is extensive and positioned in the same place as T. sp. AAT - just under 

the subpellicular microtubules -, the kinetoplast pocket is positioned underneath the 

nucleus not alongside it (Ramos et al., 2011; Oliveira et al., 2013). In T. cruzi amastigotes 

3D reconstructions revealed the mitochondrion has a horse shoe shape (Newberry and 

Paulin, 1989; De Souza et al,. 2009) while T. brucei trypomastigotes in the vertebrate host 

have a poorly developed branching mitochondrion (Vanwalleghem et al., 2015; Jakob et 

al, 2017; Hughs et al., 2017). Direct glycolysis may be used in the presence of high 

glucose concentrations (such as the blood) reducing the size of the mitochondrion 

between morphological forms and increasing the size of the glycosomes, which was 

observed in Herpetomonas roitmani (Faria-e-Silva et al., 2000) and T. brucei (Böhringer 

and Hecker, 1974; Böhringer and Hecker, 1975) suggesting the parasites switch from 

oxidative phosphorylation to glycolysis. This process may reverse in the presence of low 

glucose environments such as the invertebrate gut resulting in a larger mitochondrion 

(Bringaud et al., 2006; Michels et al., 2006). A smaller reduced mitochondrion was 

observed in the larger epimastigotes compared to the smaller epimastigotes grown in the 

same medium and harvested at the same time in this study. Therefore, differences in size 

between epimastigote forms was not solely due to nutrient availability, but could be cell-
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cycle dependent or due to differences in how various morphological forms metabolise 

and develop. Epimastigotes occur in the bone marrow of birds (Stabler et al., 1966) as 

well as the invertebrate vector, while the blood contains trypomastigotes as in other 

Trypanosoma spp. (Salakij et al., 2012; Votýpka et al., 2012). This is interesting as it 

could be hypothesised that the larger T. sp. AAT epimastigote is likely to occur in bone 

marrow where there is a high glucose content and the smaller epimastigote in the insect 

vector that is likely more reliant on L-proline for a carbon source (Grace and Brzostowski, 

1966). The size and shape of the reservosomes, glycosomes, and acidocalcisomes also 

differs between the two sizes of epimastigotes observed in T. sp. AAT that is both cell 

cycle and nutrient dependent in other trypanosomes, especially T. brucei, which has been 

extensively studied (Michels et al., 2006; De Souza, 2008; De Souza et al., 2009; Martins 

et al., 2012). Put simply, due to the similarity in nutrient availability for the two 

epimastigotes observed in this study, differences in organelle structure is most likely cell-

cycle dependent. 

Parasitism is likely to have emerged in trypanosomatids due to this group of organisms 

containing both free-living and obligate parasites, and the shape and structure of the 

kinetoplast is important in understanding the evolution of trypanosomes (Lukeš et al., 

2002; Lukeš et al., 2014). The kDNA is simply dispersed throughout the mitochondrial 

matrix in early trypanosomatids such as bodonids, while in avian trypanosomes the 

minicircles are larger than that of the later branching trypanosomes including T. brucei 

and T. cruzi (Yurchenko et al., 1999). Two of the three minicircle sequence blocks 

common amongst late branching trypanosomes like T. cruzi (CSB-1 and CSB-2) are quite 

different compared to those of T. sp. AAT. Avian trypanosomes have larger minicircles 

compared to other trypanosomes, so the differences in these regions are not unexpected 

(Yurchenko et al., 1999). However, there are aspects of kDNA that are highly conserved. 

The 12-mer UMS (or CSB-3), which is present in the minicircles of all trypanosomatids 

investigated (Ray, 1989), was found in T. sp. AAT. The UMS binding protein that is 

involved in kDNA replication, which is found in other kinetoplastids such as C. 

fasciculata, T. cruzi, L. donovani, and T. brucei (Tzfati et al., 1992; Coelho et al., 2003; 

Milman et al., 2007; Singh et al., 2016), was also present in T. sp. AAT. Although, results 

suggested T. sp. AAT contains three different UMSBPs. Interestingly, the size of two T. 

sp. AAT UMSBPs (16,4 and 25,7 kD) was exactly the same as the UMSBPs found on the 

minicircles of the Australian marsupial trypanosome T. copemani (Botero, 2014). 
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2.4.4 Conclusions 

The molecular and structural information provided in this study contribute to 

understanding the diversity and structural biology of avian trypanosomes. While it is clear 

avian trypanosomes are cross-continental and exist in fewer species groups than are 

currently described, further studies incorporating molecular and structural techniques are 

required to establish the true extent of bird trypanosome diversity. Despite the close 

relationship with T. corvi, T. sp. AAT is most likely a separate species currently found 

only in Australia. However, more information is required on avian trypanosomes in 

general, in order to provide clearer species boundaries. The first 3-dimentional 

ultrastructural analysis of an avian trypanosome provides interesting information on their 

morphology and organelle arrangement. Although, a greater understanding of avian 

trypanosome ultrastructure and metabolism, would assist in understanding their life-

cycles and the impact of infection on their hosts. The possibility that avian Trypanosoma 

spp. are also infecting mammals and could be transmitted by haemadipsidan leeches 

should be further investigated. Additional research on the trypanosomes infecting birds 

and their vectors will hopefully explain why so many avian trypanosomes are cross-

continental but not species-specific. 
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Chapter 3. Morphological and phylogenetic 

description of Trypanosoma noyesi sp. nov.: an 

Australian wildlife trypanosome within the T. 

cruzi clade. 
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Abstract 

A number of trypanosome isolates from Australian marsupials are within the clade 

containing the human pathogen Trypanosoma cruzi. Trypanosomes within this clade are 

thought to have diverged from a common ancestral bat trypanosome. Here, we 

characterise Trypanosoma noyesi sp. nov. isolated from the critically endangered woylie 

(Bettongia penicillata) using phylogenetic inferences from three gene regions (18S 

rDNA, gGAPDH, and CytB) coupled with morphological and behavioural observations 

in vitro. We also investigated potential vectors and the presence of T. noyesi in the grey-

headed flying fox (Pteropus poliocephalus). Phylogenetic analysis revealed T. noyesi and 

similar genotypes grouped at the periphery of the T. cruzi clade. Trypanosoma noyesi is 

morphologically distinct both from other species of Australian trypanosomes and those 

within the T. cruzi clade. Although trypanosomes were not observed in the digestive tract 

of ectoparasites and biting flies collected from T. noyesi infected marsupials, tabanid and 

biting midges tested positive for T. noyesi DNA, indicating they are potential vector 

candidates. Tissues from flying foxes were negative for T. noyesi. This study provides 

novel information on the morphology and genetic variability of an Australian 

trypanosome within the T. cruzi clade. 

 

Keywords: Trypanosoma noyesi, Trypanosoma, Cytochrome B, 18S rDNA, gGAPDH, 

Bettongia penicillata.  
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3.1 Introduction 

Trypanosomes are protozoan blood parasites that can infect almost all vertebrates. They 

are responsible for a number of neglected tropical diseases including African sleeping 

sickness and Chagas disease in humans, and the economically important Nagana in cattle. 

Despite numerous reports of trypanosomes infecting Australian wildlife, only eight 

isolated from native mammals have been described to the species level (reviewed in 

Thompson et al., 2014). Descriptions of trypanosomes generally rely on their morphology 

in blood smears taken from the vertebrate host and, more recently, their characterisation 

using molecular techniques. Trypanosomes isolated from Australian mammals have 

revealed a number of very distantly related species, high levels of genetic diversity within 

species (Botero et al., 2013; Hamilton et al., 2004; Noyes et al., 1999; Paparini et al., 

2011; Stevens et al., 1999), a lack of species specificity (Averis et al., 2009; Botero et al., 

2013), polymorphism in blood within and between hosts (Austen et al., 2009; Thompson 

et al., 2013a), and also can occur in mixed infections (Botero et al., 2013; Paparini et al., 

2011; Thompson et al., 2013a). These observations highlight the difficulties of classifying 

trypanosomes isolated from Australian wildlife using traditional methods, which has 

resulted in reporting of a number of superficially characterised, but unnamed, isolates 

(Thompson et al., 2014). 

A trypanosome of particular interest is T. sp. H25 (H25) isolated from an eastern grey 

kangaroo (Macropus giganteus) in New South Wales, which is in the T. cruzi clade and 

is most closely related to T. wauwau from bats (Lima et al., 2015). This clade includes T. 

cruzi (the pathogenic agent of human Chagas disease), the non-human pathogenic T. 

rangeli, and the bat-restricted species T. dionisii, T. cruzi marinkellei, and T. 

vespertilionis, which were all isolated in South America. However, T. vespertilionis and 

T. dionisii have been also found in Europe. The T. cruzi clade also contains the bat-

restricted species T. livingstonei, T. erneyi, and T. wauwau (Lima et al., 2012; Lima et al., 

2013; Lima et al., 2015), two isolates found in a civet and monkey respectively in Africa 

(Hamilton et al., 2009), and T. conorhini isolated from a rat found throughout the tropics 

(Hamilton et al., 2012). In Australia, isolates highly similar to H25 have been reported 

from the common brushtail possum (Trichosurus vulpecula) - T. sp. AP2011 isolates 

15/17 (AP2011), and the woylie (Bettongia penicillata), boodie (Bettongia lesueur), and 

banded-hare wallaby (Lagostrophus fasciatus) - T. sp. H25 G8 (H25 G8) in south west 

Australia (Botero et al., 2013; Paparini et al., 2011).  
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The discovery that H25 is at the periphery of the T. cruzi clade raised questions about the 

diversification and dispersion of trypanosomes worldwide and led to the “southern super-

continent hypothesis” to explain the evolution of T. cruzi clade trypanosomes (Stevens 

and Gibson, 1999; Stevens et al., 1999). The southern super-continent hypothesis, 

suggested that T. cruzi clade organisms emerged from trypanosomes present in 

marsupials more than 40 million years ago when South America, Antarctica, and 

Australia were joined in the super-continent, known as Gondwana (Stevens et al., 1999). 

However, the vast genetic diversity of trypanosomes isolated within Australia indicated 

that unlike their hosts, they had not been isolated in Australia since the break-up of 

Gondwana. An alternative hypothesis emerged, called the “bat seeding hypothesis”, 

which suggested trypanosomes within the T. cruzi clade were originally bat parasites that 

subsequently switched into terrestrial mammalian hosts facilitated by their mobility 

(Hamilton et al., 2012).  

An estimated 3000 Latin American immigrants chronically infected with T. cruzi were 

estimated to reside in Australia in 2006 (Gascon et al., 2010; Schmunis and Yadon, 2006), 

representing a possible biosecurity risk to native wildlife as well as humans (Thompson 

and Thompson, 2015). Considering the close genetic proximity of T. cruzi and H25 there 

are concerns that the unknown vector(s) for H25 could also transmit T. cruzi. T. cruzi is 

transmitted by bugs from the family Reduviidae and while the risk of reduiivid bugs 

(generally triatomine bugs) becoming established as pests in Australia is low, one species 

Triatoma leopoldi, was reported in Cape York Peninsula in Queensland (Monteith, 1974). 

It is unknown if any Australian invertebrates, can transmit T. cruzi. However, it was 

recently established that bedbugs can facilitate transmission of T. cruzi in a mechanical 

capacity indicating that other invertebrates may share this ability (Salazar et al., 2015). 

There are two main concerns associated with this in Australia. Local marsupials could 

become reservoirs for T. cruzi amplifying the number of parasites in vectors and hosts as 

they do in South America (Travi et al., 1952). Alternatively, the introduction of T. cruzi 

into these populations could be catastrophic as previous research has indicated it can 

cause disease and mortality in Australian marsupials (Backhouse and Bolliger, 1951).  

In this study, we characterise a novel trypanosome genotype closely related to 

Trypanosoma sp. H25, AP2011 isolates 15/17 and H25 G8 from the critically endangered 

marsupial, the woylie. We describe the new specimens’ morphology, identify potential 

vectors, and investigate its presence in tissues from Australian bats. Combined with 

phylogenetic inferences based in the small ribosomal subunit (18S rDNA), 
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glyceraldehyde-3-phosphate dehydrogenase (gGAPDH) and cytochrome B (CytB) gene 

regions, we classify this trypanosome as a new species. 

 

3.2 Materials and methods 

3.2.1 Isolation of woylie trypanosomes in vitro 

Blood samples were collected from woylies previously known to be infected with T. 

noyesi by PCR in the Upper Warren Region in Western Australia (34.2333° S, 116.1333° 

E) (Botero et al., 2013; Thompson et al., 2013a). Wildlife sampling was carried out under 

Murdoch University animal ethics approval permit numbers W2350-10, RW2659-14, and 

DEC animal ethics approval permit number DECAEC/52/2009. Woylies were trapped in 

small cage traps (20 cm x 20 cm x 56 cm) baited with a mixture of rolled oats and peanut 

butter. Traps were placed at set intervals (usually 200 m) along tracks in the study site. 

Blood was collected from the lateral caudal vein and blood smears were made using 

approximately 20 µl of blood. Cultures were established by inoculation of approximately 

50 μl of peripheral blood into minicollect tubes (greiner bio-one) containing TRPMI 1640 

(Roswell Park Memorial Institute 1640 supplemented with tryptose) medium 

supplemented with 10% fetal calf serum and 1% Penicillin-Streptomycin. Tubes were 

checked every week by light microscopy for motile trypanosomes. When trypanosomes 

were seen for the first time, trypanosomes were sub-cultured in 25 cm2 tissue culture 

flasks or Nunc™ cell culture tubes (Thermo scientific) with biphasic medium containing 

BHI medium, agar, gentamicin, and 10% defibrinated horse blood as a solid phase, and 

either TRPMI 1640, LIT, or Grace’s media as a liquid phase (Grace and Brzostowski, 

1966). Cultures were left for one to two weeks and then the supernatant was removed and 

replaced with new liquid medium. Optimal growth requirements in liquid medium alone 

were determined using RPMI 1640, TRPMI 1640, LIT, and Grace’s media. Cultures were 

maintained in liquid media by successive passages every three days at 28°C and were 

deposited in liquid nitrogen cryobanks at Murdoch University. 

 

3.2.2 Cell infection 

Monolayers of VERO cells (immortalised African green monkey kidney epithelial cells) 

were trypsinised and seeded onto tissue culture-slides (16-wells) at a concentration of 1.5 

x 104 cells/ml. After 24 hours, the media was discarded to remove non-adherent cells and 

100 µl of parasite suspension containing 1.5 x 105 parasites/ml was added to each well 
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(1:10 cell/parasite ratio). Cultures from the stationary phase containing numerous 

trypomastigote forms were used to infect cells. Slides were incubated at 37°C and 5% 

CO2. At 24 hours post-infection, the supernatant was discarded and some slides were 

washed three times with 1 x phosphate buffer solution (PBS) to remove non-adherent 

parasites. Coverslips were removed and culture-slides were air-dried and stained with the 

commercial stain ‘Diff-Quik’ for examination of intracellular parasites or attached 

trypanosomes by light microscopy. Experiments were replicated three times on separate 

occasions. 

 

3.2.3 Optical, scanning and transmission electron microscopy 

Blood smears taken from woylies and smears of logarithmic and stationary phase from 

trypanosomes grown in culture were stained with Diff-Quick, and the morphology of 

trypanosomes examined by light microscopy. Live-cell experiments were conducted 

using a Tokai Hit stage top incubation chamber on a Nikon A1Si Confocal, and image 

analysis was conducted using NIS AR elements and Image J. For scanning electron 

microscopy (SEM), culture forms were fixed in a 1:1 mixture of 5% glutaraldehyde in 1 

x PBS : cell culture medium (pH 7.2) for one hour and then washed with 1 x PBS three 

times before being stored in fresh 2.5% glutaraldehyde in 1 x PBS at 4°C. Samples were 

mounted on poly-L-lysine coated coverslips, progressively dehydrated through a series 

of ethanol solutions using a PELCO Biowave microwave, and critical point dried as 

previously described (Edwards et al. 2011). Coverslips were mounted on stubs with 

adhesive carbon, coated with 2 nm platinum (Pt) and 10 nm of carbon, and imaged at 3 

kV using the in-lens secondary electron detector on a Zeiss 55VP field emission SEM. 

For transmission electron microscopy (TEM), trypanosomes were similarly fixed and 

stored. All subsequent processing was performed in a PELCO Biowave microwave, 

where samples were post-fixed in 1% OsO4 in PBS followed by progressive dehydration 

in ethanol then acetone, before being infiltrated and embedded in Procure- Araldite epoxy 

resin. Sections 100-120 nm-thick were cut using a diamond knife and mounted on copper 

grids. Digital images were collected from unstained sections at 120 kV on a JEOL 2100 

TEM fitted with a Gatan ORIUS1000 camera.  

 

3.2.4 Ectoparasites and haematophagous insect collection and pooling 

Ticks were removed from the skin of woylies using fine forceps; lice and fleas were 

collected from the fur using a fine toothcomb. Haematophagous insects were caught using 
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both Marris style Malaise and Nzi traps; traps were baited with octenol lures, and 

contained a collection pot filled with 70% ethanol. Free-living haematophagous insects 

analysed included tabanids (also called march-flies) (Tabanidae), biting midges 

(Ceratopogonidae) and mosquitoes (Culicidae). All of these haematophagous insects, 

along with the ectoparasites were removed from the woylies and stored in 70% ethanol 

for further identification and DNA extraction. Collected ectoparasites and 

haematophagous insects were removed from the 70% ethanol solution, allowed to air dry, 

and identified morphologically to at least family level. Each family of ectoparasites 

collected from an individual woylie was pooled into separate 1.5 ml microcentrifuge 

tubes, with a maximum of fifteen similar ectoparasites per tube. Each family of dipterans 

was pooled into a separate 1.5 ml microcentrifuge tube, with a maximum of 30 insects 

per tube (this research was conducted as part of Craig Thompson’s PhD thesis - 

Thompson, 2014). 

 

3.2.5 Collection of bat tissue samples 

Tissue samples from grey-headed flying foxes (Pteropus poliocephalus) from New South 

Wales were collected from sick-euthanised animals that were presented to Taronga Zoo 

for treatment, and from dead animals sent for necropsy. Sick animals were euthanised due 

to very poor body condition or severe injury and therefore poor prognosis for return to 

the wild. A total of 57 tissue samples were collected from 31 carcasses and at least two 

of the following tissues were collected from each animal: kidney, liver, spleen, heart, and 

brain. All tissue samples were extensively washed with 1 x PBS and stored in 100% 

ethanol for DNA isolation.  

 

3.2.6 DNA extractions  

Genomic DNA of trypanosomes isolated in vitro and bat tissues were obtained using the 

QIAamp blood and tissue DNA MiniKit (Qiagen, Hilden, Germany) according to the 

manufacturer’s instructions. DNA from the arthropods was extracted using the Wizard® 

Genomic DNA Purification Kit as per the protocol for animal tissue extraction (Promega, 

Wisconsin USA), except that the arthropods were homogenised in 600 μl of nucleic lysis 

solution, and then incubated at 65°C for 12 hours rather than the recommended 15-30 

mins. Extracted DNA from blood and arthropods was eluted in 60 μl of DNA rehydration 

solution and stored at -20°C. Negative controls (containing only reagents) were included.  
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3.2.7 Trypanosome species detection by PCR using generic Trypanosomatid primers 

and sequencing 

Sequences were obtained for the woylie trypanosome isolate (WC6218) from the 18S 

rDNA, gGAPDH and CytB gene regions. Nine 18S rDNA sequences were also obtained 

from trypanosomes from tabanid flies. All sequences were deposited on the Genbank and 

accession numbers are available in Table 3.1. An approximately 1.4 kb fragment of the 

variable region of the 18S rDNA gene was amplified and sequenced using nested PCRs 

with generic trypanosomatid primers as described previously (Maslov et al., 2006; 

McInnes et al., 2009). Primers included SLF (5` GCTTGTTTCAAGGACTTAGC 3`), 

S762R (5` GACTTTTGCTTCCTCTAATG 3`), S825F (5` ACCGTTTCGGCTTTT 

GTTGG 3`), and SLIR (5` ACATTGTAGTGCGC GTGTC 3`). A second fragment of 

approximately 810bp of the gGAPDH gene was amplified and sequenced using modified 

hemi-nested reactions previously described (Hamilton et al., 2004; McInnes et al., 2009). 

Primers included GAPDHF (5` CTYMTCGGNAMKGAGATYGAYG 3`) and 

GAPDHR (5` GRTKSGARTAGCCCCACTCG 3`) for the primary reaction, followed by 

a secondary reaction using forward primer GAPDHF (5` CTYMTCGGNAMKGAGATY 

GAYG 3`) and reverse primer G4a (5` GTTYTGCAGSGTCGCCTTGG 3`). Finally, a 

third fragment of approximately 710 bp of the CytB gene was amplified using the primers 

L.cyt-S: 5’ GGTGTAGGTTTTAGTYTAGG 3’ and: L.cyt-R: 5’ CTACAATAAAC 

AAATCATAATATRCAATT 3’ (Kato et al., 2010). The amplification reactions were 

performed in a final volume of 25 µl containing 0.2 units of Taq polymerase, 200 µM of 

each dNTP, 200 nM of each primer, 1.5 mM MgCL2, and 1 µl of DNA template. 

Amplification was performed in a PT100 thermocycler (MJ Research) and consisted of a 

denaturation step at 94°C for 5 min, followed by 35 cycles of 30 secs at 94°C, 30 s at 

52°C, 50 s at 72°C, and a final extension step at 72°C for 7 min. PCR products were run 

on a 1.5 % agarose gel stained with SYBR safe (Invitrogen, USA), and visualised with a 

dark reader trans-illuminator (Clare Chemical Research, USA). PCR products were 

purified using Agencourt AMPure PCR Purification system following the manufacturer’s 

instructions and sequenced using an ABI PrismTM Terminator Cycle Sequencing kit 

(Applied Bio-systems, California, USA) on an Applied Bio-system 3730 DNA Analyser 

at the Western Australian State Agricultural Biotechnology Centre. Sequences were 

aligned and edited using Sequencher version 5.0. 
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3.2.8 DNA sequence alignments and phylogenetic inferences 

18S rDNA, gGAPDH, and CytB sequences were aligned using MUSCLE (Edgar, 2004). 

Three different alignments were created for phylogenetic inference. First, a 1,441 bp 

sequence of the 18S rDNA gene was aligned with 57 Trypanosoma spp. sequences 

representing all known trypanosome clades, and five other trypanosomatid sequences for 

use as outgroups. Secondly, a 810 bp gGAPDH sequence was aligned with 59 

Trypanosoma spp. sequences representing all major trypanosome clades, and five other 

trypanosomatid sequences for use as outgroups. Thirdly, a 710 bp CytB sequence was 

aligned with 23 Trypanosoma spp. sequences representing all the T. cruzi clade and using 

T. lewisi as an outgroup. All sequences were obtained from Genbank (2015) (Table 3.2). 

The new trypanosome sequences and T. lewisi CytB sequence were deposited on 

Genbank. A Bayesian analysis was run in Mr Bayes v. 3.1.2 (Ronquist and Huelsenbeck, 

2003). jModelTest v. 2.1.1 was used to find the most appropriate nucleotide substitution 

model (Posada, 2008). The model chosen was: the GTR+I+G for all alignments. The 

posterior probability distribution was estimated using The Markov chain Monte Carlo, 

which was run for 10000000 generations, until the mean standard deviation of split 

frequencies was lower than 0.01 and confirmed by Mr Bayes potential scale reduction 

factor values close to 1.00. Trees were sampled every 1000th generations and the first 

2500 trees (first 250000 generations), which usually present very low likelihood values, 

were discarded as burn-in. 

 

3.2.9 Trypanosome species confirmation by PCR using 18S rDNA species-specific 

primers 

All positive samples were also screened using Clade C species-specific PCR primers 

(Botero et al., 2013) that amplify H25, AP2011 15/17, and H25 G8 DNA (H25EF (5` GC 

CGACAGTGCATTTTGT 3`) H25ER (5` GAGCGAGATGAACTCGACC 3`), H25IF 

(5` TTTGAGGCGCAATGGTTTAG 3`), H25IR (5` CGAGTTGAGGGAAGGTGGC 

3`)). To investigate the presence of mixed infections, samples were also screened with 

Clade A species-specific primers that amplify T. copemani DNA (S825F, SLIR, WoF (5` 

GTGTTGCTTTTTTGGTCTTCACG 3`), WoR (5` CACAAAGGAGGAAAAAAGG 

GC 3`)) (McInnes et al., 2011a), and Clade B species-specific PCR primers that amplify 

T. vegrandis DNA (TVEF (5` GGGGTCCTTTTATTTTATTTG 3`) TVER (5` TAATTT 

ATTGGCCAGACAAA 3`) TVIF (5` GACCAAAAACGTGCACGTG 3`), TVIR (5` 

AAATCGTCTCCGCTTTAAC 3`)) (Botero et al., 2013).  
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Table 3.1. Genbank accession numbers for trypanosome isolate sequences used in the 

phylogenetic analysis. New sequences submitted as part of this research are featured in 

bold. 

Isolate 18S rDNA gGAPDH CytB 

T. erneyi TCC1294  

T. erneyi TCC1932  

T. erneyi TCC1934  

T. erneyi TCC1936  

T. erneyi TCC1946  

T. dionisii TryCC211  

T. dionisii TryCC495  

T. cruzi marinkellei TryCC344  

T. cruzi marinkellei TryCC501  

T. cruzi TryCC793  

T. cruzi TryCC1122  

T. cruzi TryCC507  

T. cruzi isolate G  

T. cruzi Y  

T. cruzi MT3663  

T. cruzi TCC186  

T. rangeli TryCC643  

T. rangeli AM80  

T. noyesi* WC6218 

T. noyesi TF27 

T. noyesi TF212 

T. noyesi TF1261  

T. noyesi TF1362 

T. noyesi TF857 

T. noyesi TF2170 

T. noyesi TF1160 

T. noyesi TF3382 

T. noyesi TF1059 

T. lewisi* ATCC 3021 

T. rotatorium 

JN040988 

JN040990 

JN04099 

JN04092 

JN040989 

FJ001666 

FJ001667 

FJ001664 

FJ001665 

FJ001634 

FJ001628 

FJ001632 

AF239981 

AF301912 

AF288660 

FJ001630 

EU867803 

AY491766 

KU354263 

KX008312 

KX008313 

KX008317 

KX008318 

KX008314 

KX008319 

KX008316 

KX008320 

KX008315 

AJ009156 

AJ009161 

JN040965 

JN040966 

JN040967 

JN040968 

JN040969 

GQ140362 

- 

GQ140360 

GQ140361 

GQ140358 

GQ140359 

GQ140352 

GQ140351 

GQ140353 

JN040971 

JN040970 

GQ140364 

JN040973 

 KU354264 

- 

- 

- 

- 

- 

- 

- 

- 

- 

AJ620272 

AJ620256 

JN040957 

JN040958 

JN040959 

JN040960 

JN040961 

FJ900249 

FJ900251 

JN543701 

JN543702 

FJ002258 

FJ002261 

FJ002256 

FJ156759 

FJ168768 

EU856375 

FJ549389 

JN040963 

JN040962 

KU354265 

- 

- 

- 

- 

- 

- 

- 

- 

- 

 KU354266 

- 
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T. sp. AAT  

T. sp. AAI 

T. mega 

T. binneyi 

T. granulosum 

T. theileri 1 

T. cyclops 

T. sp. ABF  

 H25  

T. sp. H26 

T. dionisii 

T. cruzi marinkellei 

T. cruzi Colombiana 

T. cruzi VINCH89 

T. rangeli 

T. vespertilionis 

T. conorhini 

T. pestanai 

T. sp. AAP 

T. microti 

T. gilletti Lanie 

T. copemani Charlton 

T. irwini 

T. bennetti 

AP2011 isolate 15 

AP2011 isolate 17 

T. cruzi TCC793 

H25 G8 

T. livingstonei TCC 1270 

T. copemani G1 

T. copemani G2 

T. vegrandis G3 

T. vegrandis G4 

T. vegrandis G5 

AJ620557 

AJ620559 

AJ009157 

AJ132351 

AJ620551 

AJ009164 

AJ131958 

AJ620564 

AJ009168 

AJ009169 

AJ009151 

AJ009150 

AF239980 

AJ009149 

AJ009160 

AJ009166 

AJ012411 

AJ009159 

AJ620558 

AJ009158 

GU966589 

GU966588 

FJ649479 

AJ223562 

JN315381 

JN315382 

FJ900241 

KC753537 

KF192979 

KC753530 

KC753531 

KC753533 

KC753532 

KC753534 

AJ620264 

- 

AJ620253 

AJ620266 

- 

AJ620282 

- 

AJ620278 

AJ620276 

- 

FN599054 

AJ620270 

- 

AJ620269 

AF053742 

AJ620283 

AJ620267 

AJ620275 

AJ620277 

AJ620273 

GU966587 

GU966585 

FJ649485 

FJ649486 

JN315395 

JN315396 

GQ140358 

KC812988 

KF192958 

KC812982 

KC812983 

KC812984 

KC812985 

KC812986 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 
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*Trypanosome culture cryopreserved in the Trypanosomatid Culture Collection of the 

Departament of Parasitology, Murdoch University, Western Australia.  

 

3.2.10 Genetic distances 

Estimates of evolutionary divergence in the CytB, and 18S rDNA sequences were 

obtained between T. noyesi and the Trypanosoma spp. within the T. cruzi clade. Analyses 

were conducted using the Maximum Composite Likelihood model in MEGA6 (Tamura 

et al., 2013). The analysis involved nucleotide sequences from seven and eight spp. All 

positions containing gaps and missing data were eliminated. There were a total of 412 

positions for CytB and 1.148 for 18S rDNA in the final dataset. Evolutionary analyses 

were conducted in MEGA6. 

 

3.3 Results 

3.3.1 Isolation of woylie trypanosomes in culture  

A single blood sample from a woylie (WC6218) cultured in TRPMI and maintained at 

28°C resulted in the isolation of trypanosomes. Subsequently, trypanosomes from this 

culture were able to grow in a number of biphasic cultures containing BHI (brain-heart 

T. vegrandis G6 

T. vegrandis G7 

Leptomonas sp. 

Phytomonas serpens 

H. muscarum 

H. Samuelpessoai 

H. megaseliae 

T. musculi 

T. corvi 

T. theileri 2 

T. congolense savannah 

T. simiae KEN2 

T. brucei 

T. brucei rhodesiense 

T. evansi 

T. vivax 

KC753535 

KC753536 

AF153043 

U39577 

L18872 

U01016 

U01014 

AJ223568 

AY461665 

AB007814 

- 

- 

- 

- 

- 

- 

- 

KC812987 

AF339451 

EU084892 

DQ092548 

AF047494 

DQ092547 

- 

- 

- 

AJ620290 

AJ620293 

XM840454 

AJ620284 

AF053743 

AF053744 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 

- 
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infusion) blood medium as a solid phase, and either RPMI 1640 (Roswell Park Memorial 

Institute), LIT (liver infusion tryptose), or Grace’s media as a liquid phase. However, 

TRPMI 1640 best supported its continuous cultivation in culture either with BHI or alone.  

 

3.3.2 DNA sequencing, phylogenetic relationships, and genetic distances based on 

18S rDNA, gGAPDH, and CytB genes 

Comparison of sequences obtained from the 18S rDNA (1,441 bp) and gGAPDH (810 

bp) genes using generic primers confirmed the new trypanosome isolated from woylie 

blood was a novel genotype closely related to the trypanosomes H25, AP2011 15/17, and 

H25 G8, from Australia. The new isolate differed at 1/3, 5/24, and 4/17 (18S 

rDNA/gGAPDH) nucleotide sites from H25, AP2011 15/17, and H25 G8 respectively. 

The woylie isolate was more closely related to trypanosomes from outside Australia in 

the T. cruzi clade than it was to other Australian trypanosomes isolated from marsupials 

such as T. copemani, T. gilletti, T. irwini, T. sp. ABF and T. vegrandis as previously 

indicated (Noyes et al. 1999; Paparini et al. 2011; Botero et al. 2013) (Figures 3.1, 3.2). 

Similar tree topologies were obtained from the 18S rDNA, gGAPDH (Figures 3.1, 3.2), 

and CytB (Figure 3.3) phylogenetic analyses, where the new isolate was within the well-

resolved T. cruzi clade with eight other Trypanosoma species including: T. cruzi, T. cruzi 

marinkellei, T. erneyi, T. dionisii, T. wauwau, T. rangeli, T. vespertilionis, and T. 

conorhini. The 18S rDNA phylogeny showed T. wauwau formed a sister clade to the one 

containing the new isolate, H25, AP2011 15/17, and H25 G8 (Figure 3.1). However, the 

gGAPDH phylogeny showed T. wauwau was a sister clade to the one containing T. 

rangeli, T. conorhini, and T. vespertilionis, and not to the clade containing the new isolate 

(Figure 3.2). The genetic distance between the new isolate and T. cruzi was larger when 

compared with T. rangeli and bat trypanosomes (Table 3.2). Phylogenies based on 18S 

rDNA and gGAPDH sequences showed that previous isolates from Australian wildlife 

(H25, AP2011 15/17, and H25 G8) clustered tightly together with the new isolate from 

woylie blood with short genetic distances (~0.02), similar to those obtained between 

different isolates of T. erneyi (~0.01) and T. lewisi  (~0.01) (data not shown). The 

positioning in the phylogenetic trees and the short genetic distances between the new 

isolate and previous isolates from Australian wildlife (H25, H25 G8, and AP2011 15/17) 

strongly support their classification as a new Trypanosoma species. 
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3.3.3 Species-specific PCRs 

DNA extracted from the in vitro cultures of the new isolate tested positive to 18S rDNA 

clade C species-specific PCR confirming the genetic similarity with H25, AP2011 15/17, 

and H25 G8. WC6218 culture was negative for T. copemani and T. vegrandis species 

specific PCR’s indicating the absence of mixed infections with these Trypanosoma spp., 

which are the only other species previously found infecting woylies. All 57 tissue samples 

from 31 bats were negative when screened using the clade C species-specific PCR.  

 

 

Table 3.2. Estimates of evolutionary divergence between cytochrome B (CytB) and 

ribosomal subunit (18S rDNA) sequences from all trypanosomes within the Trypanosoma 

cruzi clade. Analyses were conducted using the Maximum Composite Likelihood model. 

The number of base substitutions per site between sequences are shown. 

CytB 

 

 

 

 

# Species 1 2 3 4 5 6 7 

1 T. noyesi - - - - - - - 

2 T. cruzi Tulahuen 0.223 - - - - - - 

3 T. cruzi 

marinkellei 

0.212 0.106 - - - - - 

4 T. dionisii 0.204 0.159 0.157 - - - - 

5 T. rangeli 0.194 0.189 0.169 0.188 - - - 

6 T. erneyi 0.218 0.147 0.111 0.162 0.162 - - 

7 T. cruzi bat 0.222 0.048 0.112 0.181 0.203 0.125 - 

18S 

rDNA 

 

 

 

 

# Species 1 2 3 4 5 6 7 

1 T. noyesi - - - - - - - 

2 T. cruzi Tulahuen 0.025 - - - - - - 

3 T. cruzi 

marinkellei 

0.028 0.009 - - - - - 

4 T. dionisii 0.024 0.017 0.020 - - - - 

5 T. rangeli 0.023 0.026 0.027 0.022 - - - 

6 T. erneyi 0.022 0.012 0.014 0.011 0.020 - - 

7 T. cruzi bat 0.027 0.006 0.005 0.030 0.028 0.016 - 

 8 T. wauwau 0.021 0.033 0.034 0.033 0.034 0.030 0.037 
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Figure 3.1: Phylogenetic analysis of the relationships between Trypanosoma spp. and 

Trypanosoma noyesi sp. n. based on ribosomal subunit (18S rDNA) sequences. The 

phylogenetic tree was constructed using the Bayesian method. Bayesian posterior 

probabilities are shown at nodes. Trypanosoma noyesi sp. n. sequences isolated in this 

study are highlighted. Scale bar indicates number of substitutions per site.  
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Figure 3.2: Phylogenetic analysis of the relationships between Trypanosoma spp. and 

Trypanosoma noyesi sp. n. based on glyceraldehyde 3-phosphate dehydrogenase 

(gGAPDH) sequences. The phylogenetic tree was constructed by the Bayesian method. 

Bayesian posterior probabilities are shown at nodes. Trypanosoma noyesi sp. n. sequences 

isolated in this study are highlighted. Scale bar indicates number of substitutions per site. 
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Figure 3.3: Phylogenetic analysis of the relationships between Trypanosoma spp. within 

the Trypanosoma cruzi clade and Trypanosoma noyesi sp. n. based on cytochrome B 

(CytB) sequences. The phylogenetic tree was constructed using the Bayesian method. 

Bayesian posterior probabilities are shown at nodes. Highlighted boxes next to 

Trypanosoma spp. indicate host species trypanosomes were isolated from. Scale bar 

indicates number of substitutions per site.  

 

3.3.4 Morphology of the new isolate in vitro 

Trypanosomes were not seen in peripheral blood smears taken from the woylie WC6218, 

from which the new trypanosome was isolated in culture. Live-cell phase contrast 

microscopy of the new isolate in vitro demonstrated high levels of pleomorphism (Figure 

3.4). The different morphological forms observed in vitro ranged from epimastigotes, 

trypomastigotes, and spheromastigotes to several intermediate forms of epimastigotes and 

trypomastigotes (Figure 3.5, Figure 3.6). Epimastigotes were the predominant form in 

culture (Figure 3.4B). They divided intensely by binary fission forming rosettes of 

different sizes (Figures 3.4C). Epimastigotes were stout and wide at the anterior third of 

the cell tapering toward the posterior, and were 21 ± 2 µm in length (n = 10). They 

appeared rigid and only seemed to move on close observation. Epimastigotes attached to 

each other via a round, extended flagellar sheath (EFS), visible as a dark circle at the 

anterior end of the cell in the proximity of a short flagellum on smears stained with Diff-

Quik (Figure 3.4B). Diff-Quik stained specimens revealed the nucleus and kinetoplast 

were close to the anterior end of the trypanosome (Figure 3.4C). Most epimastigotes 

exhibited a very short flagellum extending past the end of the EFS (Figure 3.7E, Figure 

3.8A). A second epimastigote form was visible (15 ± 1 µm in length, n = 10) with a long 

flagellum (20 ± 2 µm in length, n = 10) that extended back towards the posterior end after 
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exiting the flagellar pocket without the EFS (Figures 3.4F, Figure 3.6B). This second 

form moved in a circular motion and was observed in rosettes.  

 

 

Figure 3.4. A. Live-cell phase contrast microscopy image of Trypanosoma noyesi sp. n. 

in culture exhibiting various morphotypes. E1 = epimastigotes exhibiting extended 

flagellar sheath. E2 = epimastigote exhibiting emergent flagellum. S = spheromastigote. 

T = putative trypomastigote. Black and white dots representing glycosomes and 

acidocalcisomes respectively are observed in the cytoplasm (arrowhead). B. Morphology 

of Trypanosoma noyesi sp. n. epimastigotes in the first passage from woylie blood in 

vitro. Staining with Diff-Quik and viewed by light microscopy. C. Morphology of 

Trypanosoma noyesi sp. n. rosettes in the first passage from woylie blood in vitro. 

Staining with Diff-Quik and viewed by light microscopy. 
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Epimastigotes generally possessed a smooth surface. However, on occasions the surface 

of the cells exhibited a budding of exo-vesicles to varying degrees (Figure 3.7A). During 

epimastigote division, the anterior end of the epimastigote swelled as the kinetoplast and 

nucleus divided. The cell membrane remained intact until nucleus and kinetoplast 

division was complete and the organism had reached full length. Separation of the 

membrane began at the posterior of the trypanosome and finished with the separation of 

the flagellar sheath (Figures 3.7E, F). Division of epimastigotes in rosettes showed the 

appearance of smaller spherical trypanosomes (Figure 3.5C). Dividing rosettes attached 

to the surface of cells (Figure 3.7E) or to the glass coverslip (Figure 3.7F), by the 

spreading of the flagellar sheath across the substrate when grown with mammalian cells 

at 37°C. Multiple nuclei were observed in some dividing epimastigotes (Figure 3.5I). 

 

 

 

Figure 3.5: Representation of morphotypes of Trypanosoma noyesi sp. n. in vitro. A. 

spheromastigote. B. stumpy trypomastigote. C. small dividing epimastigotes. D. common 

dividing epimastigotes. E. epimastigote. F. epimastigote with long flagellum. G. wide 

slender trypomastigote. H. slender trypomastigote. I. multiple fusion of epimastigotes. 
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Two types of trypomastigotes were observed. At 37°C a slender, long morphological form 

was seen occasionally that was 25 ± 1 µm (n = 10) in length (Figure 3.7D), while a 

smaller, stumpy form was seen in cultures at 28°C, these were 8 ± 1 µm-  in length (n = 

10) (Figures 3.6A, D). An intermediate stage was observed exhibiting a nucleus and 

kinetoplast that was closer together and slightly wider (Figure 3.5G) than the long slender 

trypomastigote (Figure 3.5H). All trypomastigotes exhibited an elongated nucleus in the 

middle of the cell, and a compacted and rounded kinetoplast at the posterior end of the 

cell. Trypomastigote forms were fast moving and possessed a conspicuous undulating 

membrane that extended from the posterior end of the cell and terminated in the flagellum. 

Occasionally, stumpy trypomastigotes appeared to form nests (rosettes) in vitro, although 

scanning electron microscopy (SEM) revealed these were not dividing (Figure 3.7D). 

Small spheromastigotes of 2 ± 0.5 µm in length (n = 10) were observed by SEM but they 

were too small to be resolved as trypanosomes in light microscopy.  

 

 

Figure 3.6: Light microscopy images of Trypanosoma noyesi sp. n. morphological forms. 

A. multiple nucleated cells. B. large epimastigotes in the process of dividing (arrow). C. 

small spheromastigote D. small trypomastigote (arrow) and slender trypomastigote 

(asterix) E. slender trypomastigote attached to cell surface.  
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Figure 3.7: Scanning electron micrographs showing morphology of Trypanosoma noyesi 

sp. n. in vitro. A. epimastigotes grown at 28°C exhibit an exposed flagellar sheath (left) 

and exo-vesicles (white arrow), and stumpy trypomastigote (right). B. epimastigote 

exhibiting long flagellum and short flagellum (left). C. slender trypomastigote grown at 

37°C. D. stumpy trypomastigotes forming a nest. E. rosette attached to a mammalian cell 

grown at 37°C. F. rosette attached to a glass coverslip grown at 37°C, the spreading of 

the flagellar sheath is visible (black arrowhead).  

 

Longitudinal and transverse TEM sections of epimastigotes grown in vitro revealed a 

cellular structure typical of epimastigotes of other Trypanosoma species (Figures 3.7A, 

Figure 3.7B). The nucleus and nucleolus were well defined. The kinetoplast was 500 nm 
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in length, 100 nm in width (Figure 3.8C) and was seen enclosed within the mitochondrial 

membrane. The posterior region of the basal body and the filaments that connect the 

kinetoplast to the basal body were observed attached to the kinetoplast (Figure 3.8C). The 

kinetoplast was inside the mitochondrion membrane making the mitochondria-

kinetoplast complex, which was observed in a transverse section (Figure 3.8B) extending 

along the dorsal surface of the trypanosome. The flagellar axoneme had a 9 + 2 

arrangement of microtubules (Figure 3.8B). In SEM images the epimastigotes appeared 

to sometimes lack a flagellum (Figure 3.6E). However, it was revealed in TEM 

micrographs that the flagellum was inside the sheath as the axoneme was visible inside 

the EFS (Figure 3.8B). Acidocalcisomes, reservosomes and glycosomes were also 

observed (Figure 3.8A). Black and white dots indicating the presence of glycosomes, 

reservosomes and acidocalcisomes were visible in the cytoplasm of live cells (Figure 3.3).  

 

 

Figure 3.8: Transmission electron micrographs of Trypanosoma noyesi sp. n. A. 

longitudinal section showing the kinetoplast (white arrowhead), flagellum, 

acidocalcisomes (black arrowhead), glycosomes (white asterix), and reservosomes (black 

asterix). B. transverse section revealing the flagellum, axoneme, mitochondrion 

(arrowhead), and extension of the flagellar sheath (asterix). C. kinetoplast exhibiting 

kDNA enclosed in a membrane (arrowhead), which is attached to the basal body (asterix). 
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3.3.5 Trypanosomes co-cultured with cells 

Stumpy and slender trypomastigotes of the new isolate were unable to invade or develop 

within VERO cells in vitro. Both forms were seen swimming freely in the medium and 

occasionally attached to cells by the posterior end (Figure 3.5). 

 

3.3.6 Possible vector 

PCR results demonstrated that none of the 42 fleas from the family Pulicidae and 

Stephanocircidae, 568 lice from the family Boopiidae, 1769 mosquitoes from the family 

Culicidae, and 1456 ticks from the family Ixodidae (pooled into 30, 140, 86, and 295 

samples respectively) were positive for the new species. However, PCR and further 

sequencing of the 18S rDNA gene showed that of the 302 tabanid flies examined (family 

Tabanidae), 31 of the 102 pooled samples (30%) were positive for the new species. 

Moreover, of the 578 biting midges examined (family Ceratopogonidae), 12 of the 21 

pooled samples (57%) were positive for the new isolate. Only nine 18S rDNA sequences 

were obtained from tabanid flies. Sequence alignments of these nine isolates from tabanid 

flies and the isolate from culture showed some polymorphisms between them, and all 

grouped together in the 18S rDNA phylogeny (Figure 3.1). CytB and gGAPDH sequences 

could not be obtained due to difficulties with the low sensitivity of the CytB PCR, and 

due to unspecific binding of the gGAPDH primers, which amplified DNA from other 

Trypanosomatids that infect insects (data not shown). Assuming that a positive pooled 

sample contained at least one positive insect, the minimum estimated proportion of 

tabanid flies and biting midges positive for the new species was 10% and 2% respectively. 

 

3.3.7 Taxonomy 

3.3.7.1 Taxonomic positioning: Phylum Euglenozoa Cavalier-Smith, 1981, class 

Kinetoplastea Honigberg, 1963 emend. Vickerman, 1976, subclass Metakinetoplastina 

Vickerman, 2004, order Trypanosomatida (Kent, 1880) Hollande, 1952, family 

Trypanosomatidae Doflein, 1951, and genus Trypanosoma Gruby, 1843.  

3.3.7.2 Generic assignment: This new isolate from the woylie is placed in the genus 

Trypanosoma because it exhibits cell morphotypes including extracellular 

trypomastigotes and epimastigotes, and was found to be phylogenetically affiliated with 

other trypanosome species. All phylogenies demonstrated the new species was within the 

monophyletic group of trypanosomes. 
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3.3.7.3 Species diagnosis: The new species described in this study, can be unequivocally 

distinguished from all other species of trypanosomes by its unique gene sequences, and 

phylogenetic positioning. The sequences from all genotypes within the species found in 

the woylie and tabanids flies are deposited in Genbank under the following accession 

numbers: T. noyesi WC6218 (18S rDNA: KU354263, gGAPDH: KU354264, CytB: 

KU354265), T. noyesi TF27, TF212, TF857, TF1059, TF1160, TF1261, TF1362, TF2170 

and TF3382 (18S rDNA: KX008312 - KX008320), T. noyesi H25 (18S rDNA: 

AJ009168, gGAPDH: AJ620276), T. noyesi AP2011 15/17 (18S rDNA: JN315381 – 

JN315381, gGAPDH: JN315395 – JN315396), and T. noyesi H25 G8 (18S rDNA: 

KC753537, gGAPDH: KC812988). Trypanosoma noyesi epimastigotes are characterised 

by the attachment to each other via a round, extended flagellar sheath, visible as a darkly 

staining circle at the anterior end of the cell in the proximity of a very short flagellum. 

Two types of trypomastigotes are present, a slender form of about 25 ± 1 μm in length, 

and a stumpy form of about 8 ± 1 μm in length. 

 

3.3.8 Trypanosoma noyesi sp. nov. Botero and Cooper 2016 

Type material: hapanotype Romanowsky-type stain ‘Diff-Quik’ smears of first passage 

in vitro from WC6218 blood and cryo-vials of WC6218 deposited in liquid nitrogen 

cryobanks at Murdoch University. 

Type host: brush-tailed bettong or woylie (Betongia penicillata) 

Type location: Upper Warren region in Western Australia (34.2333° S, 116.1333° E) 

Additional hosts: Eastern grey kangaroos (Macropus giganteus), brushtail possums 

(Trichosurus vulpecula), burrowing bettongs or bodies (Bettongia lesueur), and banded-

hare wallabies (Lagostrophus fasciatus) (Botero et al., 2013; Noyes et al., 1999; Paparini 

et al., 2011). 

Vector: Unknown.  

Etymology: Trypanosoma noyesi sp. nov. is named in recognition of Dr. Harry Noyes 

who originally isolated and described H25. 

 

3.4 Discussion 

3.4.1 Evolutionary relationships of Trypanosoma noyesi within the T. cruzi clade 

Comparisons of phylogenetic trees inferred from the 18S rDNA, gGAPDH and CytB gene 

regions, demonstrate similar topologies and confirmed T. noyesi as a new species. The 
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18S rDNA phylogeny showed T. noyesi isolates were positioned at the periphery of the 

T. cruzi clade together with T. wauwau isolated from Pteronotus bats (Lima et al., 2015). 

Previous studies using 18S rDNA have positioned T. livingstonei, a trypanosome from 

African bats, in the most basal position of the T. cruzi clade (Lima et al., 2013; Lima et 

al., 2015). The present study failed to demonstrate this, and showed T. livingstonei fell 

outside of the T. cruzi clade. Shorter fragments of 18S rDNA used in the present study 

could have reduced the information required to show this relationship. However, our 

gGAPDH phylogeny positioned T. livingstonei within the T. cruzi clade. Trypanosoma 

noyesi from the woylie, H25 from the kangaroo, H25 G8 from the woylie, and AP2011 

15/17 from possums exhibit short genetic distances between them indicating they are the 

same species exhibiting intraspecific diversity, which has been observed in other 

Australian trypanosomes including T. copemani and T. vegrandis (Botero et al., 2013). 

The lack of host specificity in T. noyesi could be due to multiple host switching events 

over time, and could account for the observed intraspecific diversity. However, as details 

of the entire host range of T. noyesi and other Australian trypanosomes remain unknown, 

the mechanism facilitating the host-switching is uncertain.  

 

It has been demonstrated that most Trypanosoma species within the T. cruzi clade are 

present in bats, including T. cruzi (Da Silva et al., 2009; Lima et al., 2015). This study 

did not identify the presence of T. noyesi in the Australian grey headed flying fox. Within 

Australia four species of trypanosomes have been reported infecting bats including, T. 

pteropi in flying foxes (Pteropus alecto) (Breinl, 1913; Johnston, 1916), and T. 

hipposideri in the dusky round-leaf bat (Hipposideros albanensis) (Mackerras, 1959). 

However, the description of these species was based on their morphology in blood alone 

and nothing is known about their life cycle, host-parasite interactions, or phylogenetic 

relationships. Trypanosoma vegrandis was identified infecting the Gould’s wattled bat 

(Chalinolobus gouldii), lesser long-eared bat (Nyctophilus geoffroyi), little red flying fox 

(Pteropus scapulatus), and black flying fox (Pteropus Alecto) using molecular techniques 

(Austen et al., 2015b). More recently, T. teixeirae has been described from the Australian 

little red flying fox (Pteropus scapulatus), which was in the T. cruzi clade (Barbosa et al., 

2016b). This indicates more extensive sampling from the blood and tissues of other 

Australian bats are needed to determine the possible origin and evolutionary history of 

trypanosomes within the T. cruzi clade.  
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3.4.2 Trypanosoma noyesi morphology and ultrastructure in vitro 

The morphology of T. noyesi is different to other trypanosomes within the T. cruzi clade 

demonstrating the morphological diversity in this group, which is well documented 

(Hoare, 1972; Lima et al., 2013; Lima et al. 2015). Notably, T. conorhini and T. rangeli 

were originally placed in different subgenera based on their morphology and behaviour 

(Hoare, 1972), and were moved into the T. cruzi clade following molecular 

characterization (Hamilton et al., 2007). Trypanosoma noyesi is also morphologically 

distinct from other Australian marsupial trypanosomes isolated in vitro, which includes 

T. copemani (Austen et al., 2009), T. sp. ABF (Hamilton et al., 2004), and T. thylacis 

(Mackerras, 1959). Trypanosoma noyesi has not been reported in blood smears, despite 

several studies identifying the presence of T. noyesi DNA in the blood, which may 

indicate low parasitaemia (Botero et al., 2013; Noyes et al., 1999; Paparini et al., 2011). 

However, considering that trypanosomes isolated from Australian mammals exhibit 

polymorphism in blood within and between hosts (Austen et al., 2009; Thompson et al., 

2013a), and occur in mixed infections (Botero et al., 2013; Paparini et al., 2011) 

describing species based on blood stream morphology is unreliable. Traditional taxonomy 

was not designed to cater for protozoan biology, which has resulted in a number of 

inconsistencies in the current records of trypanosomes characterised in Australia 

(Thompson et al., 2014; Votýpka et al., 2015; Cooper et al., 2016). Advances in high 

resolution microscopy and in vitro cultivation have improved the ability to characterise 

trypanosomes by providing a stable environment to investigate trypanosome morphology 

and differentiation.  

 

The dominant morphological form of T. noyesi in vitro is the epimastigote and not the 

promastigote as described by Noyes et al. (1999). Promastigotes are a common culture 

form of Leishmania spp. and monoxenous trypanosomatids. The epimastigotes of T. 

noyesi appear similar to promastigotes in light microscopy images due to the rigidity of 

their structure. In promastigotes, the flagellum exits the trypanosome at the direct center 

of the anterior end from the flagellar pocket. However, the flagellum is visible along the 

side of the trypanosomes in T. noyesi SEM micrographs. A small number of 

‘epimastigotes’ with a short emergent flagellum and ‘nectomonads’ with long flagellum 

were also previously reported (Noyes et al., 1999). However, the data collected from 

optical and electron microscopy in this study support the proposition that these are all 

epimastigotes with varying lengths of flagella. The structure observed protruding at the 
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end of the epimastigote of T. noyesi is referred to as an extension of the flagellar sheath 

and links one cell to another via junction complexes called hemidesmosomes (Brooker, 

1970; Noyes et al., 1999). Trypanosoma freitasi, found in opossums has been noted to 

have forms of unusual epimastigotes that produce an extended flagellar sheath that occur 

in the lumen of the scent gland and not in an invertebrate host (Thomaz et al., 1990). 

Trypanosoma freitasi uses the extended flagellar sheath to attach to the outside of the cell 

membrane as a means of support whilst dividing (Thomaz et al., 1990). In T. noyesi the 

sheaths were observed forming rosettes and attaching to cell membranes and glass 

coverslips indicating they are also used to attach to cells. Trypanosoma cruzi 

epimastigotes in vitro grow in rosettes similar to T. noyesi, but they move very fast lacking 

the adhesive sheaths and instead link via their flagella (Hoare, 1972). Trypanosoma 

noyesi epimastigotes exhibited exo-vesicles budding on the surface of the cell in varying 

degrees. In Leishmania spp., exo-vesicles occur after being exposed to changes in 

temperature during inoculations from the sand fly to the mammalian host, which induces 

a release of proteins that changes the morphology of the parasite and is speculated to deter 

macrophages in the host (Hassani et al., 2011). Within the same sample T. noyesi 

exhibited both smooth and exo-vesicle producing surfaces, ruling out the likelihood that 

these are artefactual. The exo-vesicles could be an indicator of the health of the 

trypanosomes and further investigation is required in order to understand their presence 

and nature. The stumpy trypomastigotes present in vitro were described in T. sp H25 by 

Noyes et al. (1999), and in a number of other trypanosomes referred to as T. lewisi-like 

trypanosomes in the stercorarian subgenus Herpetosoma Doflein, 1901 (Hoare, 1972) 

including T. wauwau (Lima et al., 2015). They occur in T. lewisi and T. zapi (two rodent 

trypanosomes) in vitro isolated from the flea rectum and maintained in vitro at 28°C. The 

other trypomastigote observed for the first time was the slender trypomastigote, which 

resembled other in vitro trypomastigotes, including those of T. cruzi, T. wauwau, and T. 

copemani (Botero et al., 2013; Hoare, 1972; Lima et al., 2015). In T. cruzi this 

morphological form is observed in the mammalian host and invades a number of host 

cells (Hoare, 1972). Trypanosoma noyesi was unable to infect LLCMK1 cells (Rhesus 

monkey kidney cells) in vitro and mice in vivo in a previous study (Noyes et al., 1999). 

In the present study higher numbers of slender or stumpy trypomastigotes of T. noyesi 

were co-cultured with African green monkey kidney epithelial cells (Vero). Trypanosoma 

noyesi was not observed inside cells, although many members of the T. cruzi clade do not 

infect cells. Whether non-intracellular trypanosomes in the T. cruzi clade have lost this 

ability or never developed it remains unknown. Considering that intracellular localisation 
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has been observed in T. copemani isolated from the woylie (Botero et al., 2013), and 

suggestions that Australian trypanosomes may be pathogenic to their hosts (Botero et al., 

2013; McInnes et al., 2011a), the impact of trypanosomes on local wildlife remains an 

area that warrants further study.  

 

3.4.3 Possible vector 

The aim of this preliminary vector investigation was to screen for trypanosome DNA 

from a large number of haematophagous arthropods in order to identify putative vector 

candidates of T. noyesi. Samples of a relatively large number of insects and arachnids 

were pooled for DNA extraction, assuming that a positive pooled sample represented (at 

least) a single positive individual. Therefore, the minimum prevalence of positive 

arthropods has been reported, with the actual prevalence of insects that ingested T. noyesi 

possibly being higher. Tabanid flies and sand-flies are both vectors of trypanosomes, 

including Tabanus spp. transmitting T. theileri, and Lutzomyia spp. transmitting T. 

leonidasdeanei (Hoare, 1972). Trypanosoma noyesi was identified from at least 10.3% of 

the tabanid flies sampled. A limitation of the methodology used here was that a positive 

arthropod sample could not be confirmed as a vector, which has an established 

trypanosome infection within its gut (Seblova et al., 2014) as it could represent ingested 

or partly-digested trypanosomes from a blood meal. It was outside the scope of this study 

to identify the large number of insects to genus and species level. Therefore, it is not 

possible to comment further on the species that may be important for transmission of T. 

noyesi. There is a lack of knowledge regarding the dispersion and vectorial capacity of 

invertebrates in Australia (Thompson and Thompson, 2015). Although, considering the 

presence of T. noyesi on both west and east Australia the vector is most likely a commonly 

occurring invertebrate.  

 

3.4.4 Conclusions  

This study describes an Australian trypanosome, T. noyesi, based on morphology and 

phylogenetic position, providing insight into the relationships and diversity present within 

the T. cruzi clade. In the past a number of trypanosomes have been described to species 

based on descriptions of their morphology in blood smears taken from the vertebrate host, 

or partial genetic data, especially in Australia (Mackerras, 1959; McInnes et al., 2011b). 

Future studies are required to fill these gaps to understand the true nature of host-parasite 

interactions and evolutionary relationships in Australian trypanosomes. In Australia 
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where trypanosomes exhibit low parasitaemia, phenotypic differences in bloodstream 

trypomastigotes, and no species specificity, we have shown that in vitro cultures are 

essential when describing new species. Future studies are required to investigate the 

vectorial candidates of T. noyesi as this is an area that requires urgent attention due to the 

biosecurity risks involved and the severe lack of knowledge on trypanosome vectors in 

Australia. 
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Chapter 4. Next generation sequencing reveals 

widespread trypanosome diversity and 

polyparasitism in marsupials from Western 

Australia. 
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Abstract  

In Western Australia a number of indigenous Trypanosoma spp. infect vulnerable native 

marsupials, such as the woylie (Bettongia penicillata), brushtail possum (Trichosurus 

vulpecula), and chuditch (Dasyurus geoffroii). Two genotypes of Trypanosoma copemani 

(identified as G1 and G2) have been found in the woylie, and G2 has been implicated in 

the decline of this host species making its presence of particular interest. Here we used 

targeted amplicon next generation sequencing (NGS) of the Trypanosoma 18S rDNA loci 

on 70 Trypanosoma-positive marsupial blood samples, to identify T. copemani genotypes 

and multiple Trypanosoma infections (polyparasitism) in woylies and cohabiting species 

in Western Australia. Polyparasitism with Trypanosoma spp. was found in 50% of the 

wildlife sampled, and within species diversity was high with 85 zero-radius operational 

taxonomic units (ZOTUs) identified in nine putative parasite species. Trypanosoma 

copemani was assigned 17 ZOTUs and was identified in 80% of samples. The most 

abundant ZOTU isolated (63%) differed slightly from the published genotype of G1, and 

G2 was the second most abundant ZOTU (14%). Trypanosome diversity was significantly 

greater in woylies than in brushtail possums and parasite community composition also 

differed significantly between these host species. Seventeen OTUs in 80% of blood 

samples were provisionally assigned to T. copemani. One novel Trypanosoma spp. 

genotype (Trypanosoma sp. ANU2) was found in 20% of samples. A species of Crithidia 

was detected in a woylie, and two avian trypanosomes (Trypanosoma avium and 

Trypanosoma sp. AAT) were identified in woylies for the first time.  

 

Keywords: Trypanosoma spp., Bettongia penicillata, Trichosurus vulpecula, Host-

parasite relationships, 18S rDNA targeted amplicon sequencing. 
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4. 1 Introduction 

Since Europeans arrived in Australia over 200 years ago, 30 native mammals have 

become extinct, with 30% of the surviving terrestrial mammalian population (excluding 

bats), threatened with extinction (Woinarski et al., 2015). The woylie or brush-tailed 

bettong (Bettongia penicillata) is one of Australia’s most critically endangered 

marsupials (Wayne et al., 2008). Once occupying a substantial portion of southern 

Australia, the woylie is now confined to just three regions in the south west of Western 

Australia (WA) after experiencing a 90% population decline over seven years (Yeatman 

and Groom, 2012; Wayne et al., 2013). Two of the remaining three wild populations occur 

in the Upper Warren Region (UWR) in south west WA (Kingston and Perup) (Yeatman 

and Groom, 2012). In addition to direct human impact, there is also evidence to suggest 

that pathogens have played a role in population declines, particularly at the local level 

(Thompson et al., 2009; Thompson et al., 2010), with remaining woylie populations 

parasitised by indigenous Trypanosoma spp. (Botero et al., 2013; Thompson et al., 2013a; 

Thompson et al., 2013b). Other vulnerable marsupials such as the brushtail possum 

(Trichosurus vulpecula) and the near-threatened chuditch (Dasyurus geoffroii) also share 

habitats with woylies and are susceptible to Trypanosoma spp. infection.  

One species of Trypanosoma implicated in the woylie decline is Trypanosoma copemani, 

which is an indigenous Australian trypanosome that has been isolated from a number of 

vulnerable marsupials. It has two unique isolates, which have been isolated from the 

woylie - T. copemani genotype 1 (G1) and T. copemani genotype 2 (G2) (Botero et al., 

2013). While G1 is closely related to other genotypes found in marsupial species across 

Australia (Noyes et al., 1999, Hamilton et al., 2005, Austen et al., 2009, Botero et al., 

2013), G2 is less common and genetically divergent from other T. copemani genotypes 

at the 18S rDNA and gGAPDH loci (Botero et al., 2013). Additionally, G2 has been found 

to have a higher prevalence in declining populations than in stable populations of the 

woylie (Botero et al., 2013; Thompson et al., 2013b). Furthermore, G2 has been detected 

in woylie tissues via PCR, observed in histological sections of woylie heart tissue, isolated 

in culture from woylie blood samples, and observed invading mammalian cells in vitro 

(Botero et al., 2013, Botero et al., 2016b). Intracellular behaviour is unusual in 

Trypanosoma spp. (Cooper et al., 2016), but is responsible for the pathogenicity of T. 

cruzi (the causative agent of human Chagas disease), which leads to chronic infection that 

can result in death in humans (Hoare, 1972).  
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Current generic PCR assays can readily detect Trypanosoma spp. infection in wildlife 

blood samples to the species level of described species but it cannot differentiate between 

genotypes of the same species due to the small number of nucleotide polymorphisms 

separating them (Botero et al., 2013). As a result, Sanger sequencing (Sanger et al., 1977) 

is commonly used to genotype samples, which can be costly and time consuming. 

Additionally, polyparasitism with different indigenous Trypanosoma spp. has been 

reported in Australian wildlife between T. copemani, T. vegrandis, and T. noyesi by 

sampling different tissues from the same host or by using species specific PCR primers 

without Sanger sequencing (Botero et al., 2013; Thompson et al., 2013b). This indicates 

that the abundance and diversity of Trypanosoma spp. is often misrepresented without 

using both direct Sanger sequencing and targeted primers for all species present, which 

would be additionally costly and time consuming. 

Recent advances in next-generation sequencing (NGS) technologies allow for new 

approaches to investige the population genetics and ecology of microparasites and free-

living microorganisms (van Dijk et al., 2014). Next-generation sequencing enables the 

parallelisation of millions of sequencing reactions, making it feasible to investigate 

species diversity and prevalence in large populations. For example, targeted amplicon 

sequencing of bacterial 16S rRNA gene regions is commonly used to profile the bacterial 

communities that inhabit a variety of organisms including humans (Kuczynski et al., 

2010), arthropods (Gofton et al., 2015), and soil (Bartram et al., 2011). High throughput 

sequencing methods have also been applied to 18S rDNA regions for eukaryotic parasites 

such as Plasmodium spp. (Carlton et al., 2013; Bunnik et al., 2013), Cryptosporidium spp. 

(Paparini et al., 2015), Eimeria spp. (Vermeulen et al., 2016), and recently for the first 

time Trypanosoma spp. (Barbosa et al., 2017b). This method is particularly valuable in 

that different species can be identified from relatively short (300-500 bp)  targeted gene 

regions, which is common in Trypanosoma spp. (Noyes et al., 1999; Austen et al., 2009; 

Averis et al., 2009; Botero et al., 2013; Thompson et al., 2013b; Barbosa et al., 2017b). 

The aim of the current study was to investigate the diversity of trypanosomes infecting 

the woylie and cohabiting species (chuditch and brushtail possum) within the UWR of 

Western Australia. We were particularly interested in T. copemani genotypes, because of 

the perceived risk posed by the G2 genotype to the remaining woylie populations. 
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4.2 Methods 

4.2.1 Sample collection 

Blood samples were collected from woylies, brushtail possums, and chuditch in the UWR 

throughout a three year project between Murdoch University (MU) and the Western 

Australian Department of Parks and Wildlife (DPaW), under MU animal ethics permist 

WC2350-10 and RW2659/14, and DPaW animal ethics permit SF010420. During the 

project, woylies were translocated from Perup Sanctuary in the UWR, an enclosed 

reserve, into two wild destination sites: Warrup East and Walcott (Northover et al., 2015). 

Sampling was carried out on both resident marsupials and translocated woylies before 

and after woylie translocation. Animals were captured using Sheffield traps set at sunset 

that were baited with sardines, peanut butter and oats. During processing a total of 600 µl 

of blood was collected in an EDTA tube from either the lateral caudal vein (woylie, 

performed conscious) and/or the jugular vein (brushtail possum and chuditch, under 

anaesthesia). Blood smears were air dried and stained with DiffQuik before remaining 

blood was stored at -20°C for molecular analyses. After sampling, animals were released 

into their destination site at sunrise. A total of 70 Trypanosoma-infected blood samples 

were selected from this study (Table 4.1), based on previous PCR and Sanger sequencing 

results that indicated trypanosome infection (Northover et al; unpublished data). 

 

4.2.2 DNA extraction and 18S rDNA amplification  

DNA was extracted from 200 µl of anticoagulated blood using the QIAamp 96 DNA 

blood kit (Qiagen, Hilden, Germany) following the manufacturer’s instructions. Samples 

were initially screened using generic Trypanosoma spp. 18S rDNA PCR primers (SLF 

(5` GCTTGTTTCAAGGACTTAGC 3`), S762R (5` GACTTTTGCTTCCTCTAATG 

3`), S825F (5` ACCGTTTCGGCTTTTGTTGG 3`), and SLIR (5` ACATTGTAGTG 

CGCGTGTC 3`) in a nested PCR protocol (Maslov et al., 2006; McInnes et al., 2009), 

under the following conditions for the primary reaction: an initial pre-amplification step 

of 94°C for 5 min, 50°C for 2 min, and 72°C for 4 mins; followed by 35 cycles of 94°C 

for 30 sec, 55°C for 30, and 72°C for 2 min and 20 sec; and a final extension step at 72°C 

for 7 min. The nested reaction was performed under the following conditions: an initial 

pre-amplification step of 94°C for 5 min, 50°C for 2 min, and 72°C for 4 mins; followed 

by 35 cycles of 94°C for 30 sec, 56°C for 30 sec, and 72°C for 2 min and 20 secs; and a 

final extension step at 72°C for 7 min.  
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Table 4.1: Marsupial blood samples used in targeted amplicon next generation 

sequencing (NGS). Sample ID of collected samples, host species (WOY = woylie, BTP 

= brushtail possum, CHU = chuditch), site location (PER = Perup, WAR = Warrup East, 

WAL = Walcott), before (pre) or after (post) translocation, Trypanosoma that were 

identified in NGS (C = Trypanosoma copemani, V = T. vegrandis, N = T. noyesi, A = T. 

sp. ANU2, G = T. gilletti, I = T. irwini, AT = T. sp. AAT, AA = T. avium, U = unknown, 

CR = Crithidia spp.), and the ZOTUs that infected each sample are included. 

Sample ID Dup Host Site Trans

. 

Trypanosoma ZOTUs 

4466_S34  BTP PER Pre  C 1 

4762_S8  WOY PER Pre  C,A 2,4,47,79 

4771_S35 D1 BTP PER Pre  C 1 

4772_S79  BTP PER Pre  C 1 

4827_S5  BTP PER Pre  C 1 

4829_S43  WOY PER Pre  C 1 

4832_S36 D2 BTP PER Pre  C 1 

4835_S21  WOY PER Pre  N,C 3,14,51,78,40,44,42 

4838_S83  BTP PER Pre  C 1 

4853_S86  WOY WAR Pre  C,N,A,V 1,2,3,4,6, 

4865_S2  BTP WAL Pre  C 1 

4871_S76  CHU WAL Pre  V 7,50,6,46 

4944_S62  BTP WAL Pre  C 1 

4953_S67  BTP WAL Pre  C 1 

4976_S96  BTP WAL Pre  C,N 1,3 

4977_S3  WOY WAL Pre  G 9 

4986_S78 D3 BTP WAL Pre  C 1 

4990_S58  WOY WAL Pre  C 1 

4995_S74  BTP WAR Pre  C 1 

4996_S6  BTP WAR Pre  C,A 2,4 

4998_S80 D4 BTP WAR Pre  A 31,59,62,66 

5001_S32  BTP WAR Pre  C,V 1,6,7,46 

5034_S88  WOY WAL Pre  V 17,25,29,33,35,32 

5046_S47 D5 WOY WAL Pre  V 5,10 

5068_S31 D6 BTP WAL Pre  C 1 

5071_S55  BTP WAL Pre  C 1 

5072_S29  WOY WAL Pre  C,V 1,6 

5078_S66  BTP WAL Pre  V 5 

5080_S17  WOY WAL Pre  C 1 

5099_S30  BTP WAR Pre  C,V 1,83 

5127_S77  WOY PER Pre  C 1 

5144_S85  WOY PER Pre  N,CR, 3,26,41,65,75,18 

5147_S48  WOY PER Pre  C,N,AA 1,3,21 

5158_S90  BTP WAR Pre  C,V 1,49,71,85 

5245_S10  WOY WAR Pos  A 4,16 

5266_S93  WOY PER Pre  A 4 

5268_S11  WOY PER Pre  C,A 1,2,4 

5323_S59  WOY PER Pre  C,G 1,8 

5366_S24  WOY PER Pre  C 2 

6237_S81  WOY WAL Pos  C 1 

6251_S91  WOY WAR Pos  A,V,N 4,5,34,36,56,72,73,74,76, 3,4,82 

6370_S28  WOY WAL Pos  A,V,C 4,5,12 

6410_S13 D7 WOY WAL Pos  V 6,15,22 

6415_S40  WOY WAL Pos  C,N 2,3,19,28,30,55 

6473_S63  WOY WAL Pos  C,V,I, 2,5,13,56,64,77 

6587_S16  BTP WAL Pos  C,N,A 2,3,4,53,81 

6594_S27  WOY WAL Pos  V 6,54 
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6598_S75  WOY WAL Pos  V,U,N,C 5,20,27,52,69 

6601_S7 D4 BTP WAR Pos  C 1 

6709_S14 D7 WOY WAL Pos  N,A,AT,V,C 1,3,4,24,37,45,48,38,61,58 

6714_S52  WOY WAL Pos  N,C 23,39 

6838_S84  BTP WAL Pos  C 1 

6839_S82  BTP WAL Pos  C,V 1,43,84 

6840_S71  WOY WAL Pos  C 1 

6850_S50  BTP WAL Pos  C 1 

6857_S19  BTP WAL Pos  C 1 

6978_S70  BTP WAR Pos  C 1 

6986_S15 D3 CHU WAR Pos  C,N,A 1,3,63,67,64 

6988_S54  BTP WAR Pos  C 1 

7000_S46  BTP WAL Pos  C 1 

7012_S23 D6 BTP WAL Pos  C 1 

7024_S41  CHU WAL Pos  N,V 3,5,68,70 

7034_S1 D5 WOY WAL Pos  C 1,2 

7036_S49  WOY WAL Pos  C,V 1,5,43,60,11 

7042_S51  WOY WAR Pos  C,A 2,4 

7904_S18 D1 BTP PER Pos  C 1 

7909_S60  BTP PER Pos  C 1 

7912_S72 D2 BTP PER Pos  C 1 

7938_S22  WOY WAR Pos  A 4 

8068_S87  WOY WAL Pos  N,C 3,39,57,80 

 

Both primary and nested reactions were performed in 25 µl volumes consisting of 1 µl of 

DNA, 0.8 µM of each primer, 200 µM of dNTPs, 2 mM of MgCl2 and 0.2 µl of Taq DNA 

polymerase (Thermofisher). Trypanosoma-positive samples were then screened using 

clade-specific primers for T. copemani, T. vegrandis, and T. noyesi (Botero et al., 2013). 

Positive and negative controls were used to regulate contamination of reagents and PCR 

products. All amplification reactions were performed in a PT100 thermocycler (MJ-

Research). PCR amplicons were electrophoresed through 2% agarose gels and visualised 

with SYBR Safe Gel Stain (Invitrogen, USA). All equipment was sterilised with 10% 

bleach and/or UV treatment between steps. 

 

4.2.3 NGS 18S rDNA library preparation and targeted amplicon sequencing 

A total of 70 Trypanosoma-positive wildlife blood samples and 5 negative controls 

(reagents only) were selected for targeted amplicon sequencing (Table 4.1). A separate 

lab space was prepared prior to amplicon isolation that was previously unexposed to 

trypanosomes to prevent exposure of these samples to Trypanosoma DNA. All surfaces 

were treated with 10% bleach between isolation steps. Targeted Trypanosoma 18S rDNA 

amplicon libraries were prepared as described by Barbosa et al. (2017b). Briefly, 

amplicons were generated with the generic Trypanosoma nested PCR assay with external 

primers S825F and TrypAllR (5` GACTGTAACCTCAAAGCTTTCGC 3`) (Barbosa et 
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al., 2017b), and nested primers S825F and S662R. Nested primers also contained MiSeq 

adapter sequences at the 5’ end (Illumina). PCR amplicons were electrophoresed through 

2% agarose gels and visualised with SYBR Safe Gel Stain (Invitrogen, USA). Selected 

bands were excised from the gel in a sterile manner, purified using an in-house filter tip 

method (Tautz and Renz 1983, Yang et al, 2013) and stored at -20°C until further use. 

Samples were stored in individual tubes and keep separate from other amplicons in 

sterilised (10% bleach and UV trematment) containers at -20°C before indexing to 

prevent contamination. Each sample was uniquely indexed with Illumina Nextera XT 

indices (Illumina, San Diego, USA), and the final sequencing library was prepared 

according to the manufacturers recommendations (Illumina). The library was sequenced 

on an Illumina MiSeq using a 500 cycle v2 kit (Illumina, San Diego, USA) according to 

the manufacturer’s recommendations to produce amplicons approximately ~450 bp in 

length (250 bp paired-end reads).  

 

4.2.4 Quality filtering and taxonomic assignment 

Raw paired-end reads were merged with USEARCH v9.2 (Edgar, 2017) with a minimum 

of 50 nt overlap and no gaps allowed in the merged alignments. Only sequences that 

contained perfect (no mismatches) primer sequences were retained for analysis, and 

primer sequences and distal bases were trimmed from the sequences in Geneious v. 8.1. 

Sequences were then quality filtered to allow only reads with < 1% expected error as 

calculated with USEARCH v9.2 fastq_filter algorithm, and sequences > 300 nt remained 

in the dataset. Sequences with ≤ 10 replicate reads were also removed from the dataset. 

Chimeras were removed and sequences were denoised with UNOISE2 (Edgar, 2016) into 

zero-radius operation taxonomic units (operationals), effectively removing reads that 

were the result of PCR and/or sequencing error, leaving biologically correct sequences 

for taxonomic assignment. Taxonomic assignment was performed by aligning ZOTUs to 

a reference database of known 18S rDNA Trypanosoma spp. sequences downloaded from 

Genbank, which were aligned using MUSCLE (Edgar et al., 2004) (Table 4.2). Any 

ZOTU that was not identical to known Trypanosoma spp. were investigated by comparing 

to the Genbank database using BLAST (Altschul et al., 1990). The phylogeny of the 85 

identified ZOTUs and a sub-set of reference strains including two outgroups (Leptomonas 

spp. and Phytomonas serpens) downloaded from Genbank (2017) was investigated using 

Bayesian analysis (10000000 generations, sampling frequency of 1000, burn-in 3000), of 
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the 377 bp rDNA sequence,  was run in Mr Bayes v. 3.1.2 (Ronquist and Huelsenbeck, 

2003), which confirmed species-group assignment.   

 

4.2.5 Analyses of infracommunity diversity and composition 

Following taxonomic assignment of ZOTUs, heatmaps of all samples (n = 70) were 

generated using QIIME v. 1.9.2 (Caporaso et al., 2010) to observe trypanosome 

abundance and diversity within individual hosts. Diversity analysis was performed on the 

individual animals (n = 56) in the dataset, excluding the same animal trapped on different 

dates (Table 4.1). ZOTU diversity within hosts was measured by the number of ZOTUs 

(S) and the Shannon-Wiener index (H). Differences in these parameters among host 

species were assessed by a non-parametric Wilcoxon sum-rank test. Similarities in ZOTU 

composition among hosts were estimated from square root transformed abundance data 

using the Bray-Curtis coefficient. Differences in ZOTU composition among host species 

were visualised using principle coordinate plots, implemented in QIIME v. 1.9.2 and 

tested for significance by a permutation procedure applied to the pairwise similarity 

matrix (one-way ANOSIM, implemented in PRIMER v. 6.0; Clarke and Gorley, 2006). 

The contribution of individual ZOTUs to differences in composition among host species 

was assessed by averaging the Bray-Curtis coefficients for each ZOTU over all pairwise 

host combinations, using the SIMPER procedure in PRIMER v. 6.0 (Clarke and Gorley, 

2006). 

 

4.2.6 Identification and phylogenetic analysis of Trypanosoma sp. ANU2 

A novel Trypanosoma sp. genotype was identified in the woylie, brushtail possum, and 

chuditch designated T. sp. ANU2 using hemi-nested PCR and Sanger sequencing 

(Northover et al; unpublished data). This was subsequently identified and further 

characterised in this study using NGS and submitted to Genbank under the accession 

number MF459652. A phylogenetic analysis was conducted to investigate its 

evolutionary lineage. Samples positive for T. sp. ANU2 were sequenced using the generic 

PCR primers in both directions using an ABI PrismTM Terminator Cycle Sequencing Kit 

on an Applied Bio-system 3730 DNA Analyser (Applied Bio-systems, California, USA). 

A multiple-sequence alignment of 1406 bp containing; the new isolate, 45 sequences 

downloaded from Genbank (2017), and two outgroups (Trypanosoma brucei gambiense 
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and Trypanosoma brucei rhodesiense), was conducted using MUSCLE. A GTR+G+I 

substitution model selected by jModelTest v. 2.1.1 (Posada, 2008) was used in the 

construction of neighbour-joining, maximum-likelihood, and bayesian analysis trees. 

Bootstrap support for 1000 replicates was performed for neighbour-joining and 

maximum-likelihood analysis using MEGA v. 6 (Tamura et al., 2013), and bayesian 

posterior probabilities were generated using Mr Bayes v. 3.1.2 (10000000 generations, 

sampling frequency of 1000, burn-in 3000). 

 

4.3 Results 

4.3.1 Trypanosoma spp. identified in NGS 18S rDNA targeted amplicon sequencing 

From the 70 blood samples that tested positive for trypanosomes, genotypes from 85 

different ZOTUs were identified, which were assigned to nine species groups (Table 4.1, 

Figure 4.1). The most common trypanosome identified in the 56 blood samples was T. 

copemani with 17 unique ZOTUs in 52 individual hosts, including all three host species. 

The most abundant genotype isolated was most similar to G1, differing in only 2 bp 

(indels) and found in 44 samples from 41 hosts. The second most prevalent genotype was 

identical to G2 and isolated in 10 samples from 10 hosts (woylies and brushtail possums). 

There were 15 other ZOTUs of T. copemani (Figure 4.1) that were assigned to either G1 

or G2 based on the phylogenetic topology (Figure 4.1, Figure 4.2). Brushtail possums 

were infected mainly with G1, while woylies were commonly infected with both G1 and 

G2 (Figure 4.3). 

Both, T. vegrandis and T. gilletti were also found in all three host species, with 34 ZOTUs 

in 20 samples from 19 hosts, and T. noyesi had 13 ZOTUs in 14 samples from 14 hosts, 

including woylies and brushtail possums. Phylogenetic analysis was unable to separate 

the large number of T. vegrandis/T. gilletti ZOTUs into two separate species, which may 

be due to the small region of 18s rRNA amplified, and consequently these were all 

assigned to the same species complex (Figure 4.1). Trypanosoma irwini was identified as 

three ZOTUs in one woylie sample. Oddly, known avian trypanosomes were also isolated 

in two woylie samples including T. sp. AAT (two ZOTUs) and T. avium (one ZOTU) 

(Figure 4.1).  
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Table 4.2: Trypanosoma spp. reference database used for taxonomic assignment. Species 

or genotype name is included along with Genbank accession number and host species. 

Species/Genotype Accession no. Host 

Trypanosoma copemani G1 KC753530 

Woylie (Bettongia 

penicillata) 

Trypanosoma copemani G2 KC753531 Woylie 

Trypanosoma copemani EU571234 

Quokka (Setonix 

brachyurus) 

Trypanosoma copemani JD-2008b isolate P63 EU571233 Quokka 

Trypanosoma copemani EU571232 Gilbert’s potoroo 

(Potorous gilbertii) 

Trypanosoma copemani JD-2008a isolate P94 EU571231 Gilbert’s potoroo 

Trypanosoma copemani H26 AJ009169 

Wombat (Vombatus 

ursinus) 

Trypanosoma copemani AAI AJ620559 Wombat 

Trypanosoma copemani AAP AJ620558 Wombat 

Trypanosoma sp. ABF AJ620564 

Wallaby (Wallabia 

bicolor) 

Trypanosoma sp. AAT AJ620557 

Currawong (Streptera 

spp.) 

Trypanosoma irwini FJ649479 

Koala (Phascolarctos 

cinereus) 

Trypanosoma sp. ANU2 MF459652 Woylie  

Trypanosoma vegrandis G3 KC753533 Woylie 

Trypanosoma vegrandis G4 KC753532 Woylie 

Trypanosoma vegrandis G5 KC753534 Woylie 

Trypanosoma vegrandis G6 KC753535 Woylie 

Trypanosoma vegrandis G7 KC753536 Woylie 

Trypanosoma noyesi G8 KC753537 Woylie 

Trypanosoma sp. AP-2011a isolate 15 JN315381 Brushtail possum 

(Trichosurus vulpecula) 

Trypanosoma sp. AP-2011a isolate 1 JN315382 Brushtail possum 

Trypanosoma sp. AP-2011a isolate 64 JN315383 Brushtail possum 

Trypanosoma sp. AP-2011b isolate 27 clone 2 JN315384 Woylie 

Trypanosoma sp. AP-2011b isolate 27 clone 1 JN315385 Woylie 

Trypanosoma sp. AP-2011b isolate 27 clone 3 JN315386 Woylie 

Trypanosoma sp. AP-2011b isolate 28 clone 11 JN315387 Woylie 

Trypanosoma sp. AP-2011b isolate 28 clone 2 JN315388 Woylie 

Trypanosoma sp. AP-2011b isolate 28 clone 4 JN315389 Woylie 

Trypanosoma sp. AP-2011b isolate 28 clone 8 JN315390 Woylie 

Trypanosoma sp. AP-2011b isolate 4 clone 10 JN315391 Woylie 

Trypanosoma sp. AP-2011b isolate 4 clone 6 JN315392 Woylie 

Trypanosoma sp. AP-2011b isolate 4 clone 8 JN315393 Woylie 

Trypanosoma sp. AP-2011b isolate 27 clone 4 JN315394 Woylie 

Trypanosoma gilletti GU966589 Koala 

Trypanosoma noyesi H25 AJ009168 Kangaroo (Macropus 

giganteus) 

Trypanosoma noyesi TF3382 KX008320 Tabanid fly 

Trypanosoma noyesi TF2170 KX008319 Tabanid fly 
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Trypanosoma noyesi TF1362 KX008318 Tabanid fly 

Trypanosoma noyesi TF1261 KX008317 Tabanid fly 

Trypanosoma noyesi TF1160 KX008316 Tabanid fly 

Trypanosoma noyesi TF1059 KX008315 Tabanid fly 

Trypanosoma noyesi TF857 KX008314 Tabanid fly 

Trypanosoma noyesi TF212 KX008313 Tabanid fly 

Trypanosoma noyesi TF27 KX008312 Tabanid fly 

Trypanosoma noyesi KU3544263 Woylie 

Trypanosoma noyesi KX361179 Brushtail possum 

Trypanosoma  noyesi KX361178 Brushtail possum 

Trypanosoma vegrandis KX361180 Northern brown bandicoot 

(Isoodon macrourus) 

Trypanosoma vegrandis KX361181 Northern brown bandicoot 

Trypanosoma vegrandis KX361182 Northern brown bandicoot 

Trypanosoma teixeirae KT907061 Little red flying fox 

(Pteropus scapulatus) 

 

 

Additional to known Trypanosoma spp., a Crithidia spp. was isolated from a woylie that 

did not match any known Crithidia spp. in Genbank (accession MF459653). Three 

ZOTUs from a single woylie host did not align with any known Trypanosoma spp. in 

Genbank (Figure 4.1). An unknown sample was detected in one sample (three ZOTUs), 

however, considering the placement at the base of the phylogenetic tree it is unlikely to 

be a Trypanosoma spp. (Figure 4.1), and the ZOTUs sequences did not align with any 

known Trypanosoma spp. in Genbank.  

Eight ZOTUs from 14 hosts including 10 woylies, 3 brushtail possums, and one chuditch 

(Table 4.1) grouped with the putative new species Trypanosoma sp. ANU2 (Figure 4.1). 

More detailed phylogenetic analysis revealed that T. sp. ANU2 is most closely related to 

T. copemani, although it appears to be a new species group (Figure 4.4). The genetic 

distances between T. sp. ANU2 and T. copemani G1 were 9.7%, and between T. sp. 

ANU2 and T. copemani G2 were 10.3%. 
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Figure 4.1: Phylogenetic relationships between Trypanosoma spp. ZOTUs assigned to 

nine species groups compared to 24 representative reference strains downloaded from 

Genbank. Phytomonas serpens and Leptomonas sp. were used as outgroups. Bayesian 

analysis was used to produce tree topology and posterior probability is shown at nodes. 

Scale bar represents substitution per site. 
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Figure 4.2: Phylogenetic assignment of Trypanosoma copemani ZOTUs separating 

ZOTUs as either T. copemani genotype 1 (G1) or genotype 2 (G2). Neighbour-joining 

and maximum-likelihood tree searches were generated and the maximum-liklihood tree 

is shown. Neighbour-joining and maximum-liklihood bootstrap support for 1000 

replicates is shown at nodes, respectively. Scale bar represents substitution per site. 

 

 

Figure 4.3: Abundance and diversity map of Trypanosoma copemani genotype 1 (G1) 

and genotype 2 (G2) positive samples. ZOTUs were sorted into G1 or G2 based on 

phylogenetic inference shown in rows, while columns are individual marsupial blood 

samples from infected individuals. The map represents samples separated by host species, 

which were WOY = woylie, or BTP = brushtail possum. Grayscale indicates number of 

sequences obtained from that sample as shown in the intensity bar on the right (log 

transformed abundance). 
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Figure 4.4: Phylogenetic relationships between Trypanosoma sp. ANU2 and other 

members of Trypanosoma. Maximum likelihood tree is shown. Neighbour-joining and 

maximum-likelihood bootstrap support followed by Bayesian posterior probability is 

shown at nodes, respectively. Genbank accession numbers follow species/genotype 
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description. Trypanosoma species/genotypes isolated in Australia are in bold. Scale bar 

represents substitution per site. 

 

Figure 4.5: Abundance and diversity map of Trypanosoma spp. ZOTUs in different 

marsupial blood samples assigned to species groups shown in rows, while columns are 

individual blood samples. Samples are separated by host species including; WOY = 

woylie (34), CHU = chuditch (3), and BTP = brushtail possum (33). Grayscale indicates 

increasing number of sequences obtained from that sample, in that species, as shown in 

the intensity bar on the right. Species include; C = Trypanosoma copemani, V = T. 

vegrandis, N = T. noyesi, G = T. gilletti, A = T. sp. ANU2, I = T. irwini, AT = T. sp. AAT, 

U = unknown, AA = T. avium, and CR = Crithidia spp. 
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4.3.2 Polyparasitism and diversity present in samples from different marsupial species 

Mixed infection with different trypanosome species and/or genotypes were identified in 

35 samples from 35 hosts and was greater in woylies than in brushtail possums (Figure 

4.5, Figure 4.6). Polyparasitism varied in number and some individuals had up to five 

different species assignments (Figure 4.6). ZOTU diversity was greater in woylies than 

in brushtail possums, as measured by both species richness (for woylies S = 3.3 (95% CI 

2.4-4.2), for brushtail possums S = 1.5 (1.1-1.9); z = 3.71, P= 0.0002) and the Shannon-

Weiner index (for woylies H = 0.76 (95% CI 0.53-1.00), for brushtail possums H = 0.16 

(0.03-0.29); z = 3.87, P= 0.0001). As well as differing in trypanosome diversity, host 

species also differed in ZOTU composition (Figure 4.5). This difference was confirmed 

by ANOSIM (R = 0.24, p < 0.001) and the dissimilarity between abundance and diversity 

of ZOTUs between woylies and brushtail possums was visualised using principle 

coordinate plots (Figure 4.7). SIMPER analysis showed that almost 80% of the 

dissimilarity between host species was due to differences in abundance of just seven 

ZOTUs, with ZOTU 1 (G1) being relatively more abundant in brushtail possums (Figure 

4.5), and ZOTUs 2 (G2), 3 (T. noyesi), 4 (T. sp. ANU2), 5, 7, and 85 (T. vegrandis) being 

relatively more abundant in woylies. 
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Figure 4.6: Trypanosoma spp. polyparasitism in 70 blood samples taken from marsupials 

in the Upper Warren Region (UWR). Marsupial species include: woylie (WOY), brushtail 

possum (BTP) and chuditch (CHU). Trypanosoma spp. include; C = Trypanosoma 

copemani, V = T. vegrandis, N = T. noyesi, G = T. gilletti, A = T. sp. ANU2, I = T. irwini, 

AT = T. sp. AAT, U = unknown, AA = T. avium, and CR = Crithidia spp.  
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Figure 4.7: Principle co-ordinates analysis plots demonstrating relationship between 

Trypanosoma spp. ZOTUs and host species. Distance matrices were generated using 

Euclidean distances to show distance between abundance of ZOTUs between host 

marsupial species; the woylie (blue squares) and brushtail possum (red circles). 
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4.4 Discussion 

This study is part of recent investigation into parasite diversity among woylies and other 

marsupials in the UWR of WA. Targeted amplicon NGS of the 18S rDNA loci in 70 

blood samples from 56 wildlife hosts revealed: (1) extensive trypanosome diversity and 

polyparasitism, particularly among woylies; (2) a greater abundance of the potentially 

pathogenic G2 strain of T. copemani in woylies than in cohabiting brushtail possums; and 

(3) evidence that the current species-level taxonomy of Australian trypanosomes may 

need revision. 

 

4.4.1 Parasite diversity 

High within species diversity was observed with 85 ZOTUs being assigned in nine species 

groups, which cover the major trypanosome species identified in Australian wildlife 

including T. noyesi, T. vegrandis, and T. copemani. The 85 different ZOTUs that were 

identified presumably represent within-species diversity present between the different 

species of Australian Trypanosoma. This diversity should be treated with caution as the 

MiSeq platform has a small error rate (Quail et al., 2012), and errors often occur during 

PCR. However, error was accounted for by using UNOISE2 to filter and group sequences 

into ZOTUs in order to generate more biologically relevant sequencing data (Edgar, 

2017). In addition to the unexpectedly high diversity found within T. copemani, discussed 

below, a large number of unique genotypes of T. vegrandis and T. noyesi were also 

isolated from woylies, brushtail possums, and chuditch. The large number of genetic 

variants could reflect the long period of isolation in Australia or suggest a wide range of 

vectors. The high within-species diversity could also indicate genetic exchange, which 

occurs in a number of other trypanosomes such as T. brucei (Jenni et al., 1986), and T. 

cruzi (Gaunt et al., 2003), which forms hybrid species that increase genetic diversity.  

ZOTU diversity was much greater among woylies than among brushtail possums. 

Brushtail possums were infected primarily with the G1 genotype of T. copemani. The 

woylie is known to host species-specific parasites (e.g. Potoroxyuris keninupensis, Hobbs 

and Elliot, 2016; Ixodes woyliei, Ash et al., 2017), but species specificity is not commonly 

seen in trypanosomes in Australia. Indeed, indigenous trypanosomes, especially T. 

copemani and T. noyesi, infect many different marsupials across the country (Cooper et 

al., 2016). There are a number of factors that could account for differences observed 

between the woylie and the brushtail possum. Ecological differences exist for example, 
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the woylie is terrestrial while the brushtail possum is both terrestrial and arboreal. 

Behavioural differences are also observed between the host species in their social 

interactions, foraging behaviours, and sheltering habits that could influence the vectors 

that hosts are exposed to. Physiological differences such as stress and immune function 

could be contributing to more diverse parasite infections, although no real evidence exists 

that immune function is compromised in the remaining woylie populations. A 

collaborative study carried out in the UWR using faecal cortisol metabolite (FCM) 

concentration as an indicator of stress found higher FCM concentrations in woylies (both 

translocated and resident) after translocation (Hing et al., 2017). Lastly, epidemiological 

factors such as population size and status between the species could also result in 

differences in their exposure to trypanosome vectors or their susceptibility to infection.  

A number of interesting and unexpected findings were observed including the detection 

of avian trypanosomes in the woylie. This is not the first time that avian trypanosomes 

have been identified in marsupials in Australia with T. sp. AAT reported in the marsupial 

Bettongia lesueur (boodie) (Averis et al., 2009). The presence of avian trypanosomes in 

marsupials could be explained by opportunistic infection from increased susceptibility 

associated with depressed immune function and/or stress as discussed above (McInnes et 

al., 2011a; Hing et al., 2017). Trypanosoma irwini was found for the first time in WA and 

this is the first occurrence of this parasite infecting a marsupial other than the koala 

(McInnes et al., 2009; McInnes et al., 2011a; Barbosa et al., 2017b). Trypanosoma gilletti, 

which has been detected in the region before (Northover et al; unpublished data) was also 

detected from the woylie; although T. gilletti is closely related to T. vegrandis and as 

more genotypes of T. vegrandis are identified the more blurred the boundaries that 

separate these two trypanosome species become. Considering that the genetic 

relationships remain unclear and the morphology of T. gilletti has not been described, 

they could actually belong to the same species complex. However, further studies and 

longer DNA fragments would be required to explore this further. Although a member of 

the trypanosomatidae family, the presence of Crithidia spp. in this study was unexpected 

considering they are known to be arthropod parasites. To our knowledge this is the first 

report of Crithidia spp. in marsupials. Woylies may be bitten by insects that carry chronic 

infections with Crithidia that would result in the amplification of these parasites in their 

blood even though they may not cause acute infection in the vertebrate host, similar to 

the avian trypanosomes. As with the avian trypanosomes, unusual trypanosome 
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identifications in woylie blood may reflect facultative infections in an immunologically 

vulnerable host (Wayne et al., 2008; Hing et al., 2017).  

 

4.4.2 Polyparsitism 

Although it has been known for some time that marsupials in Australia host multiple 

Trypanosoma infections (Botero et al., 2013; Thompson et al., 2013a), it is only recently 

been reported that the actual composition of trypanosomes present in a single host can be 

detected by using NGS (Barbosa et al., 2017b). Polyparasitism with trypanosomes was 

found to be extensive in the marsupials investigated here. Considering that Trypanosoma 

spp. infection in wildlife is presumed to be largely acute and under normal circumstances 

does not cause chronic infection or disease in the host (Hoare, 1972), this high level of 

polyparasitism is also unexpected. Multiple infections could result from frequent re-

infection of the host from invertebrate vectors, or from the onset of chronic disease. 

However, it is difficult to understand parasite transmission or account for multiple 

infections with different trypanosomes without any knowledge of the vectors that transmit 

them, or the capacity of Australian trypanosomes to cause disease. In T. cruzi, the 

causative agent of Chagas disease, polyparasitism is known to have an impact on disease 

progression and response to treatment (Perez et al., 2014), however, what happens when 

multiple trypanosome infections occur with Australian trypanosomes remains unknown. 

Previous investigations into polyparasitism in the woylie looking at only T. copemani, T. 

vegrandis, and T. noyesi infections suggested that T. vegrandis may moderate sequential 

infection against T. copemani (Thompson et al., 2013b), although there is no known 

mechanism for this. It was also observed that over time woylies that became infected with 

T. copemani remained infected with T. copemani (Thompson et al., 2013b). However, 

whether this is due to constant reinfection or chronic disease cannot be accounted for in 

this study. It would be interesting to determine if these animals could maintain infection 

over time without constant exposure to vectors. It is likely that the prevalence of the three 

most common trypanosomes (T. copemani, T. vegrandis, and T. noyesi) may have been 

misrepresented in previous studies due to the limitations of only using the species-specific 

primers or Sanger sequencing. Considering the high level of species diversity observed 

here, it is unlikely that species specific primers detect all genotypes present in these 

species groups. The recent improvement in molecular techniques in the last decade have 
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made it easier to determine and investigate the true degree of polyparasitism and the 

impact this has upon, the host in the future. 

 

4.4.3 Trypanosoma copemani 

Seventeen different OTUs were assigned to the species T. copemani. This was 

unexpected, as previous studies of T. copemani variants in woylies from a number of 

different populations had identified only G1 or G2 (Botero et al., 2013; Thompson et al., 

2013b). This suggests that the true intraspecific genetic diversity was overlooked by 

traditional Sanger sequencing. The 17 ZOTUs found here, however, were separated into 

two separate clades, which aligned with published G1 and G2 sequences. The most 

abundant genotype in the dataset was almost identical to G1, although it differed by two 

inserted base pairs compared to the published version (Botero et al., 2013 and was most 

common in brushtail possums. ZOTUs from the G2 clade were found more commonly in 

woylies, although a larger sample size would be necessary to understand the true 

prevalence of G2 in brushtail possums in the area. It is possible that G2 is transmitted by 

a vector that woylies are exposed to more often, thus accounting for the higher number 

of infections of G2 in the woylie (Botero et al., 2013: Thompson et al., 2013b). This is 

the first time G2 has been detected in the brushtail possum, although G2 was previously 

isolated in the quokka (Setonix brachyurus), western quoll (Dasyurus geoffroii), quenda 

(Isoodon obesulus) (Botero et al., 2013), and more recently the koala (Barbosa et al., 

2017b). It should also be noted that blood samples were collected over a period of time, 

which may significantly influence parasite prevalence (Thompson et al., 2013b). 

Additionally, we cannot rule out that investigating blood samples accounts for acute 

infection only, thus G2, which may infect tissues and establish chronic infection (Botero 

et al., 2013; Botero et al, 2016), could be under-represented in this study. Although there 

is no discerning histology that suggests G2 has the capacity to cause disease in marsupials 

(Botero et al., 2016; Cooper et al., 2017), it has been observed inside mammalian cells 

indicating T. copemani may have a facultative intracellular stage. A higher prevalence of 

G2 was found in the UWR in the past (Botero et al., 2013), which combined with the 

presence of T. copemani DNA detected in tissues by PCR and observations of amastigote-

like parasites that appeared to be inside cells in vitro led to the hypothesis that they could 

be contributing to the decline of the woylie. The two strains (G1 and G2) may constitute 
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two separate species, although further research needs to be conducted in order to truly 

determine this (see below). 

 

4.4.4 Implications for species-level taxonomy 

The novel trypanosome T. sp. ANU2 was identified in all three marsupial hosts and at all 

three sampling locations in the UWR. However, this genotype has not been knowingly 

observed in blood smears from infected animals. Recently operational taxonomic units 

phylogenetically similar to T. sp. ANU2 were identified in very small numbers in koalas 

(Barbosa et al., 2017b). Here, T. sp. ANU2 was only identified after Sanger sequencing 

using dye for GC rich sequences and increasing the denaturation step in the sequencing 

reaction to prevent losing signal due to a long repeat region of thymine (data not shown). 

It was not possible to amplify DNA from any other loci apart from 18S rDNA. Further 

research, sequencing multiple loci and examining morphological and biological 

characteristics, is required to determine whether T. sp. ANU2 requires formal designation 

as a distinct species. Under an evolutionary or general lineage concept of species, a 

species represents a single lineage of organisms with a common evolutionary trajectory, 

distinguishable from other such lineages (Lymbery and Thompson, 2012). Under this 

concept, delimiting species is a two-step process: firstly determining that the putative 

species forms a monophyletic group in a comprehensive phylogenetic reconstruction of 

the genus; and secondly inferring the potential for this group to maintain a cohesive 

evolutionary trajectory. 

NGS technologies are vastly superior at establishing diversity present in a community by 

making it easier to identify polyparasitism and estimate prevalence more accurately. 

Future studies should focus on trying to understand the relationships that occur between 

these parasites and their marsupial hosts to describe the impact of trypanosomes in 

Australia. In the future it is vital that the invertebrate vectors of Australian trypanosomes 

are identified so the factors that influence their transmission and diversity can be better 

understood. Additionally, species-level taxonomy in trypanosomes in Australia needs to 

be revisited to describe the increasing number of species/genotypes that are detected by 

molecular investigations, and to provide supportive morphological and biological data. 

Increased understanding of the life histories of these trypanosomes will help to understand 

the role they play in their environment. This is especially important in areas like the UWR 
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that support many vulnerable marsupials in order to make informed decisions in the future 

regarding the health of the ecosystem and the animals that inhabit it. 
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Chapter 5. The marsupial trypanosome 

Trypanosoma copemani adversely affects cell 

health. 
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Abstract 

Trypanosoma cruzi, the causative agent of Chagas disease is a vector-borne protozoan 

parasite that multiplies inside mammalian cells, which can lead to chronic disease and 

death. In Australia it is estimated there are thousands of undiagnosed cases of Chagas 

disease that could pose a significant health risk to both human and vulnerable marsupial 

populations. Trypanosoma copemani is an Australian trypanosome isolated from local 

marsupials that has been implicated in their decline and like T. cruzi, it has the ability to 

invade mammalian cells in vitro. Here, T. cruzi, and two strains of T. copemani (genotype 

1 (G1) and genotype 2 (G2)) were incubated with marsupial cells in vitro for the first time 

to compare the mechanisms of invasion between these parasites. The mean number of 

parasites invading cells was significantly higher in T. cruzi when compared to either 

genotype of T. copemani, between which there was no significant difference. While 

capable of invasion, T. copemani did not appear to multiply in host cells in vitro as there 

was no increase in intracellular amastigotes over time and no release of new 

trypomastigotes from host cells after four days, as was observed in T. cruzi. Exposure of 

host cells to G2 trypomastigotes resulted in increased host cell membrane permeability 

within the first 24 hrs after infection and cell death/blebbing was also observed. G2 also 

became embedded in the cell membrane in Vero cells. While it is unlikely that T. 

copemani causes disease in healthy animals it should be investigated further in infected 

hosts to better understand the host parasite relationship and what factors could lead to 

overt disease, such as stress. Trypanosoma cruzi remains an unknown biosecurity risk in 

Australia, particularly if it were to become established in native vectors and mammalian 

hosts. 

 

Keywords: Trypanosoma cruzi, Trypanosoma copemani, Biosecurity, Marsupials, Host-

parasite interactions. 
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5.1 Introduction 

Trypanosomes are flagellate protozoan blood parasites responsible for a number of 

important, neglected diseases in the developing world. Trypanosoma cruzi, the causative 

agent of Chagas disease affects 6 - 7 million people and kills around 15,000 each year, 

mainly in Central and South America (Clayton, 2010; WHO, 2015). There are concerns 

Chagas disease will become a worldwide health problem due to international migration, 

urbanisation, deforestation, poor disease detection, limitied response to trypanocidal 

drugs, and insecticide resistance in vectors (Schmunis and Yadon, 2006; Munoz-Saravia 

et al., 2010). In Australia, T. cruzi was estimated to infect at least 3,000 Latin American 

immigrants in 2006 (Schmunis and Yadon, 2006; Gascon et al., 2010). Consequently, 

growing numbers of T. cruzi cases in Australia may represent a biosecurity risk. In 

Australia, there are two known trypanosome species, T. noyesi (Botero et al., 2016a) and 

T. teixeirae (Barbosa et al., 2016b) that are phylogenetically positioned within the T. cruzi 

clade. It is therefore possible that the vectors, which are currently unknown and transmit 

these local trypanosomes in Australia could also spread T. cruzi due to their genetic 

similarities (Thompson and Thompson, 2015). Recently it was found that bedbugs can 

transmit T. cruzi mechanically (Salazar et al., 2015), when previously only reduviid bugs 

had been recognised as vectors. This suggests other invertebrates could also become 

mechanical vectors (Thompson and Thompson, 2015). In a single study in Australia, 

native possums and a short-beaked echidna (Tachyglossus aculeatus) experimentally 

infected with T. cruzi resulted in a 60% mortality rate (Backhouse and Bolliger, 1951) 

demonstrating Australian marsupials are susceptible to T. cruzi infection. In South 

America, marsupials are natural reservoirs of T. cruzi increasing the number of animals 

infected and consequently the vectors, which creates spill-over into human populations 

(Travi et al., 1952). 

The ability to invade cells, which leads to chronic infection with T. cruzi, has only been 

observed in a few species of trypanosomes, and no other Trypanosoma spp. other than T. 

cruzi have been observed completing an intracellular life cycle in vivo. Other 

trypanosomes that exhibit intracellular behaviour in vitro include T. dionisii (Baker et al., 

1971; Baker et al., 1972, Baker and Green, 1973), T. erneyi (Lima et al., 2012), T. theileri 

(Lee et al., 2012), possibly T. rangeli (Tanoura et al., 1999; Eger-Mangrich et al., 2001; 

Zuñiga et al., 1997), and T. copemani (Botero et al., 2013; Botero et al., 2016b). 

Trypanosoma copemani is the only trypanosome from Australia that has also been 

observed inside mammalian cells, and it has been implicated in the decline of an 
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endangered marsupial species (Botero et al., 2013; Botero et al., 2016b). Woylies (brush-

tailed bettongs – Bettongia penicillata) infected with two strains of T. copemani 

(genotype 1 (G1) and genotype 2 (G2)) commonly showed signs of inflammation in 

various organs and T. copemani DNA was isolated from a number of different woylie 

tissues (Wayne et al., 2008; Wayne et al., 2013; Botero et al., 2013). The morphological 

form of T. cruzi present inside the cell is the amastigote, which lacks a flagellum and 

undergoes division inside mammalian cells (Hoare, 1972). Structures suggestive of 

amastigotes were observed histologically in woylie heart tissue; however, 

immunochemistry was not used to determine with any certainty what trypanosome 

species these amastigote-like cells belonged to (Botero et al., 2013). Further, G2 was 

reported to have intracellular stages in vitro in various immortalised mammalian cell lines 

(Vero (African green monkey kidney epithelial cells), L6 (Rattus norvegicus skeletal 

muscle cells), HCT8 (Homo sapiens colon cells) and THP1 (Homo sapiens leukemic 

monocyte)) with the highest infection rate observed in Vero cells (Botero et al., 2016b). 

However, to date the mechanisms by which T. copemani enters a cell is not known, and 

multiplication within host cells has not been observed. Additionally, the morphological 

form of T. copemani that is inside the host cell remains unconfirmed (Botero et al., 

2016b). 

Due to the occurrence of mixed infections with both G1 and G2 of T. copemani in the 

woylie, further investigation is required to confirm if only one genotype is invading cells 

and what mechanisms are being utilised. Cell invasion processes used by T. cruzi are 

complicated and not entirely understood (Clayton, 2010). Depending on the strain of T. 

cruzi and the host cell infected (Yoshida and Cortez, 2008; Epting et al., 2010) a number 

of endocytic pathways involving various molecules are used by T. cruzi to gain entry into 

cells, although cells are not damaged upon entry (Barrias et al. 2010; De Souza et al., 

2010; Barrias et al., 2013). It is known that T. cruzi recruits host cell lysosomes in order 

to build itself a parasitophorous vacuole after gaining entry to the cell (Sibley and 

Andrews, 2000). The lysosomes fuse to the phagosome after internalisation of the parasite 

(Kress, 1975; Rodriguez et al., 1999; Milder and Kloetzel, 2004). Following entry T. cruzi 

goes through roughly nine divisions, depending on the strain of parasite and host-cell 

used, before transforming into trypomastigotes and escaping the cell (Fernandes and 

Andrews, 2012). 

The objective of the current study was to investigate host cell-parasite interaction of T. 

cruzi, T. copemani G1, and T. copemani G2 with potoroo kidney epithelial cells (PtK2) 
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to observe their interactions with marsupial cells and investigate the presence of an 

intracellular life-cycle in T. copemani. Vero cells were also investigated due to the high 

infection rate observed with this cell line in vitro (Botero et al., 2016b). Confocal 

microscopy and electron microscopy techniques (TEM, SEM) were used to observe how 

the cell membrane is affected by parasite attachment and to explore what cell mechanisms 

could be involved in these interactions.  

  

5.2 Methods 

5.2.1 Maintenance of trypanosomes in culture 

Trypanosoma copemani G1 and G2 were previously isolated from woylie blood samples 

and stored in liquid nitrogen at Murdoch University (Botero et al. 2013). Trypanosoma 

copemani was grown in epimastigote form in an incubator at 28°C with 5% CO2. Cultures 

were maintained in biphasic medium containing brain-heart infusion (BHI), BBL agar- 

grade A, 0.48% gentamicin, and 10% defibrinated rabbit blood as a solid phase, and 

RPMI 1640 (Roswell Park Memorial Institute 1640) supplemented with tryptose 

(TRPMI) as in Noyes et al. (1999) as a liquid phase. All liquid media was supplemented 

with 10% fetal calf serum (FCS) and 1% penicillin-streptomycin. Trypanosoma cruzi 

10R26 strain (TcIIa) was maintained at 37°C with L6 cells and RPMI 1640 supplemented 

with 10% FCS and 1 % penicillin-streptomycin. Trypanosoma cruzi 10R26 strain, which 

was originally isolated by the research group of Michel Tibayrenc at the Institut de 

Recherce pour le Développement in Montpellier, France and was kindly provided by 

Professor Michael A. Miles. 

 

5.2.2 PtK2 cell infection kinetics of Trypanosoma cruzi, T. copemani G1, and G2 

Monolayers of Vero or PtK2 cells were grown in 12.5 cm2 flasks, trypsinised at 

confluency, and seeded onto tissue culture-slides (16-wells) at a concentration of 1 x 104 

cells/ml. Vero cells were grown in RPMI 1640 supplemented with 10% FCS and 1% 

penicillin-streptomycin, and PtK2 cells were grown in Minimal Essential Medium 

(MEM) supplemented with 10% FCS and 1% penicillin-streptomycin. After 24 hours, the 

media was discarded to remove non-adherent cells, the cells were washed with 1 x 

phosphate buffer solution (PBS), and 100 µl of parasite suspension containing 1 x 105 

parasites/ml was added to each well (1:10 cell/parasite ratio). Trypomastigotes were 
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generated by taking log phase cultures and growing them in Grace’s insect media (Grace 

and Brozostowski 1966) without FCS, which caused them to enter stationary phase. 

Stationary phase epimastigotes transform into trypomastigotes when resuspended in full 

media prior to incubation with cells at 37°C. However, not all parasites transform into 

trypomastigotes. Trypanosoma cruzi was maintained at 37°C with L6 cells in order to 

harvest metacyclic trypomastigotes newly hatched from cells. Slides were incubated at 

37°C and 5% CO2, and after 24hrs slides were washed in 1 x PBS before being 

resuspended in new MEM media. At different time-points post-infection (1 hr, 6 hrs, 12 

hrs, 24 hrs, 48 hrs, 72 hrs, 96 hrs, 120 hrs), the supernatant was discarded and slides were 

washed three times with 1 x PBS to remove non-adherent parasites. Coverslips were 

removed, culture-slides were air-dried, fixed in methanol, stained with the commercial 

stain ‘Diff-Quik’, and mounted using Depex (Sigma-Aldrich) for examination of 

intracellular parasites using light microscopy. Cell infectivity was measured by counting 

300 cells from 10 wells in each slide. The number of cells infected and number of 

amastigotes present in each infected cell was counted. Experiments were repeated on 

three separate occasions. Only cells that looked similar to T. cruzi amastigotes inside cells 

were counted. Attached parasites that were still in possession of a flagellum were 

excluded. Analyses of these data were performed using analysis of variance (ANOVA), 

and Fisher’s exact test in R 3.3.3 (R Core Team, 2017). 

 

5.2.3 Live-cell confocal microscopy of Trypanosoma copemani and PtK2 with 

propidium iodide 

PtK2 cells were grown in 12.5 cm2 flasks, trypsinised at confluency, and seeded onto 

MatTek® glass bottom dishes at a concentration of 1 x 104 cells/ml. After 24 hrs cells 

were washed with 1 x PBS and parasites were added at a concentration of 1 x 105 cells/ml. 

Parasites were grown at 28°C, and trypomastigotes for G1 and G2 were generated (see 

section 5.2.2). Parasites that were incubated with cells included T. copemani G2 

trypomastigotes, G2 epimastigotes, and G1 trypomastigotes. Controls included T. 

copemani G2 dead cells (heat treated at 72°C overnight and re-suspended in fresh MEM), 

parasite transformation media only (Grace’s without FCS), and cell media only (MEM). 

Propidium iodide (PI) was added to full culture medium at 200 µg/ml, 8 hours after 

infection. Time-lapse images were taken at 15-60 min intervals in 3 x-y positions and 3 z 

positions in the culture dish, for up to 24hrs. PI becomes fluorescent when it binds to 
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DNA, but it is not cell permeable, and is, therefore, only fluorescent and thus visible in 

cells with compromised membranes. All cells were counted in the field of view in order 

to estimate the proportion of cells with compromised membranes at 8 hrs, 16 hrs, and 24 

hrs. Experiments were repeated twice on separate occasions. The difference between dead 

parasites and dead culture cells was easily observed due to differences in the size and 

shape of cell nuclei (Figure 5.1). Live-cell experiments were conducted using a Tokai Hit 

stage top incubation chamber on a Nikon A1Si Confocal, and image analysis was 

conducted using NIS AR elements and Image J. Trypanosoma cruzi could not be included 

in experiments due to lack of a quarantine approved laboratory (QC2) with a confocal 

microscope. Data analysis was performed using analysis of variance (ANOVA), 

generalized linear mixed-effects models (lme4), and Fisher’s exact test in R 3.3.3 (R Core 

Team, 2017). 

 

5.2.4 Fixed cell confocal microscopy of Trypanosoma cruzi and T. copemani G2 with 

PtK2 to observe lysosome recruitment 

PtK2 cells were grown in 12.5 cm2 flasks, trypsinised at confluency, and seeded onto 

MatTek® glass bottom dishes at a concentration of 1 x 104 cells/ml. After 24 hrs cells 

were washed with 1 x PBS and parasites were added at a concentration of 1 x 105 cells/ml. 

Parasites were grown at 28°C, and trypomastigotes for G2 were generated (see section 

5.2.2). For experiments investigating the recruitment of lysosomes to the site of 

attachment Lysotracker® Deep Red (Molecular Probes® by Life Technologies) was 

added to full culture media containing parasites at a concentration of 75 nM for 5-10 mins. 

Parasites (T. cruzi, G1 and G1) and cells were fixed after infection experiments using 4 

% paraformaldehyde for 30 mins followed by 3 washes in 1 x PBS. After fixation cells 

were stained with 300 nM DAPI for 5 mins to visualise genetic material, then washed 

three times using 1 x PBS. Following fixation cells were mounted with a coverslip using 

a low fade mounting media containing Tris-PO4 buffer (pH 7.6), polyvinyl alcohol, 

glycerol and chlorobutanol. Z-stacks were created using a Nikon A1Si Confocal. Nikon 

NIS AR elements and Image J were used to analyse the data. PtK2 cells and T. cruzi that 

were incubated for 72 hrs and stained with DAPI were used as a control to observe 

amastigotes inside PtK2 cells. 
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Figure 5.1: Trypanosoma copemani infecting potoroo kidney epithelial (PtK2) cells in 

vitro fixed after 72 hrs. Parasites and cells are stained with propidium iodide (PI). Cell 

nuclei and parasite nuclei are easily differentiated due to the difference in their size. Left 

arrow points to the small nuclei of the parasite and the right arrow points to the larger 

nuclei of the cell. Channels are split into differential interference contrast (DIC), PI, and 

both channels merged. Scale bar = 20 µm. 

 

5.2.5 Scanning (SEM) and transmission (TEM) electron microscopy 

Cells (PtK2 and Vero) were grown on 10 mm round glass coverslips at 37°C and infected 

with parasites for 24 hrs or 48 hrs (see section 5.2.2) before being processed for scanning 

electron microscopy (SEM). Samples were prepared for SEM by fixation in 2.5% 

glutaraldehyde in 1 x PBS and stored at 4°C. Samples were dehydrated through a series 

of ethanol solutions (30%, 50%, 70%, 90%, 100%, 100%) using a PELCO Biowave then 

processed using a critical point drier. Coverslips were mounted on stubs with adhesive 

carbon and coated with 2 nm platinum (Pt) and 10 nm carbon. Trypanosomes were 

imaged at 3 kV using the in-lens secondary electron detector on a Zeiss 55VP field 

emission SEM. For transmission electron microscopy (TEM) cells were grown in 12.5 

cm2 flasks, infected for 48hrs, trypsinised, and pelleted before fixation. Samples were 

fixed in 2.5% glutaraldehyde in 1 x PBS and processed using a PELCO Biowave 

microwave, where samples were post-fixed in 1% OsO4 in 1 x PBS followed by 

progressive dehydration in ethanol (30%, 50%, 70%, 90%, 100%) then acetone, before 

being infiltrated and embedded overnight at 70°C in Procure-Araldite epoxy resin. Resin 

blocks were trimmed using razors followed by glass knives before sections 120nm-thick 

were cut with a diamond knife on a Leica microtome and mounted on copper grids. 

Digital images were collected from unstained sections at 120 kV on a JEOL 2100 TEM 

fitted with a Gatan ORIUS1000 camera.  
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5.3 Results  

5.3.1 Trypanosoma cruzi infects PtK2 cells revealing a 4 day cell cycle  

The number of PtK2 cells infected with T. cruzi increased over time, although it remained 

below 10% over five days (Figure 5.2). Trypanosoma cruzi showed an increase in number 

of amastigotes inside cells over time due to the division of parasite cells. Infection of 

PtK2 cells with T. cruzi revealed approximately a four day intracellular cell cycle evident 

from the increase in infected cells after 96 hrs incubation due to the release of new 

trypomastigotes from initially infected cells (Figure 5.2). After 120 hrs it was too difficult 

to count infected cells due to the large number of parasites inside some cells, and an 

increase in healthy cells making the cell monolayer too thick to clearly observe (Figure 

5.3A, Figure 5.3B). Scanning electron micrographs revealed developing T. cruzi 

amastigotes, which were able to be seen inside PtK2 cells after the breakdown of their 

membrane (Figure 5.3C). Transmission electron micrographs showed healthy T. cruzi 

amastigotes inside cells, which were clearly recognisable by their dense kinetoplasts 

(Figure 5.3D).  

 

5.3.2 Trypanosoma copemani G1 and G2 do not infect PtK2 cells in a similar way to 

T. cruzi 

When compared to the results with T. cruzi, the number of cells infected with T. copemani 

was significantly lower and there was no increase in intracellular parasites over time 

(Figure 5.2). The sum of infected cells with G1 was 334, G2 was 319, and T. cruzi was 

2408 in total. ANOVA analysis indicated there was a statistically significant difference 

between group means of the number of cells infected with each parasite strain over time 

(G1, G2 and T. cruzi) (F (14, 2136) = 58.8, p < 0.001). Tukey’s honest significance post-

hoc test demonstrated T. cruzi was significant from G1 and G1 (p < 0.001), but G1 and 

G2 were not significant from each other (p = 0.96). Fisher’s exact test demonstrated that 

infected cells and the strain of parasite used were independent, and the odds of finding 

intracellular parasites was 10 times more likely with T. cruzi compared to both strains of 

T. copemani (p < 0.001). The odds of finding intracellular parasites from the two strains 

of T. copemani were almost identical and were not independent (p = 0.58).  
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Figure 5.2: Trypanosoma cruzi and T. copemani G1 and G2 infecting potoroo kidney 

epethilial (PtK2) cells over five days. (A) Number of cells (mean ± SE) infected with 

parasites over the five days. (B) Number of intracellular parasites (mean ± SE) in infected 

cells over five days. 
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Figure 5.3: Microscopy of Trypanosoma cruzi infecting potoroo kidney epithelial (PtK2) 

cells. A. Light micrograph of Diff-Quik stained cells and parasites after 96 hr incubation 

showing a single cell with developing amastigotes inside, as recognisable by their round 

nucleus and disc shaped kinetoplast (arrowhead). B. Heavily infected area of PtK2 cells 

(arrowhead) following incubation with T. cruzi for 120 hr and stained with Diff-Quik. C. 

Scanning electron micrograph of T. cruzi infecting PtK2 cells. The dying cell membranes 

were broken fortuitously exposing developing T. cruzi amastigotes (arrowhead) inside. 

D. Transmission electron micrograph of T. cruzi amastigotes developing inside PtK2 

cells. Trypanosoma cruzi is recognisable by the dense elongate kinetoplasts (arrowheads). 

Scale bars A = 10 µm, B = 20 µm, C. = 2 µm, D = 1 µm. 

 

Trypanosoma copemani G2 (Figure 5.4A) infected cells most often as amastigote-like 

parasites when viewed using light microscopy (Figure 5.4B) although, intracellular 

trypomastigotes were also observed, within a vacuole (Figure 5.4C). Multiple parasites 

were routinely observed attached to the outside of cells (Figure 5.4D). Although, PtK2 

cells with large numbers of T. copemani on the cell membrane surface that had visible 

flagella and no vacuole were excluded due to the likelihood they were not intracellular 

(Figure 5.4D). Trypanosoma copemani G1 also infected cells most often in what looked 

like the amastigote form when viewed using light microscopy (Figure 5.5). The number 
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of intracellular T. cruzi amastigotes in PtK2 cells greatly outweighed the number of 

intracellular G1 or G2 parasites (Figure 5.2). ANOVA analysis demonstrated a 

statistically significant difference between group means of the number of amastigotes 

inside cells (F (14, 3036) = 16.8, p < 0.001). Tukey’s honest significance post-hoc test 

demonstrated T. cruzi was significant from G1 and G1 (p < 0.001), but G1 and G2 were 

not significant from each other (p = 0.99). Fisher’s exact test for independence was 

significant for the interaction between T. cruzi and G1 (p < 0.001), or G2 (p < 0.001). The 

interaction was not significant for G1 and G2 (p < 0.52).  

 

 

Figure 5.4: Microscopy of Trypanosoma copemani G2 incubated with potoroo kidney 

epithelial (PtK2) cells. A. Light microscopy of G2 trypomastigotes. B. Light microscopy 

of G2 amastigote-like cells inside PtK2 cells (arrowhead). C. G2 trypomastigote inside a 

vacuole within the cell (arrowhead). D. G2 attached to outside of cells. All images are 

stained with Diff-Quik. Scale bars = 20 µm. 
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Figure 5.5: Trypanosoma copemani G1 incubated with potoroo epithelial kidney (PtK2) 

cells. A. G1 exhibiting multiple internal amastigotes inside PtK2 cell. B. G1 amastigote 

inside PtK2 cell exhibiting clear vacuole around the nucleus and kinetoplast. All images 

are stained with Diff-Quik. Scale bars = 20 µm. 

 

5.3.3 PtK2 cells increase uptake of propidium iodide over time in presence of 

Trypanosoma copemani G2 

There was an increase in PtK2 cells that took up PI when incubated with T. copemani or 

in Grace’s insect media without FCS (Figure 5.6, Figure 5.7). Healthy cells in MEM with 

FCS exhibited no uptake of PI (Figure 5.6). G2 trypomastigotes resulted in an almost 

three fold higher increase in the percentage of cells that took up PI (Figure 5.6, Figure 

5.7). ANOVA using linear mixed models (treating replicates and time points as random 

effects due to non-independence of PI uptake over time) demonstrated that different 

treatments affect PI uptake in cells (χ2(2) = 8.57, p = 0.013). Fisher’s exact test was used 

to demonstrate independence between the frequency of G2 trypomastigotes infecting cells 

and all other treatments (p < 0.001), with an odds ratio ranging from 2.19 – 3.5 indicating 

that G2 trypomastigotes were 2 to 3 times more likely to cause PI uptake. MEM media 

was also significant compared to all other treatments (p < 0.002 – 0.009). The remaining 

interactions (G1 trypomastigotes, G2 dead, G2 epimastigotes, Grace’s without FCS) were 

not independent from one another under Fisher’s exact test. In some cases the cells were 

removed from the glass substrate when multiple parasites (G2 trypomastigotes) attached 

to the surface and occasionally the membrane of the cell burst (Video 5.1). Observations 

of cells incubated for a further 24 hrs following washing in 1 x PBS and resuspension in 

MEM media demonstrated a significant recovery in the next 24 hr period (Figure 5.8, 

Video 5.2).  
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Figure 5.6: The number (mean ± SE) of potoroo kidney epithelial (PtK2) cells displaying 

propidium iodine (PI) fluoresence, and thus with permeabilised or compromised 

membranes, after incubation with Trypanosoma copemani for 24 hrs. Trypanosoma 

copemani G2 trypomastigotes, G2 epimastigotes, and G1 trypomastigotes were incubated 

with PtK2 cells in MEM media for 24 hrs. Controls included dead parasites (G2 

trypomastigotes), PtK2 cells in MEM, and PtK2 cells in Grace’s media without FCS. 
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Figure 5.7: Trypanosoma copemani G2 and potoroo epithelial kidney (PtK2) cells 

incubated with propodium iodide (PI). Cell uptake of PI increases over time when 

exposed to G2 trypomastigotes. A. 8hrs B. 16 hrs C. 24 hrs. Channels are split into DIC, 

PI, and both channels merged (Merge). Scale bar = 50 µm. 

 

Video 5.1: Trypanosoma copemani G2 and potoroo epithelial kidney (PtK2) cells. Cell 

DNA stains with propidium iodide (red) over time when exposed to T. copemani G2 

trypomastigotes due to increased cell membrane permeability. 
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Figure 5.8: Recovery of potoroo kidney epithelial cells after being washed once with 1 x 

PBS and resuspended in full MEM media following incubation with Trypanosoma 

copemani G2 trypomastigotes. A. After 24 hrs. B. 36 hrs. C. 48hrs. Scale bar = 50 µm. 

 

Video 5.2: Recovery of potoroo kidney epithelial cells after being washed once with 1 x 

PBS and resuspended in full MEM media following incubation with Trypanosoma 

copemani G2 trypomastigotes. Time-lapse video taken over 24 hrs. 

 

5.3.4 Observation of the host cell-parasite interaction at the site of Trypanosoma 

copemani attachment 

It was observed in time-lapse experiments that G2 trypomastigotes caused PtK2 cells to 

detach from the flask or to produce blebbing (Figure 5.7, Video 5.3), which was also 

observed in Vero cells (Figure 5.9, Video 5.4). There was a noticeable host cell-parasite 

interaction at the cell membrane surface where G2 had come into contact with both Vero 

(Figure 5.10) and PtK2 (Figure 5.11) cells when imaged by SEM. Following 24 hr 

incubation with parasites, Vero cells were observed blebbing where single (Figure 

5.10A), or multiple (Figure 5.10B, C) parasites attached to a cell. Parasites were observed 

embedded in the cell membrane of Vero cells after 48 hrs where the cell membrane had 

partially engulfed the parasites (Figure 5.10D). In some cells multiple parasites became 

embedded occasionally with remaining flagella (Figure 5.10E), although their 

membranes appear damaged (Figure 5.10F) compared to the healthy trypomastigotes 

(Figure 5.10B). In PtK2 cells the interactions observed included, circular-shaped masses 

(Figure 5.11A-D), cell blebbing (Figure 5.11B), and trypomastigote attachment (Figure 

5.11E) on the surface of the otherwise flat cells after 48 hrs. After 24 hr incubation with 

T. copemani trypomastigotes, cells were washed and re-incubated with PI. Amastigote-

like parasites were observed labelled with PI and attached to the surface of cells. This was 
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observed in G1 (Figure 5.10) and G2 with PtK2 and Vero cells (data not shown) 

indicating the amastigote-like parasites membranes were damaged, which supports the 

observations of degraded membranes seen in SEM images. 

 

 

Figure 5.9: Multiple attachment of Trypanosoma copemani G2 trypomastigotes to Vero 

cells  at different time points during an 8 hr incubation shows parasite attachment can 

cause cell detachment from the glass substrate. Each panel A – H shows time after 

incubation with G2. Scale bar = 50 µm. 

 

Video 5.3: Real-time video of Trypanosoma copemani G2 incubated with potoroo kidney 

epithelial cells after 24 hrs incubation. Video shows multiple parasites attached to cells. 

 

Video 5.4: Multiple attachment of Trypanosoma copemani G2 trypomastigotes to Vero 

cells can cause cell detachment from the glass substrate. Time-lapse video taken over 8 

hours 
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Figure 5.10: Scanning electron micrographs of Trypanosoma copemani G2 

trypomastigotes after incubation with Vero cells for 24 (A-C) and 48 hrs (D-G). A. 

Parasite causing blebbing around cell attachment site and arrow showing a magnification 

of the same site. B. Cell blebbing in response to attachment of multiple parasites. C. Cell 

blebbing after parasite attachment. D. Parasites embedded in the cell wall. Arrow points 

to a visible fagellum, E. Parasites embedded in the cell surface and some retain long 

flagella that extend out of the cell (arrow). F. Flagellum being engulfed by the cell G. 

Multiple parasites attached to the cell surface that appear to be degrading. Scale bars A = 

2 µm and 1 µm, B-F = 2 µm, G = 10 µm.  
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Figure 5.11: Scanning electron micrographs of Trypanosoma copemani G2 after 

incubation with potoroo epithelial kidney (PtK2) cells for 24 hrs. A. Attached T. 

copemani trypomastigotes and external amastigote (arrow) attached to the cell surface 

where blebbing has occured. B. Cell blebbing and possible cell apoptosis. C. G2 

trypomastigote, and blebbing (arrows) in PtK2 cells. D. Blebbing in PtK2 cell (arrow). E. 

G2 trypomastigote attached to the surface of the cell. Scale bars A + E = 1 µm, B-D = 2 

µm. 

 

 

Figure 5.12: Trypanosoma copemani G1 after 24 hrs incubation with potoroo kidney 

epithelial cells and propidium iodide (PI). Channels are split into DIC, PI, and both 

channels merged. Scale bar = 50 µm. 
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TEM micrographs revealed that when many parasites attached to the cultured cell surface 

a vacuole was often present within that cell, directly underneath parasite attachment 

(Figure 5.13). The morphological form of G2 attached to the cell surface was often the 

trypomastigote not epimastigote, recognisable by the posterior placement of the 

kinetoplast in relation to the nucleus (Figure 5.14A) and parasites were observed that 

appeared to be within the cell cytoplasm (Figure 5.14B), occasionally within a clear 

vacuole (Figure 5.14C). Lysosomes were not observed at the site of parasite attachment 

to cells or localised near parasites in PtK2 cells (Figure 5.15), or Vero cells (data not 

shown). Trypanosoma cruzi was used as a control to demonstrate the appearance of 

intracellular parasites (Figure 5.16).  

 

 

Figure 5.13: Transmission electron micrographs of potoroo kidney epithelial cells (PtK2) 

after incubation with Trypanosoma copemani G2 for 48 hrs. A. Parasite attached to the 

surface of a cell. Parasite indicated by an asterix is attached to the surface of the cell with 

a vacuole (arrow) underneath. B. Two parasites attached to the surface of a cell one 

parasite (asterix) with a vacuole underneath (arrow). Scale bars = 1 µm. 
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Figure 5.14: Transmission electron micrographs of potoroo kidney epithelial cells (PtK2) 

and Trypanosoma copemani G2. A. A trypomastigote attached to a cell recognisable by 

the posterior placement of the kinetoplast (arrow) in relation to the nucleus. B. T. 

copemani inside a cell, recognisable by the kinetoplast (arrow). C. T. copemani inside a 

cell, inside a vacuole recognisable by the flagellum (arrow). Scale bars = 1 µm. 
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Figure 5.15: Trypanosoma copemani infecting potoroo kidney epithelial (PtK2) cells in 

vitro after 24 hrs (fixed samples). Panels A, B, and C show increasing numbers of attached 

parasites. Parasites and cells were stained with DAPI and Lysotracker®. DIC, DAPI, and 

Lysotracker® channels are split to show individual staining, and the merged panel is 

shown last. Arrows in each panel point to a cell with attached parasites and lysosomes 

that are not localised in the same place as parasite attachment. Cells are recognisable by 

their larger nuclei and parasites by their smaller nuclei stained with DAPI. Scale bars A-

B = 20 µm C = 50 µm. 

 

Figure 5.16: Trypanosoma cruzi infecting potoroo kidney epithelial (PtK2) cells in vitro 

after 72 hrs (fixed samples). Arrow indicates an infected cell. Parasites are recognisable 

by their smaller nucleus and kinetoplast stained with DAPI. Cells are distinguishable by 

their larger DAPI stained nuclei compared to the smaller parasite nuclei. Channels are 

split into DIC, DAPI, and both channels merged. Scale bar = 20 µm. 
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5.4 Discussion 

It is clear that the interaction observed between T. copemani and mammalian cells differs 

from that seen in T. cruzi. Although there are some similarities, there is no evidence T. 

copemani is obligated to complete its life-cycle inside cells. Trypanosoma copemani 

amastigote-like cells did not increase in number over time compared to T. cruzi indicating 

no intracellular cell division of intracellular parasites. Trypanosoma copemani does not 

enter marsupial cells at the same rate observed entering Vero cells (Botero et al., 2016b). 

Botero et al. found that Vero cells exhibited the highest infection rate with an estimated 

70% of cells infected at 48 hours post-infection, while in three other cell lines it was 

between 7% and 15%, although cells were added at a lower concentration (1.5 x 103 

cells/ml) than in the current study (1. x 104 cells/ml).  

There was an increase in PtK2 cell membrane wounding evident from cells either 

expressing PI following exposure to T. copemani or to media withour serum as these 

treatments placed the cells under stress. G2 trypomastigotes caused three times more cells 

to uptake PI likely due to their attachment to the cells, which sometimes became stressed 

and were either observed blebbing (Charras et al., 2008), becoming detached from the 

flask, or even bursting. It is interesting that the parasites which were resuspended in MEM 

(with 10% FCS) before incubation with cells caused the same level of stress in the PtK2 

cells as Grace’s media without FCS treatment, and that cells appear to become stressed 

in the presence of either G1 or G2. The parasites (G1 and G2) adhere to the cells in the 

same manner as T. cruzi, which also initially attaches to cells by their posterior tip or 

anterior flagella (Barrias et al., 2010). Trypanosoma cruzi enters cells by slipping into the 

membrane without damage and without causing the cells to burst. In this case the uptake 

of PI only occurs when essential cell processes involved in cell wound repair are blocked 

(Fernandes et al., 2011). In the process of cell entry by T. cruzi the invading parasites are 

surrounded by a membrane of host origin after entry and enclosed in a parasitophorous 

vacuole (De Souza et al., 2010). Trypanosoma cruzi takes advantage of the cellular repair 

mechanisms used by cells involving free Ca2+ and lysosome recruitment. However, when 

Ca2+ is removed from the environment, cell membrane repair is interrupted and T. cruzi 

causes damage to the membrane resulting in positive PI staining (Fernandes et al., 2011). 

Trypanosoma cruzi epimastigotes do not cause cell wounding, which might be due to the 

pore-forming protein, Tc-Tox, secreted by T. cruzi trypomastigotes but not epimastigotes 

(Andrews et al., 1990). Trypanosoma copemani epimastigotes do not damage cellular 

membranes in the same manner as trypomastigotes, and the mechanism is currently not 
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understood. G2 has a more pronounced interaction with cells and is genetically more 

distant from all other genotypes of T. copemani (including G1) that are found in other 

marsupials at two phylogenetically relevant loci (gGAPDH and 18S rDNA) (Botero et 

al., 2013). The morphology and behaviour of G1 and G2 also appeared different in this 

study.  

Although T. copemani often appears to be intracellular in the host cell cytoplasm (using 

light microscopy), the parasites may actually be on the surface in many cases and there 

may be a simple explanation for the apparent increased number of amastigote-like cells 

counted inside Vero cells. Observing SEM images of PtK2 and Vero cells after 48 hrs, it 

is clear that many parasites became embedded in the cell membrane. This interaction was 

observed with higher frequency in Vero cells and could account for the large number of 

apparent intracellular parasites counted (Botero et al., 2016b). This type of interaction 

was noticed in T. cruzi amastigotes genereated in vitro interacting with HeLa and Vero 

cells in vitro where SEM micrographs show microvilli-like structures that engulf the 

amastigotes upon attachment after blocking dynamin in co-cultures with peritoneal 

macrophages (Barrias et al., 2010). HeLa cells produced cup-like extensions to engulf 

amastigotes and Vero cells produced actin-rich crater-like indents where amastigotes 

were attached (Procopio et al., 1999). The SEM images in Procopio et al. (1999) and 

Barrias et al. (2010) show cup-shaped structures creeping up the sides of the parasite and 

crater-like areas where the parasites had become embedded in the cell membrane, changes 

that were also seen to some extent in the current study with T. copemani. However, most 

amastigote-like parasites of T. copemani were not engulfed and SEM images revealed 

they were in the process of degrading. External amastigote-like parasites (even dying ones 

with holes in their membrane) appear to be within the cells in brightfield images due to 

the permeabilising effect of methanol, which collapses the cells making them appear two-

dimensional. The significance of the partial engulfing of amastigote-like cells explains 

why the parasites were not washed away despite not being inside the cell cytoplasm, and 

why there appears to be so many intracellular parasites in Vero cells at 48 hrs. It also 

could explain why the number of intracellular parasites decreased after 48/72 hours. The 

decrease in cells infected after 48/72 hrs could also be due to the continued division of 

healthy cells while the amastigote-like parasites become completely degraded. 

Amastigote transformation in vitro can be triggered by a reduction in pH and does not 

require trypomastigote entry into the cell cytoplasm (Tomlinson et al., 1995). 
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Trypanosoma cruzi cell infection methodologies show great variability, which makes it 

difficult to compare infection rates as the type of host cell and strain of T. cruzi are 

variable factors in the intracellular life-cycle (Yoshida and Cortez, 2008; Duran-Rehbein 

et al., 2014). However, taking this variability into consideration T. cruzi infects marsupial 

cells in a similar manner to other mammalian cells in vitro with many cells containing 

dividing parasites and releasing new trypomastigotes after four days. Other studies often 

use higher numbers of parasites such as 5 x 107 parasites per well (Fernandes et al., 2011), 

which is 25 times more parasites than used in this study, accounting for the higher 

infection rates observed in other T. cruzi experiments (Duran-Rehbein et al., 2014). The 

lower number of parasites used for infection in this study allowed the observation of cells 

over a longer time period with marsupial cells. The only time Australian marsupials were 

exposed to T. cruzi under laboratory settings, a high mortality rate was observed in 

infected possums (Backhouse and Bolliger 1951). Although a natural T. cruzi infection 

acquired by marsupials in the wild may be initially devastating due to the lack of 

immunity to cope with infections, the animals could still transmit and amplify the 

pathogen as it appears to invade and replicate normally in their cells. However, it is not 

possible to predict exactly what would occur under natural in vivo conditions from in vitro 

experiments. It can be speculated that if T. cruzi was to become established in Australia 

it would be detrimental to both human and wildlife populations.  

Without the presence of an immune system in vitro, stressed cells provide seemingly 

excellent conditions for cell entry. If T. copemani cannot enter and replicate under these 

conditions as does T. cruzi, it is unlikely they could do so in a healthy animal. This is 

consistent with research on other intracellular trypanosomes, apart from T. cruzi, 

including T. theileri (Lee et al., 2012), T. erneyi (Lima et al., 2012), T. dionisii (Baker et 

al., 1971; Baker et al., 1972, Baker and Green, 1973), and T. rangeli (Tanoura et al., 1999; 

Eger-Mangrich et al., 2001; Zuñiga et al., 1997), which have also been observed invading 

cells in vitro but not in vivo. The blebbing and bursting of cells following apoptosis 

observed in this study was not expected from intracellular pathogens interacting with host 

cells. Intracellular pathogens like T. cruzi, as well as Leishmania, Cryptosporidium, 

Theileria, Toxoplasma, and Plasmodium all have the ability to inhibit parts of the 

apoptotic pathway (Carmen and Sinai, 2007). By controlling mammalian cell processes, 

parasites like T. cruzi can facilitate infection and replication in healthy cells (Manque et 

al., 2011). Although there is no indication T. copemani invades cells like T. cruzi, the 

detrimental interaction observed between T. copemani and mammalian cells, indicates 
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further investigation needs to be performed due to the likelihood of an impact on the host. 

We cannot rule out the possibility T. copemani enters cells in an immunosuppressed host. 

Many native marsupials in Australia are vulnerable or endangered and under stress. While 

it is likely T. copemani is contributing to ill health in the woylie, whether it causes 

trypanosomiasis remains unknown. All ecological evidence suggests that T. copemani 

was involved in but not directly responsible for the decline of the woylie (Wayne et al., 

2013; Botero et al., 2013; Thompson et al., 2013b). The woylie population is likely 

stressed and thus immunosuppressed (Hing et al., 2017), which would affect the resident 

parasite population and normal host-parasite relationships. This perhaps allows cell 

invasion by a parasite that is a facultative intracellular pathogen with a transitory 

intracellular niche. As T. copemani does damage the cells in vitro, this study suggests that 

it would be possible for these parasites to attach to cells in the host. It cannot be ruled out 

that T. copemani and its interaction with marsupials is detrimental to the host due to 

attachment to red blood cells, causing anaemia, which has been proposed before (Austen 

et al., 2015) and should be investigated in future studies. 

Despite the implications of trypanosome inflicted disease in Australian wildlife in the 

past, there is no discerning histology to date (McInnes et al., 2011a; Botero et al., 2013; 

Austen et al., 2015c; Barbosa et al., 2016b). Amastigote-like structures were observed 

inside woylie heart sections from an animal infected with T. copemani G2 (Botero et al., 

2013). However, due to the extreme difficulty in obtaining adequately preserved tissue 

samples from these vulnerable and endangered host species it has not yet been possible 

to investigate this further. Wild animal carcases recovered by conservation agencies are 

often either frozen or have been dead for too long before discovery to be of use for 

microscopy examinations at the resolution required to identify trypanosomes. 

Additionally, while PCR analysis can indicate the presence of parasites in the animal, it 

does not allow the presence of intracellular parasites to be determined. Furthermore, the 

processes and molecules involved in mammalian cell invasion in T. cruzi are so varied, it 

is not feasible to compare mechanisms/molecules involved in T. copemani invasion at 

present. Morphological responses have been investigated in this study to to determine the 

parasitic life-cycle, and, based on previous observations, whether it involves an 

intracellular stage. 

The cell-parasite interaction observed also raises many issues surrounding trypanosome 

intracellular behaviour. It should be considered if intracellular behaviour in T. copemani 

is an evolutionary remnant of the past and is a completely different strategy for 
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trypanosomes that are facultatively intracellular, or if it is a transitory defence strategy by 

T. copemani. Australian trypanosomes may once have possessed the ability to enter cells 

and divide, but if this has been lost they no longer need to escape the host immune system 

in order to replicate. Future studies in this area should focus on acquiring histology from 

the marsupial hosts, investigating the possibility Australian trypanosomes cause anaemia, 

and investigating potential T. cruzi vectors in Australia due to the biosecurity risks it 

poses if it were to become established in the population.  
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Chapter 6: General discussion 

 



167 
 

6.1 Overview 

A variety of Australian trypanosomes infecting marsupials and birds were investigated 

and aspects of their biology, host-parasite interactions, and evolutionary relationships 

were revealed. It was found that while trypanosomes infecting mammals in Australia are 

almost always unique indigenous species, the trypanosomes infecting birds were not. 

Although, there is an indication that there may be some undescribed avian Trypanosoma 

spp. in Australia with the identification of two novel isolates (T. sp. CC2016 B002, T. sp. 

CC2016 B069). The T. noyesi (previously T. sp. H25) description has supported the 

hypothesis that Australian trypanosomes are both morphologically as well as genetically, 

diverse. Additionally, a number of genotypes of T. noyesi were isolated in indicating T. 

noyesi exhibits high within species diversity like other Australian trypanosomes such as 

T. copemani and T. vegrandis (Botero et al., 2013; Thompson et al., 2013a). An in-depth 

sequencing investigation of Trypanosoma spp. infecting the woylie and brushtail possum 

from the south west region of Western Australia revealed anothe Australian trypanosome 

(T. sp. ANU2), which is most likely a novel species. This study further demonstrated that 

the incidence of mixed infections and the within species diversity is even higher than 

previously demonstrated in Australian trypanosomes (Noyes et al., 1999; Hamilton et al., 

2004; Averis et al., 2009; Austen et al., 2009; Botero et al., 2013; Barbosa et al., 2016a; 

Barbosa et al., 2017a; Barbosa et al., 2017b). The host-parasite interactions between T. 

copemani and mammalian cells observed here demonstrate that while cell invasion 

processes differ to those of T. cruzi, their interactions with cells is detrimental indicating 

the possibility that they have a negative impact on their host. Additionally, a difference 

in the interaction with host cells between the two strains of T. copemani infecting the 

woylie (G1 and G2) was observed. The nature of infections caused by the Trypanosoma 

spp. discussed in this research are still not understood, although a number of areas have 

been identified that would help to understand this, which are outlined in the following 

sections. Primarily there is a great need to identify invertebrate vectors in order to 

understand parasite transmission so we can begin to understand the capacity for these 

organisms to affect their hosts, and to understand their significance within their 

communities. Additionally, it is important in future studies to define species boundaries 

and resolve at a deeper level the evolutionary relationships observed between Australian 

Trypanosoma spp. to reveal the significance of the differences and similarities shared 

with other members of the genus. 
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6.2. Biology – biodiversity and ultrastructure 

6.2.1 Biodiversity of avian trypanosomes  

This research aimed to investigate the level of diversity in trypanosomes present in 

Western Australian birds to better document parasite biodiversity and the degree of host 

specificity that exists in Australian trypanosomes. It was found that there is considerable 

diversity among the trypanosomes of birds in Western Australia, although almost all 

trypanosomes identified in this study also occur on other continents. This is not typical of 

what has been observed with other wildlife trypanosomes in Australia. To date, all native 

mammals that have been investigated in Australia are infected with uniquely Australian 

Trypanosoma spp. (Noyes et al., 1999, Hamilton et al., 2005, Austen et al., 2009, Botero 

et al., 2013, Thompson et al., 2013a, Barbosa et al, 2016a; Barbosa et al., 2017a). 

However, analysis of more bird species from across all of Australia would allow this to 

be explored in more detail. Two unique isolates detected in the study, one newly identified 

(T. sp. CC2016 B002) and one already known (T. sp. AAT) are yet to be isolated outside 

Australia. Additionally, there was no degree of host specificity detected amongst the bird 

species investigated. 

Research into avian trypanosomes in Europe found patterns amongst the vectors that 

could separate the bird trypanosomes evolutionary relationships, which could not be 

explained by the hosts (Zidková et al., 2012). The vectors of bird trypanosomes were not 

investigated in this research, although the presence of a trypanosome genotype (T. sp. 

CC2016 B069) most closely related to genotypes previously only found in terrestrial 

leeches (T. sp. TL.AQ.22) (Hamilton et al., 2005) indicates leeches are likely vector 

candidates. Trypanosoma sp. CC2016 B069 is also closely related to T. sp. ABF, which 

was isolated from a woylie (Hamilton et al., 2005). T. sp. AAT was observed in one 

woylie and T. avium in one woylie. The identification of T. sp. AAT in a boodie 

(Bettongia lesueur) (Averis et al., 2009) was another incidence of an avian trypanosomes 

being found in a mammal, which suggests avian trypanosomes are capable of establishing 

infection in hosts with very different physiology. There is still much more to learn about 

the trypanosomes of birds in Western Australia. There remain large gaps of knowledge 

regarding the transmission of trypanosome parasites in the wild, especially in Australia. 

Until we understand their transmission and life histories it will not be possible to 

understand why avian trypanosomes are cross-continental, show no host-specificity, and 

may occasionally infect marsupials.  
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Trypanosoma sp. AAT although morphologically and genetically characterised in depth, 

was not described to the species level. At this stage in the research it is important to 

document biodiversity but it was not possible to formally describe this trypanosome at 

the species level due to a lack of information on similar avian trypanosomes. The 

plasticity observed in blood smears combined with the occurrence of different 

morphological forms present in the bone marrow indicates this is not a sufficient way to 

characterise species, and as supported in the literature (Zídková et al., 2012; Votýpka et 

al., 2015; Cooper et al., 2016). More studies with both molecular and structural 

information are needed to better document the biodiversity of avian trypanosomes. As 

more information is collected these boundaries will become clearer.  

 

6.2.2 Ultrastructure of Trypanosoma sp. AAT, T. noyesi, and T. copemani  

The biology, life history stages, and ultrastructure of a number of Australian 

trypanosomes were investigated using correlative microscopy techniques including T. sp. 

AAT isolated from a currawong, T. noyesi that belongs in the T. cruzi clade, and T. 

copemani Genotype 1 (G1) and Genotype 2 (G2) isolated from the woylie (Bettongia 

penicillata). The initial hypothesis was that the structural biology in Australian 

trypanosomes is unique and different to that of currently characterised trypanosomes, 

which is largely supported. However, the life history stages are difficult to study without 

an in vivo model or directly investigating hosts and vectors. In fact there is no indication 

of whether current in vivo models would even be valid as marsupials are quite different 

to eutherian mammals that are used in in vivo models, which is why ultrastructural 

analysis of in vitro trypanosomes was undertaken.  

Ultrastructural 3-dimensional models at nanometres-scale resolution were generated from 

T. sp. AAT, which revealed the placement of organelles in both epimastigotes observed 

in vitro (one small and one large). The morphological forms grown here in vitro were 

different to other morphological forms of avian Trypanosoma spp. grown in previous 

studies (Nandi and Bennett, 1994; Votýpka et al., 2012). There are certain aspects of a 

trypanosome’s ultrastructure that can tell us about its life history and the transition 

between morphological forms, as well as their metabolism. Trypanosoma sp. AAT was 

different to currently described 3-dimensional cellular models of Trypanosoma spp. 

although more research in this area may provide reasons for these differences, which are 

most likely cell cycle dependent.  
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The Australian trypanosome first discovered in the T. cruzi clade designated T. sp. H25 

(Noyes et al., 1999) was finally characterised and given a species name – T. noyesi. 

Trypanosoma noyesi presented less of a challenge to describe than T. sp. AAT due to the 

vast difference in its genetic and morphological characteristics compared to other 

members of the T. cruzi clade. This was facilitated by the increased number of studies 

performed on T. cruzi and the other members of this clade such as T. dionisii, and T. 

rangeli compared to trypanosomes isolated from avian hosts, where much less is known. 

Proper characterisation of T. noyesi and successful isolation in vitro means that the extent 

to which it is similar or dissimilar to T. cruzi can now be investigated. A number of 

different T. noyesi morphotypes were observed and perhaps the most interesting aspect 

of T. noyesi is the unusual morphology. It does not resemble T. cruzi in any of its 

morphological forms (except possibly the trypomastigote), which enhanced 

understanding of the myriad of different trypanosomes that occupy this clade. In fact the 

organisms that occupy this clade do vary widely and even T. cruzi types and strains 

behave differently from each other (Yoshida and Cortez, 2008). Morphological forms in 

vitro in the past were thought to differ from the morphological form present in the host 

and considered not useful to morphological descriptions (Hoare, 1972). However, there 

is still a lot of diversity in host samples especially in Australia and the difficulties of 

isolating samples from the remote regions of the country make in vitro studies essential 

for the characterisation of trypanosomes. Trypanosomes can be better understood by 

cultivating them in an environment that does not change (Votýpka et al., 2015). In part 

this is due to the increased number of techniques that can be applied when parasites are 

grown in large numbers. Both T. noyesi and T. sp. AAT were growing continuously in 

vitro for almost two years in the present study and their morphology did not change from 

what was described in Chapters 2 and 3. The morphological forms observed in the host 

might be variations of what is observed in vitro. However, it is not possible to know with 

certainty because T. noyesi was not located in any of the blood smears collected during 

sampling surveys undertaken over the duration of this study. It was very difficult to isolate 

T. noyesi and it was isolated in only a single blood sample. The last time T. noyesi was 

isolated was 1999 (Noyes et al., 1999), and it has never been seen in a positive blood 

smear despite the number of samples from the south west of Australia that have tested 

positive for this parasite using molecular techniques (Paparini et al., 2011; Botero et al., 

2013; Thompson et al, 2013b). This is interesting as the trypomastigotes that were 

observed occasionally in vitro were slender and under 20 µm in length from posterior tip 

to anterior, similar to T. cruzi, so they should be visible in blood smears (Hoare, 1972). It 
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can only be assumed that T. noyesi occurs at low parasitaemia and that different methods 

other than direct smears from blood would be necessary to observe it in the host. The use 

of a microhematocrit centrifuge in the field prior to making blood smears to investigate 

the buffycoat or packed red blood cells rather than whole blood might be more useful in 

future studies. Alternatively, these trypanosomes could be demonstrating behaviour 

similar to Babesia macropus, which was more easily detected in deeper systemic blood 

during the day and the peripheral systems at night coinsiding with vector biting times 

(where few parasites may be visible in peripheral blood films but more may be observed 

in the capillaries in the deep tissues) (Donahoe et al., 2015). 

Trypanosoma copemani morphology is also interesting and appears to differ between T. 

copemani G1 and G2. However, in order to observe the morphological differnces between 

G1 and G2 further structural investigation is required. The two strains of T. copemani did 

not change their appearance in vitro except when conditions were changed to generate 

trypomastigotes in Chapter 5. It was difficult to transform G1 into trypomastigotes and it 

appeared stouter in form. However, the overarching problem associated with T. copemani 

was how difficult it was to cultivate in vitro. The majority of our samples were 

cryopreserved parasites isolated from Botero et al. (2013) and they did not survive 

cryopreservation well. The reason these samples were utilised was because they were 

consistently either G1 or G2 when sequenced, without polymorphisms. In contrast, T. sp. 

AAT grew without problems even after being preserved for over 9 years in liquid nitrogen 

before being revived and T. noyesi grew very well in vitro after cultivation from blood in 

2014. Over the course of 3 years T. copemani grew well for only a few months at a time 

and new cultures could take up to 6 months to establish. However, this is most likely due 

to something else other than storage. It is possible the growing requirements for T. 

copemani are not met by the various culture media used in this study. 

The results obtained from investigating the morphology of the various Australian 

Trypanosoma spp. highlights the importance of moving from only using traditional 

techniques of describing trypanosomes in blood smears, investigating the hosts’ body 

condition, and investigating single regions of their DNA. As discussed in the introduction 

these are valuable preliminary steps essential in surveillance of wildlife that while useful, 

are limited, and cannot reveal with any certainty if the parasites are detrimental to the host 

or what role they play in their natural ecosystem. To answer new and important questions 

surrounding structural diversity and morphology of Trypanosoma spp. new techniques 

and correlative microscopy should be combined with traditional techniques. 
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Trypanosome ultrastructure is important not only in characterising the parasites but also 

in differentiating them. The introduction of high throughput analyses has already resulted 

in a number of interesting discoveries in relation to the development of trypanosomes in 

their cell cycle, in understanding their life histories, and in understanding their 

metabolism (Jacobs et al., 2017; Hughs et al., 2017) which was demonstrated in Chapter 

2. Studies including molecular data still include microscopy to support their claims and it 

is increasingly important that both these fields are included in future research (Cooper et 

al., 2016). In this molecular age a number of new organisms have been described without 

being observed such as T. gilletti in koalas, which has not been observed in blood smears 

from animals with single infections (McInnes et al., 2011b). Designating species names 

to unobserved organisms is problematic because of mixed infections, and a lack of 

knowledge about their life history. However, organism morphology cannot explain 

trypanosome evolutionary relationships.  

 

6.3. Evolutionary relationships  

Although Trypanosoma spp. are monophyletic, and the evidence supports this (Stevens 

et al., 1999; Hamilton et al., 2007), there is no clear single factor that is driving their 

evolution (Stevens et al., 1999; Hamilton et al., 2005; Hamilton et al., 2012). Different 

Trypanosoma spp. can have extremely different life histories and morphology that are not 

reflected in their evolutionary history, which is observed in the great diversity of 

behaviours seen in the T. cruzi clade (Hoare, 1972; Lima et al., 2015; Botero et al., 2016a). 

Currently, there are a number of hypotheses used to try and understand the evolution of 

Australian Trypanosoma spp., which were outlined in Chapter 1. None of these are widely 

accepted. The major question that has been asked in posing theories in this area is whether 

the host or the vector is influencing the evolution of Trypanosoma spp. with greater affect 

(Stevens et al., 1999; Hamilton et al., 2005; Hamilton et al., 2012). In reality it is likely 

to be both, and different depending on the species of trypanosome in question and the 

environment in which they reside. The clade of most interest in this study was the T. cruzi 

clade due to the discovery of trypanosomes in Australia that are either closely related to 

(T. noyesi and T. teixeirae) or behaving like (T. copemani) T. cruzi (Stevens et al., 1999; 

Noyes et al., 1999; Botero et al., 2013; Botero et al., 2016a; Botero et al., 2016b). 

Considering the unexplained diverse evolutionary relationships observed in Australia 

(Stevens et al., 1999; Botero et al., 2013), avian trypanosomes were also investigated in 
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Western Australia in order to provide more genetic data on this understudied group. The 

presence of trypanosomes was investigated in flying foxes to further explore the bat 

seeding hypothesis. The level of genetic diversity and incidence of mixed infections was 

investigated between Australian Trypanosoma spp. occurring in marsupials from the 

south west region of Western Australia by performing next-generation high-throughput 

sequencing analysis on a sub-set of animals in the Upper Warren Region.  

Trypanosomes isolated from Australian birds in this research supported the hypothesis 

that Australian trypanosomes are diverse and cross-continental (discussed in section 

‘6.1.1’). The evolutionary relationships of birds are not easy to understand. Avian 

trypanosomes are not monophyletic, despite only a small number of species infecting 

birds worldwide. The high diversity and low speciation present in avian trypanosomes 

could be influenced by their vectors, as it cannot be explained by the hosts (Zidková et 

al., 2012). In Australia there is almost no conclusive data regarding the vectors of 

trypanosomes, while many invertebrate groups have been proposed (Cooper et al., 2016). 

There are theories that suggest invertebrate vectors are driving evolution (Votýpka et al., 

2012; Hamilton et al., 2005). Some trends are observed in trypanosome infection in 

certain animals across Australia such as T. binneyi in platypus/fish, T. copemani in 

marsupials, T. vegrandis in marsupials/bats, T. noyesi in marsupials, and T. avium in birds 

(Noyes et al., 1999; Hamilton et al., 2004; Hamilton et al., 2005; Botero et al., 2013; 

Austen et al., 2015b; Botero et al., 2016; Šlapeta et al., 2016). However, more information 

is required before avian trypanosome lineages can be understood.  

The close relationship between T. noyesi and T. cruzi resulted in the southern 

supercontinent theory suggesting marsupials were hosts to the common ancestor that T. 

cruzi evolved from (Stevens et al., 1999; Noyes et al., 1999). However, the bat seeding 

hypothesis suggested the migration of bats (Hamilton et al., 2012; Lima et al., 2015) 

explains the presence of T. noyesi in Australia. Investigating the genome of T. noyesi 

would allow researchers to define the extent of the similarity between T. cruzi and T. 

noyesi, and would be the logical next step towards understanding T. noyesi. We 

investigated flying fox tissue samples for the presence of T. noyesi in an attempt to 

support the bat seeding hypothesis. However, the flying foxes were not infected with T. 

noyesi. This does not mean that they are not a host of T. noyesi, but just not in those 

individuals. At the same time as T. noyesi was described, another member of the T. cruzi 

clade was described in Australian bats and named T. teixeirae (Barbosa et al., 2016b). 

This new species was only found in a single isolate and more studies in bats would really 
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be beneficial towards investigating if the movement of bats across continents can explain 

trypanosome evolutionary relationships.  

The genetic diversity present within Australian Trypanosoma spp. is extensive and there 

are a large number of described intraspecific variants/strains (Cooper et al., 2016). In 

Chapter 4 following targeted amplicon next generation sequencing (NGS) a high number 

of unique genotypes were isolated from woylies, brushtail possums, and chuditch, which 

clearly demonstrated just how much within-species diversity exists. In Chapter 4 it was 

further observed that there are a large number of genotypes present within T. copemani, 

and that they were not either G1 or G2 as expected but instead there were a myriad of 

genotypes similar to G1 or G2. Phylogenetic analysis allowed the separation of these 

genotypes into G1 and G2. Investigating the genomes of T. copemani G1 and G2 would 

not only help to define this species and assess the diversity between isolates at a greater 

depth but would allow for the investigation of proteins important in cell invasion in other 

trypanosomes. This information may help to explain the capacity of T. copemani to cause 

disease without having to infect animals with the parasites. Of the 85 different zero-radius 

operational taxonomic units identified many may represent within-species diversity 

present between the different species groups of Australian Trypanosoma spp. A number 

of mixed infections were observed after NGS that would otherwise have gone unnoticed. 

A new Trypanosoma spp. was isolated but it was not possible to amplify DNA from any 

other loci apart from 18S rDNA and parasites were not observed in blood smears from 

blood samples that tested positive for this trypanosome by PCR. Unfortunately, in this 

area of research the boundaries that divide species are still blurred and it becomes difficult 

to comfortably define species groups (Votýpka et al., 2015). More research and sample 

collection is necessary to understand the genetic diversity present in these organisms. 

NGS technologies are vastly superior at establishing diversity present in a community by 

making it easier to identify mixed infections and estimate prevalence accurately (van Dijk 

et al., 2014). The vast number of genotypes also raises the issue of whether there is genetic 

exchange between these trypanosome species, which occurs in T. brucei (Jenni et al. 

1986), and T. cruzi (Gaunt et al. 2003). 

 

6.4. Host-parasite interactions 

The mechanisms of cell invasion in T. copemani were examined by investigating 

infectivity in marsupial cells (PtK2), and Vero cells in vitro. The pathogenicity of T. cruzi 
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in marsupial cells in vitro was also investigated. This research aimed to help understand 

host-parasite interactions and the role of parasites in the natural ecosystem, and identify 

biosecurity issues of emerging disease in both wildlife and human populations. Despite 

T. copemani sharing behavioural similarities with T. cruzi, it is unlikely they have a 

similar life cycle in cells. Trypanosoma copemani does not appear to have the ability to 

divide inside cells. Where multiple trypanosomes were observed in cells (with light 

microscopy) it is most likely that some of those parasites were attached to the outside of 

the cell or embedded in the cell membrane. However, it cannot be ruled out that in an 

immunocompromised host the interaction T. copemani has with host cells would be 

detrimental to the host’s health. At this stage, it appears that cell invasion in T. copemani 

is a facultative, perhaps opportunistic capability. Other intracellular trypanosomes that 

can complete a life cycle inside mammalian cells in vitro such as T. theileri (Lee et al., 

2012) and T. erneyi (Lima et al., 2012) cannot infect humans like T. cruzi, and cannot 

complete a life cycle inside cells in vivo, except  T. dionisii in bats (Baker et al., 1971; 

Baker et al., 1972). Whatever mechanisms and environmental factors are causing T. 

copemani to sometimes enter cells remain unknown. Trypanosoma copemani 

demonstrates unique behaviour that is genotype specific although in vitro studies cannot 

reveal conclusively if either of these genotypes can cause disease in the host. In vitro 

methods helped in understanding what is occurring in the natural environment and 

whether T. copemani is detrimental to the cells. However, relating observations back to 

the actual behaviour of the parasites in their hosts is challenging. It would be much more 

beneficial to investigate T. copemani in the host animal in future research, but such an 

approach has many challenges. Firstly, vulnerable marsupials cannot be sacrificed for 

research. Secondly, considering the different physiology of marsupials it is not known 

whether current in vivo models would be suitable hosts for these parasites, especially 

considering this would bring us no closer to understanding their role in their natural 

environment. Thirdly, T. cruzi enters so many different cell types under different 

conditions using different pathways that it is difficult to compare mechanisms of invasion 

(Yoshida and Cortez, 2008; Barrias et al. 2010; De Souza et al., 2010; Epting et al., 2010; 

Barrias et al., 2013). It is difficult to obtain samples from marsupials as many are 

endangered, vulnerable and undergoing decline in wild populations, including the woylie. 

Dead animals brought into veterinary clinics or collected from the roadside are often too 

decomposed to investigate (except by PCR), or have been scavenged by other animals, 

thus carcasses disappear quickly. In the future working in the community with DPaW and 

veterinary clinics across the metropolitan area and in south west Western Australia would 
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increase the chances of acquiring fresher tissues to investigate for the presence of 

trypanosomes within various tissues and cells.  

It was observed that T. cruzi infects marsupial cells in a similar manner to how it infects 

placental mammal cells. Trypanosoma cruzi definitely has the potential to become a 

biosecurity concern in Australia and until it is confirmed that Australian potential vector 

candidates cannot transmit T. cruzi, it should be a future research focus (Thompson and 

Thompson, 2015). Trying to establish an infection in local invertebrates to demonstrate 

if T. cruzi can be transmitted in Australia would be beneficial. However, the practical 

considerations make such an ideal approach impossible, although a stronger research 

effort to identify the vectors in Australia is greatly needed. Biosecurity issues of emerging 

disease in both wildlife and human populations have been identified in this research and 

should be an area that is focussed on in the future. It is likely that many invertebrates 

across Australia are actually trypanosomes vectors as many have been implicated (Austen 

et al., 2011; Hamilton et al., 2005; Paparini et al., 2014). This is of particular concern 

when we consider the possibility one of these could transmit human or livestock 

pathogenic trypanosomes. Additionally, considering we know so little about them, 

understanding their capacity to cause disease in vulnerable small populations while they 

do not in larger healthier ones is also important (Thompson et al., 2009; Thompson et al., 

2010). 

Parasites are often only considered in their capacity as potential zoonoses or pathogens 

that put the lives of their hosts at risk. However, it is not only the health of humans, 

livestock, and wildlife that are of concern when we consider the Trypanosoma spp. of 

Australia. Many of the hosts infected with the Trypanosoma spp. in Australia are 

vulnerable and endangered. If the species hosting these trypanosomes were to disappear 

all their parasites would disappear as well leading to several co-extinctions (Strona, 2015; 

Ash et al., 2017). Alternatively, as many local trypanosomes in Australia are not species 

specific they may be more at risk of being out competed in the event of exotic parasites 

being established in the population. Loosing these parasites would result in the loss of 

millions of years of evolution and no doubt, key players involved in maintaining balance 

in whole ecosystem stability. Little is known about the proteins that they code for and the 

life histories they lead, which could result in a vast quantity of knowledge becoming 

extinct before anyone was aware of its existence. The other concern is that parasites are 

important to their communities and their loss may impact the remaining population 

negatively. Trypanosomes are part of the natural ecosystem and it is not clear what would 
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happen if they were no longer present in their communities. As discussed in Chapter 1, 

the decrease of parasite load/transmission in wildlife may lead to increased bacterial and 

viral disease, which in many cases would be more detrimental to populations and 

comcommitant infections could exacerbate each other. If the natural parasites that these 

vulnerable animals carry help to keep their natural balance and prevent them from 

becoming infected with organisms that could result in disease then it is time to think of 

them differently. Australian wildlife trypanosomes are morphologically and genetically 

unique and they may contribute towards understanding the interaction between humans, 

domestic animals, and wildlife. When we consider the one-health triad it becomes 

essentially important to learn more about these unique organisms in order to be prepared 

for the future by documenting and understanding all unique Australian parasites 

(Robertson et al., 2014; Polley and Thompson, 2015).  

 

6.5. Conclusions and future research  

The priority in better understanding Australian trypanosomes now lies in investigating 

detailed cyclical life histories, identifying vectors, and evaluating the relevance of their 

genetic diversity. This will need to include extensive sampling of wildlife and relevant 

invertebrate communities from across Australia, in order to determine biodiversity and 

find vectorial candidates, which remain essentially unknown at this time. This can only 

be resolved by extensive sampling of potential candidates to explore their vectorial 

capacity using in vivo, in vitro, molecular, and ultrastructural analyses, to confirm vectors 

can transmit viable parasites to new hosts. The possibility that mixed infections 

(polyparasitism) may exacerbate the consequences of infection in vulnerable marsupials 

like the woylie cannot be ignored (McInnes et al., 2011a; Botero et al., 2013; Thompson 

et al., 2013b). More extensive and improved sampling of wildlife from across Australia 

may assist in discovering the prevalence of multiple infections, and the effects this can 

have on the host. It is now well established that Australian Trypanosoma spp. are 

genetically diverse both within and between species (Noyes et al., 1999; Botero et al., 

2013; Botero et al., 2016; Barbosa et al., 2017b). Future studies need to focus on trying 

to define the boundaries between these species groups, understand what mechanisms 

drove this high speciation, and explore the extent of Trypanosoma spp. diversity present 

at more than the few genetic loci that have been recently studied. The further 

characterisation of the whole genomes of both T. copemani and T. noyesi will allow the 
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exploration of their similarities and differences to other Trypanosoma spp. Here, a 

number of state-of-the-art pieces of equipment were used to investigate the molecular 

(next generation sequencing) and structural (FIB-SEM) profiles of Trypanosoma spp. as 

well as investigating their interactions with host cells. Despite the difficulties in studying 

Australian wildlife trypanosomes in the past, the constant advancement in molecular and 

microscopy techniques will contribute to bridging the extensive knowledge gap regarding 

host-parasite relationships and life histories of this important group. 
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