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ABSTRACT 

Naegleria fowleri, the causative agent of primary amoebic meningoencephalitis (PAM), has 

historically been associated with natural untreated water systems (i.e. lakes), which contain high 

levels of natural organic matter (NOM), sediment and biofilm. More than 360 PAM cases have 

been reported globally, with recent cases reported to be associated with artificial water systems 

(i.e. man-made systems) including drinking water distribution systems (DWDSs). Increasing 

numbers of PAM cases associated with DWDSs is concerning, and with poor treatment 

regimens and misdiagnoses common, the number of fatal PAM cases is expected to increase. 

The first line defence against N. fowleri associated with DWDSs is disinfection, and while West 

Australian (WA) guidelines recommend 0.5 mg/L chlorine maintained throughout the entire 

network, the negative effects of NOM and biofilm on chlorine efficacy, and the fact that their 

presence increases N. fowleri survival have not been taken account for. Chapter 2 reports 

experiments showing that the presence of NOM and biofilm, particularly field biofilm, 

increased the resistance of N. fowleri to chlorine, as it survived more than 30-fold (20 mg/L) the 

recommended concentration for 3 h, and intermittent chlorine dosing of 0.6 mg/L for 7 days. 

This increased resistance was probably the result of a combination of factors including the 

microbial community of the biofilm. To further assess the resistance of N. fowleri in biofilm, a 

field study using an operational DWDS in rural WA was conducted. Chapter 3 reports results 

showing a free chlorine residual more than 1 mg/L eliminated N. fowleri from both the bulk 

water and pipe wall biofilm in a pipeline that had been persistently colonised by the organism, 

and prevented recolonisation. A dynamic change in the biofilm community composition and a 

four log reduction in biofilm cell density was also observed following the chlorinators 

installation.  

Current methods for detecting viable N. fowleri rely on the combination of culture and 

molecular methods applied to concentrated bulk water samples, as individually they lack the 

ability to determine viability (molecular methods) and species composition (culture methods). 

In situ metabolic profiles are currently being used as a rapid technique for detection of microbes 

of interest within DWDSs. Chapter 4 reports experiments showing that metabolic profiling of 

Naegleria spp., using an untargeted metabolomics approach to identify a panel of diagnostically 

meaningful compounds, should enable rapid detection of N. fowleri. This novel rapid detection 

method could be used for monitoring N. fowleri within DWDSs. 

The distribution of N. fowleri is believed to be influenced by chemical and physical factors, 

including temperature and disinfectants, but little is known about the influence of ecological 

factors. DWDS biofilms provide a bacterial food source and protection from disinfectants and 

are ideal habitat for N. fowleri, however, its ability to colonise a biofilm would be affected by 

microorganisms, including free-living amoeba (FLA), competing for the same niche, the effects 



III 

 

of which on N. fowleri have not previously been explored. Chapter 5 reports studies of amoebal 

interactions in laboratory biomonitors and field DWDSs. Results revealed that co-colonisation 

of amoebae in biofilm was rare, typically resulting in the loss of some or all viable amoebae 

from the biofilm during the following sampling period, particularly N. fowleri, which was 

poorly competitive with other amoebae, and was commonly eliminated from the biofilm. Co-

colonisation was observed between Vermamoeba sp. and N. fowleri, potentially indicating an 

increased tolerance for each other, potentially because they may not directly compete for the 

same resources. 

Shifts in amoebae populations could be the result of competition for food sources. Chapter 6 

reports studies showing that while FLA preferentially grazed similar bacterial taxa some 

bacterial taxa were preferred by each FLA. A suite of intracellular associated bacteria (IAB) 

identified within N. fowleri including Meiothermus spp., which was further confirmed to be a 

viable food source for N. fowleri. These IABs have the potential to be used as a surrogate 

biomarker for the detection of N. fowleri in DWDSs, when combined with the other currently 

used detection methods, and should enable detection of colonised sites and sites with favourable 

conditions for N. fowleri. Understanding the factors that influence N. fowleri’s colonisation of 

biofilms is essential for monitoring, eliminating, and predicting DWDSs susceptibility to N. 

fowleri colonisation.  
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Chapter 1 Literature review 

This literature review aims to consolidate the current knowledge describing factors affecting 

Naegleria spp. colonisation in drinking water distribution systems (DWDSs) and the 

management of drinking water to eliminate this pathogen and reduce the risk to the public. The 

scope of this review encompasses the factors influencing biofilm colonisation by Naegleria spp. 

in operational DWDSs and laboratory settings, including disinfectant residuals and biofilm 

community composition. It aims to bring together key knowledge available on the factors 

influencing the distribution of Naegleria spp. in DWDSs, highlighting major areas where 

knowledge is lacking, and identifies issues that will be addressed in this thesis.  

1.1 Importance of Naegleria fowleri 

1.1.1 Naegleria fowleri and primary amoebic meningoencephalitis 

Naegleria are free living, thermophilic, amoeboflagellates, with 3 life stages; a cyst form 

resistant to unfavourable conditions, such as the presence of disinfectant residuals and low 

abundance of food sources, a swimming non-dividing flagellate form and an actively feeding 

and dividing trophozoite form. The trophozoite form is believed to be the only infectious form 

(De Jonckheere 2011, John 1982, Rodríguez-Zaragoza 1994). All forms are capable of reverting 

back and forth depending on environmental conditions and stresses. To date, at least 47 

Naegleria spp. have been identified globally (De Jonckheere 2011). The only identified human 

pathogen in the genus is Naegleria fowleri, the causative agent of primary amoebic 

meningoencephalitis (PAM) (Centers for Disease Control and Prevention 2014). 

N. australiensis and N. italica, close relatives of N. fowleri, are known animal pathogens but 

have not been linked to disease in humans (De Jonckheere 2002). N. fowleri has been detected 

from almost every type of fresh water on all continents except Antarctica. Historically N. 

fowleri was thought to only inhabit natural water sources, including lakes, rivers and thermal 

springs, which are often untreated and contain high levels of natural organic matter (NOM) and 

biofilm. However, more recently N. fowleri has been detected in artificial water sources 

including wells and DWDSs (Blair et al. 2008, Bright et al. 2009, De Jonckheere 2012, Morgan 

et al. 2016).  

In 1965 Fowler and Carter identified N. fowleri in fresh water as the cause of PAM in Australia. 

To date at least 360 cases have been reported globally, however this number is believed to be 

under-reported due to misdiagnoses (Dorsch 1982, Mahmood 2015, Nicholls et al. 2016, Yoder 

et al. 2010). The infectious dose of N. fowleri is unknown, however Cabanes et al. determined 

that the risk of occurrence of PAM in humans as a function of N. fowleri concentration in the 

water to be 85 × 10-8 for a concentration of 10 N. fowleri/L (Cabanes et al. 2001). PAM is 

described as a rare disease of the central nervous system (CNS) (Yoder et al. 2010). PAM 
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occurs when N. fowleri is introduced to the nasal mucosa as it enters the nose in water. The 

amoebae cross the cribriform plate and travel along the olfactory nerve to the CNS (Visvesvara 

et al. 2007). There they provoke an inflammatory response in the olfactory bulb and 

surrounding regions of the brain causing the typical symptoms of meningoencephalitis, 

including headache, fever, nausea and vomiting, stiff neck, photophobia, seizures, coma and 

eventually death (Carter 1970, Visvesvara et al. 2007). The incubation period of PAM is 

typically 2-3 days (up to 16 days) (Centers for Disease Control and Prevention 2008). 

Symptoms are often misdiagnosed as acute purulent bacterial meningitis (Diaz 2011). 

Misdiagnosis coupled with a short incubation period and low awareness of the disease typically 

leads to delayed treatment and consequently very low survival rates (mortality rate >  95 %) 

(Diaz 2011). N. fowleri is also of clinical concern in DWDSs, as it and other free living amoeba 

(FLA), such as Vermamoeba sp. and Acanthamoeba spp. can be reservoirs for pathogenic 

bacteria including Legionella and Mycobacterium (Lu et al. 2015, Wang et al. 2012). 

1.1.2 Natural sources of Naegleria fowleri 

The majority of global PAM cases have been associated with exposure to fresh water sources 

including lakes and rivers (Yoder et al. 2010). Exposure to these recreational water sources 

rarely results in infection with N. fowleri. However, PAM cases have been reported following 

fresh water exposure in several countries, such as Australia, New Zealand, Asia (including 

Japan, China and Thailand), the United Kingdom, Europe, the Middle East (including Pakistan 

and Iran), Africa, India, United States of America and South America (Cain et al. 1981, Caruzo 

and Cardozo 2008, Cerva et al. 1968, Cursons et al. 2003, De Jonckheere 2011, Dorsch 1982, 

Hara and Fukuma 2005, Kaushal et al. 2008, Lawande et al. 1980, Movahedi et al. 2012, 

Shakoor et al. 2011, Wang et al. 1993, Wiwanitkit 2004, Yoder et al. 2010). The majority of 

PAM cases associated with recreational water have been reported in developed countries, 

particularly America. This is unexpected as tropical countries tend to have higher environmental 

temperatures, lower water quality and insufficient treatment but have reported very low 

numbers of PAM cases. This bias has been attributed to low levels of awareness and poor 

diagnosis of PAM in tropical countries (John 1982). The majority of recreational water- 

associated PAM cases have been reported from the USA, typically from the southern states 

during summer months, and have been associated with untreated warm fresh water lakes and 

rivers (Budge et al. 2013, Centers for Disease Control and Prevention 2008). Cases are typically 

sporadic and low in number each year, however, in 2007 six cases were reported from Arizona, 

Florida and Texas. The highest number reported in one year is eight which occurred in 1980. 

Furthermore, the geographical distribution of the PAM cases in the USA has expanded. In 2010 

a PAM case associated with recreational water was reported in Minnesota, USA, during an 

uncommonly warm period when water and air temperatures were high (Kemble et al. 2012). 
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This case was located 500 miles north of the next northernmost case reported in the USA to 

date. The unusual location of this case suggests that the geographical range of this pathogen is 

either wider than previously thought, or its range is increasing with environmental and climate 

changes. The increasing number of fatal recreational water-associated PAM cases is a 

concerning trend. With poor treatment options and misdiagnoses common, the number of fatal 

PAM cases globally is expected to continue to increase.  

1.1.3 Artificial sources of Naegleria fowleri 

Historically, PAM cases have been associated with natural recreational water, as described 

above. However, several cases associated with artificial water systems have been reported, 

including thermally polluted water and swimming pools (Dorsch 1982, Yoder et al. 2010). N. 

fowleri’s preference for warmer water temperatures has been known since it was first described 

in the 1980s, following the discovery of N. fowleri in power plant cooling waters and adjoining 

lakes, rivers and canals (Behets et al. 2007, Huizinga and McLaughlin 1990, Kasprzak et al. 

1982). Interestingly, while N. fowleri’s presence was attributed to the thermally polluted water 

from the power plants, N. fowleri was more frequently detected in cooler water (17 to 21 °C) 

further downstream from the plant, rather than at higher temperatures closer to the plant 

(Kasprzak et al. 1982). More recent studies of lake water have reported no correlation between 

water temperature and the presence of N. fowleri for thermally polluted water, suggesting that 

other physical and chemical parameters of fresh water might be influencing the distribution of 

N. fowleri. However, other parameters including water conductivity, pH, and dissolved oxygen 

were also not correlated with the distribution of N. fowleri, and it has been hypothesised that the 

presence of predators or bacteria negatively affect the distribution of N. fowleri (Jamerson et al. 

2009).  

In addition to thermally polluted fresh water, PAM infections linked to wells and DWDSs have 

been reported from several countries (Bright et al. 2009, Cope et al. 2015, Yoder et al. 2012). 

Following at least six PAM cases since 2002 linked to wells or DWDSs in the USA (Council 

2007, Yoder et al. 2012), the Centers for Disease Control and Prevention (CDC) confirmed the 

presence of N. fowleri in municipal public water supply systems and groundwater supply wells 

(Centers for Disease Control and Prevention 2013, Cope et al. 2015, Louisiana Department of 

Health 2013a). From 2008 to 2015, 89 PAM cases linked to N. fowleri in DWDSs and ritual 

ablution (or nasal rinsing) using domestic tap water have been reported from Karachi (Pakistan) 

since 2008 (Herriman 2015, Kazi and Riaz 2013, Mahmood 2015, Shakoor et al. 2011, Shariq et 

al. 2014); however, the true number of cases is likely to be higher because of misdiagnoses.  

In Australia, 19 PAM cases were reported between 1961 and 1981, linked mostly to DWDSs 

(De Jonckheere 2011, Dorsch 1982, Fowler and Carter 1965). Since then, 7 cases have been 

reported from Queensland, all linked to ground water, storage tanks and DWDSs; the most 
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recent cases were in April 2015 and October 2016 (Murray 2015, Nicholls et al. 2016). N. 

fowleri continues to be detected in DWDSs in rural areas of Western Australia (WA) (Morgan 

et al. 2016, Puzon et al. 2009), however, no PAM cases have been reported since the 1980s 

(Dorsch 1982). With increasing PAM cases linked to domestic tap water from DWDSs, bores, 

aquifers and wells, these artificial water sources are now considered to be a reservoir for N. 

fowleri (Blair et al. 2008, Morgan et al. 2016, Puzon et al. 2009).  

Given how rare, rapid and fatal PAM is, prevention is critical to stemming the increase of cases. 

PAM cases associated with natural fresh water sources can only be controlled through 

awareness and education. However, addressing the risk of PAM associated with DWDSs 

requires strategies involving monitoring and disinfection of DWDSs to reduce the persistence 

and colonisation of N. fowleri in drinking water networks.  

1.2 In-adequate management of N. fowleri within DWDSs  

In order to reduce the risk of pathogens in DWDSs, water disinfectants, including chlorine, were 

introduced to drinking water systems in the early 20th century. While current chlorine 

disinfection regimes control the majority of pathogens within DWDSs, some organisms 

including Acanthamoebae spp. (De Jonckheere and Van de Voorde 1976), Vermamoeba sp. 

(Donlan et al. 2005, Kuchta et al. 1993) and Naegleria spp. (Ainsworth 2004, Cursons et al. 

1980) are not adequately controlled by disinfectants and could be a serious threat to human 

health if not dealt with appropriately.  

1.2.1 Chlorination 

Given that PAM is often fatal despite treatment, efforts to control the pathogen are largely based 

on prevention. The first line of defence against N. fowleri in DWDSs is chemical disinfection. 

The primary disinfectants used in WA are chlorine and chloramine (Trolio et al. 2008). Chlorine 

is a highly efficient halogen that destroys most pathogens via oxidation of organic molecules. 

Chlorine can easily be added to DWDSs in one of three forms: sodium hypochlorite (by 

electrolysis of salts), liquid chlorine or gaseous chlorine. Chlorine reacts with the water to form 

hypochlorous acid (HOCl) and hydrochloric acid (HCl), which dissociate into hydrogen and 

chloride ions (OCl–). Hypochlorous acid disrupts lipids in the cell wall and reacts with 

intracellular enzymes and proteins, effectively killing microorganisms. Both HOCl and HCl 

makeup free chlorine, which is the proportion of chlorine available for disinfection. Total 

chlorine, which is often measured by water utilities when monitoring residuals within DWDSs, 

includes chlorine that has already reacted with NOM in the DWDSs, and is therefore, not “free” 

to react and disinfect pathogens within the water.  

Chlorine is an effective water disinfectant when used in demand free water (DFW: water that 

does not exhibit consumption of disinfectants). Disinfection studies conducted in DFW were 
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used to set guidelines for water utilities, however, such conditions are not comparable to those 

in DWDSs, which contain biological demand water (BDW: water that exhibits consumption of 

disinfectants because of the presence of organic matter). DWDSs also contain dense biofilm 

attached to the pipe walls. The presence of pipe wall biofilm and NOM in a DWDS makes 

maintaining a stable residual throughout the DWDS difficult, because the disinfectant rapidly 

reacts with NOM and the biofilm (particularly multispecies biofilms), resulting in a short half-

life and reduced efficacy for disinfecting microorganisms (Berry et al. 2006, Bridier et al. 2011, 

Elvers et al. 2002). Reduced chlorine efficacy has been demonstrated for microorganisms 

released from biofilm (Chu et al. 2003, Codony et al. 2005), and for amoebae including 

Acanthamoebae sp. (De Jonckheere and Van de Voorde 1976), Vermamoeba sp. (Donlan et al. 

2005, Kuchta et al. 1993, Thomas et al. 2004), and Naegleria spp. (Ainsworth 2004, Cursons et 

al. 1980) and associated intracellular pathogenic bacteria that have been demonstrated to have 

increased resistance to disinfectants in DWDS biofilms.  

Of the FLA commonly of concern to water utilities, Naegleria spp. are typically more 

susceptible to chlorination than other pathogenic FLA including Acanthamoeba spp. (Cursons et 

al. 1980, De Jonckheere and Van de Voorde 1976). N. fowleri associated with DFW have been 

reported to be relatively susceptible to chlorine disinfection, with only 0.5 to 0.7 mg/L chlorine 

for 30 min at 25 °C required for trophozoites disinfection (Cursons et al. 1980), whilst cysts (the 

more resistant life phase) are susceptible to 0.5 to 1.5 mg/L chlorine for 1 h at 25 °C (Dawson 

and Brown 1987, De Jonckheere and Van de Voorde 1976, Ercken et al. 2003). Based on these 

historical data, and ignoring the effect of BDW or pipe wall biofilm, to manage N. fowleri in 

DWDSs, Australian water utilities aim for chlorine residuals of 0.5 mg/L at the terminal ends of 

systems (National Health and Medical Research Council 2011, Trolio et al. 2008). 

Unsurprisingly, under this disinfection regime N. fowleri has continued to be detected in 

DWDSs in WA (Puzon et al. 2009). The increased resistance of biofilms to disinfection is 

caused by several mechanisms including poor penetration of chlorine into biofilms (Lee et al. 

2011), mass transfer resistance (Stewart et al. 1996), persister cell formation (Roberts and 

Stewart 2005) and physical protection resulting from extracellular polymeric substances 

(Allesen-Holm et al. 2006).  

High water temperatures, which commonly occur in WA DWDSs, further reduce chlorine 

residuals and stimulate microbial and biofilm regrowth, further increasing resistance to 

disinfectants (Berry et al. 2006). High temperatures, low water quality, contact time, turbidity, 

biofilm and NOM are well known to reduce chlorine efficacy in DWDSs (National Health and 

Medical Research Council 2011, Ndiongue et al. 2005, van der Kooij et al. 1999). Based on this 

information, new guidelines have been developed, whereby DWDSs having water temperatures 

exceeding 25 °C for four months each year are considered high risk of Naegleria contamination 
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(Trolio et al. 2008), conditions which commonly occur in the summer months in rural WA (> 25 

°C, with extremes > 30 °C and up to 45 °C). High temperatures and dense biofilm growth in 

DWDSs covering vast distances above ground have free chlorine residuals that fluctuate 

significantly, making maintaining a constant residual throughout the network very difficult 

(National Health and Medical Research Council 2011). The microbial community composition 

of the biofilm is also known to influence chlorine efficacy (Elvers et al. 2002), and also 

provides a niche and available food source for bacteria-grazing eukaryotes (Chu et al. 2003, 

Goudot et al. 2012, Hoffmann and Michel 2001, Kokare et al. 2009, Thomas et al. 2004). With 

the knowledge that biofilm and NOM reduce disinfection residuals in DWDSs, new guidelines 

for water utilities have been developed to address this issue. Thus, N. fowleri detection in 

Australian DWDSs triggers rigorous dosing with chlorine at high concentrations, typically 1 

mg/L higher than the normal residual concentrations of 0.6 mg/L; this is recommended by the 

National Health and Medical Research Council (Australian Government) to eliminate amoeba 

from both the bulk water and biofilms (National Health and Medical Research Council 2011). 

Unfortunately, chlorine residuals as high as 2.5 mg/L have been shown to not be sufficient to 

eliminate amoebae from biofilms (Loret et al. 2005). 

As water utilities increase the minimum chlorine residual globally in DWDSs to combat this 

pathogen, including to > 0.6 mg/L in WA (Trolio et al. 2008), issues associated with higher 

disinfectant residuals in DWDSs, including disinfectant by-products (DBPs), need to be 

addressed. Chlorine DBPs form when chlorine reacts with NOM, and organic and inorganic 

chemicals in DWDSs (Wang et al. 2013b), and include trihalomethanes (THMs), haloacetic 

acids (HAAs), bromate, bromodichloromethane, chloroacetic acid, chloroform and 

dibromochloromethane. As many of these compounds have been linked to negative health 

effects in humans, including organ damage, cancers and birth defects, DBPs need to be 

controlled within DWDSs. To reduce the accumulation of DBPs and increase the residual level 

and effectiveness of water disinfection against pathogens like N. fowleri, many water utilities 

are converting to monochloramine as a primary or secondary disinfectant (Bougeard et al. 

2010).  

1.2.2 Chloramination  

Chloramines are derivatives of ammonia in which one (monochloramine), two (dichloramine) 

or three (trichloramine) hydrogen atoms have been substituted with chlorine atoms. Chloramine 

disinfectants have several advantages over chlorine, including lower DBP production, a longer 

half-life and superior biofilm penetration. For these reasons chloramination (specifically 

monochloramine) is increasing in popularity globally and is used in Australia, especially in 

longer DWDSs, where chlorine demand is high. Monochloramine does not oxidize inorganic 

compounds like bromide or iodide, and therefore, it does not form THMs and HAAs as readily 
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as chlorine, although it does form its own DBPs including  N-Nitrosodimethylamine (NDMA) 

(Mitch et al. 2003). While monochloramine does have a longer half-life than chlorine, it is also 

a weaker disinfectant and oxidant, and hence higher concentrations and contact times are 

required for disinfection in DWDSs compared with chlorine. Furthermore, while 

monochloramine has been demonstrated to have superior penetration and inactivation of 

biofilms than free chlorine and better control of coliform bacteria (Lee et al. 2011), recent 

studies have shown that monochloramine does not eliminate cell viability within biofilms, and 

many microorganisms comprising large biomass remained active (Lee et al. 2011, Pressman et 

al. 2012). Monochloramine is also less effective than chlorine at inactivating microbes near the 

biofilm surface, as chlorine readily disrupts cell membrane integrity. Another major drawback 

in the use of monochloramine is the promotion of nitrifying bacteria within DWDSs, as these 

bacteria can utilize ammonia added for chloramine formation, and ammonia that is released 

during the process of chloramine decay (Wahman 2016, Wilczak et al. 1996). Monochloramine 

has even been demonstrated to increase biofilm thickness and microbial resistance to 

monochloramine (Loret et al. 2005). Perhaps most importantly, monochloramine has been 

shown to be less effective than chlorine at disinfecting amoebae, including Naegleria spp., 

Acanthamoeba spp., Vermamoeba sp. and Vahlkampfia spp. (Ercken et al. 2003, Thomas et al. 

2004, Wang et al. 2013a), all of which are emerging issues for water utilities globally. 

To overcome the disadvantages (particularly nitrification in DWDSs) of using chloramine as the 

primary disinfectant, some water utilities perform a ‘chlorine burn’, which is the switching 

between chloramine and chlorine as the primary disinfectant, in an attempt to clean water pipes 

and provide a reliable disinfectant residual throughout DWDSs. While chlorine burns have been 

reported to greatly reduce the numbers of known nitrifying organisms, studies have shown that 

within four months of switching back to chloramine, nitrifying organisms rapidly recover, the 

pre-burn biofilm community returns, and nitrification in the DWDS is worse than before the 

chlorine burn (Wang et al. 2014). Therefore, switching back and forth between the two 

disinfectants selects for a more resistant microbial population as well as likely causing 

disinfectant resistance and further issues for DWDSs. The full extent of the effect of switching 

from chlorine to monochloramine is clearly not fully understood yet. Given that neither chlorine 

nor chloramine are the perfect disinfectants for DWDSs, alternative chemicals are sometimes 

used to compensate for the limitations of chlorine and chloramine. 

1.2.3 Alternative chemicals 

There are several less common water disinfectant alternatives to chlorine and chloramine; these 

are usually expensive or difficult to produce, the production is energy intensive, and they 

produce highly volatile by-products. Typically, these disinfectants are not used for primary 
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disinfection in DWDSs, but rather are used in combination with chlorine and chloramine as 

secondary disinfectants, or only for short-term specific uses, such as biofilm control.  

Chlorine dioxide (ClO2) is used in DWDSs as a strong disinfectant that selectively oxidises 

organic compounds and manganese that chlorine is unable to affect. It is formed from the 

combination of sodium chlorite and elemental chlorine, and has many advantages including a 

long half-life, does not produce DBPs and has a greater efficacy for resistant pathogens 

including Cryptosporidium and Legionella spp. Chlorine dioxide has also been shown to cause 

greater log reductions of bacteria than chlorine, even at low concentrations (Emtiazi et al. 2004, 

Loret et al. 2005). Unfortunately, as with chlorine, bacterial cells in biofilms are resistant to 

chlorine dioxide (Gagnon et al. 2005, Tachikawa et al. 2005). 

Ozone is another alternative disinfectant, but is far less frequently used in DWDSs. Ozone (O3) 

is generated by passing oxygen or air through high voltage electrodes, then bubbling it through 

water. It is one of the strongest oxidants, effectively destroys microbes and oxidises harmful 

organic substances (Gagnon et al. 2005), and has been demonstrated to be very effective against 

resistant pathogens including Cryptosporidium and amoebae, but not Legionella spp. (Loret et 

al. 2005). Ozone is so highly reactive, corrosive and toxic, however, it does not generate a 

residual throughout the DWDS. It also forms DBPs with bromide and breaks down organic 

matter, which in turn increases biofilm regrowth in DWDSs. Therefore, the production, use and 

monitoring of ozone requires highly skilled personnel. In regards to amoebae disinfection, N. 

fowleri is typically more susceptible than other pathogenic amoebae to chlorine dioxide and 

ozone, even in the presence of NOM and bacteria (Cursons et al. 1980, Dawson and Brown 

1987). However, as with other disinfectants, N. fowleri associated with biofilm (103 to 105 

cells/cm2) has been shown to be more resistant to chlorine dioxide and ozone than when present 

in bulk water (Thomas et al. 2004). There are other far less common disinfectants that show 

promise for use in DWDSs (including Deciquam 222), but have been shown to be ineffective 

against N. fowleri (Cursons et al. 1980). These rarer disinfectants all have limitations making 

them unpractical for use as primary disinfectants. To overcome some of the factors that reduce 

disinfectant effectiveness (including the presence for NOM), non-chemical methods are being 

used by water utilities to aid chemical disinfection. 

1.2.4 Non-chemical approaches 

Non-chemical approaches are often used in conjunction with primary and secondary 

disinfectants. Two of the most common non-chemical approaches include ultraviolet (UV) 

radiation and filtration. UV radiation penetrates microbial cell walls, damaging genetic material, 

proteins and preventing cell division. For this reason it can inactivate many pathogens that 

traditional water disinfectants cannot, including eukaryotic cysts. Furthermore, as it is not a 

chemical it does not form any known DBPs, and does not need storing or monitoring for 
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residuals. The lack of residual in DWDSs is a disadvantage, and while UV is effective at 

disinfecting many microorganisms, some pathogens are resistant to UV, including viruses (i.e. 

Reoviruses and Rotaviruses) and bacteria that occur within higher eukaryotes (i.e. Escherichia 

coli and Bacillus subtilis inside Caenorhabditis elegans nematodes or FLA) (Bichai et al. 2009, 

Bichai et al. 2008, Locas et al. 2007, Thomas et al. 2010). In addition, some microbes can repair 

UV radiation damage, meaning multiple radiation exposures may be required. As UV is not an 

oxidant, it can break down molecules but does not remove NOM and organic chemicals. 

Different organic molecules can then be released with the processed water due to incomplete 

break down unless UV is used in combination with other treatments. Studies have shown that 

combining UV with hydrogen peroxide improves disinfection of protozoa such as 

Cryptosporidium, which are highly resistance to known disinfectants, and also removes organic 

chemicals (Kruithof et al. 2007). UV cannot penetrate solid materials, including dense NOM 

and biofilm in the bulk phase and microorganisms in biofilm that are of concern to water 

utilities. 

Filtration is used to physically reduce the levels of NOM, biofilm in the bulk phase, 

microorganisms and chemicals in drinking water and are often combined using chemicals to 

enhance coagulation to remove the finer particles and organics. Filters range from beds of 

particles including sand, gravel and charcoal to advanced synthetic materials and membrane 

filtration for removal of fine suspended particles including microorganisms. More advanced 

forms of filtration including, ultrafiltration and nanofiltration, can remove synthetic chemicals 

such as pesticides. Unfortunately, some filters can become colonised by microbes and act as a 

source of contamination for DWDSs. Large eukaryotes, including rotifers, have been shown to 

colonise granular and biological filters and contaminate outgoing water (Castaldelli et al. 2005). 

Many studies have also shown that amoebae can colonise filters, creating a continuous source of 

contamination that can continue to seed DWDSs (Thomas et al. 2008). Bacteria including 

Mycobacteria spp., Legionella spp. and Pseudomonas aeruginosa have also been detected 

downstream of embankment filtration treatment plants (Emtiazi et al. 2004). The number of 

microbes colonising filters can be reduced by backwashing, but microorganisms recolonise 

filters within days (Castaldelli et al. 2005). Alternative practises include extensive flushing and 

scouring of sediment tanks, which reduced microbial colonisation of filters and sediment 

accumulation and biofilm build up in DWDSs (National Health and Medical Research Council 

2011). Scouring is often used to remove biofilm and sediment from treatment plants and within 

DWDSs, with the aim of reducing chlorine demand and to eliminate pathogens including N. 

fowleri, from storage tanks and pipe lines throughout DWDSs. However, scouring does not 

effectively remove N. fowleri from DWDSs. In addition, scouring mobilises NOM and biofilm, 

resulting in increased number or N. fowleri cysts and trophozoites in the bulk water, and rapid 

depletion of any residual disinfectant in the DWDS; consequently, high chlorine residuals are 
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required during scouring (Trolio et al. 2008). In WA scouring is rarely used because of water 

restrictions and the risk of mobilising N. fowleri, which could colonise and proliferate further 

down the network, and act as a further source of contamination for the rest of the DWDS 

(National Health and Medical Research Council 2011, Trolio et al. 2008). Although many 

disinfectant and control regimes are used in DWDSs globally, including those in WA, N. fowleri 

is still detected in these systems (Puzon et al. 2009). If this pathogen is to be eliminated as a 

threat in DWDSs, improved knowledge of the factors that enable it to resist disinfection and 

thrive in biofilms in DWDSs is required. 

1.3 Methods for detection of Naegleria fowleri 

1.3.1 Culture and molecular methods 

The surveillance and monitoring of N. fowleri in DWDSs is typically based on the collection, 

concentration and/or filtration of bulk water samples (approximately 100 - 250 mL) or 

sediment. N. fowleri are typically cultured on non-nutrient agar (NNA) plates coated with E. 

coli as a food source of FLA, and incubation at 42 °C for > 3 d. Viability is indicated by the 

formation of plaques on the E. coli lawns. Culture-based methods are slow, taking 2–3 d for 

plaques to appear, and taking 10 d to confirm a negative. Other conventional detection methods 

for N. fowleri are based on immunological (Stevens et al. 1980), biochemical (Kilvington and 

White 1985, Pernin and Grelaud 1989) or mouse pathogenicity tests (John and Howard 1995), 

which still require follow up using culture methods on NNA (Mahittikorn et al. 2015a, Reveiller 

et al. 2002). In addition, FLA including Naegleria spp. cannot be differentiated based on 

morphological features.  

For this reason culture-based methods must be combined with molecular methods using species 

specific primers. Many molecular detections methods for FLA based on the quantitative 

polymerase chain reaction (qPCR) have been reported (Behets et al. 2006, Kao et al. 2013, Mull 

et al. 2013, Puzon et al. 2009, Qvarnstrom et al. 2006, Robinson et al. 2006). The qPCR 

methods are more rapid compared with culture based methods, taking only hours to obtain 

results. Unfortunately, qPCR methods only determine the presence of N. fowleri DNA and do 

not indicate viability; DNA can remain in the environment even after the amoebae are no longer 

viable. The limitations of both the culture-based and molecular methods described above are 

overcome by combining these two methods, so that viability and speciation is determined. 

However, assessing amoebae viability confidently takes several days.  

More recent molecular approaches allow the determination of viability by the use of propidium 

monoazide (PMA). PMA is a fluorescent photo affinity label that binds covalently to nucleic 

acid following photo activation (Nocker et al. 2006). DNA that is covalently bound to this dye 

cannot be amplified by PCR. PMA enables differentiation of viable and non-viable cells by 
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acting as an intercalating agent which can bind free DNA or DNA within dead or ruptured cells, 

while not entering intact cells. However it may be engulfed by viable trophozoites resulting in 

false negatives. This method is gaining popularity for use in industry and research, and has been 

successfully used for distinguishing viable and non-viable bacteria (Nocker et al. 2007). Loop-

mediated isothermal amplification (LAMP) has been reported to target N. fowleri virulence 

genes (Mahittikorn et al. 2015a). This method involves simple DNA sequence amplification 

using only water baths. However, long-term storage of DNA is unreliable because of the heating 

step involved in this method. Other alternative methods include immune-magnetic separation 

using antibodies specific for N. fowleri (Mull et al. 2013), but these methods still require qPCR 

to confirm the species of amoebae involved.  

Another limitation of the traditional detection methods for N. fowleri is the sampling process. 

Typically, bulk water samples of < 1L are collected from DWDSs, but such small volumes risk 

false negative interpretations for the occurrence of N. fowleri in bulk water, and do not detect N. 

fowleri present in pipe wall biofilms. Some methods involving ultra-filtration seek to improve 

detection by increasing DWDS sample volumes (Hill et al. 2005). In this method large volumes 

are filtered to concentrate organisms present, but such methods do not allow the detection of 

amoebae in the biofilm which is seen as the reservoir for amoebae within DWDSs (Biyela et al. 

2012). To address this issue, sampling and testing of the pipe wall biofilm is required. However, 

this is difficult as most pipe lines operate under high pressure and velocity. This problem can be 

overcome through the insertion of devices containing removable surfaces or growth substrates 

to the pipelines; these support the formation of biofilm that emulates the biofilm forming in the 

pipes. Through the use of biofilm monitors directly connected to DWDS a more accurate 

representation of the amoebae community in its natural niche in DWDSs is achieved. This 

method is currently being used in rural and metropolitan DWDSs in WA (Morgan et al. 2016, 

Puzon et al. 2009).  

The use of biomonitors in field DWDSs has greatly increased the likelihood of detecting N. 

fowleri within DWDS, but the detection is still limited by the culture and molecular-based 

detection methods commonly used. A more rapid detection method which takes into account 

viability as well as speciation is required for the detection of N. fowleri in DWDSs to allow for 

rapid responses by water utilities in DWDS management.  

1.3.2 Metabolite profile based detection  

Metabolomics is the study of the set of metabolites present within an organism, cell, or tissue. It 

has recently been used in many industries and research areas for the detection and identification 

of microorganisms of interest. With improving analysis efficiency, the global metabolite pool 

from complex biological samples has grown in recent years (Cajka and Fiehn 2016, Xing et al. 

2014). In regards to pathogens in DWDSs, metabolomics profiles have been used for detecting 
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and determining the infectivity of Cryptosporidium oocysts (Beale et al. 2013b). This method 

facilitated identification of unique metabolites related to various cellular pathways in 

Cryptosporidium oocysts in aquatic samples, enabling viable and non-viable cysts to be 

differentiated. Metabolomic profiling using gas chromatography-mass spectrometry (GC-MS) 

has also been used to identify critical metabolic markers of bacteria undergoing specific 

physico-chemical activities in biofilms, including corrosion (Beale et al. 2010, Beale et al. 2012, 

Beale et al. 2014). This method has previously been used as a detection method for specific 

bacteria (Pseudomonas putida) in potable water (Kouremenos et al. 2014). Determining the 

unique metabolite profile of Naegleria spp., including N. fowleri, should enable development of 

a rapid method for the detection and differentiation of viable N. fowleri in water samples. To 

achieve this, variability in metabolite profiles arising from external factors must be accounted 

for, as these factors (including pH, temperature, the presence of other organisms and external 

stresses) are thought to affect metabolite consumption, and the production of biofilm and the 

organisms within it (Beale et al. 2013b). To be a useful technique for the detection of N. fowleri 

in DWDSs, metabolic profiling must be sufficiently sensitive to distinguish biofilm samples 

having similar communities but different metabolic profiles because of differences in physico-

chemical activities, microbial life phases, stresses and environmental factors, which affect the 

production of metabolites. Previous studies have attempted to compensate for variability in the 

metabolite profiles of individual species of bacteria known to cause corrosion. This has been 

done by exposing the microorganisms to different materials and other bacteria, assessing 

changes in metabolic activity, and analysing the resulting different metabolite profiles obtained 

(Beale et al. 2012, Beale et al. 2014). While metabolomics technology is not currently widely 

used for pathogen detection, it has potential for the detection and viability assessment of 

pathogens such as N. fowleri in DWDSs. The metabolite profile of N. fowleri could be used to 

identify key markers, facilitating development of a rapid alternative method for the detection of 

viable N. fowleri in water samples.  

Metabolite studies of N. fowleri have previously been highly targeted (Ondarza et al. 2006, 

Ondarza et al. 2003). Many factors need to be considered so that an accurate metabolite profile 

is obtained; for example, profiles will vary based on amoebae species and the extraction 

methods used. If these issues can be resolved, metabolomics profiling could provide a rapid, 

powerful screening tool for the detection of viable N. fowleri within DWDSs. To aid the 

development of this approach, the ecology of N. fowleri in DWDSs and the interactions of N. 

fowleri with the environment and microbiome of DWDS biofilms needs to be better understood.  

1.4 Understanding N. fowleri ecology in DWDSs 

FLA are a diverse group of protozoa having a global distribution in aquatic ecosystems, 

sediments and soils. The FLA distribution is believed to be influenced by many chemical and 



13 

 

physical factors, including water temperatures and disinfection residuals (Marciano-Cabral 

1988, Rodríguez-Zaragoza 1994, Thomas et al. 2004), but little is known about the influence of 

ecological factors. Knowing which ecological factors affect N. fowleri’s ability to colonise pipe 

wall biofilms is vital to improving understanding of the distribution of this pathogen. Being able 

to predicting its occurrence in DWDSs is crucial for the management and treatment of N. 

fowleri in these systems.  

1.4.1 Environmental factors influencing Naegleria fowleri colonisation  

Environmental factors known to influence N. fowleri colonisation and persistence in DWDSs 

include water origin, pipeline materials, ions, metals, pH, disinfectant residuals and temperature 

(Al-Hilfy and Muslim 2014, De Jonckheere et al. 1975, Delafont et al. 2016, Goudot et al. 2012, 

Lehtola et al. 2005, Sykora et al. 1983, Thomas et al. 2004). Disinfectant residuals have been 

well studied and are known to play an important role in N. fowleri’s ability to colonise and 

thrive in the environment, as described above. Water temperature has also been shown to 

influence N. fowleri’s distribution in DWDSs, because of its thermophilic nature. However, the 

distribution of recent PAM cases and N. fowleri suggest that temperature is not the major factor 

influencing the distribution of N. fowleri (Centers for Disease Control and Prevention 2008, 

Diaz 2011, Heggie 2010, John 1982, Morgan et al. 2016). N. fowleri and PAM cases have been 

reported in regions previously believed to be too cold to support the pathogen (Alisky 2008, 

Cogo et al. 2004, Kemble et al. 2012, Yoder et al. 2010). For example, N. fowleri has been 

detected in well water at temperatures from 21.9 °C to 37.4 °C (Blair et al. 2008, Bright et al. 

2009, Laseke et al. 2010), and in fresh water lakes during the winter months at numbers 

equivalent to or higher than those in the summer months (Sifuentes et al. 2014). Earlier research 

showed that despite being thermophilic in nature, N. fowleri can survive at low temperatures, 

including for 6 months at 4 °C and 4 months at – 10 °C (Chang 1978). These studies illustrate 

the potential for N. fowleri to inhabit environments previously considered too cold for its 

survival. It is possible that temperature may be indirectly effecting the environmental 

distribution of N. fowleri by influencing microbial factors within DWDSs. However, very little 

is known of microbial factors influencing N. fowleri’s colonisation and persistence in DWDSs. 

1.4.2 Colonisation of biofilm by Naegleria fowleri  

Prokaryotes, eukaryotes and viruses have all been detected in DWDSs, including in biofilms, 

especially in older pipelines (Geldreich 1996, LeChevallier et al. 1987, Servais et al. 2004). 

Biofilms are complex three-dimensional structures comprising microorganisms embedded in a 

matrix of extracellular polymeric substances (Costerton et al. 1995). Factors that control 

microbial growth in DWDSs include organic matter (Ndiongue et al. 2005), nutrient levels 

(Butterfield et al. 2002, Wijeyekoon et al. 2004), the biofilm microbial community and 

disinfectant residuals (Norton et al. 2004). Biofilms provide dense multispecies microbial 
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biomass (Elvers et al. 2002) and extracellular polymeric substances (Allesen-Holm et al. 2006), 

which provide shelter and increased resistance to disinfectants compared with the bulk water 

(Emtiazi et al. 2004, Gagnon et al. 2005, Tachikawa et al. 2005, Thomas et al. 2004). DWDS 

biofilms can harbour pathogens, and these are commonly released into the bulk water from the 

biofilm (Berry et al. 2006), making it a constant source of contamination in the system. This has 

been shown to be the case for N. fowleri and other potential pathogens, as the pipe wall biofilm 

is the main reservoir of amoebae in DWDSs (Biyela et al. 2012).  

The microbial ecology of pipe wall biofilm has received increasing interested to understand 

factors influencing microbial colonisation and persistence (Buse et al. 2014, Morgan et al. 

2016). The biofilm microbial community has been shown to vary among different pipe systems 

(Feazel et al. 2009, Hong et al. 2010), and it is unclear if the biofilm microbial composition, 

especially specific bacterial species, affects amoebae colonisation. Studies have shown that in 

order to support amoebae growth a minimum biofilm density is required (Goudot et al. 2012), 

but a recent study has shown that increasing bacterial richness is associated with the occurrence 

of N. fowleri (Morgan et al. 2016). This suggests that it may be the composition of the biofilm 

community, rather than its density, affecting the colonisation and persistence of N. fowleri. 

Previous studies have also shown that FLA population changes cannot be explained solely by 

the environmental parameters noted above (Delafont et al. 2016). Changes in amoebae 

colonisation have been attributed to ecological rather than physical and chemical factors. 

Ecological factors affecting the distribution of N. fowleri in DWDSs require further analysis, in 

addition to chemical and physical parameters that have already been considered.  

1.4.3 Eukaryotic interactions influencing Naegleria fowleri colonisation 

The DWDS biofilm environment facilitates interactions between eukaryotes and prokaryotes. 

Previous studies have demonstrated the benefits of multiple organisms (including amoebae and 

bacteria) living together in DWDS biofilms, including increased resistant to disinfectants 

(Ashbolt 2015, Berry et al. 2006). However, few studies have investigated the negative aspects 

of multiple eukaryotic organisms, including N. fowleri, co-colonising biofilms. In regards to 

other eukaryotes in biofilm, Nematoda and Rotifera taxa have been shown to influence the 

abundance of Naegleria spp. in DWDS biofilms (Puzon et al. 2017). Furthermore, the apparent 

predation of N. fowleri by other eukaryotes, including rotifers, in lake water has been reported 

(Jamerson et al. 2009). Predation is not just limited to higher eukaryotes but has also been 

observed among FLA. Under laboratory conditions Balamuthia spp. and Paramecium spp. have 

been demonstrated to predate on amoebae including N. fowleri, N. gruberi and Acanthamoeba 

spp., instead of bacteria (Matin et al. 2006, Tapia et al. 2013). Direct negative interactions, 

including predation by other eukaryotes and amoebae described here, would make aquatic 

environments unfavourable for N. fowleri colonisation and persistence. Therefore, it is likely 
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that the eukaryotic community in DWDS biofilms will influence the survival of N. fowleri in 

DWDSs.  

Interactions among amoebae have not been well studied. In 1983, the “flagellate empty habitat 

hypothesis” was proposed (Griffin 1983), which stated that FLA communities disrupted by 

human activity allowed other FLA to colonise the newly vacated niche. The new FLA 

population would likely be one which has an advantage over the original FLA. For example, 

during periods of higher environmental temperatures the growth of a thermophilic amoeba such 

as N. fowleri would be favoured. This hypothesis could explain the distribution of Naegleria 

spp. in anthropogenic (power plants) and natural aquatic environments, where it tends to 

dominant other amoebae including Willaertia and Vahlkampfia spp. (Declerck et al. 2007). The 

co-occurrence of viable FLA has been reported previously, including Acanthamoeba spp., 

Protacanthamoeba spp., V. vermiformis, Flamella sp., Echinamoeba spp., Pseudoparamoeba 

spp., Platyamoeba sp., Vannella sp. and N. gruberi (Muchesa et al. 2017, Ovrutsky et al. 2013), 

as has co-occurrence with predators including nematodes, copepods, and FLA (Buse et al. 

2013). However, the co-colonisation of N. fowleri and other amoebae is unstudied, as are the 

factors that enable this pathogen to colonise and persist in DWDS biofilms. While interactions 

with other eukaryotic organisms would play a role in the distribution of N. fowleri, prokaryotes 

would also have an influence.  

1.4.4 Bacterial interactions influencing colonisation by Naegleria fowleri  

In contrast to eukaryote communities, the bacterial composition of DWDS biofilms has been the 

focus of considerable study, including the of interactions between FLA and intracellular 

associated bacteria (IAB) (Feazel et al. 2009, Hong et al. 2010, Morgan et al. 2016), amongst 

which are amoeba-resistant bacteria (ARB), which can survive and live inside amoebae. It is 

likely that the growth of FLA and IAB is promoted by similar environmental conditions, 

allowing them to occupy similar niches. Research has shown that IAB of FLA are very 

abundant in nature, to the extent that FLA have been labelled “Trojan horses” for IAB (Barker 

and Brown 1994). This relationship enables some bacteria to multiply to large numbers within 

amoeba while avoiding disinfectants within the water system. The amoebae then become 

reservoirs, enabling bacterial re-colonisation of biofilms further along the DWDS (Berry et al. 

2006, Bottone et al. 1992, Cengiz et al. 2000, Winiecka-Krusnell and Linder 2001).  

In vitro studies have shown that FLA including Naegleria spp. harbour bacterial, eukaryotic, 

viral and fungal pathogens, including Vibrio cholerae, Pseudomonas spp., Mycobacteria spp., 

Mimivirus and Cryptosporidium spp. (Abd et al. 2005, Barker and Brown 1994, Calvo et al. 

2013, Corsaro et al. 2010, Gómez-Couso et al. 2007, Suzan-Monti et al. 2007, Thom et al. 1992, 

Thomas et al. 2008, Thomas et al. 2010). Some studies have reported increased bacterial 

virulence in IAB (including L. pneumophila, V. cholerae and Listeria monocytogenes) leading 
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to the selection of more virulent strains in DWDSs (Borella et al. 2005, Buse and Ashbolt 2011, 

Buse and Ashbolt 2012, Cirillo et al. 1999, Cirillo et al. 1997, Conza et al. 2013, Declerck et al. 

2005, Huang et al. 2011, Molmeret et al. 2005, National Health and Medical Research Council 

2011, Newsome et al. 1985, Rodríguez-Zaragoza 1994). Many reviews covering the 

associations between ARB and amoebae have been published (Denoncourt et al. 2014, 

Molmeret et al. 2005, Pagnier et al. 2009). 

While the influence of amoebae on the presence of pathogenic bacteria in DWDSs has been 

well documented, the impact of bacterial populations in DWDSs on the presence of amoebae 

and their ability to colonise biofilms has not been extensively studied. IAB are not necessarily 

ARB, and these bacteria can have alternative fates following ingestion, other than intracellular 

replication. FLA are bacteriovorous, and therefore, life within a DWDS biofilm provides access 

to food sources in the form of dense bacterial biomass (Goudot et al. 2012). Nutrient levels and 

food sources are known to play an important role in the survival, growth competition and 

biofilm colonisation by amoebae including N. fowleri (Goudot et al. 2012). Increased levels of 

bacterial richness are associated with N. fowleri detection, suggesting that biofilm composition 

may effect N. fowleri colonisation (Morgan et al. 2016). However, studies have shown that even 

with ample food sources and optimum growth temperatures, N. fowleri populations can 

dramatically decrease over time (Goudot et al. 2012). This suggests that the occurrence of FLA 

in DWDSs may be linked to specific bacterial communities (Delafont et al. 2016). Bacterial 

communities have been shown to be characteristic of the presence of particular FLA species: 

Naegleria spp. have been linked to Proteobacteria and Bacteroidetes in DWDSs (Puzon et al. 

2017), and Acanthamoeba spp. and Vermamoeba sp. have been associated with the occurrence 

of Flexibacter spp., Rhizobium and Corynebacteriales (Delafont et al. 2016). Food source 

selectivity has previously been reported for Acanthamoeba spp. and V. vermiformis (Pickup et 

al. 2007), but not for N. fowleri. Therefore, the occurrence of multiple amoebae within an 

environment (e.g. the pipe wall biofilm) having similar ecological and chemical conditions may 

result in negative interactions because of direct competition for food sources, as has been 

demonstrated for bacterial-feeding eukaryotes competing for the same bacterial food sources 

(Muchesa et al. 2017, Neidig et al. 2010, Ovrutsky et al. 2013). Whether survival is determined 

by limited food sources or competition with other bacterial grazers is unknown, but amoebae are 

presumed to selectively graze on the bacteria or other organisms within biofilms, which 

influences their distribution in DWDSs. Knowledge in this area has the potential to enable 

characterisation of DWDSs beyond the presence of N. fowleri in biofilms, facilitating 

assessment of whether a DWDS is susceptible to N. fowleri colonisation, based on the presence 

of viable food sources.  

1.5 Conclusion 
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As the frequency of PAM infections caused by Naegleria fowleri in DWDSs is increasing 

globally, greater understanding of how biofilms and NOM affect chlorine efficacy is critical in 

establishing disinfectant regimes to eliminate N. fowleri from bulk water and pipe wall biofilms. 

Furthermore, more advanced methods are required to determine the extent of N. fowleri 

colonisation in DWDSs. A rapid detection technique based on analysis of unique in situ 

metabolic signatures of N. fowleri metabolism could greatly improve the speed and accuracy of 

detection of viable N. fowleri, and improve the monitoring of DWDSs, enabling swift corrective 

action to minimize public health risks. Current detection methods for monitoring the water 

quality are far from satisfactory because of the lack of knowledge of N. fowleri interactions in 

the microbial ecology of DWDS biofilms. To date, knowledge of the interactions among various 

amoebae in biofilms is limited. It is also not known whether co-colonisation of viable N. fowleri 

with other amoebae in DWDSs is typical or atypical. Inter-eukaryotic interactions and the 

availability of food sources are no doubt major determining factors influencing the ability of N. 

fowleri to colonise and survive in pipe wall biofilms. Given that N. fowleri continues to 

seasonally recolonise DWDSs and grow within pipe wall biofilms, it is vital to understand how 

ecological interactions within the biofilm, including inter-amoebal interactions and the changes 

in viable food sources over time, are likely to influence the capacity of N. fowleri to colonise 

DWDS biofilms, which could lead to predicting DWDS susceptibility to N. fowleri colonisation 

and improve monitoring and treatment by utilities. Knowledge of these ecological factors, and 

the effects of other environmental factors including prolonged elevated water temperatures and 

resistance to disinfectant residuals, will enable water utilities to minimise the potential for N. 

fowleri colonisation in DWDSs, and to take appropriate action to reduce the risk of this 

pathogen establishing in DWDS pipe wall biofilms. The work contained in this thesis has 

contributed to addressing the issues listed in this literature review. The findings of this study 

will be of importance to water utilities responsible for addressing the occurrence of N. fowleri 

and other amoebae in susceptible DWDSs. 
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Naegleria fowleri associated with biofilm and biological demand water (organic matter 

suspended in water that consumes disinfectants) sourced from operational drinking water 

distribution systems (DWDSs) had significantly increased resistance to chlorine disinfection. N. 

fowleri survived intermittent chlorine dosing of 0.6 mg/L for 7 days in a mixed biofilm from 

field and laboratory cultured E. coli strains. However, N. fowleri associated with attached 

drinking water distribution biofilm survived more than 30 times (20 mg/L for 3 h) the 

recommended concentration of chlorine for drinking water. N. fowleri showed considerably 

more resistance to chlorine when associated with real field biofilm compared to the mixed 

laboratory biofilm. This increased resistance is likely due to not only the consumption of 

disinfectants by the biofilm and the reduced disinfectant penetration into the biofilm, but the 

composition and microbial community of the biofilm itself. The increased diversity of the field 

biofilm community likely increased N. fowleri’s resistance to chlorine disinfection compared to 

the laboratory cultured biofilm. Previous research has only been conducted in laboratory scale 

models of DWDSs and laboratory cultured biofilms. To our knowledge, this is the first study 

demonstrating how N. fowleri can persist in field drinking water distribution biofilm despite 

chlorination. 

Keywords: chlorine, Naegleria fowleri, biofilm, drinking water. 
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2.1 Introduction 

Drinking water distribution systems (DWDSs) can contain potential pathogens in the bulk water 

and biofilm which present risks for consumers (Ainsworth 2004). To reduce the risk, chlorine 

was introduced around the world as a microbial disinfectant early in the 20th century. While 

current chlorine disinfection regimes control the majority of pathogens within DWDSs, some 

such as Acanthamoebae spp. (De Jonckheere and Van de Voorde 1976), Hartmannella spp. 

(Kuchta et al. 1993) and Naegleria spp. (Ainsworth 2004, Cursons et al. 1980, Trolio et al. 

2008), are not adequately controlled and can be a serious threat to human health if not dealt with 

appropriately.  

Naegleria fowleri has been isolated from DWDSs in Australia, USA and Pakistan (Blair et al. 

2008, Cope et al. 2015, De Jonckheere 2011, Dorsch 1982, Marciano-Cabral et al. 2003, Puzon 

et al. 2009, Shakoor et al. 2011, Trolio et al. 2008). It is the causative agent of primary amoebic 

meningoencephalitis (PAM), a rapidly and invariably fatal disease of the central nervous 

system. Over 300 cases of PAM have been reported worldwide, most occurring in developed 

countries like the USA (De Jonckheere 2011). Most cases of PAM have been associated with 

fresh water sources such as lakes and inadequately chlorinated swimming pools, but an 

increasing number of infections have been linked to N. fowleri in the DWDSs, including 2 fatal 

cases of PAM in Arizona, USA in 2002 (Council 2007).  

Following these cases, N. fowleri was confirmed to be present in the municipal public water 

supply system, and since then molecular detections of N. fowleri have been found in 

approximately 10% of pre-disinfected groundwater supply wells in Arizona (Bright et al. 2009). 

In 2011, two additional cases of PAM were linked to the DWDSs in Louisiana, USA following 

the use of neti pots for sinus irrigation (Bartrand et al. 2014, Yoder et al. 2012). The homes of 

victims tested positive for N. fowleri by the CDC (Centres for Disease Control and Prevention), 

which were found in the kitchen sink faucet, main shower nozzle, water heater, bathroom sink 

faucet. Low residual chlorine levels were found at these sample points and the point of entry of 

municipal water into the patients residence. In 2013, another case of PAM was reported in the 

St. Bernard Parish (Louisiana, USA), and the CDC again confirmed the presence of N. fowleri 

in the DWDS (Louisiana Department of Health 2014). Later in 2013, yet another case of PAM 

was reported in the Virgin Islands, USA. This case was linked to DWDSs after N. fowleri was 

detected in the shower and hot water heater of the patient’s home (Centers for Disease Control 

and Prevention 2013, Cope et al. 2015). In the instance of the two Louisiana cases from 2011, 

below recommended levels of chlorine were present at the point of entry from the mains water 

at the 1st patient’s residence (Yoder et al. 2012). The 2nd patient’s municipal water had above the 

recommended concentration of chlorine at the point of entry to the residence, but negligible 
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concentrations at sites tested within the premise. Generally, the response to N. fowleri detections 

in DWDSs includes rigorous chlorine dosing at higher concentrations than normal residual 

concentrations as recommended by the National Health and Medical Research Council, 

Australian Government (NHMRC 2011). This response was implemented after the St. Bernard 

Parish water system tested positive for N. fowleri (Louisiana Department of Health 2014).  

Karachi, Pakistan, reported 13 cases of PAM from 2008 to 2009, at least one case in 2010, > 22 

cases in 2012 and > 2 cases in 2013 (Kazi and Riaz 2013, Shakoor et al. 2011, Shariq et al. 

2014). In 2014 more than 13 cases were reported and 5 deaths in the month of May 2015 alone 

(Herriman). Majority of the PAM cases were linked to DWDSs after the domestic tap water 

tested positive for N. fowleri in all patient’s homes. The re-emergence of PAM in the city of 

Karachi was reportedly the result of inadequate chlorination of the city’s DWDSs (Kazi and 

Riaz 2013). With the majority of recent PAM cases in both the USA and Pakistan reporting no 

history of recreational water use, DWDSs are now being seen as a concerning source for new 

cases of PAM.  

Previous research has shown that N. fowleri is relatively susceptible to chlorine disinfection 

when associated with demand free water (DFW; water that does not exhibit consumption of 

disinfectants). Trophozoites have been shown to be susceptible to chlorine disinfection at 

concentrations of 0.5 to 0.74 mg/L for 30 min at 25 °C (Cursons et al. 1980), whilst cysts have 

been shown to be susceptible to disinfection at concentrations of 0.5 to 1.5 mg/L chlorine for 1 

h at 25 °C (Dawson and Brown 1987, De Jonckheere and Van de Voorde 1976).  

DWDSs contain biological demand water (BDW; water that exhibits consumption of 

disinfectants due to the presence of organic matter) and often have dense biofilm attached to 

pipe walls. BDW and biofilm within the DWDSs could cause the increased resistance of N. 

fowleri’s to chlorine by providing a food source and protection from disinfectants. Additionally, 

high water temperatures increase the dissipation of chlorine in DWDSs which may also 

decrease the chlorine available for disinfection (Chu et al. 2003, Goudot et al. 2012, Hoffmann 

and Michel 2001, Kokare et al. 2009, NHMRC 2011, Thomas et al. 2004, van der Kooij et al. 

1999).  

While DWDSs in Australia can be above ground and often cover vast distances on the surface 

leading to elevated water temperatures during the summer months (> 25 °C, with extremes over 

30 °C and up to 45 °C (NHMRC 2011)), other countries reporting cases of PAM from domestic 

water have buried DWDSs and water temperatures, up to 29 °C (Centers for Disease Control 

and Prevention 2013, Cope et al. 2015, Council 2007, Shakoor et al. 2011, Yoder et al. 2012). 

Therefore, it is more likely that BDW and biofilm on the pipe walls are substantive contributors 

of N. fowleri resistance to chlorine in DWDSs.  
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Previous studies have noted the increased resistance of Hartmannella spp. to disinfectants while 

associated with biofilms (Donlan et al. 2005), and that while microbial numbers were reduced 

after the addition of disinfectants amoebae could not be eliminated from biofilm (Thomas et al. 

2004). It is thought that the nature of the biofilm itself may influence chlorine efficacy (Elvers 

et al. 2002). It then follows that recent PAM cases that have been linked to DWDSs may be a 

result of N. fowleri surviving higher concentrations of chlorine due to their association with 

DWDS biofilm and BDW. Recommended guidelines for water disinfection may not be adequate 

for N. fowleri disinfection in DWDSs with pipe wall biofilm. The present study was designed to 

determine the disinfection efficacy of chlorine on N. fowleri while associated with BDW and 

biofilm. 

2.2 Materials and Methods  

2.2.1 Analytical methods  

2.2.1.1 Culturing 

Culturing methods used for N. fowleri were as previously described by Puzon et al. (2009). N. 

fowleri was cultured in 75 cm2 tissue culture flasks (Iwaki, Japan) with 10 mL of 25 % Ringers 

solution (Oxoid, England), 100 µL of Escherichia coli culture (5.39 × 108 cells/mL), and 2.5 mL 

of N. fowleri inocula and incubated at 37 °C. The E. coli food stock was grown in 2 L Luria-

Bertani broth at 37 °C to late log phase and concentrated by centrifugation at 5,000 × g for 10 

min and resuspended in 25 % Ringers solution (Puzon et al. 2009). 

2.2.1.2 Amoeba and bacteria enumeration 

N. fowleri trophozoites and cysts were enumerated using a Thoma haemocytometer (Lab Optik, 

Germany). Samples were loaded on to the haemocytometer (10 µL) and viewed under phase 

contrast (Olympus, Japan) with the 10 × objective. The cells present within the gridded area 

were counted and calculated as cells/mL using the known dimensions of the haemocytometer. 

Each sample was counted twice and averaged.  

2.2.1.3 Flow cytometry 

Microbial cell concentrations of biofilm were enumerated using a Quanta flow cytometer 

(Beckman Coulter Quanta, U.S.) as follows: 200 µL of each sample was stained with 2 µL (10 

×) of SYBR Green 1 (Invitrogen, U.S.) and incubated for 15 min in the dark. Samples were 

diluted with filtered Milli-Q water to fit into the counting range of the Beckman Coulter Quanta 

flow cytometry. The Data was analysed using Cell Lab Quanta SC MPL analysis program 

(Beckman Coulter Quanta, U.S.).  

2.2.1.4 Chlorine preparation and measurement 
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A stock solution of sodium hypochlorite (NaOCl, 12.5 % w/v) (Rowe Scientific, Australia) was 

used for all experiments. Chlorine was diluted to the desired final concentration (0.2 – 10 mg/L) 

in sterile, chlorine free Milli-Q water before use. A pocket colorimeter II (Hach, U.S.) was used 

to test free chlorine concentrations according to the manufacturer’s protocol.  

2.2.1.5 Viability assessment 

Detection of viable N. fowleri was by observation of growth fronts on non-nutrient agar (NNA) 

- E. coli plates (Robinson et al. 2006). An aliquot of each sample (500 µL) was spread on to a 

NNA- E. coli plate and incubated for 48 h at 42 °C. NNA plates were prepared by mixing 1 L of 

25% Ringers solution with 15 g of bacteriological agar (Agar No. 1, Oxoid England) and 

autoclaved at 121 °C for 20 min. All growth fronts were scraped for DNA extraction and 

quantitative polymerase chain reaction (qPCR) as described below.  

2.2.1.6 Naegleria speciation 

Methods for Naegleria speciation and qPCR protocol have previously been described (Puzon et 

al. 2009) and the Bio-Rad InstaGene Matrix protocol (BioRad, U.S.). InstaGene matrix was 

mixed at moderate speed on a magnetic stirrer. Positive NNA - E. coli plates were scraped using 

a 1 µL sterile disposable loop and resuspended in 100 µL of InstaGene matrix. Samples were 

incubated at 56 °C for 25 min, vortexed for 10 s, incubated at 100 °C for 8 min, vortexed again 

and centrifuged at 13,523 × g for 3 min. Samples were stored at – 20 °C until analysed by 

qPCR. DNA samples were analysed using a Bio-Rad iQ5 (Bio-Rad, U.S.) using 25 µL reaction 

volumes with 12.5 µL HotStar Taq Master Mix (2 ×) (Qiagen, U.S.), 1.25 µL of each primer (10 

mM), 0.1 µL 500 µM SYTO9 dye (Molecular Probes, U.S), 7.9 µL sterile double distilled water 

and 2 µL of template DNA. Samples were run in triplicates with either a N. fowleri specific 

primer set (Puzon et al. 2009) or a consensus primer set for Naegleria spp. (Pélandakis et al. 

2000). Samples were run with DNA extraction controls (InstaGene Matrix with no DNA 

template) and negative controls (Milli-Q no DNA).  

2.2.2 Experimental methods 

2.2.2.1 Biological demand water vs. demand free water 

To determine the efficacy of chlorine to inactivate N. fowleri in the presence of BDW or DFW, 

laboratory cultured N. fowleri were exposed to increasing concentrations of free chlorine (0 - 1 

mg/L). N. fowleri trophozoites and cysts were added to the BDW and DFW to a final 

concentration of 1.4 × 103 organisms/mL. Samples were analysed for N. fowleri viability at T= 

0, 0.5, 1, 2, 3 and 24 h post exposure using NNA – E. coli plating as previously described. 

Chlorine depletion due to the BDW or DFW was analysed as described above.  

2.2.2.2 Water distribution system simulation – continuous flow experiments 
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Biofilm monitors (van der Kooij et al. 1995) (KIWA, Netherlands), were set up with bulk water 

and biofilm sourced from multiple DWDS field sites known to support the growth of N. fowleri 

during Autumn (Puzon et al. 2009). Duplicate experiments using four biofilm monitors were 

connected to 20L water sources, with two biofilm monitors per water source. The two 

experiments will be called the April test and May test hereafter. Biofilm monitors had an 

average flow rate of 15 L/h (± 1.7). All biofilm monitors had up to 42 glass rings inside, each 

with a surface area of 16.96 cm2. Biofilm monitors were inoculated with N. fowleri and E. coli 

until constant growth of N. fowleri was achieved at room temperature (approx. 22 °C).  

Biofilm monitors were confirmed to be positive for viable N. fowleri prior to commencing 

intermittent chlorination. Following the set-up period, culture water was chlorinated on day 1 

until the free chlorine concentration was 0.6 mg/L, the recommended concentration for water 

utilities in Western Australia (NHMRC 2011). Biofilm monitors were spiked daily with free 

chlorine up to 0.6 mg/L for 7 days in order to represent regions of the DWDS which receive low 

or fluctuating concentrations of chlorine, such as households. At the end of the chlorination 

period chlorine levels were permitted to fall naturally, with tests running for 9 days in the May 

test and for 47 days in total for the April test. One biofilm monitor (fig. 1-A) was set up as a 

control and received no chlorine throughout the duration of both experiments.  

To determine biofilm density and the survival rates of N. fowleri one ring was removed from 

each biofilm monitor daily. Glass rings were sonicated to detach the biofilm, and centrifuged at 

2000 × g for 10 min. Supernatant was discarded except for 1 mL and the cells were resuspended 

and biofilm density determined. An aliquot of resuspended cells (500 µL) was spread on to 

NNA - E. coli plates and incubated for 48 h at 42 °C. Plates were examined for N. fowleri 

growth fronts as described above.  

2.2.2.3 Field samples – attached or suspended biofilm 

Field biofilm samples were collected during autumn from field biofilm monitors that had been 

attached to DWDSs for 12 months (Puzon et al. 2009) and were confirmed by qPCR to contain 

naturally occurring N. fowleri. Biofilm was detached from biofilm monitors and suspended by 

shaking in bulk water. Suspended biofilm was then exposed to increasing concentrations of 

chlorine with varying contact times in two different ways. First, detached and suspended biofilm 

samples received a single initial dose of free chlorine at 0.5, 1, 2.5, 5 or 10 mg/L. Samples were 

incubated at 30 °C with shaking at 100 rpm for the duration of the experiment. Samples were 

analysed at T= 0, 0.5, 1, 6, 12 and 24 h for N. fowleri viability and residual chlorine 

concentrations as described above. Second, suspended biofilm samples were chlorinated at 

multiple time points (T=0, 0.5, 1, 3, 6, 12, 24 and 48 h) to maintain the initial free chlorine 

concentrations (0.5, 1, 2.5, 5 or 10 mg/L). Samples were analysed for N. fowleri viability and 

residual free chlorine concentrations as described above. In addition, biofilm attached to glass 
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rings sampled from field biofilm monitors known to be positive for naturally occurring N. 

fowleri was exposed to initial chlorine concentrations of 0.5, 1, 2.5, 5, 10 or 20 mg/L for 1 h in 

field bulk water, at 30 °C without shaking. After 1 h rings were vortexed and centrifuged to 

detach the biofilm and monitored for 48 h. Samples were taken regularly to determine N. fowleri 

viability and biofilm density as described above.  

2.2.2.4 Water distribution system simulation – batch experiments 

Biofilm monitors circulating field bulk water to form biofilm on glass rings were colonised by 

laboratory cultured N. fowleri. Rings were then taken from the laboratory monitors and exposed 

to increasing concentrations of free chlorine (0.2, 0.5, 1, 2.5, 5 or 10 mg/L) in 50 mL tubes 

(Greiner bio-one, Germany) for 24 h at 30 °C with constant shaking (150 rpm). Samples were 

monitored and analysed for N. fowleri viability, residual free chlorine concentrations and 

biofilm density as described above. Biofilm density was averaged and determined to be 1 × 105 

cells/cm2 by flow cytometry.  

2.3 Results 

2.3.1 Biological demand water vs. demand free water  

Viable N. fowleri trophozoites were detected when challenged with 0.5 mg/L of chlorine for 3 h 

and 1 mg/L for < 5 min in BDW (not shown). Viable N. fowleri trophozoites in DFW were 

detected when challenged with up to 0.5 mg/L of free chlorine at T= < 5 min, and no viable N. 

fowleri were detected when challenged with 1 mg/L of free chlorine. N. fowleri cysts in BDW 

exposed to up to 1 mg/L of free chlorine for 1 h were viable. N. fowleri cysts in DFW 

challenged with 1 mg/L of chlorine were viable for < 5 min. An immediate decrease in the free 

chlorine concentration was observed for all initial concentrations in BDW compared to DFW 

(results not shown). N. fowleri was more resistant to chlorine in BDW with a microbial cell 

concentration of 1.01 × 106 cells/mL compared with DFW. 

2.3.2 Water distribution system simulation – continuous flow experiments 

Viable N. fowleri were detected in the non-chlorinated control biofilm monitor (fig. 1-A) for the 

duration of the experiment. No viable N. fowleri were detected in one chlorinated biofilm 

monitor (fig. 1- B) after intermittent chlorination commenced in the May experiments. The 

biofilm monitors were monitored for 9 days. A decrease in biofilm density was detected post 

chlorination. However, in the second biofilm monitor in the first trial (fig. 1- C), viable N. 

fowleri were detected during the first three days of intermittent chlorination and again three days 

after chlorination ceased at which point free chlorine residuals had dropped below detection 

levels. Within this biofilm monitor the initial biofilm density was 105 cells/cm2. Unlike the first 

biofilm monitor, the biofilm density remained stable, until the 5th day of chlorination, at which 

time the density decreased to 104 cells/cm2. 



25 

 

In the April experiments, which were monitored for 47 days, no viable N. fowleri were detected 

(fig. 1- D and 1- E) after intermittent chlorination commenced. An immediate decrease in 

biofilm density from 105 cells/cm2 to 103 cells/cm2 was observed for both biofilm monitors after 

initial chlorination, followed by fluctuating densities ranging from 105 cells/cm2 to 102 cells/cm2 

throughout the chlorination phase of the experiment. This is in contrast to the May experiments, 

where viable N. fowleri were detected in one biofilm monitor during and after chlorination (fig. 

1-C). In the instance of this biofilm monitor the biofilm density remained relatively stable and 

did not display an initial decrease in biofilm density as a result of initial chlorination as the other 

three biofilm monitors displayed. The biofilm density stayed above 103 cells/cm2 in this biofilm 

monitor but decreased below 103 cells/cm2 in the biofilm monitors which were negative for N. 

fowleri following chlorination (fig. 1- B, 1- D and 1- E). 

2.3.3 Field samples – attached or suspended biofilm 

Viable N. fowleri were detected in biofilm suspended in field bulk water for up to 24 h 

following a single initial chlorine spike of 0.5 mg/L (table 1) with a bacterial cell density of 1 × 

106 cells/mL. When challenged with multiple chlorine dosing (at T= 1, 3, 6, and 12 h) to 

maintain the initial free chlorine concentration viable N. fowleri were detected up to 1 h 

following an initial chlorine spike of 0.5 mg/L and 30 min following an initial chlorine spike 1 

mg/L. When naturally occurring N. fowleri were challenged in attached biofilm samples from 

the field viable N. fowleri were detected after an initial chlorine dose of up to 10 mg/L for 48 h 

and 20 mg/L for 3 h (table 2). The density of the attached bacterial biofilm ranged from 1 × 104 

to 2 × 105 cells/cm2 (fig. 2). A free chlorine concentrations of 20 mg/L is more than 30 times the 

recommended concentration of chlorine for drinking water in Australia. 

2.3.4 Water distribution system simulation - batch experiments 

Laboratory cultured N. fowleri in biofilm attached to glass rings taken from laboratory biofilm 

monitors were exposed to increasing concentrations of free chlorine. At 30 °C, viable N. fowleri 

were detected for 24 h when the initial chlorine concentration was 0.5 mg/L (table 3). The 

average biofilm density of the attached biofilm was 1 × 105 cells/cm2. 

2.4 Discussion 

Our results show that N. fowleri could survive the recommended concentration of free chlorine 

when associated with a pipe wall biofilm. N. fowleri in attached, naturally established field 

biofilms are more resistant to concentrations of chlorine up to 30 times the recommended 

concentration (20 mg/L for 3 h and 10 mg/L for 48 h). N. fowleri in dislodged field biofilm were 

resistant to 0.5 mg/L for 24 h with a single chlorine dose, which is representative of sections of 

DWDSs were water becomes stagnant and free chlorine residuals dissipate over time. Where 

repeated chlorine doses was applied naturally occurring N. fowleri in field biofilm were resistant 
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to 0.5 mg/L for only 1 h, which is representative of good water flow and well maintained 

chlorine levels within the DWDSs. The increased resistance of N. fowleri to chlorine when 

associated with naturally established attached biofilm verses suspended biofilm is presumably 

due to not only the density of biofilm but due to the fact that the biofilm is physically protected 

by the pipe wall, creating an additional physical barrier resulting in reduced disinfectant 

penetration (Debeer et al. 1994).  

In the laboratory biofilm monitors, containing a mixture of field and E. coli biofilm, N. fowleri 

remained viable following 7 days of intermittent chlorine dosing up to 0.6 mg/L and where 

there was a minimum density of 103 bacterial cells/cm2. However, in the duplicate experiments 

some biofilm monitors did not have viable N. fowleri following the same treatment regime. For 

the N. fowleri negative biofilm monitors the bacterial numbers rapidly decreased following 

chlorination, suggesting that biofilms aid N. fowleri resistance to chlorination. Given that the 

biofilm densities within the biofilm monitors were similar at the start of chlorination in both N. 

fowleri positive and negative tests; this may suggest that the type of bacteria present within the 

biofilm were important in the protection of N. fowleri.  

In comparison to the natural field sourced biofilm, N. fowleri challenged in the laboratory mixed 

biofilm (composed of field sourced water supplemented with laboratory strains of E. coli) were 

only detected following an initial dose of chlorine up to 0.5 mg/L for 24 h (table 3). Simplified 

biofilm is known to be more susceptible to disinfectants than diverse biofilm (Bridier et al. 

2011, Chu et al. 2003, Elvers et al. 2002, Simoes et al. 2009). The drop in resistance of N. 

fowleri associated with the attach mixed biofilm with E. coli compared with naturally occurring 

field biofilm is likely due to the reduced complexity of the laboratory mixed biofilm. This may 

explain why N. fowleri grown in our laboratory cultured biofilm monitors had reduced 

resistance to chlorine when compared to field biofilm and supports the hypothesis that the type 

of bacteria present in the biofilm play a significant role in N. fowleri’s increased resistance to 

chlorination.  

Similar to N. fowleri associated with attached biofilm display increased resistance to 

chlorination, the presence of organic matter and suspended microbial cells also increase 

resistance due to the dissipation/consumption of water disinfectants. Chlorine tests conducted in 

BDW and DFW demonstrated that chlorine residuals in BDW (1 × 106 cells/mL) had a marked 

decline compared to DFW. In DFW 0.6 mg/L chlorine was capable of inactivating N. fowleri 

trophozoites in < 5 min and cysts in < 30 min, whereas, N. fowleri challenged in BDW required 

higher concentrations of chlorine for extended periods of time to completely inhibit the amoeba. 

These results illustrate the increased resistance of N. fowleri to chlorine when challenged in 

BDW and biofilm compared with DFW. 
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This study illustrates the increased resistance of N. fowleri to chlorine while associated with 

BDW and biofilm due to three factors. First the “consumption” of disinfectants due to the 

biofilm and organic matter present, reducing the free chlorine residuals. High organic matter 

loads and biofilm are known to consume disinfectants reducing their effectiveness (Ndiongue et 

al. 2005, NHMRC 2011, van der Kooij et al. 1999). Secondly, the physical barrier created by 

the biofilm being attached to pipe wall reduces disinfectant penetration, protecting 

microorganisms living within (Debeer et al. 1994). Thirdly, the composition and microbial 

community of the biofilm increases resistance to disinfectants. More established, diverse 

biofilms are known to be more resistant to disinfectants, increasing the resistance of the 

microbes within, including amoeba, such as Hartmannella spp. (Bridier et al. 2011, Chu et al. 

2003, Donlan et al. 2005, Elvers et al. 2002, Emtiazi et al. 2004, Gagnon et al. 2005, Simoes et 

al. 2009, Tachikawa et al. 2005). These three factors could explain why N. fowleri is 

predominantly isolated from water samples downstream of treatment processes (Biyela et al. 

2012, Marciano-Cabral et al. 2003, Trolio et al. 2008). Furthermore, the ever increasing death 

toll due to PAM in Karachi, Pakistan is likely the result of inconsistent free chlorine 

concentrations throughout the DWDS allowing N. fowleri to survive and thrive within the 

biofilm throughout the network and into household pluming and water storage tanks. 

The aim of this study was to demonstrate the increased resistance of N. fowleri to chlorination 

when associated with BDW and pipe wall biofilm. Our results demonstrate that in situations 

where residual chlorine levels are difficult to maintain and biofilms persist, such as households 

and regions of the pipe line where disinfectant levels vary, N. fowleri may be particularly 

difficult to eliminate. Given that the recommended response to N. fowleri detections in the 

DWDSs includes rigorous chlorine dosing at higher concentrations (NHMRC 2011), guidelines 

should be revisited and improved based of future research. Future work should look at the 

efficacy of other disinfectants, i.e. chloramine, on DWDS biofilm, and higher concentrations of 

chlorine for longer exposure times in field settings when trying to treat N. fowleri associated 

with DWDS biofilm. 
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Figure 1: N. fowleri detections, free chlorine 
concentrations and biofilm densities during 
intermittent chlorination (0.6 mg/L) of N. 
fowleri while associated with stable or 
fluctuating attached biofilm using biofilm 
monitors under laboratory conditions.  

Control biofilm monitor (A) and chlorinated 
biofilm monitors (0.6 mg/L chlorine) (B, C, D, 
E) all received E. coli on all preliminary days 
and after chlorination ceased on days 16, 29, 47. 
Biofilm monitors (B, C) are the May test and 
ran for 9 days. Biofilm monitors (D, E) are the 
April test and ran for 47 days. Biofilm densities 
are averages of duplicates and have a 5 % 
standard error.  
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Table 1: Survival of N. fowleri challenged in biofilm suspended in bulk water taken from the field 
biofilm monitors with either a single initial chlorine spike (A) or multiple chlorine spikes (B).  
 

Initial chlorine Chlorine at last positive Growth fronts qPCR 

(mg/L) (mg/L) (h) (N. fowleri) 

0 0 24 + 

0.5 0.03 24 + 

1 0.05 < 5min + 

2.5 >2.20 < 5min + 

5 >2.20 - - 

10 >2.20 - - 

 
Initial chlorine Chlorine at last positive Growth fronts qPCR 

(N. fowleri) 
(mg/L) (mg/L) (h) 

0 0 24 + 

0.5 0.03 1 + 

1 0.03 0.5 + 

2.5 >2.20 - - 

5 >2.20 - - 

10 >2.20 - - 
 

Density of biofilm suspended in bulk water was determined to be 1 × 106 cells/mL by flow 
cytometry. Positive growth fronts were confirmed to be N. fowleri by qPCR and melt curve 
analysis, some unknown species were detected at high levels of chlorine for long periods of time 
however, and they are un-identifiable at this time. 
  

B 

A 
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Table 2: Survival of N. fowleri challenged with chlorine when associated with attached biofilm 
taken from field site biomonitors.  

Initial chlorine concentration  T= 1 Hour Growth fronts  qPCR 

(mg/L) (mg/L) (h) (N. fowleri)  

0 0 48 + 

0.5 0.02 48 + 

1 0.05 48 + 

2.5 0 48 + 

5 0.7 48 + 

10 1.63 48 +  

20 2.2 3 + 

Samples were exposed for 1 hour before first samples was taken. Samples were plates out at 
multiple time points after T=1 up to 48 hours. Positive growth fronts were confirmed to be N. 
fowleri by qPCR. Free chlorine concentrations at T= 1 hour are the highest recorded 
concentrations of duplicates. 
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Figure 2 Biofilm density of attached biofilm taken from field site biofilm monitors used to 
challenge N. fowleri with chlorine.  

Biofilm density on glass rings ranges 1 × 104 to 2 × 105 cells/cm2, results are averages of 
duplicates. NB: N. fowleri was viable for 48 h for all chlorine concentrations except for 20 
mg/L, which survived for 3 h. Positive growth fronts were confirmed to be N. fowleri by qPCR 
and melt curve analysis. All residual chlorine measurements at 1 h were nil except for 10 mg/L 
and 20 mg/L which had residuals of 1.63 and > 2.2 mg/L, respectively. Biofilm densities have a 
5 % standard error. 
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Table 3: Survival of N. fowleri challenged with chlorine in attached biofilm – batch experiments.  
Initial chlorine T= 24 h T= 48 h Growth fronts qPCR 

(mg/L) (mg/L) (mg/L) (h) (N. fowleri) 

0 0.4 0.01 24 + 

0.2 0.03 0 24 + 

0.5 0.04 0 24 + 

1 0.03 0 - - 

2.5 1 0.43 - - 

5 >2.20 1.87 - - 

10 >2.20 >2.20 - - 

Biofilm density was averaged and determined to be 1 × 105 cells/cm2 by flow cytometry. 
Positive growth fronts were confirmed to be N. fowleri by qPCR and melt curve analysis. 
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Chapter 3 Elimination of Naegleria fowleri from bulk water and 

biofilm in an operational drinking water distribution system 
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Global incidence of primary amoebic meningoencephalitis cases associated with domestic 

drinking water is increasing. The need for understanding disinfectant regimes capable of 

eliminating the causative microorganism, Naegleria fowleri, from bulk water and pipe wall 

biofilms is critical. This field study demonstrated the successful elimination of N. fowleri from 

the bulk water and pipe wall biofilm of a persistently colonised operational drinking water 

distribution system (DWDS), and the prevention of further re-colonisation. A new chlorination 

unit was installed along the pipe line to boost the free chlorine residual to combat the 

persistence of N. fowleri. Biofilm and bulk water were monitored prior to and after re-

chlorination (RCl), pre-rechlorination (pre-RCl) and post-rechlorination (post-RCl), 

respectively, for one year. A constant free chlorine concentration of > 1 mg/L resulted in the 

elimination of N. fowleri from both the bulk water and biofilm at the post-RCl site. Other 

amoeba species were detected during the first two months of chlorination, but all amoebae were 

eliminated from both the bulk water and biofilm at post-RCl after 60 days of chlorination with 

free chlorine concentrations > 1 mg/L. In addition, a dynamic change in the biofilm community 

composition and a four log reduction in biofilm cell density occurred post-RCl. The pre-RCl site 

continued to be seasonally colonised by N. fowleri, but the constant free chlorine residual of > 1 

mg/L prevented N. fowleri from recolonising the bulk and pipe wall biofilm at the post-RCl site. 

To our knowledge, this is the first study to demonstrate successful removal of N. fowleri from 

both the bulk and pipe wall biofilm and prevention of re-colonisation of N. fowleri in an 

operational DWDS. The findings of this study are of importance to water utilities in addressing 

the presence of N. fowleri and other amoeba in susceptible DWDSs. 
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3.1 Introduction 

Current chlorine disinfection regimes control the majority of pathogens that occur in drinking 

water distribution systems (DWDSs). However, some organisms such as Acanthamoeba spp. 

(De Jonckheere and Van de Voorde 1976), Vermamoeba sp. (Kuchta et al. 1993) and Naegleria 

spp. (including N. fowleri) (Cursons et al. 1980, Trolio et al. 2008) are known pathogens or are 

known to harbour intracellular pathogenic bacteria (Abd et al. 2003, Abd et al. 2005, Barker and 

Brown 1994, Molmeret et al. 2005), and are not adequately controlled by current disinfection 

regimes. They therefore present a significant risk to human health if not controlled or eliminated 

from DWDSs. Pathogenic Naegleria fowleri has been isolated from operational DWDSs in 

Australia, USA and Pakistan, with all three countries reporting fatal primary amoebic 

meningoencephalitis (PAM) cases linked to domestic water exposure (Cope et al. 2015, Dorsch 

1982, Marciano-Cabral et al. 2003, Puzon et al. 2009, Shakoor et al. 2011, Trolio et al. 2008). 

The first line of defence against DWDS-associated PAM is disinfection of drinking water 

throughout the entire DWDS by chlorination. Australian water utilities target a free chlorine 

residual of at least 0.5 mg/L, maintained at all times, throughout the entire network (National 

Health and Medical Research Council 2011). However, Naegleria sp. can form cysts, a form 

known to be more resistant to disinfection (Dupuy et al. 2014) and can persist in DWDSs, tank 

sediments and pipe biofilm unless high enough disinfectant residuals are maintained (Goudot et 

al. 2014, Trolio et al. 2008). N. fowleri associated with pipe wall biofilm are capable of 

surviving intermittent levels of free chlorine up to 20 mg/L for short durations (Miller et al. 

2015). In addition, organic matter in the bulk water and pipe wall biofilm build-up reduce free 

chlorine residuals and the efficacy of the disinfectant can be compromised in sections of the 

DWDSs (Miller et al. 2015, Momba et al. 2000, Prévost et al. 1998). Detection of N. fowleri in 

DWDSs at a density of 2 organisms per litre (or a single detection in a 500 mL sample) is the 

threshold for action in Australian DWDSs, given the rapid density changes that can occur in 

amoebae numbers. N. fowleri detections results in rigorous chlorine dosing at elevated 

concentrations of at least 1 mg/L of free chlorine, throughout the distribution system, with 

increased testing and surveillance, as recommended by the Australian Government National 

Health and Medical Research Council (National Health and Medical Research Council 2011).  

A similar response is now implemented in the USA following three DWDS-associated PAM 

cases in St. Bernard Parish, (Louisiana, USA). The “2013 emergency rule” stated that the new 

minimum disinfectant residual levels should be increased to 0.5 mg/L throughout the entire 

system at all times and daily records of chlorine residuals in the distribution system should be 
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maintained to avoid “imminent peril to the public health and safety” (Louisiana Department of 

Health 2013b). If N. fowleri is detected within DWDSs, water utilities are required to maintain a 

constant free chlorine residual of 1 mg/L for a 60-days. Following the implementation of the 

state’s new public drinking water surveillance program > 27 water systems were tested for N. 

fowleri, with seven systems testing positive to date, including Terrebonne, St. Bernard and 

Ascension parishes (Louisiana Department of Health 2015a). The 60-days disinfectant regime 

described in the 2013 emergency rule was reported to successfully control N. fowleri within 

these DWDSs until July 2014, when the St. Bernard DWDS tested positive for N. fowleri 

multiple times during the 60-days disinfectant regime (Louisiana Department of Health 2015b). 

Of all the sites tested only one did not meet the required continual disinfectant residual of 1 

mg/L. Given that the pipe line tested positive for N. fowleri during the normal disinfectant 

dosing (0.5 mg/L) as well as during the higher residual (1 mg/L), this suggests that the current 

disinfection regime including the 60-day chlorine regime of 1mg/L was not able to fully 

eliminate N. fowleri from the DWDS.  

Previous work using laboratory biofilm monitors and DWDSs has shown that N. fowleri was 

capable of surviving disinfection while associated with pipe wall biofilm and was able to re-

emerge from biofilm into the bulk water (Biyela et al. 2012, Miller et al. 2015). As only a few 

of the sites tested positive for N. fowleri in the St. Bernard DWDS during the chlorine burn it is 

likely that the pathogen persisted within the pipe wall biofilm during both the regular 

disinfection regime and the high levels of disinfectant during the 60-day burn and later re-

emerged from the biofilm after the free chlorine had been scaled back or switched to 

chloramine. 

In addition to the USA DWDS-associated PAM cases, Karachi, Pakistan, reported 56 PAM 

cases since 2008. However, this number is likely to be under reported as most reports come 

from local media and the likelihood of misdiagnoses is high (Kazi and Riaz 2013, Shakoor et al. 

2011, Shariq et al. 2014). The continued persistence of N. fowleri in the city’s DWDSs has been 

blamed on inadequate chlorination (Kazi and Riaz 2013). DWDS-associated PAM cases in 

Australia reached 19 between 1961 and 1981, before the introduction of awareness campaigns 

(Dorsch 1982). More recently 7 ground water/storage tank/DWDSs-associated PAM cases have 

been reported in Queensland since 1971, with 5 in the last 15 year and the most recent case in 

April 2015 (Nicholls et al. 2016) (personal communication; Department of Health, Queensland, 

2015). On the other side of the country in Western Australia (WA), N. fowleri has been detected 

within DWDSs in rural areas (Morgan et al. 2016, Puzon et al. 2009), however, no PAM cases 

have been reported since the 1980s (Dorsch 1982). The detection of any Naegleria spp. (density 

of 2 organisms/L) or water temperatures greater than 25 °C, continuously for more than 4 

months a year, is considered high risk for the presence of N. fowleri in WA DWDSs (Trolio et 
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al. 2008). The minimum chlorine residual required throughout DWDSs in WA is 0.6 mg/L, with 

the aim of maintain a minimum of 0.6 mg/L at the terminal end of the distribution system 

(Trolio et al. 2008). However, reaching this minimum residual is difficult due to the distance of 

the terminal end from preceding chlorination sites, water age, temperature, organic matter load 

and the presence of pipe wall biofilm reducing the free chlorine concentration within a DWDS. 

To address these issues, particularly in rural regions of WA, disinfectant levels are boosted 

within the network by staggered chlorination stations. Despite the use of chlorination stations, 

free chlorine residuals are still difficult to maintain in some remote regions and N. fowleri is 

occasionally detected (Morgan et al. 2016, Puzon et al. 2009, Trolio et al. 2008). 

Due to an increased the number of DWDS-associated PAM cases, the need to understand the 

minimum level of chlorine required to eliminate N. fowleri from an operational DWDS and 

prevent its re-emergence from pipe wall biofilm is of significant importance. In this study, the 

efficacy of free chlorine on removing N. fowleri from an operational DWDS is reported. The 

study was designed to monitor the presence of N. fowleri and other amoebae in both the bulk 

water and pipe wall associated biofilm and determine the chlorine residual required to prevent 

its persistence and re-emergence. To our knowledge, this is the first field study using an 

operational DWDS to assess the removal of N. fowleri in both the bulk water and the biofilm 

and will further aid water utilities in their management practices with respect to N. fowleri and 

other amoebae. 

3.2 Materials and Methods 

3.2.1 Operational DWDS site monitoring and access 

This study took place in a regional water supply scheme sourced from surface water in rural 

Western Australia over a 19 month time span to observe the effects of a newly installed 

chlorinator over all seasons. The study site was selected based on persistent historical detections 

of N. fowleri and continuous low chlorine residual. The water in the pipe had previously been 

disinfected at several points including at its source and re-chlorination points along the DWDS. 

Two sampling sites were selected by their position along the pipeline relative to the location of 

the chlorinator. Pre-rechlorination site (pre-RCl) was located 500 m upstream from the 

chlorinator and hence did not receive any chlorine residual. Post-rechlorination site (post-RCl) 

was located 15 km downstream of the chlorinator. Pre-RCl acted as the “control”, in regards to 

any natural factors affecting amoebae distribution and survival (i.e. water temperature) to relate 

observed changes in the amoebae and bacterial communities within the DWDS with the newly 

established chlorine residual. Post-RCl site also had historical detections of N. fowleri and a 

continuous low free chlorine residual before the initiation of the study. Both sites had previously 

been monitored for 3 years before the chlorinator’s installation on a seasonal basis. Bulk water 

and biofilm samples were analysed for presence of viable and non-viable amoeba, cell counts, 
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free and total chlorine residuals, turbidity, adenosine triphosphate (ATP) activity and water 

temperature.  

Bulk water samples were collected in sterile 250 mL collection bottles directly from the pipe 

line using a pre-sterilized spout, which was left running for 5 min before sampling to ensure the 

sample represented true bulk water conditions. Biofilm samples were collected from biofilm 

monitors (Kiwa), containing glass rings used as biofilm growth supports (surface area of 16.96 

cm2), which had been connected directly to the pipe line with a flow rate of 50 L/h (Miller et al. 

2015, Morgan et al. 2016, Puzon et al. 2009). Triplicate biofilm samples were collected using 

sterile tweezers and placed in 30 mL of filtered bulk water in a sterile 50 mL tube, at each time 

point. Samples were stored and transported at room temperature. Bulk water samples were 

concentrated by centrifugation, and the supernatant discarded. Glass rings were mixed with 

vortex, sonicated and centrifuged to dislodge and concentrate the biofilm, with excess 

supernatant discarded. Concentrated samples were used for viability plating, flow cytometry and 

DNA extractions. All other measurements were taken on the day of sampling at the sites. The 

continued access and installation of the biofilm monitors was achieved with the assistance of the 

Water Corporation of Western Australia. 

3.2.2 Physical and chemical measurements 

A pocket colorimeter II (Hach, U.S.) was used to test free and total chlorine concentrations 

according to the manufacturer’s protocol. Bulk water turbidity was measured using a Thermo 

Orion Turbidimeter – AQ4500 (Thermo Scientific, Australia) according to the manufacturer’s 

protocol. Temperature was measured using the MC-87 Dual Channel Digital Thermometer 

(TPS, Australia). Adenosine triphosphate (ATP) was measured using a Biocounter M 1500 

Light (Celsis, UK) according to the manufacturer’s protocol. Filtered site water was used for 

background readings. Standard curves were generated using ATP standards (10, 100, 500 and 

1000 ng/mL, Boehringer Mannheim, Germany). ATP readings were averages (min 4 ×, relative 

light units) and plotted on the standard give to give ng/mL of ATP.  

3.2.3 Microbial analysis 

3.2.3.1 Microbial enumeration 

Enumeration of microbial cell concentrations were conducted using a Quanta flow cytometer 

(Beckman Coulter Quanta, U.S.) equipped with a laser emitting at a fixed wavelength of 488 

nm. Fluorescent filters and detectors were all standard with green fluorescence collected in FL1 

channel (585 + 30 nm) and red fluorescence collected in the FL3 channel (> 670 nm). Data was 

analysed using the Cell Lab Quanta SC MPL analysis software (Beckman Coulter Quanta, 

U.S.). Total cell counts were enumerated following staining with SYBR Green I (Invitrogen, 

U.S.) using a previously described method (Ho et al. 2012, Hoefel et al. 2003). Briefly, bulk 
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water and biofilm samples were diluted to fit into the counting range of the flow cytometry 

using Milli-Q water. Of the diluted samples 200 µL was stained with 2 µL (10 ×) of SYBR 

Green I and incubated for 15 min in the dark. Counting zones were selected based on Hoefel et 

al. 2003, where the zone selected represented total cell counts. Controls included; filters and/or 

unstained field samples. All samples were run in duplicates and averaged and the results 

presented as cells/mL for bulk water or cells/cm2 for biofilm samples. 

3.2.3.2 Viability assessment 

Concentrated bulk water and biofilm samples (500 µL) were incubated on non-nutrient agar 

(NNA)- Escherichia coli plates for at least 48 h at 42 °C in order to assess the viability of 

amoebae (Puzon et al. 2009, Robinson et al. 2006). All plates were observed for growth fronts. 

Positive plates were scraped with 1 µL sterile loops to collect biomass for DNA extraction and 

quantitative polymerase chain reaction (qPCR) for species identification. NNA was prepared by 

mixing 1 L of 25 % Ringers solution with 15 g of bacteriological agar (Agar No. 1, Oxoid 

England) and autoclaved at 121 °C for 20 min before plating 100 µL of E. coli culture (5.39 × 

108 cells/mL) on the plates. E. coli was grown in 2 L Luria-Bertani broth (Oxoid, England) at 37 

°C to late log phase and concentrated by centrifugation at 5,000 × g for 10 min and resuspended 

in 20 mL of 25 % Ringers solution.  

3.2.3.3 DNA extraction 

DNA was extracted from samples using the following two methods. PowerSoil DNA Isolation 

kit (MO BIO Laboratories, Inc. USA) was used for total DNA extractions which were then used 

for the molecular detection of microbes by qPCR or pyrosequencing. The DNA isolation kit was 

used according to the manufacturer’s protocol with the pellet of 500 µL of sample instead of 

loading 0.25 g of soil, which had been centrifuged at 21,000 × g for 5 min. The Bio-Rad 

InstaGene Matrix (BioRad, U.S.) was used for DNA extraction of NNA growth fronts (i.e. 

viable amoebae) according to the manufacturer’s protocol. Positive NNA - E. coli plates were 

scraped using a 1 µL sterile disposable loop and resuspended in 100 µL of InstaGene matrix. 

All DNA extracts were stored at – 20 °C until analysed by quantitative polymerase chain 

reaction (qPCR). 

3.2.3.4 Naegleria species identification 

Methods for Naegleria speciation by qPCR melt curve analysis have previously been described 

by Puzon et al. (2009). DNA samples were analysed using a Bio-Rad iQ5 (Bio-Rad, U.S.) with 

a total reaction volume of 25 µL containing 12.5 µL HotStar Taq Master Mix (2 ×) (Qiagen, 

U.S.), 1.25 µL of each primer (10 mM), 0.1 µL 500 µM SYTO9 dye (Molecular Probes, U.S), 

7.9 µL sterile double distilled water and 2 µL of template DNA. Samples were run in triplicate 

with either a N. fowleri specific primer set (Puzon et al. 2009) or a consensus primer set for 
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Naegleria spp. (Pélandakis et al. 2000). DNA extraction method controls (InstaGene Matrix or 

PowerSoil elution buffer with no DNA template) and negative controls (RNase-free ddH2O) 

were run with every reaction. 

3.2.3.5 16S rRNA gene pyrosequencing 

Bacterial composition of biofilm samples (Table 2) at pre-RCl and post-RCl sites before and 

after the activation of the chlorinator were assessed by amplicon pyrosequencing of 16S rRNA 

genes using the total DNA extracted from a subset of field samples as previously described 

(Dowd et al. 2008, Morgan et al. 2016). A region of the bacterial 16S rRNA gene was PCR 

amplified and sequenced from the community DNA extractions using primers 27Fmod (5’-

AGRGTTTGATCMTGGCTCAG-3′) and 530R (5’-CCGCNGCNGCTGGCAC-3’) (Molecular 

Research LP, USA). Amplicon pyrosequencing was performed by Molecular Research 

following a previously published standard protocol (Dowd et al. 2008). In short samples were 

first amplified for 30 cycles (94°C for 3 minutes, followed by 28 cycles of 94°C for 30 seconds; 

53°C for 40 seconds and 72°C for 1 minute) followed by a final elongation step at 72°C for 5 

minutes. All amplicon products were then mixed in equal concentrations and purified using 

Agencourt Ampure beads (Agencourt Bioscience Corporation, USA). Purified products were 

then sequenced utilizing Roche 454 FLX titanium instruments following manufacturer’s 

guidelines (Roche, USA). The entire pooled sample mixture was sequenced on each of two 

separate sequencing runs which were combined for processing and analysis. 

Errors from the raw pyrosequences were removed using the cluster-free method implemented by 

the Amplicon Pyrosequence Denoising Program (APDP) pipeline (v1.1) (Morgan et al. 2013) as 

a significant number of errors are generated in the amplicon sequencing process and can mislead 

biodiversity inferences (Morgan et al. 2016, Quince et al. 2011). Raw pyrosequences were de-

multiplexed by binning sequences with a perfect match to the same barcode and forward primer 

sequence, truncated at 200 bp, and retained if observed with at least two reads. Unique 

sequences were assigned by BLASTn to a group based on the best hit from NCBI non-

redundant nucleotide database (Altschul et al. 1990). Errors and de novo chimeras in the unique 

sequence pool were identified and removed within and between-group comparisons (Morgan et 

al. 2013). Denoised sequences were converted into a format compatible with the Quantitative 

Insights in to Microbial Ecology (QIIME) pipeline (v1.6.0) (Caporaso et al. 2010). Bacterial 

16S rRNA gene sequences were clustered into OTUs of 97% similarity using the uclust method 

(Edgar 2010). Representative sequences for each OTU were classified using the Ribosomal 

Database Project (RDP) naive Bayes classifier against the Greengenes May 2013 database 

clustered at the 97% level, and samples were normalised to 881 reads per sample to control for 

sampling effort. Diversity analyses and visualizations were performed with the R statistical 

package (Team 2015). Alpha-diversity was measured as OTU richness, and beta-diversity was 
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calculated as Bray-Curtis dissimilarities. Altered OTU richness in samples from pre-RCl and 

post-RCl sites was tested using one-way analysis of variance, and significant pairwise 

differences were identified by the post hoc Tukey's Honest Significant Difference test. The 

vegan package (Oksanen 2015) was used to perform non-metric multidimensional scaling 

(NMDS) of Bray-Curtis dissimilarities calculated from the read-normalised OTU table, and the 

ordination was visualised using ggplot2 (Wickham 2009). Class-level relative abundances were 

visualized as a heatmap in ggplot2, with OTUs that could not be assigned a class and rare taxa 

(maximum relative abundance in any sample below 2 %) combined into a single category 

(“Other”). 

3.3 Results 

3.3.1 Chlorine residuals before and after chlorination 

The free chlorine residual at the pre-RCl site was < 0.1 mg/L during the entire study, with the 

highest residual recorded at 0.09 mg/L (table 1, figure 1). Prior to the activation of the new 

chlorinator on 19/05/2014, the highest free chlorine residual recorded at the post-RCl site was 

0.07 mg/L. Following activation of the chlorinator, the free chlorine residual at the location of 

the chlorinator (i.e. distance = 0 km), increased to 1.37 mg/L in 24 h (figure 1) and had an 

average free chlorine residual of 1.54 mg/L for the first two months, the highest recorded 

residual was 1.82 mg/L, measured one month after activation. However, no chlorine residual 

was detected at the post-RCl site (15 km downstream of the chlorinator) until 48 h after the 

chlorinator’s activation (Post RCl 6 = 0.05 mg/L and Post RCl 7 = 1.14 mg/L) (table 1 & 2). 

Over the duration of the study, the free chlorine residual at the post-RCl site was lower than the 

chlorinator and storage tank by an average of 17.9 %. The average free chlorine residual was 1.3 

mg/L at the post-RCl site for the first 60 days of the study. The highest recorded residual at the 

post-RCl site was 1.64 mg/L, which occurred 45 days after the activation of the chlorinator. 

After the first 60 days of an average 1.3 mg/L free chlorine at the post-RCl site the free chlorine 

residual was reduced to approximately 1 mg/L for the remained of the study. The average free 

chlorine residual following the first 60 days was 1.1 mg/L, the lowest residual measured 

throughout the study, excluding the initial rise, was 0.71 mg/L 6 months after the chlorinator’s 

activation, which was due to faulty equipment.  

3.3.2 Detection of N. fowleri before and after chlorination 

Amoebae detection was on a presence/absence basis, rather than a quantitative basis, as the 

detection of any thermophilic amoebae in DWDSs requires immediate action (1 amoeba/500 

mL sample). Throughout the study, N. fowleri was detected in 33 % of bulk water and biofilm 

samples (viable and molecular detections) from the pre-RCl site and was detected only in 

samples obtained during summer and autumn (table 1, figure 2A). Other amoeba species were 
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detected by culture and molecular methods in 100 % and 78 % of biofilm and bulk water 

samples, respectively, and were detected in all seasons. Before the installation of the 

chlorinator, N. fowleri was detected in 83 % and 17 % of biofilm and bulk water samples, 

respectively, at the post-RCl site. While amoebae were detected in 100 % and 50 % of biofilm 

and bulk water samples, respectively (table 1, figure 2B). The detection of amoebae decreased 

following the activation of the chlorinator at post-RCl, with detections of N. fowleri decreasing 

to 0 % of biofilm and bulk water samples collected at the post-RCl site. Amoebae were however 

still detected for the first two months with 44 % of the biofilm and 22 % of bulk water samples 

testing positive by molecular methods. Elimination of all traces of amoebae (including 

molecular detections) from the bulk water and biofilm at the post-RCl site was achieved only 

after maintaining an average free chlorine residual of 1.3 mg/L for 60 days (figure 2A&B), with 

no further detection (viable or molecular) for the entire duration of the experiment. Amoeba 

detected within the first two months post chlorination included Vermamoeba sp. and unknown 

thermophilic amoeba species.  

3.3.3 Biofilm densities before and after chlorination 

Bulk water and biofilm total cell counts at the pre-RCl site remained relatively stable and high 

for the duration of the study, with the highest counts of 1.6 × 106 cells/mL and 2.5 × 107 

cells/cm2, recorded in the summer and autumn months, respectively (figure 3A). The biofilm 

and bulk water cell counts at the pre-RCl site followed a cyclic trend with the cell counts 

decreasing as the temperature decreased during the winter months, and increasing in response to 

higher temperatures in the summer and autumn months. Bulk water and biofilm total cell counts 

at the post-RCl site prior to the activation of the chlorinator were stable and high for the year 

before the study (figure 3B), however, the highest counts of 8.1 × 105 cells/mL and 8.45 × 106 

cells/cm2 were recorded in the winter and spring months, respectively. Following the activation 

of the chlorinator and the presence of constant chlorine residual of at least 1 mg/L, the biofilm 

and bulk water cell counts at post-RCl decreased. The greatest impact was seen on the total 

number of organisms enumerated within the biofilm when compared to the bulk. At the 

completion of the study, the biofilm cell count had dropped by 4 orders of magnitude from the 

highest counts detected in summer (106 decreased to 102 cells/cm2). The bulk water cell counts 

also decreased by 2 orders of magnitude by the end of the study (from 105 to 103 cells/mL).  

3.3.4 Changes in microbial diversity before and after chlorination 

OTU richness among samples from the two sites was not significantly different prior to 

activation of the chlorinator (Pre-RCl1-2: mean richness = 146.5, sd = 6.36, n = 2; Post-RCl1-5: 

mean richness = 232.6, sd = 35.81, n = 5; Tukeys Honest Significant Differences test p = 

0.347). However, the Post-RCl-6 sample was collected post-activation, but before the chlorine 

front reached the post-RCl site, and so is chemically (and likely ecologically) more similar to 
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the pre-activation samples (Post-RCl1-5, Table 2) than the post-activation samples (Post-RCl7-

13). When considered in this way, pre-activation OTU richness was significantly higher at the 

post-RCl site than pre-RCl site (Pre-RCl1-2: mean richness = 146.5, sd = 6.36, n = 2; Post-

RCl1-6: mean richness = 235.7, sd = 32.90, n = 6; Tukeys Honest Significant Differences test p 

= 0.004). After activation OTU richness was significantly lower at the post-RCl site 

downstream from the chlorinator (Post-RCl1-6: mean richness = 235.7, sd = 32.90, n = 6; Post-

RCl7-13: mean richness = 14.1, sd = 8.67, n = 7; Tukeys Honest Significant Differences test p < 

0.001), but was not significantly different at pre-RCl site (Pre-RCl1-2: mean richness = 146.5, 

sd = 6.36, n = 2; Pre-RCl3-8: mean richness = 164.2, sd = 35.85, n = 6; Tukeys Honest 

Significant Differences test p = 0.983). Comparisons of OTU richness before and after 

activation of the chlorinator were not qualitatively affected by the status of sample Post-RCl-6. 

NMDS analysis of the microbial community composition before chlorinator activation showed 

that the biofilm communities of the pre- and post-RCl sites clustered together (figure 4). Once 

the chlorinator was activated the post-RCl site biofilm microbial community separated from that 

detected at the pre-RCl site indicating that the diversity of the microbial community at both sites 

was significantly different as a result of the free chlorine residual. This change in bacterial 

community composition within the biofilm was analysed more closely (figure 5). Prior to the 

activation of the chlorinator, similar classes of bacterial taxa were present at the pre and post-

RCl sites, with the most abundant microorganism belonging to the Alphaproteobacteria, 

Betaproteobacteria and Gammaproteobacteria classes. At the post-RCl site after chlorination, 

Alpha-, Beta- and Gammaproteobacteria and were still the most abundant bacterial taxa 

present. Flavobacteria, Saprospirae, Nostocophycideae, and “other” decreased in abundance 

while Planctomycetia, Cytophagia, Spartobacteria, Opitutae, Sphingobacteria, Solibacteres, 

Fimbriimonadia, Anaerolineae, Deltaproteobacteria, Phycisphaerae and Chloacidobacteria 

disappeared completely. Synechococcophycideae was exclusive to the pre-RCl site, while 

Nitrospira was exclusive to post-RCl before chlorination and was no longer be detected 

following the activation of the chlorinator. Bacterial taxa belonging to the Bacilli, 

Acidobacteria, Actinobacteria and Clostridia classes were detected exclusively at the post-RCl 

site, after the activation of the chlorinator.  

3.3.5 Physical and chemical parameters before and after chlorination  

Analysis of other biological and physical parameters at the field site, including turbidity and 

ATP, did not correlate with the presence of the amoebae or the free chlorine residual (results not 

shown). In addition, ATP level did not correlate with total cells counts in the bulk water or 

biofilm. Water temperatures ranged from 13 to 39 °C across the year, with the average 

temperatures at pre- and post-RCl being 24.5 and 22.6 °C, respectively. At pre-RCl amoebae 

were detected in the bulk water and biofilm samples regardless of the time of year or water 



43 

 

temperature (figure 2B), ranging from 38 °C in summer to 14 °C in winter, viable N. fowleri 

were detected in water temperatures of 15 °C in winter and 33 °C in summer. 

3.4 Discussion  

N. fowleri was successfully eliminated from both biofilm and bulk water in the operational 

DWDS due to the presence of a constant free chlorine residual above 1.3 mg/L. The initial lag 

in the rise of the chlorine residual was attributed to biofilm and organic matter in the DWDS 

pipes reacting with the chlorine (Miller et al. 2015, Momba et al. 2000), which resulted in a 

reduction of the residual at the post-RCl site, approximately 15 km downstream, compared to 

the residual at the chlorinator. After the initial lag in free chlorine, the residual was maintained 

above 0.7 mg/L for the remainder of the study, with an average of 1.3 mg/L in the first 60 days, 

double the recommended level (National Health and Medical Research Council 2011). Once the 

free chlorine residual increased at the post-RCl site, the biofilm cell count initially decreased, 

and all detectable N. fowleri and other amoebae were eliminated from the bulk water and 

biofilm within 60 days of an average 1.3 mg/L of free chlorine. The high residual not only 

eliminated already established amoebae from the pipe wall biofilm, but prevented N. fowleri 

from re-colonising the site, despite their continued detection at the pre-RCl site, for the duration 

of the study. N. fowleri has a dormant life phase; cyst form, which enables the pathogen to 

survive harsh conditions, including elevated chlorine residuals, longer than the trophozoite form 

would. However, Dupuy et al. showed that Naegleria cysts only were slightly more resistant 

than the trophozoites to chlorine disinfection while other amoeba cysts, including 

Acanthamoeba sp., showed significantly more resistance to chlorine and other disinfectants 

compared to their trophozoite form (Dupuy et al. 2014). Furthermore, association with dense 

pipe wall biofilm has also been shown to increase N. fowleri’s resistance to disinfectants (Miller 

et al. 2015). Given that both the biofilm association and to a lesser extent, the cyst life phase, 

are known to increase N. fowleri’s resistance to chlorine disinfection, biofilm associated 

amoebae could of been viable but inactive. However, no N. fowleri or amoebae were detected 

by both culture and molecular methods indicating the elimination of all viable and viable but 

inactive forms. Therefore, the constant elevated chlorine residual was necessary to eliminate all 

N. fowleri and other amoebae from the DWDS, including those associated with the biofilm. 

Elevated chlorine residuals have also been suggested as a control method for other known water 

pathogens with higher resistance to disinfectants, including Legionella pneumophila, which 

displayed increased resistance to chlorine residual of 1.2 mg/L while associated with DWDS 

biofilm and that in order to control this pathogen it is necessary to maintain an elevated free 

chlorine residual, throughout the entire DWDS to prevent re-entry of pathogens which can re-

colonise and persist within the biofilm (Giao et al. 2009). 
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Interestingly, while amoebae were detected at the post-RCl site during the first 60 days of 

chlorination, N. fowleri was not detected after the chlorine residual initially increased above 1 

mg/L at the post-RCl site. The early disappearance of N. fowleri at post-RCl also coincided with 

decreasing water temperatures, which have been reported to be unfavourable for the 

thermophilic amoeba (Goudot et al. 2012, Marciano-Cabral et al. 2010). However, as N. fowleri 

did not re-colonise the site the following summer when temperatures increased above 20°C, the 

removal of N. fowleri is attributed to the chlorine residual and cannot be solely attributed to the 

decreased temperature. Based on the data collected from the post-RCl site prior to the activation 

of the chlorinator, there was a seasonal variation of N. fowleri and amoeba species detected at 

both pre and post-RCl. If the temperature was solely responsible for the elimination of N. 

fowleri from post-RCl, then it would have re-colonised the site the following summer, however, 

N. fowleri was never detected again in the bulk and biofilm. Therefore, the early disappearance 

of N. fowleri from post-RCl may be attributed to a combination of factors, including water 

temperature and the high free chlorine residual. With regards to water temperature, viable N. 

fowleri and other amoebae were detected at low temperatures, as was noted at pre-RCl at 16 °C. 

Sifuentes et al. also found N. fowleri at low temperatures, and detected it more frequently in 

winter and spring when testing recreation surface water in Arizona (Sifuentes et al. 2014). 

Morgan et al found viable N. fowleri in DWDSs in temperature of 41 °C to 15 °C in the summer 

and winter months, respectively (Morgan et al. 2016). The detection of viable N. fowleri at low 

water temperatures challenges the common assumption that temperature is a direct determinant 

of N. fowleri’s ability to colonise and persist in an environment.  

Both chlorine and low water temperatures are factors known to affect biofilms (Goudot et al. 

2012, Marciano-Cabral et al. 2010). Based on the data collected from the post-RCl site prior to 

the activation of the chlorinator, there was a seasonal variation in bulk water and biofilm density 

(biofilm density: 1 log difference, bulk water: 2 log difference), with both bulk water cell counts 

and biofilm density generally increasing with rising water temperatures. The same trend was 

seen at pre-RCl site but to a larger extent (biofilm density: 3 log difference, bulk water: 3 log 

difference). The biofilm cell counts at post-RCl increased temporarily in the spring (9/7/14), and 

then once more in the summer (17/12/14) despite the presence of a high free chlorine residual. 

By winter the biofilm cell counts had dropped to the lowest density recorded (4 log reduction). 

The significant decrease in biofilm density was the result of the constant free chlorine residual 

and decreasing temperatures. However, the lack of cell count recovery and amoebae 

colonisation in the following summer was attributed to the constant free chlorine residual. 

Previous studies have reported water disinfectants including chlorine, decreased microbial 

contamination in laboratory simulated DWDSs, but demonstrated only a reduction in amoeba 

cysts and not the complete removal (Loret et al. 2005). Some disinfectants are reported to be 

more efficient at biofilm penetration and removal of microbes, including monochloramine, but 
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had weaker efficacy at inactivating microorganism near the surface compared to chlorine (Lee 

et al. 2011). Reduced biofilm penetration could explain why the biofilm cell counts did not 

immediately decline at post-RCl, but took a year of elevated free chlorine to reduce the biofilm 

density by 4 log. Studies have shown that even a free chlorine or monochloramine residual of 4 

mg/L over three months did not significantly decrease the thickness of simulated drinking water 

biofilm (Shen et al. 2016). Moreover, the increase in pipe wall biofilm cell counts seen at post-

RCl in the summer months following the activation of the chlorinator is presumably due to 

increased water temperatures, as was seen in previous years but to a lesser extent. Therefore, it 

is likely that the successful reduction in the biofilm density was a combination of continuously 

high free chlorine (> 1 mg/L) and decreasing water temperatures (< 20 °C) and such conditions 

may be required to complement one another and successfully decrease the pipe wall biofilm. 

Bulk water cell counts were less effected by the increase in chlorine residual and decreasing 

temperatures than the biofilm. While biofilms are known to be more resistant to chlorine than 

cells suspended in the bulk, the relatively high cell counts of the bulk water at post-RCl were 

attributed to the shedding of cells and biofilm from the pipe wall along the pipe line.  

The 16S rRNA gene amplicon data support the hypothesis that changing DWDS microbial 

community composition may explain the persistence of high bulk water cell counts at post-RCl 

sites despite the increased chlorine residual. Our results demonstrate that prior to the activation 

of the chlorinator, the bacterial communities at the pre and post-RCl sites were relatively stable 

for at least 14 months (Figures 4 and 5). Once the free chlorine residual increased above 1 mg/L 

at the post-RCl site, the bacterial community at the post-RCl changed significantly, which did 

not recover in the summer months. Previous laboratory studies have also reported decreased 

richness due to the presence of disinfectant residuals (Krishna et al. 2013). The decline in 

richness due to the chlorine residual was also accompanied by a shift in bacterial populations 

detected at post-RCl compared to the pre-RCl site. Before the chlorinator was activated, 

Alphaproteobacteria, Betaproteobacteria and Gammaproteobacteria were the most abundant 

bacterial taxa present at both pre and post-RCl, which is consistent with previous studies 

looking at bacterial classes present in amoebae colonised DWDS biofilm (Williams et al. 2004, 

World Health Organization 2004). Other studies have reported the dominance of certain bacteria 

in drinking water laboratory reactors in the presence of low disinfectant residuals including 

Solibacteres, Nitrospira, Sphingobacteria, Planctomycetia, Betaproteobacteria and 

Deltaproteobacteria (Homonnay et al. 2014, Krishna et al. 2013), which were also seen in this 

study prior to the activation of the chlorinator. They also reported the dominance of 

Actinobacteria and Gammaproteobacteria in the presence of high disinfectant residuals, which 

were also seen in this study after the activation of the chlorinator. However Alpha-, Beta- and 

Gammaproteobacteria were still the most abundant bacterial taxa present. This suggests that the 

conditions in the DWDS i.e. the chlorine residual, favoured bacteria more tolerant to 
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chlorination, and the eventual elimination classes which were susceptible to disinfection, 

including Alphaproteobacteria, which has been reported to be dominant in laboratory reactors 

and DWDSs regardless of the disinfectant residuals by multiple studies (Homonnay et al. 2014, 

Krishna et al. 2013, Williams et al. 2004). Additionally the following taxa were detected before 

chlorination; Cytophagia, Spartobacteria, Opitutae, Fimbriimonadia, Anaerolineae and 

Chloacidobacteria, whereas Bacilli, Acidobacteria, and Clostridia were detected after 

chlorination. However, there is little research or knowledge about their resistance to chlorine. In 

contrast to the dramatic shift in post-RCl biofilm community, the bacterial community at pre-

RCl site remained relatively unchanged and had increased biofilm cell numbers in the following 

summer which coincided with the return of amoeba species in the bulk water and biofilm, 

including N. fowleri. Therefore, the shift in bacterial community at post-RCl after chlorination 

may have been the cause for the disappearance of the amoebae including N. fowleri. Biofilms 

with decreasing cell counts and bacterial richness are known to be more susceptible to 

disinfection (Bridier et al. 2011, Elvers et al. 2002, Simoes et al. 2009), as well as having 

negative effect on amoebae communities including less protection for amoeba within biofilms 

(Donlan et al. 2005). However, N. fowleri has been linked to the presence of multiple bacterial 

groups found in association with colonised biofilms including Cytophagia, Planctomycetia, 

Deltaproteobacteria and Nitrospira (Morgan et al. 2016). In this study, these bacterial groups 

were initially present prior to chlorination but disappeared from the biofilm community at post-

RCl after the chlorinator was activated. Previous studies have reported bacterial species which 

were grazed upon by amoeba in preference to others (Declerck et al. 2005). The loss of specific 

bacterial groups and amoebae suggests that these bacteria could be important for amoebae 

survival in DWDSs (Biyela et al. 2012, Goudot et al. 2012). The bacterial taxa (Cytophagia, 

Planctomycetia, Deltaproteobacteria and Nitrospira) may have been amoebic food sources. It is 

possible that the biofilm community supporting the growth of N. fowleri was eliminated from 

the DWDS by the elevated free chlorine concentrations, thus altering the biofilm community on 

the pipe walls which further aided the removal of N. fowleri from the pipe line and prevented 

recolonization. 

3.5 Conclusion 

This study showed that N. fowleri was eliminated from pipe wall biofilm and bulk water in an 

operational DWDS with an average free chlorine residual of 1.1 to 1.3 mg/L. Furthermore, the 

elevated chlorination prevented the re-colonisation of N. fowleri into the bulk water and biofilm 

despite the amoebae being detected seasonal upstream. The successful elimination and 

preventions of re-colonisation of the amoeba is attributed to not only the direct killing of N. 

fowleri by the disinfectant, but also the resulting reduction in the cell numbers and diversity of 

the pipe wall biofilm. A lower chlorine residual or temporary intermediate shock chlorination, 
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as is currently employed for the control of pathogenic amoeba in DWDSs, may allow re-

colonisation of DWDSs by N. fowleri and other amoebae as a result of the regrowth of pipe wall 

biofilm and increased diversity in bacterial community providing a protective niche from 

disinfectants and bacterial communities supporting amoebic growth. A free chlorine residual of 

greater than 1 mg/L should be maintained throughout the DWDS so that, with the aid of natural 

environmental factors, N. fowleri can eradicate from a colonised DWDS (bulk water and 

biofilms) and prevent future re-colonisation. 
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Table 4 Field data for pre- and post-RCl before and following chlorinator installation and activation.  
  Amoeba detections Biofilm cell counts Free Cl Total Cl Turbidity Temp 
Date Site Bulk water Biofilm Bulk cells/mL Biofilm cells/cm2 mg/L mg/L NTU °C 
26/03/2013 Post Neg NF* 2.09E+05 2.77E+06 0.03 0.06 0.36 17 
14/05/2013 Post Neg NF* 1.80E+04 2.87E+06 0.06 0.12 0.41 18 
31/07/2013 Post O* NF*, O* 8.10E+05 1.64E+06 0.01 0.07 0.49 16 

13/11/2013 Pre NA NA NA NA 0.03 0.17 0.61 31 
Post Neg O 1.50E+04 8.50E+06 0.07 0.27 0.9 28 

29/01/2014 Pre NF*, O* NF, O* 1.60E+06 5.50E+06 0.03 0.12 1.31 33 
Post NF, O NF*, O 6.20E+05 5.20E+05 0.0 0.04 0.55 33 

7/05/2014 Pre NF, O* O* 7.40E+03 2.50E+06 0.03 0.08 0.46 19 
Post O* NF*, O* 4.00E+03 3.30E+05 0.07 0.08 0.52 20 

Chlorinator activation on 19th May 2014 

20/05/2014 Pre NA NA NA NA 0.0 0.0 0.63 18 
Post O* O* 9.10E+05 3.00E+06 0.05 0.19 0.62 22 

5/06/2014 Pre  NA NA 1.00E+03 NA 0.0 0.0 0.74 15 
Post Neg O* 0.00E+00 3.10E+03 1.14 1.36 0.62 17 

12/06/2014 Pre O* O 5.40E+05 NA 0.0 0.0 0.55 15 
Post O* O 2.00E+03 3.10E+03 1.05 1.28 0.56 13 

9/07/2014 Pre O* O* 4.70E+04 2.50E+05 0.04 0.23 0.53 16 
Post Neg O 5.20E+05 2.70E+05 1.57 1.78 0.38 13 

14/10/2014 Pre O* O* 5.50E+04 1.10E+05 0.02 0.1 4.62 32 
Post Neg Neg 0.00E+00 1.30E+04 0.84 0.96 1.01 25 

17/12/2014 Pre O* O* 5.40E+05 5.00E+05 0.01 0.08 1.09 34 
Post Neg Neg 2.00E+03 1.20E+05 0.97 1.07 0.85 30 

25/02/2015 Pre Neg NF, O* 1.60E+05 1.60E+05 0.03 0.07 0.55 38 
Post Neg Neg 2.50E+03 3.00E+02 0.73 - 0.56 39 

19/03/2015 Pre NF* NF* 4.80E+05 2.50E+07 0.03 0.05 0.47 24 
Post Neg Neg NA NA NA NA NA NA 

11/05/2015 Pre Neg O* 2.30E+05 2.00E+06 0.09 0.25 0.97 19 
Post Neg Neg 3.00E+03 1.20E+02 1.36 1.5 0.33 19 

Amoeba identification; NF – N. fowleri, O – other. NA – not available. Detections reflect viable and/or molecular detections, viable detections are 
indicated with “*”. Biofilm densities are averages of triplicates and have a standard error of < 5 %.  
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Table 5 Subset of field samples analysed for bacterial community composition.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Pre- and post-RCl biofilm samples were collected before and following chlorinator activation. 
All Pre samples received no chlorine. Post 1 to 5 are samples before the activation of the 
chlorinator (dates 26/3/13 to 12/5/14). The Post 6 sample was collected 1 day after the 
chlorinator was activated, but free chlorine was low at pre-rechlorination levels, 0.05 mg/L. Post 
7 to 13 are samples after free chlorine was > 1 mg/L at the post-RCl biofilm monitor (dates 
5/6/14 to 13/5/15). 

  

Sample Date Sample Site Pre-RCl DNA Samples Post-RCl DNA Samples 

26/03/2013 Post-RCl  Post 1 

14/05/2013 Post-RCl  Post 2 

31/07/2013 Post-RCl  Post 3 

29/01/2014 Pre-RCl Pre 1  

Post-RCl  Post 4 

7/05/2014 Pre-RCl Pre 2  

Post-RCl  Post 5 

Chlorinator turned on 19th May 2014 

20/05/2014 Post-RCl  Post 6 

5/06/2014 Post-RCl  Post 7 

12/06/2014 Post-RCl  Post 8 

9/07/2014 Pre-RCl Pre 3  

Post-RCl  Post 9 

14/10/2014 Pre-RCl Pre 4  

Post-RCl  Post 10 

17/12/2014 Pre-RCl Pre 5  

Post-RCl  Post 11 

25/02/2015 Pre-RCl Pre 6  

Post-RCl  Post 12 

19/03/2015 Pre-RCl Pre 7  

11/05/2015 Pre-RCl Pre 8  

Post-RCl  Post 13 
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Figure 3 Free chlorine at pre-RCl biomonitor, post-RCl biomonitor and the chlorinator for the 
duration of the study.  
Black arrow indicated when the chlorinator was activated. 
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Figure 4 Occurrence of Naegleria fowleri and all amoebae in the bulk and biofilm over the 
duration of the study as well as temperature and free chlorine residual at A) pre-RCl and B) post-
RCl.  
Coloured bars represent the presence of amoebae. Black arrow indicated when the chlorinator 
was activated. 
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Figure 5 Biofilm and bulk water cell counts and free chlorine residuals detected at A) pre-RCl 
and B) post-RCl.  
Black arrow indicated when the chlorinator was activated. 
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Figure 6 Non-metric multidimensional scaling (NMDS) ordination of Bray-Curtis dissimilarities 
illustrating the clustering of the partial bacterial 16S rRNA gene sequence data from pre- and 
post-RCl sites prior to the chlorinator installation and the separation of the two sites after the 
chlorine residual increased.  
Blue dots indicate pre-RCl samples, pink dots represent post-RCl samples. The diameter of each 
point is proportional to the number of OTUs in the read-normalised sample. All Pre samples 
received no chlorine. Post 1 to 5 are samples before the activation of the chlorinator (dates 26/3/13 
to 12/5/14). The Post 6 sample was collected 1 day after the chlorinator was activated, but free 
chlorine was low at pre-rechlorination levels, 0.05 mg/L. Post 7 to 13 are samples after free 
chlorine was > 1 mg/L at the post-RCl biofilm monitor (dates 5/6/14 to 13/5/15). 
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Figure 7 Relative abundance of bacterial higher taxa in the read-normalised dataset in pre- and 
post-RCl samples prior to the chlorinator’s installation and after the chlorine residual increased 
as determined by partial 16S rRNA gene sequences.  
All Pre samples received no chlorine. Post 1 to 5 are samples before the activation of the 
chlorinator (dates 26/3/13 to 12/5/14). The Post 6 sample was collected 1 day after the chlorinator 
was activated, but free chlorine was low at pre-rechlorination levels, 0.05 mg/L. Post 7 to 13 are 
samples after free chlorine was > 1 mg/L at the post-RCl biofilm monitor (dates 5/6/14 to 
13/5/15). 
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Chapter 4 Development of Untargeted Metabolomics Methods for the 

Rapid Detection of Pathogenic Naegleria Fowleri 

Zhihao Yu,1 Haylea C. Miller,2 Geoffrey J. Puzon,2 Brian H. Clowers1* 

1Department of Chemistry, Washington State University, PO Box 644630, Pullman, 

Washington 99164, United States 

2CSIRO Land and Water, Centre for Environment and Life Sciences, Private Bag No. 5, 

Wembley, Western Australia 6913, Australia 

 

Despite comparatively low levels of infection, primary amoebic meningoencephalitis (PAM) 

induced by Naegleria fowleri is extremely lethal with mortality rates above 95 %. As a 

thermophile, this organism is often found in moderate to warm climates and has the potential to 

colonize drinking water distribution systems (DWDSs). Current detection approaches require 

days to obtain results whereas swift corrective action can maximize the benefit of public health. 

Presently, there is little information regarding the underlying in situ metabolism for this amoeba 

but the potential exists to exploit differentially expressed metabolic signatures as a rapid 

detection technique. This research outlines the biochemical profiles of selected pathogenic and 

non-pathogenic Naegleria in vitro using an untargeted metabolomics approach to identify a 

panel of diagnostically meaningful compounds that may enable rapid detection of viable 

pathogenic N. fowleri and augment results from traditional monitoring approaches. 

Keywords: Naegleria fowleri, Amoeba, Mass Spectrometry, Metabolomics. 

 

 

 

4.1 Introduction 
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Free-living Naegleria is found globally in lakes, ponds, rivers, hot springs and even in water 

distribution systems (Miller et al. 2015, Morgan et al. 2016). Of 47 species of Naegleria (De 

Jonckheere 2011), only Naegleria fowleri is capable of causing the fatal central nervous system 

(CNS) disease - primary amoebic meningoencephalitis (PAM) (Marciano-Cabral and Cabral 

2007). Since the first discovery of PAM in 1965 in Australia (Fowler and Carter 1965), over 

300 cases of PAM have been reported worldwide covering Australia, USA, Pakistan, and a few 

countries (De Jonckheere 2011). Although PAM cases are rare, the disease progression is 

comparatively fast with a high fatality rate (> 95 %) (Visvesvara et al. 2007). From 1962 to 

2015, 138 cases were confirmed in United States with only three patients surviving the 

infections (Centers for Disease Control and Prevention 2016). 

After entering the nasal cavity and attaching to the nasal mucosa of humans, the opportunistic 

N. fowleri migrates along the olfactory nerve to the CNS (Jarolim et al. 2000). Two primary 

characteristics of N. fowleri give rise to its pathogenicity. First, the sucker-like surface structure 

of N. fowleri named ‘food cup’ enables it to digest brain tissue. Second, the cytolytic molecules 

released from N. fowleri comprising of phospholipases, neuraminidases, acid hydrolases, and 

phospholipolytic enzymes, lead to the further destruction of nerve in CNS (Grace et al. 2015). 

In addition to these aspects, the intense immune response elicited by N. fowleri is believed to 

cause damage to the CNS following infection (Marciano-Cabral and Cabral 2007). Once the 

pathogen reaches the CNS, symptoms present including headaches, fever, nausea, and vomiting. 

Following the onset of symptoms, patients rarely survive more than two weeks (Capewell et al. 

2015). Since 2013, the anti-parasitic agent miltefosine has been approved by CDC through an 

investigational new drug protocol, and 1 fatal and 1 surviving case have been reported after the 

patients were treated with miltefosine (Cope et al. 2016). Given that PAM cases progress 

rapidly and are normally fatal even with medical intervention, the best defence against this 

pathogen is prevention of exposure. In order to protect the public from N. fowleri, rapid and 

reliable detection methods are needed. 

Conventional detection methods for N. fowleri in environmental and engineered water samples 

are based on immunological (Stevens et al. 1980), biochemical (Kilvington and White 1985, 

Pernin and Grelaud 1989), or mouse pathogenicity tests (John and Howard 1995) following 

culture methods on non-nutrient agar plates (NNA) coated with Escherichia coli (E. coli), which 

requires at least 48 hours of incubation (Mahittikorn et al. 2015b, Reveiller et al. 2002). 

Typically, these methods also require further molecular identification/confirmation of the 

presence of the N. fowleri. As a result, the culture-based methods are arguably quite labour 

intensive and time-consuming. Recently, improved PCR assays for diagnostic gene sequencing 

have been developed to detect N. fowleri in environmental water samples more efficiently (in 

the scale of hours) (Mull et al. 2013, Puzon et al. 2009, Qvarnstrom et al. 2006, Robinson et al. 
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2006). In 2006, Robinson et al. (Robinson et al. 2006) introduced a real-time PCR method 

targeting the 5.8S rRNA N. fowleri genetic sequence, while the assay proposed by Qvarnstrom 

et al. (Qvarnstrom et al. 2006) in the same year focused on the 18S rRNA sequence. Three years 

later, Puzon et al. (Puzon et al. 2009) presented another rapid PCR assay to detect N. fowleri in 

drinking water distribution systems (DWDSs), which targeted the ITS region. More recently, a 

novel PCR assay based on both 5.8S rRNA and ITS region measurements were developed by 

Mull et al. (Mull et al. 2013) However, such methods have drawbacks including the high cost 

and inability to determine viability. An alternative method, Loop-Mediated Isothermal 

Amplification (LAMP), which targets the virulence-related gene of N. fowleri, was reported 

(Mahittikorn et al. 2015a). Compared to the PCR methods, LAMP has the main advantage of 

relatively simple DNA-sequence amplification step where only water baths or heat blocks are 

needed. Nevertheless, the inherent disadvantage of LAMP is the unreliable long-term DNA 

storage owing to the heating step included in this method. Furthermore, LAMP cannot 

determine viability, either. Consequently, a rapid and reliable detection method capable of 

determining viability is still needed.  

Progress in metabolomics research in recent years has enabled the efficient analysis of the 

global metabolite pool from complex biological samples (Cajka and Fiehn 2016, Xing et al. 

2014). Metabolomic profiling has been employed as a means to detect bacteria within DWDSs 

known to undergo specific physiochemical activity such as microbial influenced corrosion 

(MIC). Beale et al. (Beale et al. 2010) applied gas chromatography-mass spectrometry (GC-MS) 

to detect the metabolic profiles of the bacteria which caused MIC in copper pipes. They 

tentatively identified 14 biomarkers, including trimethylsilyl derivatives, which could be used 

for sensor development in the future to monitor the water quality in DWDSs. In regards to water 

borne pathogens, metabolomics has been used for the detection of Cryptosporidium parvum 

oocysts and assess their viability (Beale et al. 2013b). Based on the finding that the infectivity 

of Cryptosporidium parvum oocyst decreased above 20 °C (King et al. 2005, Li et al. 2010), 

Beale et al. investigated the difference between the metabolic profiles of viable (cultured at 15 

°C) and non-viable (cultured at 37 °C) Cryptosporidium parvum oocysts (Beale et al. 2013b). 

The metabolic features varied from the viable to non-viable samples, and consisted of amino 

acids, fatty acids, carbohydrates and alcohols, by which the different forms (viable/non-viable) 

of Cryptosporidium parvum oocysts could be identified. A metabolomics approach has also 

been applied to monitor bacterial activity in operational DWDSs (Beale et al. 2013a) and also 

for the detection of Pseudomonas putida in potable waters (Kouremenos et al. 2014). While 

metabolomics technology is not currently widely employed for environmental pathogen 

detection, it has the potential to confirm the presence and viability of pathogens, such as N. 

fowleri, within DWDSs. Specifically, global metabolite profiling of Naegleria spp. could be 

used as a quick alternative method for the detection of viable N. fowleri in water samples. 
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To date, metabolite based studies of N. fowleri are few and have been extremely targeted. 

Ondarze et al (Ondarza et al. 2006, Ondarza et al. 2003) reported on thiol-bimane compounds in 

axenically cultured N. fowleri. Based on the completed genome of non-pathogenic N. gruberi, 

Opperdoes et al.(Opperdoes et al. 2011) predicted the extremely versatile metabolism of N. 

gruberi and further predicted that N. fowleri should have some common features in terms of 

metabolic pathways. While encouraging, these predictions still require experimental evidence 

for validation. In addition, other studies have reported and characterized enzymes in N. fowleri 

including phospholipases (Barbour and Marciano-Cabral 2001), elastase (Ferrante and Bates 

1988), and cysteine peptidases (Mat 2004, Serrano-Luna et al. 2007). However, the current 

body of literature regarding N. fowleri metabolites have focused heavily on a specific set of 

metabolites and have not explored the suite of metabolites present that distinguish different 

Naegleria spp. More recently, Moura et al. (Moura et al. 2015)  demonstrated the capacity of 

matrix assisted laser desorption ionization-time of flight mass spectrometry to detect differential 

peptide peak patterns to differentiate Naegleria spp. but the nature of this measurement does not 

enable direct identification of the observed peaks.  

The work reported in this manuscript describes the use of ultra-performance liquid 

chromatography (UPLC) coupled with high resolution time of flight mass spectrometry as a 

platform for an untargeted metabolomics approach to characterize the range of metabolites 

present in a variety of Naegleria spp. Using this untargeted method, several metabolite features 

were detected with the potential of discriminating pathogenic N. fowleri from non-pathogenic 

Naegleria. To the best of our knowledge, this is the first application of untargeted metabolomics 

to investigate the comprehensive metabolite profiles of N. fowleri compared to other non-

pathogenic Naegleria spp. In addition to the value from a fundamental science perspective, the 

identification of key features using rapid metabolomics profiling may serve as a foundation for 

the development of a rapid metabolite screening tool for viable N. fowleri detection in the 

environment.  

4.2 Materials and Methods 

4.2.1 Culturing of Naegleria species 

Culturing methods used for Naegleria spp. were as previously described by Puzon et al.(Puzon 

et al. 2009) Naegleria spp. were cultured in 75 cm2 tissue culture flasks (Iwaki, Japan) with 10 

mL of 25% Ringers solution (Oxoid, England), 100 µL of Escherichia coli culture (5.39 × 108 

cells/mL), and 2.5 mL of Naegleria spp. inocula incubated at 37 or 30 °C, for pathogenic and 

non-pathogenic species, respectively. A single E. coli stock was used to as a food source for all 

Naegleria spp. cultures. The E. coli food stock was grown in 2 L Luria-Bertani broth at 37 °C to 

late log phase and concentrated by centrifugation at 5,000 g for 10 min and resuspended in 25% 

Ringers solution. In total, three different strains of N. fowleri (NF050, NF242 and NF3201), one 
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strain of N. lovaniensis (Nlov2) and one strain of N. italica (Nit-C) were cultured in bacterized 

media. An accounting of the different strains and their associated sample numbers are outlined 

in Table 1. 

4.2.2 Amoeba and bacteria enumeration 

Naegleria trophozoites and cysts were enumerated using a Thoma Haemocytometer (Lab Optik, 

Germany). Samples were loaded on to the haemocytometer (10 µL) and viewed under phase 

contrast (Olympus, Japan) with the 10x objective. The cells present within the gridded area were 

counted and calculated as cells/mL using the known dimensions of the haemocytometer. Each 

sample was counted twice and averaged. For the samples outlined in Table 1, the total number 

of cells subjected to metabolite analyses ranged from 6 x 103 cells/mL to 2 x 104 cells/mL. 

4.2.3 Sample preparation 

Adapting from Sellick et al. (Sellick et al. 2011), the protocol described here is based on 

quenching with 60% (vol/vol) methanol supplemented with 0.85% (wt/vol) ammonium 

bicarbonate (AMBIC) followed by methanol/water extraction. This protocol was modified for 

metabolite extraction from suspension-cultured amoebae species including N. fowleri, N. 

lovaniensis, and N. italica. 

4.2.4 Suspension-cultured amoebae 

Amoebae were cultured for 24 to 48 h, depending on the species, as described above, to log 

phase. Tissue culture flasks were then chilled for 5 min at 4 °C to detach the amoebae from the 

flask. The flask contents were then collected and centrifuged at 3,500g for 10 min to harvest the 

cells. Cell density was enumerated using the method described above and adjusted to an average 

density of 1.10 × 105 cells/mL (SD 5.69 × 104). Equal volumes (5 mL) of each sample were then 

centrifuged at 3,500g for 10 min. The supernatant was then decanted and the pellets were 

resuspended in 1.0 mL of supernatant and split into equal volumes for replicate extraction and 

analysis. Cells were then quenched using the below method. 

4.2.5 Quenching step 

Quenching solution (60 % methanol vol/vol with 0.85 % AMBIC) was made by combining 30 

mL methanol (VWR Chemicals, USA), 5 mL of 8.5% (wt/vol) AMBIC (Sigma, USA) and 14.5 

mL of MilliQ. AMBIC 8.5% was created by dissolving 0.85 g of AMBIC in 10 mL of MilliQ 

water. The pH was adjusted to 7.4 with 12 M HCl (Rowe Scientific, Australia), brought up to a 

final volume of 50 mL with MilliQ water. Small volumes (50 mL) were made when required 

and stored at –80 °C to prevent pH drift of the solution over time. Samples were quenched using 

equal volumes of sample to quenching solution. Samples were gently inverted to mix and 

centrifuged at 5,000g for 2 min. The supernatant was then decanted and cell metabolites were 

then extracted from the cell pellet using hot methanol method. 
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4.2.6 Extraction 

Each cell pellet was resuspended in 500 μL 100% methanol (pre-heated to 70 °C for 30 min). 

Samples were then incubated at 70 °C for 15 min. An equal volume (500 μL) of Milli-Q water 

was added to each replicate and vortexed. The sample was then centrifuged at 12,000 × g for 1 

min and the supernatant transferred to a fresh tube. Samples were stored at –80 °C until used for 

metabolite analysis. 

4.2.7 Liquid Chromatography-Quadrupole Time of Flight Analysis 

Untargeted metabolite measurements were performed using an ultra-performance liquid 

chromatography (UPLC) system (Acquity I-Class UPLC, Waters, Milford, MA, USA) coupled 

with a quadrupole time of flight mass spectrometer (Waters Xevo G2, Waters, Manchester, 

UK). Metabolite separation was achieved using a C18 BEH UPLC column (50 × 2.1 mm, 1.7 

μm, Waters, Milford, MA, USA) held at 40 °C. High purity water with 0.1% formic acid (A) 

and pure acetonitrile with 0.1% formic acid (B) were used as the mobile phases. Initially mobile 

phase B was held at 5% for 0.2 min, then was linearly increased to 100% from 0.2 to 2.5 min, 

and held at this level through 4 min. At 4.0 minutes mobile B was decreased to its initial 

condition of 5% within 0.1 min and was held static for 0.9 min to enable column re-

equilibration. Each raw metabolite extract was diluted by a factor of 5 using mobile phase A 

prior to analysis. The injection volume of each sample was 10 μL with an operational flow rate 

of 0.3 mL/min. The sample injection sequence was randomly organized, and each sample was 

injected 5 times. The quality control (QC) sample was formed by pooling equal volume of each 

analytical sample and was inserted into the injection sequence every 10th sample injection to 

ensure the reproducibility and consistency of system performance. 

Mass analysis was carried out in positive mode using MSE function (low energy: off; high 

energy: ramp from 20 to 50 eV) over m/z range of 100 – 1200. The capillary voltage was set at 

2.8 kV with the cone voltage of 35 V. The source temperature was 140 °C, and the flow rate of 

cone gas and desolvation gas was 50 and 1000 L/h, respectively. A lockspray solution of leucine 

enkephalin (2 ng/μL) with a m/z of 556.2771 was infused into the system every 45 s during data 

acquisition to perform online calibration. The sample data was obtained in continuum mode 

with a scan time of 0.1 s.  

4.2.8 Data Processing and Reduction 

The raw data acquired for each sample using the UPLC-QTOF platform was processed by 

Progenesis QI (Non-Linear Dynamics, Durham, NC) to aid in the process of statistical analysis 

and significant feature extraction. The total ion chromatogram (TIC) was aligned to a pooled 

quality control sample which was designated by the program. Peak picking, deconvolution, and 

normalization were then performed across the data sets using the default software settings. 
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Following this step, a master table that included m/z values, retention times, corresponding 

abundances, fold changes across different sample groups, and ANOVA q-values, was generated. 

These data were then exported to SIMCA-P (Umetrics, Umea, Sweden) for principal component 

analysis (PCA) after pareto scaling. 

4.2.9 Metabolite Identification 

The significant features were chosen based on their importance when differentiating sample 

groups with the criteria of ANOVA q-values less than 0.05 and fold changes greater than 1.3. 

The significant features with reasonable intensities were subjected to targeted MS/MS with a 

scan time of 0.5 s and a collision energy ramping from 5 to 65 eV. The fragmentation patterns 

acquired from targeted MS/MS experiments were screened against existing metabolite databases 

including Massbank, (Horai et al. 2010) METLIN (Smith et al. 2005) and HMDB (Wishart et al. 

2013) for compound identification. The metabolite identification nomenclature adopted in this 

manuscript follows the language proposed by the metabolomics standards initiative (MSI) 

(Sumner et al. 2007). The putatively identified metabolites in this paper have confidence level ≥ 

2. 

4.2.10 Significant Feature Analysis 

The data table generated from Progenesis QI including m/z, retention time, and abundance 

information was directly imported into Metaboanalyst for further statistical analysis (Xia et al. 

2009). The feature set was not subjected to any filtering, normalization, and transformation 

when imported into Metaboanalyst since they have been completed in Progenesis QI. It should 

be noted that, in the metabolomics community, the term ‘feature’ corresponds to a unique 

combination of m/z and retention time but does not necessarily correlate with a single chemical 

compound. Stated differently, there are select chemical species that yield more than one m/z 

value through chemical transformation prior to or during the ionization step (e.g. chemical 

adduction with both H+ and Na+). Moreover, given the limited information regarding amoeba 

metabolites the possibility that a diagnostically useful feature cannot currently be conclusively 

identified on a chemical level requires the use of term that still captures the utility of a given 

peak set. Receiver operating characteristic (ROC) curve analysis was applied based on support 

vector machine (SVM) and random forest (RF) algorithms, respectively (Xia et al. 2013). The 

ROC curve was generated to evaluate the classification performance of the selected identified 

features with 95% confidence band. The prediction accuracy was also computed based on 100 

cross validation.  

4.3 Results  

4.3.1 Multivariate Analyses 
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The metabolite pools of the different Naegleria spp. and E. coli control were analysed to 

evaluate the similarity of metabolite profiles and to identify outliers in the sample set. Two sets 

of statistical analysis were conducted using principle component analysis (PCA). The first 

pairwise comparison was conducted between the E. coli cultures (n = 2) and the N. fowleri 

cultured on E.coli (n = 8). The second pairwise comparison was conducted between the 

bacterized cultured pathogenic N. fowleri with the non-pathogenic N. lovaniensis (n = 2) and N. 

italica (n = 4). More than 550 features (characterized by m/z and retention time) were detected 

and aligned using Progenesis QI. The tightly clustered QC samples in the preliminary PCA 

score plot (not shown) demonstrated the reproducible and consistent system performance 

through the data acquisition process. One technical replicate of sample #8 (see Table 1), was 

identified as an outlier and was not included in our following analysis. This assessment was 

made based upon its location outside the Hotelling’s circle (95 %) and its distance from the 

other technical replicates of sample #8 in the preliminary PCA score plot. Excluding a single 

technical replicate from the 5 run for each sample does not negate the validity of the remaining 

data. However, it should be noted that the reason for this statistically anomaly was not related to 

culturing conditions as this particular data point was from a technical replicate and not a 

biological replicate.  

As shown in Figure 1a, the global metabolite profiles of bacterized N. fowleri cultures were well 

distinguished from that of the culture media which contains only E. coli in the PCA score plot, 

with approximately 70 % variance (Principal Component-1 61 %, Principal Component-2 9 %) 

explained by the first two principal component axes. N. fowleri also separated from the non-

pathogenic N. lovaniensis and N. italica in Figure 1b PCA analysis (Principal Component-1 42 

%, Principal Component-2 25 %). The PCA results indicated different metabolite phenotypes 

among pathogenic N. fowleri, non-pathogenic N. lovaniensis and N. italica, and E. coli.  

4.3.2 Metabolite identification 

The significant features from each metabolite pool from the respective experimental conditions 

were evaluated using the following procedures. More than 90 significantly upregulated features 

with the threshold of fold change >1.3 and ANOVA q <0.05, were identified in the first set of 

comparisons between E. coli and N. fowleri (Table S1). Downregulated peaks were not 

extracted since the E. coli metabolites were not the focus of this research. The comparison 

between E. coli and N. fowleri allows contributions from the bacterized growth media to be 

removed, and the comparison between N. fowleri, N. lovaniensis, and N. italica aids in the 

identification of metabolomic features that are differentially expressed between species and 

strain. The comparison between N. fowleri, N. lovaniensis, and N. italica revealed 210 

significantly changed features (Table S2), that where both upregulated and downregulated. To 

validate the significance of the features filtered by the q-values <0.05 and fold changes >1.3 
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criteria, the data table generated from Progenesis QI containing m/z, retention time, and 

abundance information for N. fowleri vs. N. lovaniensis, and N. italica was imported into 

Metaboanalyst for PLS-DA analysis. As a confirmatory step, the top 15 features from the 

Variable Importance in Projection (VIP) plot (Figure S1) based on the first component of PLS-

DA analysis were used to compare to the previously generated significant feature list in the 

second set comparison (N. fowleri vs. N. lovaniensis and N. italica). It was found that 14 of the 

top 15 features in the VIP plot were also seen in the initial feature list containing 210 entries 

that were significantly different between the sample groups (Table S2). Closer inspection 

revealed that the feature (m/z = 376.2592, retention time = 2.31 min) in the VIP plot had a q 

value of 0.77 and fold change of 1.01, and was consequently excluded from the significant 

feature list (Table S2).  

As stated previously, the first comparison (N. fowleri vs. E. coli) captures the significant 

features that are derived from the Naegleria, whereas, the second comparison (N. fowleri vs. N. 

lovaniensis and N. italica) illustrates the significant difference of the metabolomes between 

pathogenic N. fowleri and non-pathogenic N. lovaniensis and N. italica. After excluding 

metabolite contributions from E. coli (first comparison), this feature list (Table S1) was 

compared to the results of second comparison (Table S2) (i.e. only statistically differentially 

expressed pathogenic feature) to arrive at a feature set that was indicative of N. fowleri. As 

shown in the proportional Venn diagram of Figure 2, at total of 63 common features (mass 

difference < 20 ppm, retention time difference < 0.05 min) are attributed to the N. fowleri alone 

(Table S3). These features were derived from the feature lists outlined in Table S1 and Table 

S2. This route of comparison was chosen to arrive at a set of common features that may serve as 

potentially diagnostic metabolites (Stipetic et al. 2016, Zhou et al. 2016). 

For putative identification, the high energy spectra generated in MSE function for these 63 

common features were analysed using the built-in Metascope feature of Progenesis QI which 

enables compound identification based on the comparison of the in-silico fragmentation spectra 

with experiment data. The possible putative identifications for each feature were then ranked 

according to a score automatically calculated by Progenesis QI collectively evaluating the mass 

error, isotope distribution, and fragmentation pattern similarity. However, such putative 

identification does not necessarily meet the level of rigor required for conclusive identification 

(Sumner et al. 2007). To further confirm the putative identifications, 42 out of 63 significant 

features with reasonably high intensities were further targeted using a MS/MS step as described 

in the experimental section. However, there is a noticeable lack of reference amoebae 

metabolites across the publicly available libraries (Horai et al. 2010, Smith et al. 2005). This 

hindered further identification of the metabolites and as a result only three fragmentation 

patterns with a high spectra similarity score across the metabolite databases referenced were 
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found. Figure 3 illustrates tandem MS spectral matches for experimentally observed species to 

those of a neat chemical standard (MSI Confidence Level 1) and those existing in a metabolite 

database for putative metabolite identification (MSI Confidence Level 2). Figure 3a shows the 

mass fragmentation patterns as well as retention time for a verified standard of guanine. Three 

extra peaks (m/z 154, 155, 156) in the mass region beyond the parent ion likely come from the 

contaminants in the complicated biological samples which were co-fragmented with our 

targeted ion. Tandem mass spectra matching to the existing databases were displayed in Figure 

3b and 3c with mass error less than 5 ppm. Guanine, phosphocholine, and tributylamine were 

putatively identified as significant metabolites with confidence level higher than or equal to 2. A 

deductive approach was also adopted to identify the significant feature with m/z of 494.324. 

Figure S2 demonstrated the MS/MS match result with phosphocholine, 1-decanoyl-2-hydroxy-

sn-glycero-3-phosphocholine (D-phosphocholine) and 1-lauroyl-2-hydroxy-sn-glycero-3-

phosphocholine (L-phosphocholine), respectively, from the Massbank database. A close 

inspection revealed a high degree of similarity in the low mass region (m/z < 200) and that the 

only unmatched part was the parent ions. Figure S3 displayed the structures of phosphocholine, 

1-decanoyl-2-hydroxy-sn-glycero-3-phosphocholine, and 1-lauroyl-2-hydroxy-sn-glycero-3-

phosphocholine, respectively, where the common components of three structures were 

highlighted. Figures S2 and S3 collectively indicated that the molecular structure of the m/z 

494.324 feature included the common component since the fragmentation peaks located in the 

low mass region are likely from the same core chemical functional group. More specifically, the 

higher m/z value of the parent ion suggests that the component had a longer carbon chain than 

D-phosphocholine and L-phosphocholine. Based on the aforementioned information, a formula 

of C24H49NO7P could be deduced, which is 2 ppm away from our experimental data. In addition, 

the theoretical isotope pattern of C24H49NO7P (m/z 494.325: 495.328: 496.331 = 100% : 26% : 

3%) agreed with the experimental data (m/z 494.325: 495.328: 496.331 = 100% : 24% : 4%). 

Using the C24H49NO7P formula to search in the LIPID MAPS database, there are only two 

possible results which are cis-trans isomers of PC (16:1(9Z)/0:0) and PC (16:1(9E)/0:0). 

Accordingly, the significant feature of m/z 494.324 was putatively identified as PC 

(16:1(9Z)/0:0) or PC (16:1(9E)/0:0). Figure 4 shows the tandem mass spectra of m/z 494.3242 

feature with structure of PC(16:1(9E)/0:0) along with the proposed fragmentation points for the 

target identification. The major fragmentation peaks (m/z 184.1, 125.0, 104.1, 86.1) appeared in 

the fragmentation spectrum could be assigned to particular parts of PC (16:1(9E)/0:0) (Figure 4 

inset).  

Table 2 summarizes the information of the identified common features which included the m/z, 

retention time, putative identification, adducts, q-value, and fold changes. The metabolite 

identification process sufficiently demonstrates the challenges facing the metabolomic 

characterization of amoebae. Currently, the existing databases used for spectral matching 
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contain a small subset of the possible metabolites and largely excluded amoeba-based sources 

(Horai et al. 2010, Smith et al. 2005, Wishart et al. 2007). The four specific metabolites were 

successfully identified but the vast majority of the significant diagnostic features remain 

unknown. Nevertheless, the features identified may serve as the foundation for a rapid screening 

tool for N. fowleri identification. 

4.3.3 Significant Feature Analysis 

Figure 5 displayed the box plot profiles of guanine and phosphocholine which were chosen as 

the examples to exhibit the concentration changes across different sample groups. Figure 5(a) 

and 5(c) demonstrated concentration changes of guanine and phosphocholine in E. coli and N. 

fowleri comparison, respectively, while Figure 5(b) and 5(d) compared N. fowleri with N. 

lovaniensis and N. italic. Distinctly increased concentrations of guanine and phosphocholine 

were observed in the N. fowleri samples. The max fold change of guanine was mathematically 

undefined as any levels in the control set were below the detection limit of the instrument. As a 

consequence, the max fold change for guanine and a select set of other compounds was 

annotated as “infinite.” Using the fold change information and the significant feature lists, a 

ROC curve analysis was undertaken based on the panel of four identified metabolites to assess 

their capability of discriminating pathogenic (N. fowleri) and non-pathogenic (N. lovaniensis 

and N. italic) samples. The ROC curve analysis was conducted based on support vector machine 

(SVM) and random forest (RF), respectively, as described in the experimental section. The area 

under curve (AUC) and 95% CI were also computed. As shown in Figure 6, the AUC was 0.934 

and CI was 0.81-1 from SVM, which indicates a satisfying classification success rate. The 

prediction model built by RF performed even better with AUC = 0.994 and CI = 0.962-1. Table 

3 shows the confusion matrix produced from SVM and RF, respectively, through 100 cross-

validations. The average predictive accuracy is 0.82 via SVM and 0.92 via RF. 

4.4 Discussion 

This study analysed the metabolite pools from three Naegleria spp., including pathogenic N. 

fowleri. Using UPLC, more than 550 features were discovered. Four metabolites including 

lipids, a nucleobase, and an amine were successfully identified as the potential diagnostic 

compounds to discriminate pathogenic N. fowleri from non-pathogenic N. lovaniensis and N. 

italic and E. coli. This metabolite combination has the potential to indicate the presence of 

viable N. fowleri in water samples. 

Of the 4 metabolites identified here as specific for N. fowleri, phosphocholine and other 

phospholipids have previously been detected in the metabolite content of another amoeba, 

Phreatamoeba balamuthi by 13C- and 31P-NMR (Martin et al. 1995). Additionally, 

phosphocholine and phosphocholine-bearing components were reported to play important roles 
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in the parasitic behaviour of eukaryotic parasites (Grabitzki and Lochnit 2009). The presence of 

phosphocholine-bearing components is believed to contribute to the development and fertility 

process of parasites. In experiments conducted with nematodes, the size and motility of the 

larvae were significantly decreased after the application of chemical inhibitors targeting the 

enzymes involved in choline metabolism (Lochnit et al. 2005). Additionally, phosphocholine 

and phosphocholine-substituents may act as an epitope capable of inducing an 

immunomodulation effect suppressing the immune response of host and enabling the long-term 

persistence of the parasites in the host. One of the immunomodulation mechanisms induced by 

phosphocholine and phosphocholine-bearing components is the disruption of signalling 

pathways of immune cells such as B-cell and T-cell (Grabitzki and Lochnit 2009). 

Phosphocholine and PC (16:1(9Z)/0:0)/PC (16:1(9E)/0:0) produced by N. fowleri possibly share 

the similar functions, playing a role in the proliferation of N. fowleri and help in the CNS 

invasion process during the infection of human. Guanine, a building block of DNA and RNA, 

had a significant higher concentration in N. fowleri than N. lovaniensis and N. italic. This may 

imply that N. fowleri is more active in the proliferation. The physiological function of 

tributylamine in Naegleria spp. is currently unclear. Among the limited amount of experimental 

works about N. fowleri metabolites, thiol-bimane compounds were reported (Ondarza et al. 

2006, Ondarza et al. 2003). However, such metabolites were not found in the feature profiles of 

either N. fowleri, N. lovaniensis, or N. italica in this study. One possible explanation is that the 

ionization source used in the previously published paper was matrix assisted laser-desorption 

(MALDI) while electron spray ionization (ESI) was adopted in this study. Additional factors 

that can influence the range of metabolites observed are related to the extraction protocol used. 

It is possible that the extraction method used in this study may not be compatible with thiol-

bimane compounds, and thus the concentrations of thiol-bimane metabolites in the tested 

samples are lower than the detection limit of our instrument. Finally, it should be noted that in 

the studies detecting thiol-bimane compounds, the N. fowleri cells were cultured on axenic 

media, which is different to present culturing conditions using bacterized media, which may 

have contributed to the non-detection of thiol-bimane compounds. 

Until now, studies investigating the metabolites of N. fowleri are rare and limited in scope. In 

2010, the genome of non-pathogenic Naegleria gruberi was sequenced (Fritz-Laylin et al. 

2010). Based on the genomic results, in 2011 Opperdoes et al. predicted the characteristics of 

Naegleria gruberi metabolism and further deduced that N. fowleri, the relative of Naegleria 

gruberi, shared some common pathways which might act as the potential drug targets 

(Opperdoes et al. 2011). However, in 2014 Denise et al. completed the genomic sequencing of 

N. fowleri and found that the genomic profile of N. fowleri had significant difference from that 

of Naegleria gruberi, making the use of Naegleria gruberi as a reference questionable (Zysset-

Burri et al. 2014). To the best of our knowledge, the metabolism prediction of N. fowleri based 
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on the genomic information is still unavailable. This study, being the first non-targeted analysis 

of the entire N. fowleri metabolite pool, further provides experimental evidence to aid the 

validation of the genome information.  

N. fowleri in fresh water, both environmental and engineered systems(Gogate and Deodhar 

1985, Michel and Dejonckheere 1983, Sykora et al. 1983, Yoder et al. 2012), poses a risk to the 

public health and as a result there is increasing demand for water authorities to improve their 

response time and actions including disinfection regimes and pipe scouring to manage N. 

fowleri in water sources. Current N. fowleri detection methods require culturing steps, which are 

slow, followed by molecular speciation or methods which lack the ability to determine viability 

(PCR) (Reveiller et al. 2002). The detection method described in this paper offers potential 

rapid alternative to conventional culture and DNA based approaches to detect N. fowleri while 

addressing viability through the use of metabolites. Further research will be needed with 

additional samples in order to identify the efficacy of this metabolite-based method for real-

world application. In addition, field samples collected from different N. fowleri contaminated 

sites are required since the compounds contributed by the environmental matrix as well as the 

effect of external stress on the N. fowleri metabolite profile are needed to be evaluated as well as 

the detection limit of the methodology. More research will also be required to probe and 

quantify the full metabolome profile of N. fowleri to expand the pool of diagnostic metabolite. 

Finally, the efforts discussed above will further improve the metabolomics based detection 

approach and reduce the false positive/negative rate of the detection results. 

Although the health risks raised by N. fowleri to household and recreational water users are well 

documented, the current detection methods to monitor the water quality are still far from 

satisfying because of the time and labour intensive characteristics as well as the inability to 

assess N. fowleri viability. Using an untargeted metabolomics approach to characterize the 

global metabolite profiles of pathogenic N. fowleri, non-pathogenic N. lovaniensis, and N. italic 

as well as the E. coli cultured media on a modern LC-TOFMS platform, we found 63 significant 

features capable of distinguishing N. fowleri from other Naegleria spp., Moreover, when 

accounting for original cell concentrations, metabolite extraction, and subsequent dilution 

factors the theoretical detection limit for such analyses reaches into the low double digit cell 

count range. This projection, which is well aligned with previously reported efforts focusing on 

N. fowleri in DWDS (Puzon et al. 2009), will surely require refinement as this approach is 

applied to field samples. Complex interactions with the observed metabolite profile and any 

existing biofilm can potentially alter the ultimate detection limits of this approach. However, the 

current protocol did not employ any sample pre-concentration such as solid-phase extraction 

which could further improve the detection limit of the overall approach by selectively capturing 

the metabolites of interest. Though discrimination between the different Naegleria spp. is 
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possible using untargeted metabolomics, further research is necessary to comprehensively 

identify the chemical signals that provide the diagnostically useful information. Despite a dearth 

of metabolite information for amoeba, 4 of 63 significant features observed were successfully 

confirmed. The confidence levels of these 4 metabolite identifications are all higher than or 

equal to two according to the MSI standards initiative providing a sound platform to extend this 

approach to a wider range of sample sets including those from the natural environment. A ROC 

curve analysis with purpose of assessing the discriminating power of the 4 identified 

metabolites was adopted and indicated a satisfying classification rate. Using the distinguishing 

features and identified metabolites as a foundation, the method outlined in this work illustrates 

the potential of metabolite analysis to serve as a rapid (< 30 minutes) and reliable approach for 

viable N. fowleri surveillance and detection to monitor the water quality in DWDSs, swimming 

pools, and recreational waters.  
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Figure 8 (a) Two dimensional PCA score plot (Principal Component-1: 61%, Principal 
Component-2: 9%) of E.coli cultured media (red markers) and N. fowleri (blue markers) (b) Two 
dimensional PCA score plot (Principal Component-1: 42%, Principal Component-2: 25%) of N. 
fowleri (blue markers), N. lovaniensis (green markers) and N. italica (red markers).  
A detailed assessment of the clustering of each group a technical replicates may be found in Figure 
S4. 
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Figure 9 Venn diagram shows that 63 common features appear in the significant feature lists of 
both comparison sets.  

(E.coli vs. N. fowleri; N. fowleri vs. N. lovaniensis and N. italica) 
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Figure 10 Mass fragmentations matching for identification validation. (a) matching with the in-lab MS/MS 
data of guanine standard (b) matching with the MS/MS data of phosphocholine under 5-60 eV collision 
energy in MassBank (c) matching with MS/MS data of tributylamine under 60 eV collision energy in 
MassBank 

(a) 

(b) (c) 
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Figure 11 Mass fragmentation pattern of the tentatively identified compound with m/z 494.3. The 
structure of PC (16:1(9E)/0:0) was inserted. The major fragmentation peaks shown in the mass 
spectrum are assigned to different parts of PC (16:1(9E)/0:0) as indicated in the insert. 
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Figure 12 Box plot profiles for significant metabolites. (a) (c): Concentration changes of guanine 
and phosphocholine in E. coli and N. fowleri comparison, respectively. (b) (d): Concentration 
changes of guanine and phosphocholine in N. fowleri, N. lovaniensis and N. italica comparison, 
respectively. The max fold change of guanine is infinite in (a) and 22 in (b). The max fold change 
of phosphocholine is infinite in both (c) and (d). 
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Figure 13 The ROC curve analysis for four identified significant metabolites. (a) Model built on 
support vector machine (SVM) classification method with AUC of 0.934 and CI of 0.81-1. (b) 
Model built on random forest (RF) classification method with AUC of 0.994 and CI of 0.962-1. 
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Table 6 In-lab cultured sample descriptions 

Sample No. Description 

1-2 E. coli culture media 

3-10 Pathogenic N. fowleri cultured on E. coli 

11-12 Non-pathogenic N. lovaniensis cultured on E. coli 

13-16 Non-pathogenic N. italica cultured on E. coli 
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Table 7 Putative chemical identification, adducts, fold changes and mass accuracy of significant 
features 

m/z Retention 
time 

Tentative 
identifications Adducts 

Fold 
changes 

(NF vs 
NP) 

Mass 
accuracy 

(ppm) 

q value 

(NF vs 
NP) 

Fold 
changes 

(NF vs 
E.coli) 

494.3242 2.55 
PC(16:1(9Z)/0:0) 

Or PC(16:1(9E)/0:0) 
[M+H]+ 135 2 3.12E-07 Infinity 

184.0732 2.68 Phosphocholine [M+H]+ Infinity 4 1.04E-07 Infinity 

152.0562 0.46 Guanine [M+H]+ 22 9 1.5E-03 Infinity 

186.2216 1.70 Tributylamine [M+H]+ 127 4 4.33 E-14 5.4 

*NF is short for N. fowleri while NP is short for Non-pathogenic amoebae including N. 
lovaniensis and N. italica 
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Table 8 Confusion matrix from SVM and RF cross-validation 

Support vector machine (SVM) Random forest (RF) 

 0 1  0 1 

0 31 3 0 36 0 

1 8 27 1 3 30 
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Chapter 5 Naegleria fowleri’s co-colonisation with other competitive 

thermophilic amoebae; a laboratory scale and operational drinking 

water distribution system study 

H. C. Miller1, 2, J. T. Wylie1, A. H. Kaksonen1, 2 and G. J. Puzon1*  

1CSIRO Land and Water, Private Bag No.5, Wembley, Western Australia 6913, Australia 

2School of Biomedical Sciences, University of Western Australia, 35 Stirling Highway, 

Crawley, Western Australia 6009, Australia 

 

Pipe wall biofilm in drinking water distribution systems (DWDSs) offers an ideal habitat for 

amoebae, such as Naegleria spp. (including pathogenic Naegleria fowleri). However, studies on 

the interactions between various amoeba species in biofilms are limited. Given that N. fowleri 

continues to be chronically re-colonised seasonally and grow within the pipe wall biofilm of 

DWDSs, it is vital to understand how N. fowleri interacts with the greater eukaryotic biofilm 

ecology, so as to better predict DWDS susceptibility to N. fowleri colonisation and improve 

monitoring and treatment by utilities. The aim of this study was to determine if co-colonisation 

of viable N. fowleri and other amoebae in field DWDSs and laboratory biomonitors is a typical 

or atypical occurrence. To achieve this, six laboratory-scale biomonitors were used to study the 

impact of introduced amoebae commonly isolated in DWDSs into the same biofilm on N. 

fowleri. At different intervals competitive amoebae, including N. fowleri, Vermamoeba sp. and 

N. lovaniensis were introduced into the biomonitors and the presence of viable amoebae and 

biofilm density were analysed for 16 months. A single viable amoebae was detected in all 

biofilm samples analysed with the exceptions of N. lovaniensis and N. fowleri, which were 

briefly detected in the same samples following their co-inoculation into the biomonitors. N. 

fowleri was then displaced and N. lovaniensis rapidly became the sole dominating amoebae 

within the biomonitors. Vermamoeba sp. was also displaced from the biomonitors over time. An 

in-depth analysis of multiple operational DWDSs revealed a similar trend. Only five biofilm 

samples (8 %) contained multiple viable amoebae, typically Vermamoeba sp. with N. fowleri. 

All other biofilm samples (92 %) analysed by the culture method contained a single viable 

amoebae. Multiple non-viable amoebae were detected using the molecular method (71 % of 

field samples). An absence of multiple viable Naegleria spp. co-colonisation in operational 

DWDSs was noted. Interestingly, N. fowleri and N. lovaniensis appear to be able to colonise the 

same DWDSs, but at different times. 

Furthermore, subsequent seasonal samples following each co-colonisation event contained a 

single viable species or was negative for viable amoebae. The absence of multiple Naegleria 
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spp. co-colonisation and the sporadic and rare nature of viable non-Naegleria amoebae co-

colonisation in field samples and laboratory biomonitors indicates that co-colonisation of 

amoebae in biofilm is transitional and temporary. This is likely due to the ecological 

interactions within the biofilm, either through inter-amoebal interactions or the presences of 

viable food sources changing over time. Given the increasing number of DWDS-associated 

PAM cases, understanding the ecological factors which allow this pathogen to colonise and 

survive within a DWDS biofilm is essential. Knowledge of these ecological factors combined 

with other environmental factors like prolonged elevated water temperatures, would further 

enable water utilities to pre-empt a sites potential to be colonised by N. fowleri within the 

DWDS and take appropriate actions to reduce the risk of this pathogen establishing itself with 

the DWDS pipe wall biofilm. 

Keywords: Naegleria fowleri, biofilm, water, colonisation, amoeba, ecology  

 

5.1 Introduction 

Pipe wall biofilm within drinking water distribution systems (DWDSs) provides the ideal 

habitat and reservoir for amoebae in DWDSs (Biyela et al. 2012, Morgan et al. 2016). Biofilm 

not only protects amoebae from common water disinfectants like chlorine, but they also provide 

dense bacterial biomass for grazing (Berry et al. 2006, Miller et al. 2015). The role of biofilm in 

harbouring potential pathogens, including Naegleria fowleri and amoeba associated bacterial 

pathogens, such as Legionella and non-tuberculous mycobacterium (NTM) (Ashbolt 2015), is a 

growing issue for water utilities as managing these pathogens in DWDS biofilm can be difficult 

(Miller et al. 2015).  

N. fowleri, the causative agent of primary amoebic meningoencephalitis (PAM), has been 

detected in DWDSs in Pakistan, the USA and Australia. All three countries have reported PAM 

cases linked DWDSs. At least 61 cases since 2008 in Karachi, Pakistan, were linked to nasal 

rinsing using tap water and at least 6 cases linked to DWDSs in the USA and USA territories 

(Cope et al. 2015, Kazi and Riaz 2013, Mahmood 2015, Shakoor et al. 2011, Yoder et al. 2012). 

Seven cases have also been reported in Queensland, Australia since 1971, linked to domestic 

use of tap water, most recently in October 2016 (Dorsch 1982, Murray 2015, Nicholls et al. 

2016).  

Many factors are known to affect an amoebae ability to colonise a niche. Water origin, pipe line 

materials, ions, metals, pH, environmental temperatures, organic matter, nutrient level, biofilm 

microbial community and disinfectant residuals have been shown to influence the ability of 

amoebae, including N. fowleri, to colonise and survive in a DWDS (Al-Hilfy and Muslim 2014, 

Butterfield et al. 2002, De Jonckheere et al. 1975, Delafont et al. 2016, Goudot et al. 2012, 
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Lehtola et al. 2005, Miller et al. 2017, Miller et al. 2015, Morgan et al. 2016, Ndiongue et al. 

2005, Norton et al. 2004, Sykora et al. 1983, Thomas et al. 2004, Wijeyekoon et al. 2004). 

However, previous research is limited on the effect of competitive thermophilic amoebae, 

including other Naegleria spp., on N. fowleri’s ability to colonise and thrive in a DWDSs. Given 

that amoebae are bacterivorous, changes in viable amoebae populations within DWDSs could 

be attributed to negative interaction with each other as they compete for food sources and 

protective niches within the biofilm. The amoebae may also negatively interact with each other, 

thereby preventing the other’s growth. Griffin et al. proposed the “flagellate empty habitat 

hypothesis” (Griffin 1983), which stated that FLA communities when disrupted by human 

activity, allowed other FLA which has an advantage to colonise the newly free niche. However, 

to date, inter-amoebae interactions have not been well studied.  

The aim of this study was to determine the impact of competitive thermophilic amoebae on N. 

fowleri’s colonisation of biofilm using laboratory scale biomonitors and operational field 

DWDSs. Understanding the biological factors and interactions that influence N. fowleri’s 

colonisation within DWDS biofilm is vital to improve the understanding and control of this 

pathogen in DWDSs. To our knowledge, this is the first study to demonstrate that amoebic 

competition can negatively affect N. fowleri ability to colonise and persist in biofilm. This work 

further aids in the understanding of how non-pathogenic amoebae can influence the presence 

and persistence of pathogenic N. fowleri in operational DWDS biofilm.  

5.2 Materials and Methods 

5.2.1 Laboratory biomonitors 

In order to determine the effect of amoebae competition on N. fowleri, six identical laboratory 

biomonitors (KIWA, Netherlands) were set up as previously described (Miller et al. 2015). Each 

biomonitor contained up to 42 glass rings, each with a surface area of 16.96 cm2, which acted as 

growth substrates for biofilm formation. The biomonitors (total volume of 25 L) were operated 

at an average recirculation flow rate of 15 ± 1.7 L/h using bulk water (approximately 30 L 

recirculated) and biofilm sourced from field sites with known amoeba populations (Puzon et al. 

2009). Field bulk water and biofilm was used in order to replicate the chemical and microbial 

conditions seen within operational DWDSs, including pH, water source and bacterial 

communities in the laboratory.  

After the initial set up using field biofilm and bulk water, biomonitors contained viable field N. 

fowleri and Vermamoeba sp.. Escherichia coli (1 mL of 108 cells/mL) was intermittently added 

to all biomonitors on a monthly basis as a food source to promote amoebic growth. At two and 

six month time points, laboratory cultured (described below) N. fowleri (5 mL of 105 cells/mL) 

was inoculated into all six biomonitors to establish its colonisation of the biomonitors. No 
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laboratory cultured Vermamoeba sp. was ever introduced into the biomonitors. After 7 months 

laboratory cultured N. lovaniensis (5 mL of 105 cells/mL) was inoculated into all six 

biomonitors for the first time, along with additional N. fowleri (5 mL of 105 cells/mL). After 

which point no more amoebae were inoculated. All biomonitors received the same initial 

biofilm and bulk water as well as E. coli and amoebae inoculations. All six biomonitors were 

operated in a climate controlled laboratory (room temperature 22 °C), hence water temperature 

variation was negligible. Despite the same treatments and laboratory conditions amoebae 

populations and biofilm densities varied between the biomonitors, hence the six replicates. 

Biofilm sample collection and processing were done as described previously by Miller et al. 

(2015). Briefly, biofilm samples were removed and placed in 30 mL of sterile 25 % Ringers 

solution in a sterile 50 mL tube. Glass rings were vortex and sonicated for 5 min in a sonication 

bath (Bransonic, USA) operated using 30 W with a working frequency of 47 kHz + 6 %. 

Followed by centrifugation to dislodge and concentrate the biofilm, and the excess supernatant 

after centrifugation was discarded. Cell pellets were resuspended in a smaller volume of the 

original solution and the concentrated samples were used for viability plating, flow cytometry 

and DNA extractions (Miller et al. 2015).  

5.2.2 Operational DWDS site monitoring and access  

In order to determine the effect of naturally occurring competitive thermophilic amoebae on the 

presence and survival of N. fowleri in operational DWDSs, six field sites were selected in two 

regional water supply schemes in rural Western Australia (WA) and one metropolitan DWDS 

scheme. SK, KT and WB sites were located along a chlorinated rural DWDSs in WA. SK and 

KT sites had previously been monitored for 2 and 1.5 years, respectively, on a seasonal basis, 

and were selected for this study based on historical detections of amoebae and low free chlorine 

residual (less than 0.1 mg/L) (Tables 2 and 3) (Miller et al. 2017, Morgan et al. 2016). WB site 

was monitored for 3.5 years and had a chlorine residual ranging from 0 mg/L to 0.55 mg/L, with 

the highest residuals detected in the winter months (Morgan et al. 2016). The P and B site 

biomonitors were located along chloraminated rural DWDS in WA (Puzon et al. 2017). P and B 

sites had previously been monitored for 13 and 17 month period, respectively, and had 

chloramine residuals ranging from 0 mg/L to 1.31 mg/L and 0 mg/L to 1.68 mg/L, respectively. 

The BP site biomonitor was connected to an urban DWDS system at its source, pre-treatment, 

and had been monitored for one year previously.  

Sites were selected for this study based on persistent historical detections of viable amoebae, 

including N. fowleri, N. lovaniensis and Vermamoeba sp. (Miller et al. 2017, Miller et al. 2015, 

Morgan et al. 2016, Puzon et al. 2017). Bulk water and biofilm samples collected from the sites 

were monitored seasonally for the presence of viable and non-viable amoeba, microbial cell 

counts, free and total chlorine or chloramine residuals, turbidity, microbial activity by adenosine 
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triphosphate (ATP) concentration and water temperature as previously described (Miller et al. 

2017, Morgan et al. 2016).  

Bulk water samples were collected in sterile 250 mL collection bottles directly from the pipeline 

using a pre-sterilized spout, which was left running for 5 min before sampling to ensure the 

sample represented true bulk water conditions. Bulk water samples were concentrated by 

centrifugation, and the supernatant discarded. Biofilm samples were collected from KIWA 

biofilm monitors (described above) which had been connected directly to the pipe line with a 

flow rate of 50 L/h (Miller et al. 2017, Miller et al. 2015, Morgan et al. 2016, Puzon et al. 

2009). Samples were stored and transported at room temperature. Samples were processed as 

described above. Concentrated samples were used for viability plating, flow cytometry and 

DNA extractions. All other measurements were taken on the day of sampling at the sites.  

5.2.3 Physical and chemical measurements 

A pocket colorimeter II (Hach, U.S.) was used to measure free and total chlorine or 

monochloramine and free ammonia concentrations, according to the manufacturer’s protocol. 

Turbidity was measured using a Thermo Orion Turbidimeter – AQ4500 (Thermo Scientific, 

Australia) according to the manufacturer’s protocol. Temperature was measured using the MC-

87 Dual Channel Digital Thermometer (TPS, Australia). ATP was measured using a Biocounter 

M 1500 Light (Celsis, UK) according to the manufacturer’s protocol. Filtered site water was 

used for background readings. Standard curves were generated using ATP standards (10, 100, 

500 and 1000 ng/mL, Boehringer Mannheim, Germany). Quadruple ATP readings were 

averaged (relative light units) and plotted on the standard to give ng/mL of ATP. 

5.2.4 Laboratory stock culturing 

Culturing methods used for laboratory amoebae and bacteria including N. fowleri and N. 

lovaniensis, and Escherichia coli, respectively, are as previously described (Miller et al. 2015, 

Puzon et al. 2009).  

5.2.5 Microbial enumeration 

Laboratory cultured amoebae were enumerated using a Thoma haemocytometer (Lab Optik, 

Germany). Samples were loaded onto the haemocytometer (10 µL) and viewed under the 

microscope using phase contrast (Olympus, Japan) at 100 × magnification. The cells 

(trophozoites and cysts) present within the gridded area were counted in duplicate and 

calculated as cells/mL.  

Enumeration of microbial cell concentrations in bulk water and biofilm samples were conducted 

as previously described (Ho et al. 2012, Hoefel et al. 2003, Miller et al. 2017). Total cell counts 

were enumerated following staining with SYBR Green 1 (Invitrogen, U.S.). Briefly, both field 

and laboratory samples were diluted to fit into the counting range of the flow cytometry using 
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Milli-Q water. Of the diluted samples 200 µL was stained with 2 µL (10 ×) of SYBR Green 1 

and incubated for 15 min in the dark. Counting zones were selected based on Hoefel et al. 2003, 

where the zone selected represent the total cell counts. Controls included; filters and/or 

unstained field samples or Ringers solution, and flow check fluorospheres. All samples were run 

in duplicates and averaged. Results for flow cytometry were present as either cells/mL for bulk 

water samples or cells/cm2 for biofilm samples. 

5.2.6 Viability assessment 

Methods used for determining viability were done as previously described (Miller et al. 2017, 

Puzon et al. 2009). Briefly, concentrated samples (500 µL) were incubated on non-nutrient agar 

(NNA)- E. coli plates for at least 48 h at 42 °C in order to assess the viability of thermophilic 

amoebae (Robinson et al. 2006). All plates were observed for growth fronts. Positive plates 

were scraped using sterile disposable 1 µL loops and collected for DNA extraction and 

quantitative polymerase chain reaction (qPCR) for species identification. NNA was prepared by 

mixing 1 L of 25 % Ringers solution with 15 g of bacteriological agar (Agar No. 1, Oxoid 

England) and autoclaved at 121 °C for 20 min before plating 100 µL of E. coli culture (5.39 × 

108 cells/mL) on the plates. E. coli was grown in 2 L Luria-Bertani broth (Oxoid, England) at 37 

°C to late log phase and concentrated by centrifugation at 5,000 × g for 10 min and resuspended 

in 20 mL of 25 % Ringers solution. 

5.2.7 DNA extraction 

DNA was extracted from both the laboratory and field biofilm samples and field bulk water 

using the following two methods. First, PowerSoil DNA Isolation kit (MO BIO Laboratories, 

USA) was used for total DNA extractions from concentrated samples according to the 

manufacturer’s protocol with the pellet of 500 µL of sample instead of loading 0.25 g of soil, 

which had been centrifuged at 21,000 × g for 5 min. Second, the Bio-Rad InstaGene Matrix 

(BioRad, U.S.) was used for DNA extraction of NNA growth fronts (i.e. viable amoebae) 

according to the manufacturer’s protocol. Positive NNA - E. coli plates were scraped using a 1 

µL sterile disposable loop and resuspended in 100 µL of InstaGene matrix. All DNA extracts 

were stored at – 20 °C until analysed by qPCR. 

5.2.8 Naegleria speciation 

Methods for Naegleria speciation by qPCR melt curve analysis have previously been described 

by Puzon et al. (2009). Briefly, DNA samples were analysed using a Bio-Rad iQ5 (Bio-Rad, 

U.S.) with a total reaction volume of 25 µL; containing 12.5 µL HotStar Taq Master Mix (2 ×) 

(Qiagen, U.S.), 1.25 µL of each primer (10 µM), 0.1 µL 500 µM SYTO9 dye (Molecular 

Probes, U.S), 7.9 µL sterile double distilled water and 2 µL of template DNA. Samples were run 

in triplicates with either an N. fowleri specific primer set which only amplifies N. fowleri (Puzon 
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et al. 2009) or a consensus primer set for Naegleria spp. (Pélandakis et al. 2000) which are 

designed to amplify all Naegleria spp., however it also amplifies other amoebae with unique 

melt curves including Willaertia, Vahlkampfia, and Vermamoeba sp. (Behets et al. 2006). 

Samples were run in triplicate with DNA extraction method controls (InstaGene Matrix or 

PowerSoil elution buffer with no DNA template) and negative controls (RNase-free H2O) were 

run with every reaction.  

5.3 Results 

5.3.1 Co-colonisation – laboratory study 

In laboratory biomonitors, a single viable amoebae was detected in the majority of biofilm 

samples for the first 10 months of the experiment (Table 1). During the first three months, 

viable N. fowleri and Vermamoeba sp., were both detected in the same laboratory biomonitors, 

however, they were not detected within the same biofilm sample (i.e. the biofilm attached to one 

glass ring) (Table 1). By the fourth month, viable N. fowleri had been displaced from the 

biomonitors despite being re-inoculated into all biomonitors at 2 and 6 months, after which 

point only a single viable amoebae (unknown thermophilic amoeba (TA) or Vermamoeba sp.) 

were detected in the biofilm samples from the six biomonitors. Until the end of the seventh 

month, when Vermamoeba sp. was also displaced from all six biomonitors. At 10 months N. 

fowleri was re-inoculated into all six biomonitors, along with N. lovaniensis. Five days after 

being co-inoculated, both viable N. fowleri and N. lovaniensis were detected co-colonising 

biofilm samples from four of the six biomonitors. N. lovaniensis was also present in the two 

biomonitors without N. fowleri. At eleven and twelve months, both viable N. fowleri and N. 

lovaniensis co-colonised biofilm samples. By the thirteenth month (four months after N. fowleri 

and N. lovaniensis’s co-inoculation), only viable N. lovaniensis was detected in biofilm samples 

from all six biomonitors. N. fowleri had been displaced from the biofilm for a second time and 

was not detected again for the rest of the experiment (eighteen months in total). The detection of 

both viable N. fowleri and N. lovaniensis during the eleventh and twelfth months was the only 

co-colonisation of multiple Naegleria spp. seen in the biomonitors for the duration of the 

laboratory experiment. 

5.3.2 Co-colonisation – long-term field study 

Analysis of the bulk water and biofilm samples from the operational DWDSs also showed that 

co-colonisation of thermophilic Naegleria spp. and other thermophilic amoebae was rare and 

transitional. A total of 105 samples were analysed for the presence of viable and non-viable 

thermophilic amoebae during the long-term field study at six sites (Tables 2 and 3). A total of 

174 amoebae were detected. Of those detections, a single viable amoeba species was detected in 
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92 % of the field bulk water and biofilm samples analysed by the culture method. Only 5 

samples (8 %) contained multiple viable amoebae.  

The lack of co-colonisation of multiple amoebae was common across the chlorinated sites. 

Amoebae detections varied across the chlorine treated DWDSs depending on the site and 

season. N. fowleri, Vermamoeba sp. and TA were frequently detected by both viable and 

molecular methods at SK site (table 2). N. italica and N. carteri were detected by the molecular 

method only. Biofilm and bulk water samples analysed from SK sites revealed a single viable 

amoebae present in all samples collected over two years, with one exception (viable N. fowleri 

and Vermamoeba sp.) (Tables 2 and 3). All other samples from the SK site contained a single 

viable amoebae. During this study the free chlorine residual was recorded at less than 0.1 mg/L 

for all time points (Table 4). Despite similar conditions (low chlorine residual (< 0.1 mg/L) and 

water temperatures) in the DWDS to SK site, viable amoebae were less frequently detected at 

the KT site (Table 2). All viable detections at KT site revealed a single amoebae present, most 

commonly N. fowleri, N. lovaniensis or TA. No co-colonisation of viable amoebae was seen at 

KT for the 1.5 years of the field study. Molecular methods also detected two Naegleria sp. 

which were identified as N. italica and N. australiensis. WB site was the only chlorinated 

DWDSs with a fluctuating chlorine residual (ranging from 0 mg/L to 0.55 mg/L) over the 3.5 

years it was studied (Table 4). All viable detections revealed a single amoebae present with one 

exception (N. fowleri and TA). Using the molecular method multiple non-viable amoebae were 

detected in 11 samples over the study. N. fowleri, Vermamoeba N. lovaniensis, N. italica, N. 

australiensis and TA were all detected in combination at one or more time points. Some 

samples containing three or more molecularly detected species.  

The lack of co-colonisation of multiple viable amoebae seen in the chlorinated DWDSs was 

also seen in the chloraminated DWDSs. Samples analysed from P site detected a single viable 

amoebae in all bulk water and biofilm samples with one exception (N. lovaniensis and 

Vermamoeba sp.) (Table 2). All other samples contained a single viable amoebae including N. 

lovaniensis, N. italica, Vermamoeba sp. or TA. N. australiensis was also detected molecularly. 

Site P had a residual ranging from 0 mg/L to 1.31 mg/L of chloramine over the 13 month field 

study (Table 4). Amoebae detections at the two chloraminated DWDSs were very similar 

including the lack of co-colonisation by viable amoebae. Viable co-colonisation was not 

detected at B site, which had been studied for 17 months and had the highest recorded 

disinfectant residual over the study ranging from 0 mg/L to 1.68 mg/L chloramine (Table 4). All 

viable detections revealed a single amoebae including N. lovaniensis, N. italica, Vermamoeba 

sp. and TA. The molecular method also identified N. australiensis. Molecular analysis only 

detected multiple non-viable amoebae four times, including combinations of Vermamoeba sp., 

N. lovaniensis, N. italica and N. australiensis. Viable N. lovaniensis and N. italica were detected 
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individually at B site in the bulk water and biofilm spring samples (15 °C) while the chloramine 

residual was 1.08 mg/L (Table 4). Viable N. italica was detected at P site in spring (17 °C) 

while the chloramine residual was 1.31 mg/L.  

The lack of co-colonisation of multiple viable amoebae was again seen in the untreated 

metropolitan DWDS source water. Over one year the BP site had no disinfectant residual and 

amoebae were detected by viable and molecular methods at every time point (Table 2 and 4). 

The only co-colonisation of viable amoebae seen at BP site was during autumn when 

Vermamoeba sp. and N. fowleri were detected with N. lovaniensis in the bulk and biofilm 

samples, respectively. At all other time point’s N. lovaniensis was the only viable amoebae 

detected expect for one molecular detection of Vermamoeba sp. in the spring biofilm samples. 

5.3.3 Detection of co-colonisation in DWDSs by culture or molecular methods  

Amoebae were more frequently detected at all sites using the molecular method compared to the 

viable method. Out of 105 field bulk water and biofilm samples a total of 174 amoebae were 

detected by culture (60 detections) and molecular methods (114 detections) (Tables 2 and 3). 

The most frequently detected viable amoeba was an unknown thermophilic amoeba (TA) (33 

%) and the most frequently detected non-viable amoeba was Vermamoeba sp. (24 %). Only 8 % 

of samples contained multiple viable amoebae including combinations N. fowleri, Vermamoeba 

sp., TA and N. lovaniensis, while the molecular method detected multiple amoebae in 29 % of 

bulk water and biofilm samples. At all sites multiple amoebae were frequently detected within 

the same sample using the molecular method, however only a single individual species was 

viable at each time point in these samples. Every possible combination of amoebae present at 

each site was detected by the molecular method, including three or more species in some 

samples. Additionally, some amoebae were only detected by the molecular method including N. 

italica and N. carteri which were detected at SK site and N. australiensis at B site. 

5.3.4 Biofilm vs bulk water detections 

Analysis of the field site samples revealed that amoebae were detected more frequently in the 

biofilm samples (79 %) compared with the bulk water (21 %) from both the chloraminated and 

chlorinated rural DWDS sites (Table 2 and 3). While analysis of the untreated metropolitan 

DWDS detected amoebae equally in the bulk water and biofilm samples. Temperature also 

impacted the amoebae distribution in the field samples. Viable amoeba were detected with water 

temperatures ranging from 13 to 38 °C and from 16 to 33 °C, at SK and KT sites, respectively 

(Table 4). At the WB site viable amoebae were detected in the summer and autumn months (16 

to 34 °C), and typically absent in the winter and spring months (12 to 20 °C). However, 

amoebae were detected by the molecular method at WB site at every time point. Viable 

amoebae detections at both B and P site were less affected by temperature, with viable 
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detections occurring in all seasons, ranging from 10 to 32 °C and 13 to 31 °C, respectively. The 

BP site had the most stable temperature of 42 °C through all seasons and was consistently 

positive for amoebae. 

The cell counts of the biofilm (average 105 to 106 cells/cm2) and bulk water from the field 

DWDSs were relatively stable across the study throughout all seasons (Figures 2A and B), 

despite disinfectant residuals and type, and only slightly decreased with decreasing seasonal 

temperatures. The BP site had the most consistent biofilm density over the study (average of 106 

cells/cm2) with the highest minimum density (105 cells/cm2). While the lowest recorded biofilm 

cell count of 102 cells/cm2 was detected at KT site.  

Figure 1 illustrated the biofilm cell counts of samples from the laboratory biomonitors tested 

over the 16 month study. All six biomonitors displayed similar trends, with only slight density 

variations over the 16 month laboratory study (figure 1). The average biofilm densities were 

similar to those detected in field samples at the six sites. The minimum detected cell density in 

the laboratory study was 103 cells/cm2. 

5.4 Discussion 

In the field DWDSs studied here, individual viable Naegleria spp. (N. fowleri (37 %) or N. 

lovaniensis (52 %)), were predominantly detected and there was a lack of multiple viable 

Naegleria spp. co-colonising both the bulk water and the biofilm. Occasionally, multiple 

Naegleria spp. were detected in the same field sample using the molecular methods, which 

detects both viable and non-viable cells, but all of these samples were noted to only contain a 

single viable Naegleria spp.. Interestingly, it was noted that most sites were colonised by a 

single viable Naegleria spp., but that some sites (KT and BP) were able to host different viable 

Naegleria spp., (N. fowleri or N. lovaniensis) at different times. This indicates that while some 

sections of the DWDSs may favour a single Naegleria spp., N. fowleri and N. lovaniensis are 

able to colonise the same DWDS section, but not at the same time. The reason for this is likely 

due to chemical or biological factors, but at this point it is unclear which factor controls species 

colonisation. Under laboratory conditions, viable N. fowleri and N. lovaniensis were detected 

co-colonising biofilm samples temporarily after their co-inoculation into the biomonitors. 

However, this co-colonisation resulted in the displacement of one species (N. fowleri) and the 

domination of the other (N. lovaniensis) in just two months. An absence of multiple viable 

Naegleria spp. co-colonising has also been seen in other studies, although it was not the focus 

of the research. Previous studies analysing the presence of viable amoebae in Western 

Australian DWDSs have also shown that DWDS biofilm is typically dominated by a single 

viable Naegleria spp. (Puzon et al. 2017). Occasionally a viable Naegleria spp. was detected 

along with a viable non-Naegleria spp. amoebae, (Miller et al. 2017, Morgan et al. 2016, Puzon 

et al. 2017). Similar trends have been shown in other studies, however, typically only molecular 
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detections were taken into account. Naegleria, Willaertia and Vahlkampfia spp. have been 

reported in anthropogenic (power plants) and natural aquatic environments and systems 

(Declerck et al. 2007). They found that Naegleria spp. had the tendency to dominate water and 

biofilm samples, however, no species identification was reported. Muchesa et al. studied the co-

occurrence of FLA and bacteria in hospital water networks and saw that almost 50 % of samples 

contained viable amoebae (77 samples), including Acanthamoeba spp., V. vermiformis and N. 

gruberi (Muchesa et al. 2017). However, it is not clear whether these amoebae occurred in the 

same samples or fluctuated in presence over time and multiple samples and sites within the 

building’s plumbing as they did not focus on the co-occurrence of amoebae. Ovrutsky et al. 

detected multiple viable amoebae within the same biofilm samples, including V. vermiformis 

and Flamella sp. or V. vermiformis and Acanthamoeba spp. (Ovrutsky et al. 2013). They also 

reported the detection of two different Acanthamoeba spp. present in one sample, but no 

detection of multiple viable Naegleria spp. was reported.  

Co-colonisation of viable N. fowleri or N. lovaniensis with amoebae from different genera was 

detected in the biofilm from the field biomonitors, however this was sporadic and rare. 

Vermamoeba sp. were the most frequently detected co-colonising amoebae, typically with N. 

fowleri or TA. Previous studies have also reported the co-colonisation of viable Vermamoeba 

sp. with either N. fowleri or an unknown thermophilic amoebae (Morgan et al. 2016). Given that 

FLA are bacteriovorous, biofilm provide the ideal environment for amoebae within DWDSs by 

providing food sources in the form of dense bacterial biomass, as well as a sheltered niche, 

increasing resistance to disinfectants (Berry et al. 2006, Biyela et al. 2012, Goudot et al. 2012, 

Miller et al. 2017, Miller et al. 2015). Therefore, multiple amoebae could be expected to 

colonise niches with similar ecological and chemical conditions. Previous studies looking at the 

presence of FLA in in-premise plumbing also showed a higher prevalence of FLA biofilm 

samples compared to bulk water samples (Muchesa et al. 2017, Ovrutsky et al. 2013). 

Furthermore, in vitro simulations of pipe lines showed that when introduced, N. fowleri could 

colonise and survive for five months within a biofilm in an enclosed simulated pipe system 

(Biyela et al. 2012). However, in our study, the presence of N. fowleri and other amoebae in 

both the field and laboratory studies was more transient and sporadic.  

Factors known to play important role in N. fowleri and other amoebae ability to colonise and 

thrive in the environment and DWDSs include water origin, pipe line materials, ions, metals, 

pH, disinfectant residuals and environmental temperatures, organic matter, nutrient level (Al-

Hilfy and Muslim 2014, De Jonckheere et al. 1975, Delafont et al. 2016, Goudot et al. 2012, 

Ndiongue et al. 2005, Sykora et al. 1983, Thomas et al. 2004, Wijeyekoon et al. 2004). 

However, many of these factors were controlled or not an issue in the laboratory biomonitors 

and BP site (i.e. disinfectant residual and temperature), where shifting FLA population were still 
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observed. Previous studies have also found that FLA populations changes were not explained by 

the environmental parameters listed above (Delafont et al. 2016). Changes in amoebae 

colonisation were attributed to ecological factors instead of physical and chemical factors. 

To date, inter-amoebae interactions have not been well studied. Griffin et al. proposed the 

“flagellate empty habitat hypothesis” (Griffin 1983), which stated that FLA communities when 

disrupted by human activity, allowed other FLA to colonise the newly free niche. The new FLA 

population would likely be one which has an advantage over other FLA, i.e. during periods of 

higher environmental temperatures a thermophilic amoebae, like N. fowleri, would grow faster 

in warmer temperatures. However, shifting FLA populations were seen even in the absence of 

direct human activity, as seen at the BP site. Therefore, it is likely that ecological factors like 

interactions with the microbial community of the biofilm are affecting the FLA populations. 

Although human intervention may have played a role in the other sites studied.  

Previous studies have demonstrated the benefits of multiple organisms including amoebae, 

living together within a DWDS biofilm, including increased resistant to disinfectants (Ashbolt 

2015, Berry et al. 2006). However, few studies have looked at the negative aspects of multiple 

organisms, especially N. fowleri, co-colonising biofilms. Negative interactions, including 

apparent predation of N. fowleri by other eukaryotes including rotifers in lake water, would 

make environments unfavourable for N. fowleri (Jamerson et al. 2009). Studies of Western 

Australian DWDSs have shown correlations between the presence of amoebae and other 

eukaryotic organisms within the pipe wall biofilm. Puzon et al. showed that the eukaryotic 

community of the DWDS biofilm had a significant impact in relation to the presence of N. 

fowleri (Puzon et al. 2017). They also showed a negative correlation between the eukaryotic 

taxa Rotifera and N. fowleri. However, N. lovaniensis and Rotifera were positively correlated. 

Studies have also reported the direct predation of amoebae by other FLA. Balamuthia spp. and 

Paramecium spp. have been shown to predate on amoebae including N. fowleri, N. gruberi and 

Acanthamoeba spp., instead of bacteria (Matin et al. 2006, Tapia et al. 2013). 

Alternatively, negative interactions between amoebae might be due to direct competition for 

food sources. As amoebae are bacteriovorous, it is likely inter-amoebal interactions have 

evolved as competition for food sources can be high. Previous studies have demonstrated 

negative interactions between bacterial feeding eukaryotes which competed for the same 

bacterial food sources (Neidig et al. 2010). They showed that bacterial feeders were mutually 

sensing and responding to each other using chemical cues and antagonistic compounds that 

detrimentally affected their competitors. Previous studies have also suggested that FLA-bacteria 

associations could explain amoebae distribution in DWDSs (Delafont et al. 2016). Nutrients 

levels and food sources are known to play an important role in amoebae including N. fowleri’s, 

growth competition and biofilm colonisation (Goudot et al. 2012). Increasing levels of bacterial 
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richness is associated with N. fowleri presence, therefore the biofilm composition likely effects 

N. fowleri colonisation (Morgan et al. 2016). Furthermore, individual bacterial families have 

been associated with the presence of different Naegleria spp. (Puzon et al. 2017). Food source 

selectivity has been reported previously for Acanthamoeba spp. and V. vermiformis (Pickup et 

al. 2007). This could explain the displacement of amoebae within the laboratory biomonitors. 

Although all biomonitors had a minimum biofilm density above what is known to support the 

growth of amoebae (Goudot et al. 2012), select food sources could have been depleted by 

amoebae grazing. However, even with the addition of E. coli, a known food source for N. 

lovaniensis, N. fowleri and Vermamoeba sp., to the laboratory biomonitors, co-colonisation was 

still sporadic and rare, and N. fowleri was displaced from the biofilm. This could be reflective of 

the inability of laboratory scale experiments to accurately replicate all the conditions and 

dynamics occurring in the field DWDSs. However, similar trends were also seen at the field 

DWDSs. Therefore, a direct link between the presence of certain eukaryotes and prokaryotes 

and amoebae in the biofilm could be the cause of shifting amoebae populations observed in the 

field site biomonitors. Knowing which ecological factors affect Naegleria spp. ability to 

colonise a pipe wall biofilm, or co-exist with other non-Naegleria amoebae is vital to improving 

understanding the distributions of this pathogen and improving management and treatment of N. 

fowleri in DWDSs. 

5.5 Conclusion 

The absence of viable N. fowleri and N. lovaniensis in the field DWDSs reveals the sporadic 

and rare nature of viable Naegleria spp. co-colonisation. Viable Naegleria spp. were 

occasionally detected co-colonising with non-Naegleria amoebae, however this was infrequent. 

This indicates that co-colonisation of amoebae in biofilm is transitional and temporary. 

Interestingly, N. fowleri and N. lovaniensis appear to be able to colonise the same DWDSs, but 

at different times. This is likely due to ecological interactions within the biofilm, either through 

inter-amoebal interactions or the presences of viable food sources changing over time. Despite 

disinfection of DWDSs, N. fowleri continues to re-colonise and grow within the pipe wall 

biofilm of DWDSs. Ecological factors affecting N. fowleri’s ability to successfully colonise 

pipe wall biofilm in the presence of other amoebae may be more complex than previously 

thought. 
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Table 9 Viable thermophilic amoebae detections from the six laboratory-scale biomonitors.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

(BM – biomonitor, V – Vermamoeba sp., NF – N. fowleri, NL – N. lovaniensis, TA – Unknown 
thermophilic amoeba). 

 

 

 

 

 

 

 

 

 

 

 

 

Sample date Viable thermophilic amoeba species present  
BM 1  BM 2  BM 3 BM 4 BM 5 BM 6 

31/10/2013  -  - V V NF - 

9/12/2013 V V V V V NF 

6/01/2014 V V - - V NF 

10/02/2014 V  - - - TA V 

21/03/2014 V V - - - - 

4/04/2014 V V V - TA TA 

1/05/2014 TA  - - - - TA 

15/09/2014 NL NL NF, NL NL NF, NL NF, NL 

25/11/2014 NL NF, NL NL NL NL NF, NL 

14/01/2015 NL  - NL NL NL NL 

4/02/2015 NL NL TA - - - 

5/02/2015 TA  - TA - NL - 

9/02/2015 TA NL NL - - - 

17/02/2015  -  TA - NL - - 

24/02/2015 NL NL - TA - NL 
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Figure 14 Cell counts of the six laboratory-scale biomonitors biofilm samples (cells/cm2) recorded using flow cytometry over the duration of the study 
(standard error of 5 %). 
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Table 10 The number of thermophilic amoebae detected by culture or molecular detection methods at each site by either bulk water or biofilm sample 
type. a represents chlorinated DWDS, b represents a chloraminated DWDS, c represents a non-treated source water of metropolitan DWDS.  

Site Sample 

type 

Viable – Number of positive samples Molecular – Number of positive samples 

NF NL NI V TA Multiple (co-
colonisation) 

NF NL NI NA NC V TA Multiple (co-
colonisation) 

SK a Bulk 2  0  0 2 2 1 3  0 0 0 0 2 2 1 

Biofilm  0 0 0 4 5 0 3 0 1 0 1 6 4 5 

KT a Bulk  0 0 0 0 2  0 1 2 0 1 0 0  0 1 

Biofilm 2 1  0 0 2  0 4 3 1 1 0 0 0 2 

WB a Bulk 1  0 0 0 2  0 2  0 0  0  0  2 2 1 

Biofilm 3  0 0 3 3 1 8 1 2 4 1 8 6 10 

P b Bulk  0  0 1    0 0  0   0 3 1  0 0  0  1 

Biofilm  0 2 1 2 1 1  0 3 3 2  0 4  0 5 

B b Bulk  0 0  1   2  0  0  0 2 1  0 1 1 1 

Biofilm  0 3 0  1 1  0  0 5 4  0  0 1  0 3 

BP c Bulk 1 3  0 1  0 1  0 4  0  0  0 1  0 1 

Biofilm 1 5  0 0  0  1  0 5 0   0 0  2  0 2 

(NF – N. fowleri, NL – N. lovaniensis, V – Vermamoeba sp., TA – unknown thermophilic amoeba). 
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Table 11 The percentage of thermophilic amoebae detected by culture or molecular detection methods at each site by either bulk water or biofilm sample 
type. 

Site Sample 

type 

Viable - Percentages of positive samples (%) Molecular - Percentages of positive samples (%) 

NF NL NI V TA Multiple (co-
colonisation) 

NF NL NI NA NC V TA Multiple (co-
colonisation) 

SK Bulk 20 0 0 20 20 10 30 0 0 0 0 20 20 10 

Biofilm 0 0 0 40 50 0 30 0 10 0 10 60 40 50 

KT Bulk 0 0 0 0 29 0 14 29 0 14 0 0 0 14 

Biofilm 29 14 0 0 29 0 57 43 14 14 0 0 0 29 

WB Bulk 6 0 0 0 13 0 13 0 0 0 0 13 13 6 

Biofilm 19 0 0 19 19 6 50 6 13 25 6 50 38 63 

P Bulk 0 0 14 0 0 0 0 0 43 14 0 0 0 14 

Biofilm 0 29 14 29 14 14 0 43 43 29 0 57 0 71 

B Bulk 0 0 13 0 25 0 0 0 25 13 0 13 13 13 

Biofilm 0 38 0 13 13 0 0 63 50 0 0 13 0 38 

BP Bulk 25 75 0 25 0 25 0 100 0 0 0 25 0 25 

Biofilm 20 100 0 0 0 20 0 100 0 0 0 40 0 40 

Total no of 
positive samples 

10 14 3 13 20 5 21 23 16 10 2 27 15 33 

(NF – N. fowleri, NL – N. lovaniensis, V – Vermamoeba sp., TA – unknown thermophilic amoeba). 
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Table 12 Physical and chemical characteristics of the bulk water at each field site.  

Site Temperature (°C) Turbidity (NTU) Disinfectant residual (mg/L)    
Free Chlorine Total Chlorine Chloramine NH3 

SK 13 – 38 0.47 - 0.97 0 – 0.09 0.06 - 0.25 
  

KT 13 - 33 0.36 - 0.9 0 – 0.07 N/A 
  

W 9 - 34 

 

0.34 - 1.54 0 – 0.55 0.05 - 0.77 
  

P 13 - 34 0.19 - 1.68 
  

0 – 1.31 0 - 0.26 

B 10 - 37 0.16 - 59 
  

0 – 1.68 0 - 0.38 

BP 41 - 43 0.26 - 1.82 NIL NIL NIL NIL 
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Figure 15 Cell counts recorded using flow cytometry for the six field sites for A) bulk water samples (cells/mL) and B) biofilm samples (cells/cm2) 
(standard error of 5 %).  
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Chapter 6 Preferential grazing of Naegleria fowleri on food sources; 

intracellular-associated bacteria isolated from operational DWDSs 

Haylea C. Millera, b, Matthew J. Morganc, Tom Walshc, Jason T. Wyliea, Anna H. Kaksonena, b 

and Geoffrey J. Puzona* 

a CSIRO Land and Water, Private Bag No.5, Wembley, Western Australia 6913, Australia 

b School of Biomedical Sciences, University of Western Australia, 35 Stirling Highway, 

Crawley, Western Australia 6009, Australia 

c CSIRO Land and Water, Black Mountain Laboratories, P.O. Box 1700, Canberra, ACT, 2601, 

Australia 

 

Primary amoebic meningoencephalitis (PAM) infections due to Naegleria fowleri in drinking 

water distribution systems (DWDS) are a significant public health issue. Understanding the 

factors which allow this pathogen to colonise and thrive in pipe-line biofilm is essential for the 

management of DWDSs. The microbial ecology within the DWDS, including available food 

sources, is believed to influence N. fowleri’s ability to colonise and survive in pipe wall biofilm. 

In order to identify potential food sources for N. fowleri, serial filtration based on pore size was 

used to isolate biofilm-associated amoebae from extracellular organisms and debris, in two 

operational DWDSs. Intracellular-associated bacteria (IAB) were identified using Illumina 

based sequencing of the 16S rRNA gene. Analysis of the sequences identified N. fowleri, 

Vermamoeba sp., N. lovaniensis and an unknown thermophilic amoebae were selectively 

grazing on different bacteria while avoiding similar bacterial communities regardless of location 

or amoeba species. Using indicator species analysis, IABs were found to be associated with N. 

fowleri and the non-N. fowleri amoebae. Thermaceae (Meiothermus spp.) was found to be 

associated with Nf+ (N. fowleri positive) IAB and was exclusively detected intracellularly 

within N. fowleri positive samples while absent from all non-N. fowleri samples. Furthermore, 

Meiothermus spp. represented < 1 % abundance of the parental biofilm samples. Meiothermus 

spp. and other associated taxa represent potential surrogate markers for N. fowleri in domestic 

water supplies or DWDSs. The identified bacteria could also be used as an indicator organism 

for surveillance of DWDSs or water source which are high risk for N. fowleri colonisation. 

Given the increasing number of PAM cases associated with DWDSs, it is essential to 

understand the factors which allow this pathogen to colonise and survive within a DWDS 

biofilm. The use of a surrogate microbial markers for N. fowleri colonisation in combination 

with environmental factors, including prolonged elevated water temperatures, could provide 

water utilities a predictive tool for monitoring potential colonisation by N. fowleri within the 
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DWDSs and take preventative action to reduce the risk of this pathogen establishing itself with 

the DWDS. 

Keywords: Naegleria fowleri, amoebae, biomarkers, food source, intracellular bacteria 

 

6.1 Introduction 

Naegleria fowleri, the causative agent of primary amoebic meningoencephalitis (PAM), has 

been linked to a number of PAM cases associated with drinking water distribution systems 

(DWDSs) in the USA (Cope et al. 2015, Yoder et al. 2012), Karachi, Pakistan (Kazi and Riaz 

2013, Mahmood 2015) and Australia (Nicholls et al. 2016). Following its discovery in Australia 

in 1965 by Fowler and Carter (Fowler and Carter 1965), at least 19 cases were reported between 

1961 and 1981 (Dorsch 1982). Since then, N. fowleri has been detected within DWDSs in rural 

areas of Western Australia (WA) (Miller et al. 2017, Morgan et al. 2016, Puzon et al. 2009). 

While Queensland has reported several recent PAM cases in April 2015 and October 2016 

which have been linked to N. fowleri in groundwater, water storage tanks and the DWDS 

supplying private properties (Murray 2015, Nicholls et al. 2016). Owing to the rise in number of 

PAM cases associated with DWDSs, the biofilm of DWDSs, bores, aquifers and wells are now 

considered to be reservoirs for N. fowleri globally (Blair et al. 2008, Miller et al. 2017, Morgan 

et al. 2016, Puzon et al. 2009, Puzon et al. 2017).  

Biofilm supports the growth of potentially pathogenic amoebae by creating a sheltered niche, 

increasing resistance to disinfectants and providing food sources in the form of dense bacterial 

biomass (Berry et al. 2006, Biyela et al. 2012, Goudot et al. 2012, Miller et al. 2017, Miller et 

al. 2015). Colonised biofilm is then a source of contamination to the rest of the DWDS by 

releasing N. fowleri into the bulk water (Biyela et al. 2012). Biofilm also facilitates multi-

domain interactions, including amoebal-bacterial interactions. Amoebal-bacterial interactions 

have been the focus of many previous studies. These interactions include long term intracellular 

survival of bacteria within trophozoites, cysts or dead cells allowing the bacteria to resist 

destruction, as well as intracellular replication and shedding (as packaged vesicles and/or 

expulsion) (Molmeret et al. 2005). In such cases, amoebae can serve as hosts or reservoirs for 

intracellular bacteria and possible emerging pathogens, protecting them from disinfection, 

aiding in biofilm formation, and even enhancing virulence (Cirillo et al. 1997). These bacteria 

have been termed “Amoeba-resistant bacteria” (ARB) (Greub and Raoult 2004). The fate of the 

microorganisms involved depends on the characteristics of both the bacteria and amoeba. 

Intracellular replication and survival of several bacteria has been observed within many 

amoebae including N. fowleri. Reviews covering the associations between ARB and amoebae 

are available (Denoncourt et al. 2014, Molmeret et al. 2005, Pagnier et al. 2009). 
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While many ARB have been well studied, there is little knowledge about other types of 

intracellular associated bacteria (IAB), in particular, bacteria ingested by amoebae as food 

sources. The selective process of bacteria grazing within DWDS biofilms, especially for N. 

fowleri are unknown, whether they graze random bacteria susceptible to phagocytosis, or if they 

selectively graze specific types of bacteria. Under laboratory conditions, amoebae including 

Naegleria spp. and Acanthamoeba spp. have been shown to ingest a narrow range of bacteria, 

including E. coli K-12, Klebsiella spp. and Enterobacter spp. (Schuster 2002, Weekers et al. 

1993). While other amoebae commonly isolated from DWDSs, including Vermamoeba 

vermiformis, graze on wider range of bacteria, including Agrobacterium tumefaciens, A. 

simplex, Bacillus megaterium, B. subtilis, Escherichia coli, K. aerogenes, and Pseudomonas 

fluorescens (Schuster 2002, Weekers et al. 1993). Studies have also shown that certain bacteria 

(Legionella pneumophila, E. coli, Aeromonas hydrophila, Flavobacterium breve and P. 

aeruginosa) do not influence the competitive uptake of other bacteria by amoebae (A. castellanii 

and N. lovaniensis) (Declerck et al. 2005). However, different amoebae have been shown to 

ingest bacteria at different rates. For example, Declerck et al. showed that under laboratory 

conditions, 100 % of A. castellanii trophozoite contained Legionella spp. while only 2 % of N. 

lovaniensis contained intracellular Legionella spp.. Illustrating that both amoebae are not equal 

hosts for Legionella sp. (Declerck et al. 2005). However, other Naegleria spp. including N. 

australiensis, have shown to be natural hosts for Legionella sp. (Corsaro et al. 2010). This 

indicates variation in the ability of amoebae to ingest and host ARB at an amoeba species level.  

Current approaches for surveillance of N. fowleri colonisation in environmental samples focuses 

on physical and chemical parameters including high environmental temperature (> 25 °C) and 

low disinfectant residuals. However, recent studies have shown that N. fowleri’s colonisation of 

DWDSs is not strictly defined by these parameters (Miller et al. 2017, Morgan et al. 2016, 

Puzon et al. 2017). Therefore, additional factors must play a role in N. fowleri’s ability to 

colonise a DWDS biofilm. As amoebae are bacterivorous, the composition of the pipe wall 

biofilm community is potentially a major determining factor of N. fowleri’s colonisation and 

persistence in DWDSs. Here we identify a suite of IAB biomarkers for N. fowleri from 

operational DWDSs. The use of a suite of biomarkers in conjunction with the currently used 

physical and chemical indicators could be used to better survey and monitor DWDSs and enable 

a more targeted responses to negate current and future N. fowleri colonisation of DWDSs. Thus 

reducing the risk of N. fowleri associated with DWDS and water sources. To our knowledge, 

this is the first study to identify a suite of IABs as the food sources of viable N. fowleri sampled 

from operational DWDS biofilms. 

6.2 Materials and methods 

6.2.1 Operational DWDS site monitoring and samples 
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In order to determine N. fowleri-specific IAB’s, biofilm samples were collected from two sites 

in a regional chlorinated water supply scheme in rural Western Australia (WA) (SK and T sites), 

and one site located at the source of an untreated metropolitan DWDS using groundwater (BP 

site). SK and T sites had previously been monitored for several years for microbial, physical and 

chemical parameters and were selected for this study based on historical detections of N. fowleri 

and low free chlorine residual (less than 0.1 mg/L) (Tables 2, 3 and 4) (Miller et al. 2017, 

Morgan et al. 2016). BP site was connected to an urban DWDS system, and had been monitored 

for one year previously. It was selected due to historical detections of non-N. fowleri amoebae. 

Biofilm samples were collected from biofilm monitors (Kiwa), containing glass rings used as 

biofilm growth supports (surface area per ring 16.96 cm2). Biomonitors were directly connected 

to the pipe lines and were set with a flow rate of 50 L/h (Miller et al. 2017, Miller et al. 2015, 

Morgan et al. 2016, Puzon et al. 2009).and samples were processed as previously described.  

6.2.2 Amoebae isolation and membrane filtration 

An unfiltered portion of each biofilm sample was kept as a control and stored at – 20 °C to be 

analysed by quantitative polymerase chain reaction (qPCR) and Amplicon sequencing. These 

samples represented the parental biofilm and were not filtered or further manipulated and used 

for total DNA extractions. The remaining biofilm samples were serially filtered in a stepwise 

series through different pore sized filters to isolate amoeba from background material and 

organisms, including extracellular bacteria and larger eukaryotes. This method has previously 

been published as a means to isolate FLA from field samples (Delafont et al. 2016). The 

following modifications were made; Nylon Net filters (20 µm and then 11 µm) (Merck 

Millipore, Ireland) were used to remove large biofilm flocs, debris and large eukaryotes. 

Polycarbonate membrane filters (5 and then 3 µm) (Merck Millipore, Ireland) were applied to 

collect amoebae larger than 3 µm while allowing small debris and extracellular bacteria to pass 

through the filter. Filters were transferred to sterile 15 mL tubes and vortexed in 3 mL of sterile 

25 % Ringers solution to detach the filtrate. Filtrates were then examined using microscopy for 

amoebae enumeration or viability testing using non-nutrient agar plates coated with Escherichia 

coli (NNA- E. coli) and incubated at 42 °C until plaques formed by viable amoebae growth 

fronts (Puzon et al. 2009, Robinson et al. 2006). Plaques were scraped within 24 h using sterile 

1 µL loops and re-suspended in 10 mL of sterile Ringers solution. The re-suspended amoebae 

were then refiltered (11 µm and then 3 µm) to remove large debris from the NNA plates and all 

extracellular bacteria, including the E. coli, from the samples (note: no E. coli was found in any 

of the parental biofilm samples). The filtrate caught on the 3 µm filter paper was resuspended in 

1.5 mL of Ringers solution. A subset of the sample was kept for fluorescent microscopy and cell 

enumeration while the rest was pelleted by centrifugation at 13,500 × g for 5 min. Samples were 
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frozen and stored for DNA extractions. NNA-E. coli plates and 25 % Ringers solution were 

prepared as previously mentioned (Puzon et al. 2009).  

6.2.3 IAB fluorescent microscopy and microbial enumeration 

For IAB florescent microscopy, 100 µL of the filtrate was diluted up to 1 mL with sterile 

Ringers solution and stained with 4 µL of DAPI dye (4′,6-Diamidine-2′-phenylindole 

dihydrochloride) (1 mg/mL, Sigma, USA). Samples were then filtered through a Cyclopore 

track etched membrane, 0.2 µm (Whatman, UK), which was placed on a glass slide, with a 

cover slip and immersion oil. Amoebae were observed under fluorescence on a Zeiss Imager 

microscope (M1 AXIO, Germany). AxioVision Rel. version 4.8, was used to determine the 

number of intracellular and extracellular bacteria present in each sample. Samples were assayed 

using 30 - 40 fields of view per sample. Figure 4 and Figure 5 are examples of images used for 

IAB counts and images illustrating the numbers of bacterial cells contained within biofilm flocs, 

respectively. 

Amoebae enumerations were performed using a Thoma hemocytometer (Lab Optik). Samples 

were loaded onto the hemocytometer (10 μL) and viewed under phase contrast (Olympus) with 

the 10× objective as previously reported (Miller et al. 2015).  

6.2.4 Food source testing 

Meiothermus chliarophilus 9957T and Meiothermus ruber 1279T were imported from German 

culture collection centre Deutsche Sammlung von Mikroorganismen und Zellkulturen (DSMZ) 

for food source trials. Cells were resuspended and cultured following the manufacture’s 

methods using Castenholz medium and Thermus ruber medium, made according to the DSMZ 

medium recipes 86 and 256, respectively, and cultured at 50 °C for 3 to 5 days. Axenic amoebae 

including N. fowleri were cultured on NNA plates at 42 °C for 48 h with either Meiothermus 

spp.. N. fowleri growth was observed by the formation of plaques on the plates.   

Meiothermus spp. primers were used to amplify DNA extracted from Meiothermus spp. cultures 

using the set up described below using a Bio-Rad iQ5 (Bio-Rad, U.S.) (Ekman et al. 2007) and 

the following PCR conditions modified from Ekman et al.: Initial denaturing step of 10 minutes 

at 95 °C, followed by 40 cycles of 95 °C 10 s, 58 °C 2 s, 72 °C 6 min, and with a 6 s pause at 80 

°C for fluorescent dye detection. DNA extraction method controls (PowerSoil elution buffer 

with no DNA template) and negative controls (RNase-free H2O) were run with every reaction.  

6.2.5 DNA extraction 

DNA was extracted from samples using PowerSoil DNA Isolation kit (MO BIO Laboratories, 

Inc. USA) according to the manufacturer's protocol. With the following modification; a pellet 

from centrifuging 500 μL of sample at 21,000 × g for 5 min was used for the extraction instead 
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of soil. Total DNA extractions were then used for the molecular detection of microbes by qPCR 

and Amplicon sequencing. 

6.2.6 Amoeba speciation 

Methods for Naegleria speciation by qPCR melt curve analysis have previously been described 

(Puzon et al. 2009, Robinson et al. 2006). Samples were run in triplicates with either a N. 

fowleri specific primer set (Puzon et al. 2009) or a consensus primer set for Naegleria spp. 

(Pélandakis et al. 2000). DNA samples were analysed using a Bio-Rad iQ5 (Bio-Rad, U.S.) with 

a total reaction volume of 25 μL containing 12.5 μL HotStar Taq Master Mix (2×) (Qiagen, 

U.S.), 1.25 μL of each primer (10 mM), 0.1 μL 500 μM SYTO9 dye (Molecular Probes, U.S), 

7.9 μL sterile double distilled water and 2 μL of template DNA.  

Balamuthia mandrillaris primers (Booton et al. 2003) were used to amplify DNA samples 

following PCR conditions modified from Booton et al.: Initial denaturing step of 15 minutes at 

95 °C, followed by 40 cycles of 95 °C 30 s, 45 °C 1 min,  72 °C 1 min, and with a 6 s pause at 

80 °C for fluorescent dye detection. 

Acanthamoeba spp. specific primers (Schroeder et al. 2001) were used to amplify DNA samples 

using the following PCR conditions modified from Schroeder et al.: Initial denaturing step of 15 

minutes at 95 °C, followed by 45 cycles of 95 °C 30 s, 60 °C 1 min, 72 °C 2 min, and with a 6 s 

pause at 80 °C for fluorescent dye detection. 

DNA extraction method controls (PowerSoil elution buffer with no DNA template) and 

negative controls (RNase-free H2O) were run with every qPCR reaction.  

6.2.7 Amplicon sequencing  

The microbial composition of the parental biofilm and filtered samples was assessed by 

amplicon sequencing of 16S rRNA genes using the total DNA extracted from a subset of the 

field samples. An approximately 300 bp region of the bacterial 16S rRNA gene was PCR 

amplified using 16S primers (in bold) with the appropriate adapter sequence for Illumina 

sequencing (in italics) 515f (5’- 

TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGGTGCCAGCMGCCGCGGTAA -3′) 

and 806rbc (5’- 

GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGGGACTACHVGGGTWTCTAAT -3’) 

(IDT, Iowa, USA). Amplicon sequencing was performed on a Miseq (Illumina, CA, USA) as 

described in the Illumina amplicon sequencing protocol. Briefly, samples were first amplified 

individually using Platinum Taq (Invitrogen, CA, USA) according to the supplied protocol and 

using the following PCR conditions: 94 °C for 2 min, followed by 35 cycles of 94 °C for 30 s, 

50 °C for 30 s and 72 °C for 1 min, followed by a final elongation step at 72 °C for 5 min. All 

amplicon products were then purified using Agencourt Ampure beads (Beckman Coulter, USA), 
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amplified with Illumina index primers (1x 94 °C for 2 min, followed by 8 cycles of 94 °C for 30 

s, 55 °C for 30 s and 72 °C for 1 min, followed by a final elongation step at 72 °C for 5 min), 

purified using Agencourt Ampure beads (Beckman Coulter, USA), quantified (Qubit; Thermo 

Fisher, USA) and pooled in equal molar concentrations. The purified library was then sequenced 

on an Illumina MiSeq using a v2 300 bp PE sequencing kit following the manufacturer’s 

protocol (Illumina, USA).  

6.2.8 Sequence Processing 

Raw MiSeq paired-end reads were processed with Trimmomatic v0.32 (Bolger et al. 2014), 

trimming reads where a four-base sliding window had an average quality score below 20, and 

excluding read pairs where one or both had fewer than 120 bp after trimming. Read pairs were 

merged using FLASH v1.2.9 (Magoc and Salzberg 2011). Primer sequences were identified and 

removed from merged reads, and reads lacking these sequences were discarded. Read labels 

were converted to be compatible with QIIME (Caporaso et al. 2010) and pooled into a single 

file for OTU picking. Chimeric sequences were identified with usearch61 (Edgar 2010), and the 

remaining non-chimeric sequences subjected to open reference OTU picking against the 

Greengenes 13_8 reference database (McDonald et al. 2012) clustered at 97 % similarity using 

usearch61 and default parameters. Taxonomic assignment of denovo OTU representative 

sequences was performed with the RDP naive Bayes classifier (Wang et al. 2007) against the 

same database. OTUs assigned to Enterobacteriales or organellar genomes were removed, as 

were OTUs that could not be unambiguously assigned to a bacterial phylum and OTUs that had 

more than 10 % of their reads in control samples. Biofilm and IAB samples were normalised to 

1064 reads per sample for diversity analyses in R (Wickham 2009). 

6.2.9 Diversity Analyses 

Diversity analyses and visualisations were performed in R (R Core Team 2016). Alpha diversity 

was measured as the number of OTUs in normalised samples. Differences in alpha diversity 

between biofilm and IAB samples, and between N. fowleri positive and negative samples (Nf+ 

and Nf- respectively) were tested using one-way ANOVA with a p-value cut-off of 0.05. 

Levene’s test was used to test homogeneity of variances among groups, and Tukey’s honest 

significant difference test was used for post hoc comparisons. Community composition across 

samples was visualised as taxon x sample relative abundance heat maps, calculated by 

aggregating reads at the L5 level in the QIIME-formatted Greengenes taxonomic hierarchy, 

which generally corresponds to bacterial families. Low-abundance families accounting for < 2 

% of the reads in any sample were combined into a single category of “other” for visualisation. 

Beta-diversity was calculated from the normalised dataset as the Bray-Curtis dissimilarity 

measure. Community structure differences among samples were qualitatively assessed by the 
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unconstrained ordination technique principal coordinates analysis (PCoA) using the cmdscale 

function in the vegan package (Oksanen 2015). The multivariate hypothesis of no significant 

differences in community structure between groups was tested by PERMANOVA through the 

adonis function in vegan using 999 permutations, after testing for heterogeneity of dispersion 

using the betadisper function in the vegan package.  

Indicator species analysis at the family and OTU level were performed with the indicspecies 

package (De Caceres and Legendre 2009), assessing the indicator status of taxa or OTUs for all 

combinations of four groups (IAB Nf+, IAB Nf-, Biofilm Nf+, Biofilm Nf-). Only abundant 

OTUs (accounting for > 0.5 % of the total reads) were tested in this way. Significance of 

associations were assessed using a permutation test with 999 permutations, using a corrected p-

value of 0.05 after applying the Benjamini-Hochberg false discovery rate correction (Benjamini 

and Hochberg 1995). All results were visualised in R using the ggplot2 package (Wickham 

2009).  

6.3 Results 

6.3.1 Sequence Processing 

The normalised dataset comprised of 1257 OTUs across 29 samples. Three samples had low 

read counts after processing and were excluded, including one Nf+ biofilm sample, one Nf+ 

IAB sample and one Nf- IAB sample. Levene’s test for homogeneity of variances did not reject 

the null hypothesis of no difference among groups (F (3, 25) = 2.41, p = 0.09). There was a 

statistically significant difference in the alpha diversity among groups as determined by one-

way ANOVA (F (3, 25) = 45.89, p < 0.001). Post hoc tests showed that biofilm samples (mean 

OTUs = 218.7, sd = 57.2) had a statistically significant increase in OTUs compared to IAB 

samples (mean OTUs = 45.2, sd = 11.1; p < 0.002 for all comparisons), and the number of 

OTUs in IAB and biofilm samples was not affected by the presence of N. fowleri (Nf+ IAB vs 

Nf- IAB p = 0.99; Nf+ biofilms vs Nf- biofilm p = 0.10).  

6.3.2 Parental biofilms 

Differences in the biofilm community structure was visualised using Principal coordinates 

analysis (PCoA) (Figure 1). The first axis explained 36.3 % of the variance in community 

structure and broadly split the samples by IAB (circles) and biofilms (squares). The second axis 

explained 15.3 % of the variance and split the samples by location. Overall, samples clustered 

by type (IAB vs biofilm) and location (T vs SK) but not by N. fowleri presence or absence 

(closed vs open). With the exception of the BP IAB sample, which clustered with IAB samples 

from site T. While the BP biofilm sample was highly distinct from the biofilm samples from 

both T and SK sites. PERMANOVA results were consistent with the ordination plot, with both 

location (Pseudo-F (2, 26) = 3.56, p = 0.001) and sample type (Pseudo-F (1, 27) = 13.67, p = 
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0.001) having a significant effect on community structure, while the presence of N. fowleri did 

not (Pseudo-F (1, 27) = 1.55, p = 0.145). SK and T sites, which were located on different 

locations along the same DWDS and showed high similarity on the PCoA (Figure 1) were 

dominated by a few taxa, including Comamonadaceae, Chitinophagaceae, Xanthomonadaceae 

and Rhodobacteraceae (Figure 2). Some differences were detected between SK and T site 

including taxa which were more predominately associated with the SK site’s parental biofilm 

including Chlamydiia and Syntrophobacteraceae, or the T site parental biofilm including 

Sphingomonadaceae, Nitrospiraceae, Ellin6075 and PK29_Unknown.  

In regards to amoebae, similar populations were detected at both T and SK sites. Majority of the 

biofilm samples from SK and T sites contained viable N. fowleri in combination with 

Vermamoeba sp. (Table 1). Biofilm samples containing only viable N. fowleri were isolated 

from site T and biofilm samples containing only viable Vermamoeba sp. were isolated from site 

SK. An unknown thermophilic amoeba (TA) was also detected at T site, which was always 

detected in isolation from other amoebae. This amoebae was classified to the Centramoebida 

order, which consists of Acathamoebiidae and Balamuthiidae families. Both Acathamoebiidae 

and Balamuthiidae are known to contain pathogenic amoebae including Acanthamoeba spp. and 

Balamuthia spp. (Visvesvara et al. 2007). However, neither amoebae could be identified using 

genus-specific primers from the literature (data not shown) (Booton et al. 2003, Schroeder et al. 

2001). Therefore, this amoebae has been designated TA (unknown thermophilic amoebae). The 

parental biofilm taxa observed in the mixed population samples were similar to those detected 

in the individually colonised samples (Figure 2). Figure 4 illustrate the IAB, the lack of 

extracellular bacteria or cell-wall attached bacteria. While Figure 5 illustrates the number of 

bacteria which can be associated with biofilm flocs and debris in the unfiltered samples.  

6.3.2 Parental biofilm versus Intracellular Associated Bacteria (IAB) 

Of the 1257 OTUs assigned to 26 phyla and 196 families, Proteobacteria was the dominant 

phylum identified in both the parental biofilm and IAB samples, followed by Bacteriodetes. 

Some IABs were also abundant within the parental biofilm. For example, Comamonadaceae 

(52.30 %) was one of the most abundant IAB associated with Vermamoeba sp., and TA, and 

was the most abundant taxon detected in the parental biofilm samples. Other taxa, including 

Rhodobacteraceae, Chitinophagaceae and Xanthomonodaceae were detected in samples from 

all sites, sample types and amoebae. This trend was explained using higher taxonomic 

resolution provided by OTU analysis (Figure 3). Using this method, Comamonadaceae, which 

was broadly distributed across samples and groups, was shown to have statistically significant 

associations for specific OTUs assigned to Comamonadaceae. Specific OTUs assigned to 

Comamonadaceae were associated with Nf+ IABs as displayed in Figure 3, orange, while other 

Comamonadaceae OTUs were more abundant in the IABs compared to biofilms including 
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Hydrogenophaga reference OTU 697479, assigned to genus Hydrogenophaga (Figure 3, green), 

while other Comamonadaceae OTUs were more abundant in the biofilms compared to IABs 

including Hydrogenophaga reference OTUs 815406  and 942852, assigned to genera 

Hydrogenophaga and Methylibium, respectively (Figure 3, blue). A similar pattern can be seen 

for OTUs assigned to Chitinophagaceae, and goes some way to explaining the presence of these 

families across samples.  

Mixed amoebae samples revealed the same IAB found associated with the two individual 

amoebae involved. After removal of OTUs assigned to the E. coli food source and eukaryote 

organellar genomes, the IAB’s of the combined N. fowleri and Vermamoeba sp. included (in 

order of abundance) Comamonadaceae, Chitinophagaceae, Thermaceae, Ellin6075, 

Rhodobacteraceae, Alicyclobacillaceae, Xanthomonadaceae, Methylobacteriaceae and 

Acetobacteraceae.  

While specific taxa were found to be associated with the Nf+ IABs and Nf+ biofilm, some phyla 

were more abundant in biofilms compared to IAB samples (Table S1), including Chlamydiae, 

Gemmatimonadetes, Nitrospirae, Planctomycetes and Acidobacteria. Furthermore, a set of 20 

families were found to be associated with biofilm samples compared with IAB samples, 

including Cytophagaceae, Hyphomondaceae, Saprospiraceae and Nitrospiraceae. These taxa 

were not associated with any of the Nf+ or Nf- IABs.  

6.3.3 Intracellular Associated Bacteria (IAB) 

Certain phyla were found to be more abundant in IAB samples compared with biofilm samples, 

including Thermi and Firmicutes (Table S1). This was further confirmed using indicator species 

analysis at the family level, which revealed 25 families statistically significantly associated with 

one or more groups (Figure 3). Thermaceae sequences were found to be associated with Nf+ 

IAB samples and not the Nf- IAB samples. Using Indicator analysis of OTUs, 22 OTUs were 

identified with statistically significant associations with one or more groups, and broadly 

supported the results of the family-level analysis (Figure 3). Using this method, an OTU in the 

Thermaceae family was assigned to genus Meiothermus, which was associated with the Nf+ 

IAB samples and absent from the Nf- IAB samples. Meiothermus was also absent or present at 

very low percentages from the parental biofilm samples (Figure 3). Other families were 

generally found to be associated with Nf+ and Nf- IAB samples compared to the parental 

biofilm samples including Methylobacteriaceae, Moraxellaceae and Alicyclobacillaceae, as 

well as OTUs assigned to Methylobacterium, Acinetobacter and Alicyclobacillus, which were 

associated with Nf+ and Nf- IAB samples compared to biofilms. Of the Nf- IABs, taxa were 

seen to be slightly associated with individual amoebae isolated, including Micrococcaceae, 

which was found to be associated with Nf- IAB samples.  
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6.3.4 Meiothermus spp. food source trialling 

The Thermaceae sequences associated with Nf+ IAB were identified as belonging to the 

Meiothermus genus by OTU analysis. BLAST analysis further identified the Meiothermus 

OTUs as close matches to two Meiothermus species; Meiothermus chliarophilus and 

Meiothermus ruber. Pure cultures of Meiothermus chliarophilus 9957T and Meiothermus ruber 

1279 T were imported from DSMZ to investigate these bacteria as potential food sources for N. 

fowleri. Cultured axenic amoebae including N. fowleri were able to grow on bacterized NNA 

plates containing either M. chliarophilus or M. ruber as the sole food source. The positive 

growth fronts further confirmed both Meiothermus spp. were food sources of N. fowleri.  

6.3.5 Untreated vs treated biofilm community  

PCoA analysis of the BP sites parental biofilm (untreated source water for urban DWDS 

revealed it to be highly distinct from both the T and SK sites parental biofilms (rural DWDSs, 

treated) (Figure 1). The BP parental biofilm was also comparatively simpler, containing fewer 

taxa than the other two sites. Four bacterial taxa dominated the biofilm community representing 

> 10 % of the overall detections, in order of most abundant; Rhodocyclaceae, 

Erythrobacteraceae, Hydrogenophilaceae and Comamonadaceae (Figure 2). 

Erythrobacteraceae was only detected in the BP site’s parental biofilm and was not seen at the 

other sites, and was associated with BP1, an Nf- IAB sample i.e. N. lovaniensis (Figure 3). N. 

lovaniensis was the only amoebae isolated from the BP site biofilm and was not detected at any 

other site (Table 1). The BP IAB sample clustered with IAB samples from site T, containing 

similar taxa, including Acinetobacter, which was also associated with the other amoebae 

isolated.  

6.4 Discussion  

In this research we looked at the IAB of N. fowleri and other FLA isolated from operational 

DWDSs. Many IABs were detected within different amoebae regardless of which site they were 

isolated from. Based on analysis of sequence abundance, IAB were linked to N. fowleri as well 

as the non-N. fowleri amoebae. Indicator species analysis identified Thermaceae as an IAB of 

N. fowleri. Thermaceae was further classified to Meiothermus spp. using higher taxonomic 

resolution provided by OTU analysis and represented < 1 % abundance of the parental biofilm 

samples (Figure 3). Meiothermus spp. were further confirmed as IABs using Meiothermus spp. 

specific qPCR primers (Ekman et al. 2007), and as viable food sources following serial 

culturing of axenic N. fowleri with M. chliarophilus and M. ruber as the sole food source. 

Interestingly, N. lovaniensis and Vermamoeba sp. were also able to be cultured on Meiothermus 

spp. as the sole food source under laboratory conditions. However, Meiothermus spp. were not 

detected in any Nf- IAB (Figure 3). Suggesting that Meiothermus is a possible food source to 
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these amoebae but are not ingested under field conditions. Previous studies have found 

correlations between Deinococcus–Thermus and Meiothermus and N. fowleri, in DWDSs 

biofilm community analyses (Miller et al. 2017, Morgan et al. 2016), however the current study 

is the first to confirm that Meiothermus is a N. fowleri food source. Meiothermus are Gram-

negative, thermophilic bacteria with the ability to form biofilms and stick to surfaces by using 

specific adhesion organelles and are often are a dominant component of biofilm matrices 

(Raulio et al. 2008). Given both Meiothermus spp. and N. fowleri’s thermophilic nature and 

affinity for biofilm niches, it is likely that they would colonise similar environments including 

DWDSs and favourable environmental temperatures would promote the proliferation of these 

organisms. Previous studies have isolated Meiothermus spp. from natural and artificial aquatic 

environments with high temperatures typically exceeding 30 °C including DWDSs, natural 

water bodies and hot springs (Mountain et al. 2003, Panda et al. 2015, Panda et al. 2016) as well 

as DWDSs with temperatures as low as 16 °C (Miller et al. 2017, Morgan et al. 2016). 

Therefore, Meiothermus spp. could potentially represent a surrogate marker for N. fowleri 

within DWDSs. Interestingly, bacteria belonging to the Deinococcus-Thermus phyla were also 

isolated from groundwater aquifers in the US state of Arizona which were also positive for 

viable N. fowleri (Laseke et al. 2010). It is highly likely that these bacteria belong to the 

Meiothermus genus and thus are a food source for N. fowleri in the groundwater. Hence the 

Meiothermus genus of bacteria, being a viable food source for N. fowleri as well as occupying 

similar niches, could be used as an indicator species for the presence of N. fowleri in DWDSs or 

the potential for a DWDSs to become colonised by N. fowleri, since a viable food source is 

present. 

The abundance and variety of IABs found in all amoebae, and IABs associated with specific 

amoebae, indicates the wide range of taxa that amoebae are able to ingest, particularly taxa 

found at low abundances. Many of these IAB for all amoebae tended to be Gram negative rods, 

including Methylobacterium, Acinetobacter and Moraxellaceae, with the exception of 

Alicyclobacillaceae (Gram positive). This suggests that these families are a preferred food 

source and/or are susceptible to phagocytosis by multiple amoebae. Interestingly, some families 

were found to be associated with Nf- IAB including Micrococcaceae (Gram positive cocci) but 

not Nf+ IAB. Suggesting that this family might be susceptible to phagocytosis, but is not 

selectively grazed by N. fowleri. Previous studies reporting bacterial communities associated 

with metropolitan ground water supporting N. fowleri have noted very diverse bacterial 

communities as well as an abundance of β- and γ-proteobacteria (Laseke et al. 2010). 

Laboratory studies have shown a lack of preferential bacterial grazing by A. castellanii and N. 

lovaniensis (Declerck et al. 2005). However, abundant bacterial taxa consumed by multiple 

amoebae, including Comamonadaceae, Xanthomonadaceae and Chitinophagaceae, do not 

explain amoebae and N. fowleri colonising patterns of DWDSs. In addition, these taxa are not as 
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useful as indicators of the drinking water network’s ability to become colonised by pathogenic 

amoeba due to their ubiquity in aquatic environments, as demonstrated by this study and 

previous studies (Lin et al. 2013, Lin et al. 2014, Poitelon et al. 2009, Williams et al. 2004). 

However, some studies have shown that non-Naegleria FLA populations changes were not 

solely explained by the environmental parameters including water temperature and disinfectant 

residuals and were attributed to ecological factors including food sources (Delafont et al. 2016). 

Nutrients levels and food sources are known to play an important role in amoebae including N. 

fowleri’s, growth competition and biofilm colonisation (Goudot et al. 2012), and high bacterial 

richness have also been shown to be associated with N. fowleri presence (Morgan et al. 2016). 

Specific bacterial species have been detected in association with N. fowleri colonised biofilm 

including Cytophagia, Planctomycetia, Deltaproteobacteria and Nitrospira (Morgan et al. 

2016). The disappearance of these taxa (Planctomycetia, Cytophagia and Deltaproteobacteria) 

from DWDSs due to chlorination also coincided with the elimination of amoebae including N. 

fowleri (Miller et al. 2017). Therefore, it is likely that the bacterial community, which is also 

susceptible to temperature variations, disinfectant type and residual (Marciano-Cabral et al. 

2010, Pryor et al. 2004, Williams et al. 2004), could be determining which amoebic species 

dominate a DWDS or natural water system. Biofilm communities affecting amoebae 

colonisation would also explain why N. fowleri is often detected at temperatures lower than 

previously thought to support its thermophilic nature in both DWDSs and fresh water sources 

(Miller et al. 2017, Morgan et al. 2016, Sifuentes et al. 2014).  

While some of the IABs identified in this study could represent food sources, as with 

Meiothermus spp., IABs could also represent endoparasites or endosymbionts, which can 

survive or living intracellularly within amoebae. There is an abundance of studies focusing of 

natural endosymbionts of free-living amoebae including Naegleria spp. (Collingro et al. 2004, 

Corsaro and Greub 2006, Horn et al. 2000, Thom et al. 1992). However, many of the common 

endoparasites or endosymbionts reported in the literature were not detected in this study. With 

the exception of Chlamydiia, a family containing potential endoparasites of Vermamoeba sp.; 

which was present in the SK parental biofilm, however, it was absent from all Nf+ and Nf- IAB 

samples (Figure 2). 

Interestingly, despite the high abundance of certain taxa in the parental biofilm from the three 

sites, up to 20 families and taxa were more associated with the Nf+ and Nf- parental biofilm 

than the IABs. Including Cytophagaceae, Hyphomondaceae, Saprospiraceae, Nitrospiraceae, 

Chlamydiae, Gemmatimonadetes, Nitrospirae, Planctomycetes and Acidobacteria, many of 

which are commonly detected in DWDSs (White et al. 1996, Williams et al. 2004, Zanetti et al. 

2000). These taxa potentially represent organisms with defences against ingestion or are 

unfavourable food sources for the isolated amoebae. Previously studies have indicated a 
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negative association between some bacteria and amoebae, particularly Sphingomonadaceae and 

N. fowleri (Morgan et al. 2016), which was also seen in this study.  

Differences in the bacterial biofilm communities within other DWDSs might shed light on 

additional key bacterial populations which might select for or support N. fowleri colonisation of 

DWDS biofilm or a mixed amoebae population, including non-pathogenic amoeba. This 

knowledge could improve the understanding of amoebic colonisation patterns and explain why 

different biofilms are colonised solely by pathogenic N. fowleri or non-pathogenic N. 

lovaniensis or Vermamoeba sp.. The use of potential surrogate markers or indicator organisms 

to deem a sites susceptibility to N. fowleri colonisation, including Meiothermus spp., could be 

used to enhance monitoring and predictability of this pathogen in DWDSs. 

6.5 Conclusion 

Indicator species analysis identified Thermaceae (Meiothermus spp.) as an IAB for N. fowleri, 

as well as representing < 1 % abundance of the parental biofilm. While the majority of IABs 

were detected within all isolated amoebae at the Family level, indicating amoebae were grazing 

on similar bacterial communities regardless of location or species, while avoiding the same 

populations. However, abundant bacterial taxa consumed by multiple amoebae do not explain 

N. fowleri and other amoebae colonising patterns of DWDS biofilms. Nor were these taxa good 

indicators of a DWDS’s susceptibility to N. fowleri colonisation. Meiothermus spp. and other 

IABs of N. fowleri represent potential surrogate markers for N. fowleri in DWDSs or as 

indicator organisms of a site’s susceptibility to N. fowleri colonisation. Given the increasing 

number of PAM cases associated with DWDSs, it is essential to understand the factors which 

allow this pathogen to colonise and survive within a DWDS biofilm. The possibility of a 

surrogate organism for surveillance as an “early risk for colonisation” maker along with other 

environmental factors including prolonged elevated water temperatures, would allow water 

utilities to pre-emptively treat a site before colonisation by N. fowleri within the DWDS and 

take appropriate actions to reduce the risk of this pathogen establishing itself with the DWDS 

pipe wall biofilm. 
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Table 13 Biofilm samples showing the assigned amoebae to each sample based on qPCR analysis and the presence of Meiothermus spp..  

Date Site Sample Assigned amoebae Meiothermus (qPCR) Percentage intracellular bacteria 

Y/N % 

8/10/2015 BP R1 AMOEBA NL N 79 

4/08/2015 S R2 AMOEBA  V N 94 

4/08/2015 S R2 AMOEBA  V N 94 

4/08/2015 S R3-6 AMOEBA NF, V Y* 81 

10/08/2015 T R1 AMOEBA  NF Y 89 

10/08/2015 T R1 AMOEBA  TA  N 89 

10/08/2015 T R2 AMOEBA V, NF Y 84 

10/08/2015 T R3 AMOEBA V, NF Y 84 

10/08/2015 T R4 AMOEBA TA  Y* 93 

10/08/2015 T R5 AMOEBA V, NF Y 93 

10/08/2015 T R6 AMOEBA V, NF Y 91 

10/08/2015 T R7 AMOEBA NF, V Y 77 

10/08/2015 T R8-9 AMOEBA NF Y 85 

10/08/2015 T R10 AMOEBA NF, V Y 80 

10/08/2015 T R11 AMOEBA NF, V Y 69 

The percentage of intracellular bacteria compared to extracellular, performed using fluorescent microscopy and DAPI staining, and was on average 85.5 
% (+ 7 %). No bacteria were found to be associated with the cell wall of the amoebae. (NF – Naegleria fowleri, NL – N. lovaniensis, V – Vermamoeba 
sp., TA – thermophilic amoeba). *low level of amplification in one of triplicate qPCR analysis.
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Figure 16 Principal coordinates analysis (PCoA) showing unconstrained ordination of community 
structure based on Bray-Curtis dissimilarities between normalised samples.  

Colours indicate sample site locations (orange = T, light blue = SK, black = BP), shapes 
indicate sample type (squares = biofilm, circles = IAB), and fill indicates N. fowleri status 
(filled = present, empty = absent). 
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Figure 17 Heatmap displaying relative abundance of bacterial families across the normalised 
dataset.  

Samples are grouped by N. fowleri presence (Nf+) or absence (Nf-), and by sample type (IAB or 
biofilm). Families with statistically significant associations with one or more groups are in bold 
and colour indicates the associated group (light blue = Nf- IAB; orange = Nf+ IAB; green = 
IAB only; blue = biofilms only).  
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Figure 18 Heatmap showing relative abundance of OTUs across the normalised dataset that display statistically significant association with one or more 
groups.  

Colour indicates the associated group (orange = Nf+ IAB; green = IAB only; pink = site BP only; blue = biofilms only; yellow = Nf+ IAB and 
biofilms). 
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Figure 19 N. fowleri and Vermamoeba sp. from A) SK3-6 IAB and B) TR2 – IAB. C) BPR1 
- IAB N. lovaniensis D) TR8-9 - IAB N. fowleri, observed under fluorescent microscopy using 
DAPI staining. 

(a) (b) 

(c) (d) 
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Figure 20 Biofilm flocs from un-filtered biofilm samples observed under fluorescent microscopy using 
DAPI staining. 
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Chapter 7 Conclusions and recommendations 

This study investigated the factors influencing colonisation of DWDS biofilm by N. fowleri, and 

disinfection methods aimed at its removal from pipe wall biofilm. The major findings and 

implications are discussed below, along with recommendations and future research directions.  

The effects of biological demand water (BDW) and biofilm on the efficacy of chlorine in N. 

fowleri disinfection were explored. Laboratory-cultured biofilm and field biofilm containing 

viable N. fowleri were exposed to increasing concentrations of chlorine (0.5 – 20 mg/L). N. 

fowleri had increased resistance to chlorine disinfection when in field biofilm compared with 

exposure in demand free water (DFW); in field biofilm it survived exposure to up to 30-fold (20 

mg/L) the recommended concentration of chlorine for 3 h. Furthermore, N. fowleri showed 

considerably greater resistance to chlorine when associated with field biofilm compared with the 

laboratory cultured biofilm. The increased resistance of N. fowleri to chlorination while 

associated with BDW and biofilm was attributed to three factors. The first is the consumption of 

chlorine by the biofilm and NOM present, which reduced the free chlorine residual. The second 

is the physical barrier created by the biofilm attached to pipe wall, which reduced disinfectant 

penetration and so protected the microorganisms within the biofilm. The third factor was the 

composition of the biofilm microbial community, which increased N. fowleri resistance to 

chlorine. This is the first study demonstrating that N. fowleri can persist in DWDS biofilm in the 

presence of chlorine, and sheds light on the previously unknown influence of environmental and 

microbial factors affecting chlorine disinfection efficacy within DWDSs.  

A greater understanding of disinfectant regimes capable of eliminating N. fowleri from bulk 

water and pipe wall biofilms is critical. To investigate the potential for chlorine to remove N. 

fowleri from an operational DWDS and prevent it recolonising, a chlorinator was installed in a 

DWDS that has been persistently colonised by N. fowleri. This field study demonstrated 

successful elimination of N. fowleri from the bulk water and pipe wall biofilm using a residual 

chlorine concentration of > 1 mg/L. This residual level also prevented seasonal recolonisation of 

the biofilm by N. fowleri. A dynamic change in the biofilm community composition and a four 

log reduction in biofilm cell density was also found to occur downstream of the chlorinator. 

This is the first study to demonstrate successful removal of N. fowleri from both the bulk water 

and pipe wall biofilm, and prevention of recolonisation by N. fowleri in an operational DWDS. 

The findings of these disinfection studies are of importance to water utilities in addressing the 

presence of N. fowleri and other amoeba in susceptible DWDSs. The results of both the 

laboratory and field DWDS chlorination studies have resulted in the alteration of current 

disinfection guidelines for WA water utilities for areas at risk. The minimum recommended free 

chlorine residual concentration has been increased from 0.5 mg/L to 1 mg/L in DWDSs in rural 

regions where the risk of N. fowleri colonisation is high. Future work involving the disinfection 
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of N. fowleri should investigate the efficacy of chloramine, a disinfectant that is currently used 

in DWDSs servicing large areas in WA, with particular focus on the effects of BDW and 

biofilm on its ability to control N. fowleri. Some previous studies on chloramination of N. 

fowleri have been reported, but most of these were conducted under laboratory conditions and 

do not accurately represent the conditions within DWDSs. 

In addition to a greater understanding of disinfection of N. fowleri in DWDSs, the research 

outlined in this thesis provides the details of a novel detection method for N. fowleri in DWDSs 

using unique metabolic signatures of N. fowleri. This method, used in combination with 

improved understanding of the factors that influence N. fowleri colonisation of DWDS biofilms, 

will aid in the monitoring and elimination of this pathogen. This powerful metabolite profiling 

method can potentially be applied to other pathogens and nuisance organisms in DWDSs. 

Further research is needed to comprehensively identify the chemical signals of N. fowleri 

necessary to provide diagnostically useful information. For example, pre-concentration using 

solid phase extraction could increase the detection limit by selectively capturing metabolites of 

interest. Once this is achieved, the potential of metabolite analysis to serve as a rapid and 

reliable method for detection of pathogens in artificial and natural water systems is enormous. 

In addition to the lack of knowledge of the effectiveness of disinfection methods for N. fowleri 

prior to this study, there was also a paucity of information on the factors influencing the 

colonisation of DWDSs by N. fowleri. The chlorination studies revealed that the elimination of 

N. fowleri and prevention of its recolonisation could be attributed to both the direct action of 

chlorine and the resulting reduction in cell numbers and microbial diversity in the pipe wall 

biofilm. Prior to the research described in this thesis, knowledge of inter-amoebae and bacterial 

interactions and the effects of these on the ability of amoebae to colonise biofilm was limited. 

The study showed that co-colonisation by viable Naegleria spp. is rare, although N. fowleri and 

N. lovaniensis appeared to be able to colonise the same DWDSs, but at different times. While 

co-colonisation of Naegleria spp. with non-Naegleria amoebae is possible, it was uncommon. 

This suggested the importance of ecological interactions within the biofilm involving inter-

amoebal interactions including predation and/or changes in the presence of viable food sources 

over time. Unique intracellular-associated bacteria (IAB) for N. fowleri were identified among 

strains isolated from the DWDSs, including Meiothermus spp. The majority of IABs detected 

were present in all isolated amoebae, indicating they were grazing on similar bacterial 

communities regardless of location or species, and all were avoiding other bacterial populations. 

However, the discovery that some IABs were associated with specific amoebae could explain 

patterns of colonisation of DWDS biofilms by amoebae. The IABs unique to N. fowleri 

represent potential surrogate markers for N. fowleri in DWDSs, enabling water utilities to 

identify the potential for sites within the DWDS to be colonised by N. fowleri, and to take 
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appropriate actions to reduce the risk of this pathogen establishing itself in the DWDS pipe wall 

biofilm. 

Prior to this study, research on factors influencing the presence of N. fowleri and hence the 

occurrence of PAM was sparse. As the global incidence of PAM associated with DWDSs 

continues to increase, the knowledge gained from this study will aid water utilities in detecting 

the presence and persistence of N. fowleri in drinking water pipelines and aquifers, and aid in 

surveillance and management for this pathogen, and the development of treatment regimens. 

This research has expanded the understanding of N. fowleri in relation to the disinfection of 

drinking water and colonisation of DWDS biofilms, and will help improve the safety of water 

supplies in Australian DWDSs, and in other countries having to manage N. fowleri in DWDSs. 

  



122 

 

References  

Abd, H., Johansson, T., Golovliov, I., Sandstrom, G. and Forsman, M. (2003) Survival and 

growth of Francisella tularensis in Acanthamoeba castellanii. Applied and Environmental 

Microbiology 69(1), 600-606. 

Abd, H., Weintraub, A. and Sandstrom, G. (2005) Intracellular survival and replication of 

Vibrio cholerae O139 in aquatic free-living amoebae. Environmental Microbiology 7(7), 1003-

1008. 

Ainsworth, R. (2004), pp. 129-147, CH-1211 Geneva 27, Switzerland; World Health 

Organization. . 

Al-Hilfy, A.A.A. and Muslim, A.M. (2014) Response some types of parasites to the influence of 

some heavy metals ions under laboratory conditions. Research Journal of Pharmaceutical, 

Biological and Chemical Sciences 5(3), 2044-2049. 

Alisky, J.M. (2008) Survival of Naegleria fowleri primary amebic meningocephalitis (PAM) 

could be improved with an intensive multi-route chemo- and biotherapeutic regimen. Medical 

Hypotheses 71(6), 969-971. 

Allesen-Holm, M., Barken, K.B., Yang, L., Klausen, M. and Webb, J.S. (2006) A 

characterization of DNA release in Pseudomonas aeruginosa cultures and biofilms. Molecular 

Microbiology 59(4), 1114-1128. 

Altschul, S.F., Gish, W., Miller, W., Myers, E.W. and Lipman, D.J. (1990) Basic local 

alignment search tool. Journal of Molecular Biology 215(3), 403-410. 

Ashbolt, N.J. (2015) Environmental (Saprozoic) Pathogens of Engineered Water Systems: 

Understanding Their Ecology for Risk Assessment and Management. Pathogens 4(2), 390-405. 

Barbour, S.E. and Marciano-Cabral, F. (2001) Naegleria fowleri amoebae express a membrane-

associated calcium-independent phospholipase A(2). Biochimica Et Biophysica Acta-Molecular 

and Cell Biology of Lipids 1530(2-3), 123-133. 

Barker, J. and Brown, M.R.W. (1994) Trojan-horses of the microbial world - protozoa and the 

survival of bacterial pathogens in the environment. Microbiology 140, 1253-1259. 

Bartrand, T.A., Causey, J.J. and Clancy, J.L. (2014) Naegleria fowleri: An emerging drinking 

water pathogen. American Water Works Association 106(10), 61-62. 

Beale, D.J., Barratt, R., Marlow, D.R., Dunn, M.S., Palombo, E.A., Morrison, P.D. and Key, C. 

(2013a) Application of metabolomics to understanding biofilms in water distribution systems: a 

pilot study. Biofouling 29(3), 283-294. 



123 

 

Beale, D.J., Dunn, M.S. and Marney, D. (2010) Application of GC-MS metabolic profiling to 

'blue-green water' from microbial influenced corrosion in copper pipes. Corrosion Science 

52(9), 3140-3145. 

Beale, D.J., Dunn, M.S., Morrison, P.D., Porter, N.A. and Marlow, D.R. (2012) 

Characterisation of bulk water samples from copper pipes undergoing microbially influenced 

corrosion by diagnostic metabolomic profiling. Corrosion Science 55, 272-279. 

Beale, D.J., Marney, D., Marlow, D.R., Morrison, P.D., Dunn, M.S., Key, C. and Palombo, E.A. 

(2013b) Metabolomic analysis of Cryptosporidium parvum oocysts in water: A proof of concept 

demonstration. Environmental Pollution 174, 201-203. 

Beale, D.J., Morrison, P.D., Key, C. and Palombo, E.A. (2014) Metabolic profiling of biofilm 

bacteria known to cause microbial influenced corrosion. Water Science and Technology 69(1), 

1-8. 

Behets, J., Declerck, P., Delaedt, Y., Verelst, L. and Ollevier, F. (2006) Quantitative detection 

and differentiation of free-living amoeba species using SYBR green-based real-time PCR 

melting curve analysis. Current Microbiology 53(6), 506-509. 

Behets, J., Declerck, P., Delaedt, Y., Verelst, L. and Ollevier, F. (2007) Survey for the presence 

of specific free-living amoebae in cooling waters from Belgian power plants. Parasitology 

Research 100(6), 1249-1256. 

Benjamini, Y. and Hochberg, Y. (1995) Controlling the false discovery rate: a practical and 

powerful approach to multiple testing. Journal of the Royal Statistical Society Series B 

(Methodological), 289-300. 

Berry, D., Xi, C. and Raskin, L. (2006) Microbial ecology of drinking water distribution 

systems. Current Opinion in Biotechnology 17(3), 297-302. 

Bichai, F., Barbeau, B. and Payment, P. (2009) Protection against UV disinfection of E. coli 

bacteria and B. subtilis spores ingested by C. elegans nematodes. Water Research 43(14), 3397-

3406. 

Bichai, F., Payment, P. and Barbeau, B. (2008) Protection of waterborne pathogens by higher 

organisms in drinking water: a review. Canadian Journal of Microbiology 54(7), 509-524. 

Biyela, P.T., Ryu, H., Brown, A., Alum, A. and Abbaszadegan, M. (2012) Distribution systems 

as reservoirs of Naegleria fowleri and other amoebae. American Water Works Association 

104(1), 49-50. 

Blair, B., Sarkar, P., Bright, K.R., Marciano-Cabral, F. and Gerba, C.P. (2008) Naegleria 

fowleri in well water. Emerging Infectious Diseases 14(9), 1499-1501. 



124 

 

Bolger, A.M., Lohse, M. and Usadel, B. (2014) Trimmomatic: a flexible trimmer for Illumina 

sequence data. Bioinformatics 30(15), 2114-2120. 

Booton, G.C., Carmichael, J.R., Visvesvara, G.S., Byers, T.J. and Fuerst, P.A. (2003) 

Identification of Balamuthia mandrillaris by PCR assay using the mitochondrial 16S rRNA gene 

as a target. Journal of Clinical Microbiology 41(1), 453-455. 

Borella, P., Guerrieri, E., Marchesi, I., Bondi, M. and Messi, P. (2005) Water ecology of 

Legionella and protozoan: environmental and public health perspectives. Biotechnology Annual 

Review 11, 355-380. 

Bottone, E.J., Madayag, R.M. and Qureshi, M.N. (1992) Acanthamoeba keratitis - synergy 

between amebic and bacterial cocontaminants in contact-lens care systems as a prelude to 

infection. Journal of Clinical Microbiology 30(9), 2447-2450. 

Bougeard, C.M.M., Goslan, E.H., Jefferson, B. and Parsons, S.A. (2010) Comparison of the 

disinfection by-product formation potential of treated waters exposed to chlorine and 

monochloramine. Water Research 44(3), 729-740. 

Bridier, A., Briandet, R., Thomas, V. and Dubois-Brissonnet, F. (2011) Resistance of bacterial 

biofilms to disinfectants: a review. Biofouling 27(9), 1017-1032. 

Bright, K.R., Marciano-Cabral, F. and Gerba, C.P. (2009) Occurrence of Naegleria fowleri in 

Arizona drinking water supply wells. American Water Works Association 101(11), 43. 

Budge, P.J., Lazensky, B., Van Zile, K.W., Elliott, K.E. and Dooyema, C.A. (2013) Primary 

amebic meningoencephalitis in Florida: a case report and epidemiological review of Florida 

cases. Journal of Environmental Health 75(8), 26-31. 

Buse, H.Y. and Ashbolt, N.J. (2011) Differential growth of Legionella pneumophila strains 

within a range of amoebae at various temperatures associated with in-premise plumbing. Letters 

in Applied Microbiology 53(2), 217-224. 

Buse, H.Y. and Ashbolt, N.J. (2012) Counting Legionella Cells within Single Amoeba Host 

Cells. Applied and Environmental Microbiology 78(6), 2070-2072. 

Buse, H.Y., Lu, J., Lu, X., Mou, X. and Ashbolt, N.J. (2014) Microbial diversities (16S and 18S 

rRNA gene pyrosequencing) and environmental pathogens within drinking water biofilms 

grown on the common premise plumbing materials unplasticized polyvinylchloride and copper. 

FEMS Microbiology Ecology 88(2), 280-295. 

Buse, H.Y., Lu, J.R., Struewing, I.T. and Ashbolt, N.J. (2013) Eukaryotic diversity in premise 

drinking water using 18S rDNA sequencing: implications for health risks. Environmental 

Science and Pollution Research 20(9), 6351-6366. 



125 

 

Butterfield, P.W., Camper, A.K., Ellis, B.D. and Jones, W.L. (2002) Chlorination of model 

drinking water biofilm: implications for growth and organic carbon removal. Water Research 

36(17), 4391-4405. 

Cabanes, P.A., Wallet, F., Pringuez, E. and Pernin, P. (2001) Assessing the risk of primary 

amoebic meningoencephalitis from swimming in the presence of environmental Naegleria 

fowleri. Applied and Environmental Microbiology 67(7), 2927-2931. 

Cain, A.R.R., Wiley, P.F., Brownell, B. and Warhurst, D.C. (1981) PRIMARY AMEBIC 

MENINGOENCEPHALITIS. Archives of Disease in Childhood 56(2), 140-143. 

Cajka, T. and Fiehn, O. (2016) Toward Merging Untargeted and Targeted Methods in Mass 

Spectrometry-Based Metabolomics and Lipidomics. Analytical Chemistry 88(1), 524-545. 

Calvo, L., Gregorio, I., Garcia, A., Fernandez, M.T., Goni, P., Clavel, A., Peleato, M.L. and 

Fillat, M.F. (2013) A new pentaplex-nested PCR to detect five pathogenic bacteria in free living 

amoebae. Water Research 47(2), 493-502. 

Capewell, L.G., Harris, A.M., Yoder, J.S., Cope, J.R., Eddy, B.A., Roy, S.L., Visvesvara, G.S., 

Fox, L.M. and Beach, M.J. (2015) Diagnosis, Clinical Course, and Treatment of Primary 

Amoebic Meningoencephalitis in the United States, 1937-2013. Journal of the Pediatric 

Infectious Diseases Society 4(4), 68-75. 

Caporaso, J.G., Kuczynski, J., Stombaugh, J., Bittinger, K., Bushman, F.D., Costello, E.K., 

Fierer, N., Pena, A.G., Goodrich, J.K., Gordon, J.I., Huttley, G.A., Kelley, S.T., Knights, D., 

Koenig, J.E., Ley, R.E., Lozupone, C.A., McDonald, D., Muegge, B.D., Pirrung, M., Reeder, J., 

Sevinsky, J.R., Tumbaugh, P.J., Walters, W.A., Widmann, J., Yatsunenko, T., Zaneveld, J. and 

Knight, R. (2010) QIIME allows analysis of high-throughput community sequencing data. 

Nature Methods 7(5), 335-336. 

Carter, R.F. (1970) Description of a Naegleria sp. isolated from two cases of primary amoebic 

meningo-encephalitis, and of the experimental pathological changes induced by it. The Journal 

of Pathology 100(4), 217-244. 

Caruzo, G. and Cardozo, J. (2008) Primary amoebic meningoencephalitis: a new case from 

Venezuela. Tropical Doctor 38(4), 256-257. 

Castaldelli, G., Mantovani, S., Benvenuti, M.R., Rossi, R. and Fano, E.A. (2005) Invertebrate 

colonisation of GAC filters in a potabilisation plant treating groundwater. Journal of Water 

Supply Research and Technology 54(8), 561-568. 

Cengiz, A.M., Harmis, N. and Stapleton, F. (2000) Co-incubation of Acanthamoeba castellanii 

with strains of Pseudomonas aeruginosa alters the survival of amoeba. Clinical and 

Experimental Ophthalmology 28(3), 191-193. 



126 

 

Centers for Disease Control and Prevention (2008) Primary amebic meningoencephalitis--

Arizona, Florida, and Texas, 2007. Morbidity and Mortality Weekly Report 57(21), 573. 

Centers for Disease Control and Prevention (2013) Notes from the field: primary amebic 

meningoencephalitis associated with ritual nasal rinsing--St. Thomas, U.S. Virgin islands, 2012. 

Morbidity and Mortality Weekly Report 62(45), 903. 

Centers for Disease Control and Prevention (2014) Naegleria fowleri - Primary Amebic 

Meningoencephalitis (PAM). 

Centers for Disease Control and Prevention (2016) Naegleria fowleri -Primary Amebic 

Meningoencephalitis (PAM) -Amebic Encephalitis. 

Cerva, L., Novak, K. and Culberts.Cg (1968) An outbreak of acute fatal amebic 

meningoencephalitis. American Journal of Epidemiology 88(3), 436-&. 

Chang, S.L. (1978) Resistance of pathogenic Naegleria to some common physical and chemical 

agents. Applied and Environmental Microbiology 35(2), 368-375. 

Chu, C., Lu, C.Y., Lee, C.M. and Tsai, C. (2003) Effects of chlorine level on the growth of 

biofilm in water pipes. Journal of Environmental Science and Health 38(7), 1377-1388. 

Cirillo, J.D., Cirillo, S.L.G., Yan, L., Bermudez, L.E., Falkow, S. and Tompkins, L.S. (1999) 

Intracellular growth in Acanthamoeba castellanii affects monocyte entry mechanisms and 

enhances virulence of Legionella pneumophila. Infection and Immunity 67(9), 4427-4434. 

Cirillo, J.D., Falkow, S., Tompkins, L.S. and Bermudez, L.E. (1997) Interaction of 

Mycobacterium avium with environmental amoebae enhances virulence. Infection and 

Immunity 65(9), 3759-3767. 

Codony, F., Morato, J. and Mas, J. (2005) Role of discontinuous chlorination on microbial 

production by drinking water biofilms. Water Research 39(9), 1896-1906. 

Cogo, P.E., Scaglia, M., Gatti, S., Rossetti, F., Alaggio, R., Laverda, A.M., Zhou, L., Xiao, L.H. 

and Visvesvara, G.S. (2004) Fatal Naegleria fowleri meningoencephalitis, Italy. Emerging 

Infectious Diseases 10(10), 1835-1837. 

Collingro, A., Walochnik, J., Baranyi, C., Michel, R., Wagner, M., Horn, M. and Aspock, H. 

(2004) Chlamydial endocytobionts of free-living amoebae differentially affect the growth rate 

of their hosts. European Journal of Protistology 40(1), 57-60. 

Conza, L., Pagani, S.C. and Gaia, V. (2013) Presence of Legionella and free-living amoebae in 

composts and bioaerosols from composting facilities. PLOS ONE 8(7), e68244. 

Cope, J.R., Conrad, D.A., Cohen, N., Cotilla, M., DaSilva, A., Jackson, J. and Visvesvara, G.S. 

(2016) Use of the Novel Therapeutic Agent Miltefosine for the Treatment of Primary Amebic 



127 

 

Meningoencephalitis: Report of 1 Fatal and 1 Surviving Case. Clinical Infectious Diseases 

62(6), 774-776. 

Cope, J.R., Ratard, R.C., Hill, V.R., Sokol, T., Causey, J.J., Yoder, J.S., Mirani, G., Mull, B., 

Mukerjee, K.A., Narayanan, J., Doucet, M., Qvarnstrom, Y., Poole, C.N., Akingbola, O.A., 

Ritter, J.M., Xiong, Z., da Silva, A.J., Roellig, D., Van Dyke, R.B., Stern, H., Xiao, L. and 

Beach, M.J. (2015) The First Association of a Primary Amebic Meningoencephalitis Death 

With Culturable I in Tap Water From a US Treated Public Drinking Water System. Clinical 

Infectious Diseases 60(8), 36-42. 

Corsaro, D. and Greub, G. (2006) Pathogenic potential of novel chlamydiae and diagnostic 

approaches to infections due to these obligate intracellular bacteria. Clinical Microbiology 

Reviews 19(2), 283-+. 

Corsaro, D., Saucedo Pages, G., Catalan, V., Loret, J.-F. and Greub, G. (2010) Biodiversity of 

amoebae and amoeba-associated bacteria in water treatment plants. International Journal of 

Hygiene and Environmental Health 213(3), 158-166. 

Costerton, J.W., Lewandowski, Z., Caldwell, D.E., Korber, D.R. and Lappin-Scott, H.M. (1995) 

Microbial biofilms. Annual Review of Microbiology 49, 711-745. 

Council, R.S. (2007) Region 9 FY07 Science Plan, United States Environmental Protection 

Agency. 

Cursons, R., Sleigh, J., Hood, D. and Pullon, D. (2003) A case of primary amoebic 

meningoencephalitis: North Island, New Zealand. New Zealand Medical Journal 116(1187 ). 

Cursons, R.T., Brown, T.J. and Keys, E.A. (1980) Effect of disinfectants on pathogenic free-

living amoebae: in axenic conditions. Applied and Environmental Microbiology 40(1), 62-66. 

Dawson, M.W. and Brown, T.J. (1987) The effect of chlorine and chlorine dioxide on 

pathogenic free-living amebas (PFLA) in simulated natural conditions - the presence of bacteria 

and organic-matter. New Zealand Journal of Marine and Freshwater Research 21(1), 117-123. 

De Caceres, M. and Legendre, P. (2009) Associations between species and groups of sites: 

indices and statistical inference. Ecology 90(12), 3566-3574. 

De Jonckheere, J. (2011) Origin and evolution of the worldwide distributed pathogenic 

amoeboflagellate I. Infection, Genetics and Evolution 11, 1520 - 1528. 

De Jonckheere, J. and Van de Voorde, H. (1976) Differences in destruction of cysts of 

pathogenic and non-pathogenic Naegleria and Acanthamoeba by chlorine. Applied and 

Environmental Microbiology 31(2), 294-297. 



128 

 

De Jonckheere, J., Vandijck, P. and Vandevoorde, H. (1975) The effect of thermal pollution on 

the distribution of Naegleria fowleri. The Journal of Hygiene 75(1), 7-13. 

De Jonckheere, J.F. (2002) A century of research on the amoeboflagellate genus Naegleria. 

Acta Protozoologica 41(4), 309-342. 

De Jonckheere, J.F. (2012) The impact of man on the occurrence of the pathogenic free-living 

amoeboflagellate Naegleria fowleri, Future Microbiology. 

Debeer, D., Srinivasan, R. and Stewart, P.S. (1994) Direct Measurement of chlorine penetration 

into biofilms during disinfection. Applied and Environmental Microbiology 60(12), 4339-4344. 

Declerck, P., Behets, J., Delaedt, Y., Margineanu, A. and Lammertyn, E. (2005) Impact of non-

Legionella bacteria on the uptake and intracellular replication of Legionella pneumophila in 

Acanthamoeba castellanii and Naegleria lovaniensis. Microbial Ecology 50(4), 536-549. 

Declerck, P., Behets, J., van Hoef, V. and Ollevier, F. (2007) Detection of Legionella spp. and 

some of their amoeba hosts in floating biofilms from anthropogenic and natural aquatic 

environments. Water Research 41(14), 3159-3167. 

Delafont, V., Bouchon, D., Hechard, Y. and Moulin, L. (2016) Environmental factors shaping 

cultured free-living amoebae and their associated bacterial community within drinking water 

network. Water Research 100, 382-392. 

Denoncourt, A.M., Paquet, V.E. and Charette, S.J. (2014) Potential role of bacteria packaging 

by protozoa in the persistence and transmission of pathogenic bacteria. Frontiers in 

Microbiology 5. 

Diaz, J.H. (2011) Behavioral and recreational risk factors for free-living amebic infections. 

Journal of Travel Medicine 18(2), 130-137. 

Donlan, R., Forster, T., Murga, R., Brown, E. and Lucas, C. (2005) Legionella pneumophila 

associated with the protozoan Hartmannella vermiformis in a model multi-species biofilm has 

reduced susceptibility to disinfectants. Biofouling (Chur, Switzerland) 21(1), 1-7. 

Dorsch, M.M. (1982) Primary Amoebic Meningoencephalitis: An Historical and 

Epidemiological Perspective with Particular Reference to South Australia, Epidemiology 

Branch, S.A. Health Commission. 

Dowd, S.E., Callaway, T.R., Wolcott, R.D., Sun, Y., McKeehan, T., Hagevoort, R.G. and 

Edrington, T.S. (2008) Evaluation of the bacterial diversity in the feces of cattle using 16S 

rDNA bacterial tag-encoded FLX amplicon pyrosequencing (bTEFAP). BMC Microbiology 

8(1), 1-8. 



129 

 

Dupuy, M., Berne, F., Herbelin, P., Binet, M., Berthelot, N., Rodier, M.H., Soreau, S. and 

Hechard, Y. (2014) Sensitivity of free-living amoeba trophozoites and cysts to water 

disinfectants. International Journal of Hygiene and Environmental Health 217(2-3), 335-339. 

Edgar, R.C. (2010) Search and clustering orders of magnitude faster than BLAST. 

Bioinformatics 26(19), 2460-2461. 

Ekman, J., Kosonen, M., Jokela, S., Kolari, M., Korhonen, P. and Salkinoja-Salonen, M. (2007) 

Detection and quantitation of colored deposit-forming Meiothermus spp. in paper industry 

processes and end products. Journal of Industrial Microbiology and Biotechnology 34(3), 203-

211. 

Elvers, K.T., Leeming, K. and Lappin Scott, H.M. (2002) Binary and mixed population 

biofilms: time-lapse image analysis and disinfection with biocides. Journal of Industrial 

Microbiology and Biotechnology 29(6), 331-338. 

Emtiazi, F., Schwartz, T., Marten, S.M., Krolla-Sidenstein, P. and Obst, U. (2004) Investigation 

of natural biofilms formed during the production of drinking water from surface water 

embankment filtration. Water Research 38(5), 1197-1206. 

Ercken, D., Verelst, L., Declerck, P., Duvivier, L., Van Damme, A. and Ollevier, F. (2003) 

Effects of peracetic acid and monochloramine on the inactivation of Naegleria lovaniensis. 

Water Science and Technology 47(3), 167-171. 

Feazel, L.M., Baumgartner, L.K., Peterson, K.L., Frank, D.N., Harris, J.K. and Pace, N.R. 

(2009) Opportunistic pathogens enriched in showerhead biofilms. Proceedings of the National 

Academy of Sciences 106(38), 16393-16399. 

Ferrante, A. and Bates, E.J. (1988) Elastase in the pathogenic free-living amoebae Naegleria and 

Acanthamoeba spp. Infection and Immunity 56(12), 3320-3321. 

Fowler, M. and Carter, R.F. (1965) Acute pyogenic meningitis probably due to Acanthamoeba 

sp - A preliminary report. British Medical Journal 2(5464), 740-742. 

Fritz-Laylin, L.K., Prochnik, S.E., Ginger, M.L., Dacks, J.B., Carpenter, M.L., Field, M.C., 

Kuo, A., Paredez, A., Chapman, J., Pham, J., Shu, S., Neupane, R., Cipriano, M., Mancuso, J., 

Tu, H., Salamov, A., Lindquist, E., Shapiro, H., Lucas, S., Grigoriev, I.V., Cande, W.Z., Fulton, 

C., Rokhsar, D.S. and Dawson, S.C. (2010) The genome of Naegleria gruberi illuminates early 

eukaryotic versatility. Cell 140(5), 631-642. 

Gagnon, G.A., Rand, J.L., O'Leary, K.C., Rygel, A.C. and Chauret, C. (2005) Disinfectant 

efficacy of chlorite and chlorine dioxide in drinking water biofilms. Water Research 39(9), 

1809-1817. 



130 

 

Geldreich, E.E. (1996) Pathogenic agents in freshwater resources. Hydrological Processes 

10(2), 315-333. 

Giao, M.S., Wilks, S., Azevedo, N.F., Vieira, M.J. and Keevil, C.W. (2009) Incorporation of 

natural uncultivable Legionella pneumophila into potable water biofilms provides a protective 

niche against chlorination stress. Biofouling 25(4), 345-351. 

Gogate, A. and Deodhar, L. (1985) Isolation and Identification of Pathogenic Naegleria-Fowleri 

(Aerobia) from a Swimming Pool in Bombay. Transactions of the Royal Society of Tropical 

Medicine and Hygiene 79(1), 134-134. 

Gómez-Couso, H., Paniagua-Crespo, E. and Ares-Mazas, E. (2007) Acanthamoeba as a 

temporal vehicle of Cryptosporidium. Parasitology Research 100(5), 1151-1154. 

Goudot, S., Herbelin, P., Mathieu, L., Soreau, S., Banas, S. and Jorand, F. (2012) Growth 

dynamic of Naegleria fowleri in a microbial freshwater biofilm. Water Research 46(13), 3958-

3966. 

Goudot, S., Herbelin, P., Mathieu, L., Soreau, S., Banas, S. and Jorand, F.P.A. (2014) Biocidal 

efficacy of monochloramine against planktonic and biofilm-associated Naegleria fowleri cells. 

Journal of Applied Microbiology 116(4), 1055-1065. 

Grabitzki, J. and Lochnit, G. (2009) Immunomodulation by phosphocholine-Biosynthesis, 

structures and immunological implications of parasitic PC-epitopes. Molecular Immunology 

47(2-3), 149-163. 

Grace, E., Asbill, S. and Virga, K. (2015) Naegleria fowleri: Pathogenesis, Diagnosis, and 

Treatment Options. Antimicrobial Agents and Chemotherapy 59(11), 6677-6681. 

Greub, G. and Raoult, D. (2004) Microorganisms resistant to free-living amoebae. Clinical 

Microbiology Reviews 17(2), 413-+. 

Griffin, J.L. (1983) The Pathogenic Ameboflagellate Naegleria fowleri - Environmental 

Isolations, Competitors, Ecological Interactions, and the Flagellate-Empty Habitat Hypothesis. 

Journal of Protozoology 30(2), 403-409. 

Hara, T. and Fukuma, T. (2005) Diagnosis of the primary amoebic meningoencephalitis due to 

Naegleria fowleri. Parasitology International 54(4), 219-221. 

Heggie, T.W. (2010) Swimming with death: Naegleria fowleri infections in recreational waters. 

Travel Medicine and Infectious Disease 8(4), 201-206. 

Herriman, R. (2015) 5th Naegleria fowleri death reported in Pakistan, Outbreak News Today. 

Hill, V.R., Polaczyk, A.L., Hahn, D., Narayanan, J., Cromeans, T.L., Roberts, J.M. and 

Amburgey, J.E. (2005) Development of a rapid method for simultaneous recovery of diverse 



131 

 

microbes in drinking water by ultrafiltration with sodium polyphosphate and surfactants. 

Applied and Environmental Microbiology 71(11), 6878-6884. 

Ho, L., Braun, K., Fabris, R., Hoefel, D., Morran, J., Monis, P. and Drikas, M. (2012) 

Comparison of drinking water treatment process streams for optimal bacteriological water 

quality. Water Research 46(12), 3934-3942. 

Hoefel, D., Grooby, W.L., Monis, P.T., Andrews, S. and Saint, C.P. (2003) Enumeration of 

water-borne bacteria using viability assays and flow cytometry: a comparison to culture-based 

techniques. Journal of Microbiological Methods 55(3), 585-597. 

Hoffmann, R. and Michel, R. (2001) Distribution of free-living amoebae (FLA) during 

preparation and supply of drinking water. International Journal of Hygiene and Environmental 

Health 203(3), 215-219. 

Homonnay, Z.G., Torok, G., Makk, J., Brumbauer, A., Major, E., Marialigeti, K. and Toth, E. 

(2014) Bacterial communities in the collection and chlorinated distribution sections of a 

drinking water system in Budapest, Hungary. Journal of Basic Microbiology 54(7), 729-738. 

Hong, P.Y., Hwang, C., Ling, F., Andersen, G.L., LeChevallier, M.W. and Liu, W.T. (2010) 

Pyrosequencing analysis of bacterial biofilm communities in water meters of a drinking water 

distribution system. Applied and Environmental Microbiology 76(16), 5631-5635. 

Horai, H., Arita, M., Kanaya, S., Nihei, Y., Ikeda, T., Suwa, K., Ojima, Y., Tanaka, K., Tanaka, 

S., Aoshima, K., Oda, Y., Kakazu, Y., Kusano, M., Tohge, T., Matsuda, F., Sawada, Y., Hirai, 

M.Y., Nakanishi, H., Ikeda, K., Akimoto, N., Maoka, T., Takahashi, H., Ara, T., Sakurai, N., 

Suzuki, H., Shibata, D., Neumann, S., Iida, T., Tanaka, K., Funatsu, K., Matsuura, F., Soga, T., 

Taguchi, R., Saito, K. and Nishioka, T. (2010) MassBank: a public repository for sharing mass 

spectral data for life sciences. Journal of Mass Spectrometry 45(7), 703-714. 

Horn, M., Wagner, M., Muller, K.D., Schmid, E.N., Fritsche, T.R., Schleifer, K.H. and Michel, 

R. (2000) Neochlamydia hartmannellae gen. nov., sp nov (Parachlamydiaceae), an endoparasite 

of the amoeba Hartmannella vermiformis. Microbiology-Uk 146, 1231-1239. 

Huang, S.-W., Hsu, B.-M., Chen, N.-H., Huang, C.-C. and Huang, K.-H. (2011) Isolation and 

identification of Legionella and their host amoebae from weak alkaline carbonate spring water 

using a culture method combined with PCR. Parasitology Research 109(5), 1233-1241. 

Huizinga, H.W. and McLaughlin, G.L. (1990) Thermal ecology of Naegleria fowleri from a 

power-plant cooling reservoir. Applied and Environmental Microbiology 56(7), 2200-2205. 

Jamerson, M., Remmers, K., Cabral, G. and Marciano-Cabral, F. (2009) Survey for the presence 

of Naegleria fowleri Amebae in lake water used to cool reactors at a nuclear power generating 

plant. Parasitology Research 104(5), 969-978. 



132 

 

Jarolim, K.L., McCosh, J.K., Howard, M.J. and John, D.T. (2000) A light microscopy study of 

the migration of Naegleria fowleri from the nasal submucosa to the central nervous system 

during the early stage of primary amebic meningoencephalitis in mice. Journal of Parasitology 

86(1), 50-55. 

John, D.T. (1982) Primary Amebic Meningoencephalitis and the Biology of Naegleria fowleri. 

Annual Review of Microbiology 36(1), 101-123. 

John, D.T. and Howard, M.J. (1995) Seasonal distribution of pathogenic free-living amoeae in 

Oklahoma waters. Parasitology Research 81(3), 193-201. 

Kao, P.M., Tung, M.C., Hsu, B.M., Chou, M.Y., Yang, H.W., She, C.Y. and Shen, S.M. (2013) 

Quantitative detection and identification of Naegleria spp. in various environmental water 

samples using real-time quantitative PCR assay. Parasitology Research 112(4), 1467-1474. 

Kasprzak, W., Mazur, T. and Cerva, L. (1982) Naegleria fowleri in thermally polluted waters. 

Folia Parasitologica 29(3), 211-218. 

Kaushal, V., Chhina, D.K., Ram, S., Singh, G., Kaushal, R.K. and Kumar, R. (2008) Primary 

amoebic meningoencephalitis due to Naegleria fowleri. Journal of the Association of Physicians 

of India 56, 459-462. 

Kazi, A. and Riaz, T. (2013) Deaths from rare protozoan encephalitis in Karachi blamed on 

unchlorinated water. British Medical Journal 346(4), 3580. 

Kemble, S.K., Lynfield, R., DeVries, A.S., Drehner, D.M. and Pomputius, W.F. (2012) Fatal 

Naegleria fowleri infection acquired in Minnesota: possible expanded range of a deadly 

thermophilic organism. Clinical Infectious Diseases 54(6), 805-809. 

Kilvington, S. and White, D.G. (1985) Rapid Identification of Thermophilic Naegleria, 

Including Naegleria fowleri Using Api Zym System. Journal of Clinical Pathology 38(11), 

1289-1292. 

King, B.J., Keegan, A.R., Monis, P.T. and Saint, C.P. (2005) Environmental temperature 

controls Cryptosporidium oocyst metabolic rate and associated retention of infectivity. Applied 

and Environmental Microbiology 71(7), 3848-3857. 

Kokare, C.R., Chakraborty, S., Khopade, A.N. and Mahadik, K.R. (2009) Biofilm: Importance 

and applications. Indian Journal of Biotechnology 8(2), 159-168. 

Kouremenos, K.A., Beale, D.J., Antti, H. and Palombo, E.A. (2014) Liquid chromatography 

time of flight mass spectrometry based environmental metabolomics for the analysis of 

Pseudomonas putida Bacteria in potable water. Journal of Chromatography B 966, 179-186. 



133 

 

Krishna, K.C.B., Sathasivan, A. and Ginige, M.P. (2013) Microbial community changes with 

decaying chloramine residuals in a lab-scale system. Water Research 47(13), 4666-4679. 

Kruithof, J.C., Kamp, P.C. and Martijn, B.J. (2007) UV/H2O2 treatment: A practical solution 

for organic contaminant control and primary disinfection. Ozone-Science & Engineering 29(4), 

273-280. 

Kuchta, J., Navratil, J.S., Shepherd, M.E., Wadowsky, R.M. and Dowling, J.N. (1993) Impact 

of Chlorine and Heat on the Survival of Hartmannella vermiformis and Subsequent Growth of 

Legionella pneumophila. Applied and Environmental Microbiology 59(12), 4096-4100. 

Laseke, I., Korte, J., Lamendella, R., Kaneshiro, E.S., Marciano-Cabral, F. and Oerther, D.B. 

(2010) Identification of Naegleria fowleri in Warm Ground Water Aquifers. Journal of 

Environmental Quality 39(1), 147-153. 

Lawande, R.V., Macfarlane, J.T., Weir, W.R.C. and Awunorrenner, C. (1980) Case of primary 

amebic meningoencephalitis in a Nigerian farmer. American Journal of Tropical Medicine and 

Hygiene 29(1), 21-25. 

LeChevallier, M.W., Babcock, T.M. and Lee, R.G. (1987) Examination and characterization of 

distribution system biofilms. Applied and Environmental Microbiology 53(12), 2714-2724. 

Lee, W.H., Wahman, D.G., Bishop, P.L. and Pressman, J.G. (2011) Free Chlorine and 

Monochloramine Application to Nitrifying Biofilm: Comparison of Biofilm Penetration, 

Activity, and Viability. Environmental Science & Technology 45(4), 1412-1419. 

Lehtola, M.J., Miettinen, I.T., Lampola, T., Hirvonen, A. and Vartiainen, T. (2005) Pipeline 

materials modify the effectiveness of disinfectants in drinking water distribution systems. Water 

Research 39(10), 1962-1971. 

Li, X.D., Atwill, E.R., Dunbar, L.A. and Tate, K.W. (2010) Effect of Daily Temperature 

Fluctuation during the Cool Season on the Infectivity of Cryptosporidium parvum. Applied and 

Environmental Microbiology 76(4), 989-993. 

Lin, W., Yu, Z., Chen, X., Liu, R. and Zhang, H. (2013) Molecular characterization of natural 

biofilms from household taps with different materials: PVC, stainless steel, and cast iron in 

drinking water distribution system. Applied Microbiology and Biotechnology 97(18), 8393-

8401. 

Lin, W.F., Yu, Z.S., Zhang, H.X. and Thompson, I.P. (2014) Diversity and dynamics of 

microbial communities at each step of treatment plant for potable water generation. Water 

Research 52, 218-230. 

Locas, A., Barbeau, B. and Gauthier, V. (2007) Nematodes as a source of total coliforms in a 

distribution system. Canadian Journal of Microbiology 53(5), 580-585. 



134 

 

Lochnit, G., Bongaarts, R. and Geyer, R. (2005) Searching new targets for anthelminthic 

strategies: Interference with glycosphingolipid biosynthesis and phosphorylcholine metabolism 

affects development of Caenorhabditis elegans. International Journal for Parasitology 35(8), 

911-923. 

Loret, J.F., Robert, S., Thomas, V., Cooper, A.J., McCoy, W.F. and Levi, Y. (2005) 

Comparison of disinfectants for biofilm, protozoa and Legionella control. Journal of Water and 

Health 3(4), 423-433. 

Louisiana Department of Health (2013a) CDC Confirms Rare Ameba in St. Bernard Water 

System. 

Louisiana Department of Health (2013b) Emergency rule. 

Louisiana Department of Health (2014) Following Chlorine Burn, CDC Test Results Negative 

for Naegleria Fowleri Ameba in St. Bernard Parish Water System. 

Louisiana Department of Health (2015a) DHH Confirms Naegleria Fowleri Ameba in North 

Monroe Water System. 

Louisiana Department of Health (2015b) Follow-up Water Samples in St. Bernard Demonstrate 

Positive Results. 

Lu, J., Struewing, I., Yelton, S. and Ashbolt, N. (2015) Molecular survey of occurrence and 

quantity of Legionella spp., Mycobacterium spp., Pseudomonas aeruginosa and amoeba hosts in 

municipal drinking water storage tank sediments. Journal of Applied Microbiology 119(1), 278-

288. 

Magoc, T. and Salzberg, S.L. (2011) FLASH: fast length adjustment of short reads to improve 

genome assemblies. Bioinformatics 27(21), 2957-2963. 

Mahittikorn, A., Mori, H., Popruk, S., Roobthaisong, A., Sutthikornchai, C., Koompapong, K., 

Siri, S., Sukthana, Y. and Nacapunchai, D. (2015a) Development of a Rapid, Simple Method for 

Detecting Naegleria fowleri Visually in Water Samples by Loop-Mediated Isothermal 

Amplification (LAMP). Plos One 10(3). 

Mahittikorn, A., Mori, H., Popruk, S., Roobthaisong, A., Sutthikornchai, C., Koompapong, K., 

Siri, S., Sukthana, Y. and Nacapunchai, D. (2015b) Development of a Rapid, Simple Method 

for Detecting Naegleria fowleri Visually in Water Samples by Loop-Mediated Isothermal 

Amplification (LAMP). PLOS ONE 10(3), e0120997. 

Mahmood, K. (2015) Naegleria fowleri in pakistan - an emerging catastrophe. Journal of the 

College of Physicians and Surgeons Pakistan 25(3), 159-160. 

Marciano-Cabral, F. (1988) Biology of Naegleria spp. Microbiological Reviews 52(1), 114-133. 



135 

 

Marciano-Cabral, F. and Cabral, G.A. (2007) The immune response to Naegleria fowleri 

amebae and pathogenesis of infection. FEMS Immunology and Medical Microbiology 51(2), 

243-259. 

Marciano-Cabral, F., Jamerson, M. and Kaneshiro, E.S. (2010) Free-living amoebae, Legionella 

and Mycobacterium in tap water supplied by a municipal drinking water utility in the USA. 

Journal of Water and Health 8(1), 71-82. 

Marciano-Cabral, F., MacLean, R., Mensah, A. and LaPat-Polasko, L. (2003) Identification of 

Naegleria fowleri in domestic water sources by nested PCR. Applied and Environmental 

Microbiology 69(10), 5864-5869. 

Martin, J.-B., Bakker-Grunwald, T. and Klein, G. (1995) Metabolites of the Free-Living 

Amoeba Phreatamoeba balamuthi Analyzed by 13C- and 31P-NMR Spectroscopy: Occurrence 

of Phosphoinositol Diphosphates. Journal of Eukaryotic Microbiology 42(2), 183-191. 

Mat, A.N. (2004) Proteinases in Naegleria Fowleri (strain NF3), a pathogenic amoeba: a 

preliminary study. Tropical biomedicine 21(2), 57-60. 

Matin, A., Jeong, S.R., Faull, J., Rivas, A.O. and Khan, N.A. (2006) Evaluation of prokaryotic 

and eukaryotic cells as food source for Balamuthia mandrillaris. Archives of Microbiology 

186(4), 261-271. 

Michel, R. and Dejonckheere, J.F. (1983) Isolation and Identification of Pathogenic Naegleria-

Australiensis (Dejonckheere, 1981) from Pond Water in India. Transactions of the Royal 

Society of Tropical Medicine and Hygiene 77(6), 878-878. 

Miller, H.C., Morgan, M.J., Wylie, J.T., Kaksonen, A.H., Sutton, D., Braun, K. and Puzon, G.J. 

(2017) Elimination of Naegleria fowleri from bulk water and biofilm in an operational drinking 

water distribution system. Water Research 110, 15-26. 

Miller, H.C., Wylie, J., Dejean, G., Kalcsonen, A.H., Sutton, D., Braun, K. and Puzon, G.J. 

(2015) Reduced Efficiency of Chlorine Disinfection of Naegleria fowleri in a Drinking Water 

Distribution Biofilm. Environmental Science & Technology 49(18), 11125-11131. 

Mitch, W.A., Gerecke, A.C. and Sedlak, D.L. (2003) A N-nitrosodimethylamine (NDMA) 

precursor analysis for chlorination of water and wastewater. Water Research 37(15), 3733-3741. 

Molmeret, M., Horn, M., Wagner, M., Santic, M. and Abu Kwaik, Y. (2005) Amoebae as 

training grounds for intracellular bacterial pathogens. Applied and Environmental Microbiology 

71(1), 20-28. 

Momba, M.N.B., Kfir, R., Venter, S.N. and Cloete, T.E. (2000) An overview of biofilm 

formation in distribution systems and its impact on the deterioration of water quality. Water Sa 

26(1), 59-66. 



136 

 

Morgan, M.J., Chariton, A.A., Hartley, D.M., Court, L.N. and Hardy, C.M. (2013) Improved 

Inference of Taxonomic Richness from Environmental DNA. PLOS ONE 8(8). 

Morgan, M.J., Halstrom, S., Wylie, J.T., Walsh, T., Kaksonen, A.H., Sutton, D., Braun, K. and 

Puzon, G.J. (2016) Characterization of a Drinking Water Distribution Pipeline Terminally 

Colonized by Naegleria fowleri. Environmental Science & Technology 50(6), 2890-2898. 

Mountain, B.W., Benning, L.G. and Boerema, J.A. (2003) Experimental studies on New 

Zealand hot spring sinters: rates of growth and textural development. Canadian Journal of Earth 

Sciences 40(11), 1643-1667. 

Moura, H., Izquierdo, F., Woolfitt, A.R., Wagner, G., Pinto, T., del Aguila, C. and Barr, J.R. 

(2015) Detection of Biomarkers of Pathogenic Naegleria fowleri Through Mass Spectrometry 

and Proteomics. Journal of Eukaryotic Microbiology 62(1), 12-20. 

Movahedi, Z., Shokrollahi, M.R., Aghaali, M. and Heydari, H. (2012) Primary amoebic 

meningoencephalitis in an Iranian infant. Case Reports in Medicine 2012, 782854-782854. 

Muchesa, P., Leifels, M., Jurzik, L., Hoorzook, K.B., Barnard, T.G. and Bartie, C. (2017) 

Coexistence of free-living amoebae and bacteria in selected South African hospital water 

distribution systems. Journal of Parasitology Research 116(1), 155-165. 

Mull, B.J., Narayanan, J. and Hill, V.R. (2013) Improved Method for the Detection and 

Quantification of Naegleria fowleri in Water and Sediment Using Immunomagnetic Separation 

and Real-Time PCR. Journal of Parasitology Research 2013, 8. 

Murray, K. (2015) Rural communities warned to chlorinate after waterborne brain-eating 

parasite kills three children, ABC. 

National Health and Medical Research Council (2011) Australian Drinking Water Guildlines 6. 

National Water Quality Management Strategy. 

Ndiongue, S., Huck, P.M. and Slawson, R.M. (2005) Effects of temperature and biodegradable 

organic matter on control of biofilms by free chlorine in a model drinking water distribution 

system. Water Research 39(6), 953-964. 

Neidig, N., Jousset, A., Nunes, F., Bonkowski, M., Paul, R.J. and Scheu, S. (2010) Interference 

between bacterial feeding nematodes and amoebae relies on innate and inducible mutual 

toxicity. Functional Ecology 24(5), 1133-1138. 

Newsome, A.L., Baker, R.L., Miller, R.D. and Arnold, R.R. (1985) Interactions between 

Naegleria fowleri and Legionella pneumophila. Infection and Immunity 50(2), 449-452. 

NHMRC (2011) Australian Drinking Water Guildlines 6. National Water Quality Management 

Strategy. 



137 

 

Nicholls, C.L., Parsonson, F., Gray, L.E., Heyer, A., Donohue, S., Wiseman, G. and Norton, R. 

(2016) Primary amoebic meningoencephalitis in North Queensland: the paediatric experience. 

The Medical Journal of Australia 205(7), 325-328. 

Nocker, A., Cheung, C.-Y. and Camper, A.K. (2006) Comparison of propidium monoazide with 

ethidium monoazide for differentiation of live vs. dead bacteria by selective removal of DNA 

from dead cells. Journal of Microbiological Methods 67(2), 310-320. 

Nocker, A., Sossa-Fernandez, P., Burr, M.D. and Camper, A.K. (2007) Use of propidium 

monoazide for live/dead distinction in microbial ecology. Applied and Environmental 

Microbiology 73(16), 5111-5117. 

Norton, C.D., LeChevallier, M.W. and Falkinham, J.O. (2004) Survival of Mycobacterium 

avium in a model distribution system. Water Research 38(6), 1457-1466. 

Oksanen, J., F. G. Blanchet, R. Kindt, P. Legendre, P. R. Minchin, R. B. O'Hara, G. L. Simpson, 

P. Solymos, M. H. H. Stevens, and H. Wagner (2015) vegan: Community Ecology Package. 

Ondarza, R.N., Hurtado, G., Tamayo, E., Iturbe, A. and Hernandez, E. (2006) Naegleria 

fowleri: a free-living highly pathogenic amoeba contains trypanothione/trypanothione reductase 

and glutathione/glutathione reductase systems. Experimental Parasitology 114(3), 141-146. 

Ondarza, R.N., Iturbe, A., Hernandez, E. and Hurtado, G. (2003) Low-molecular-mass thiol 

compounds from a free-living highly pathogenic amoeba, Naegleria fowleri. Biotechnology and 

Applied Biochemistry 37(Pt 2), 195-204. 

Opperdoes, F.R., De Jonckheere, J.F. and Tielens, A.G. (2011) Naegleria gruberi metabolism. 

International Journal for Parasitology 41(9), 915-924. 

Ovrutsky, A.R., Chan, E.D., Kartalija, M., Bai, X., Jackson, M., Gibbs, S., Falkinham, J.O., 3rd, 

Iseman, M.D., Reynolds, P.R., McDonnell, G. and Thomas, V. (2013) Cooccurrence of free-

living amoebae and nontuberculous Mycobacteria in hospital water networks, and preferential 

growth of Mycobacterium avium in Acanthamoeba lenticulata. Applied and Environmental 

Microbiology 79(10), 3185-3192. 

Pagnier, I., Merchat, M. and La Scola, B. (2009) Potentially pathogenic amoeba-associated 

microorganisms in cooling towers and their control. Future Microbiology 4(5), 615-629. 

Panda, A., Khalil, S., Mirdha, B.R., Singh, Y. and Kaushik, S. (2015) Prevalence of Naegleria 

fowleri in Environmental Samples from Northern Part of India. PLOS ONE 10(10). 

Panda, A.K., Bisht, S.S., De Mandal, S. and Kumar, N.S. (2016) Bacterial and archeal 

community composition in hot springs from Indo-Burma region, North-east India. AMB 

Express 6(1), 111. 



138 

 

Pélandakis, M., Serre, S. and Pernin, P. (2000) Analysis of the 5.8S rRNA gene and the internal 

transcribed spacers in Naegleria spp. and in N. fowleri. The Journal of Eukaryotic Microbiology 

47(2), 116-121. 

Pernin, P. and Grelaud, G. (1989) Application of Isoenzymatic Typing to the Identification of 

Nonaxenic Strains of Naegleria (Protozoa, Rhizopoda). Parasitology Research 75(8), 595-598. 

Pickup, Z.L., Pickup, R. and Parry, J.D. (2007) Effects of bacterial prey species and their 

concentration on growth of the amoebae Acanthamoeba castellanii and Hartmannella 

vermiformis. Applied and Environmental Microbiology 73(8), 2631-2634. 

Poitelon, J.-B., Joyeux, M., Welté, B., Duguet, J.-P., Prestel, E., Lespinet, O. and DuBow, M.S. 

(2009) Assessment of phylogenetic diversity of bacterial microflora in drinking water using 

serial analysis of ribosomal sequence tags. Water Research 43(17), 4197-4206. 

Pressman, J.G., Lee, W.H., Bishop, P.L. and Wahman, D.G. (2012) Effect of free ammonia 

concentration on monochloramine penetration within a nitrifying biofilm and its effect on 

activity, viability, and recovery. Water Research 46(3), 882-894. 

Prévost, M., Rompré, A., Coallier, J., Servais, P., Laurent, P., Clément, B. and Lafrance, P. 

(1998) Suspended bacterial biomass and activity in full-scale drinking water distribution 

systems: Impact of water treatment. Water Research 32(5), 1393-1406. 

Pryor, M., Springthorpe, S., Riffard, S., Brooks, T., Huo, Y., Davis, G. and Satter, S.A. (2004) 

Investigation of opportunistic pathogens in municipal drinking water under different supply and 

treatment regimes. Water Science and Technology 50(1), 83-90. 

Puzon, G.J., Lancaster, J.A., Wylie, J.T. and Plumb, J.J. (2009) Rapid Detection of Naegleria 

fowleri in Water Distribution Pipeline Biofilms and Drinking Water Samples. Environmental 

Science & Technology 43(17), 6691-6696. 

Puzon, G.J., Wylie, J.T., Walsh, T., Braun, K. and J. Morgan, M. (2017) Comparison of biofilm 

ecology supporting growth of individual Naegleria species in a drinking water distribution 

system. FEMS Microbiology Ecology. 

Quince, C., Lanzen, A., Davenport, R.J. and Turnbaugh, P.J. (2011) Removing noise from 

pyrosequenced amplicons. BMC Bioinformatics 12, 38. 

Qvarnstrom, Y., Visvesvara, G.S., Sriram, R. and da Silva, A.J. (2006) Multiplex real-time PCR 

assay for simultaneous detection of Acanthamoeba spp., Balamuthia mandrillaris, and 

Naegleria fowleri. Journal of Clinical Microbiology 44(10), 3589-3595. 

R Core Team (2016) R: A language and environment for statistical computing. R Foundation 

for Statistical Computing Vienna, Austria, https://www.R-project.org/. 

https://www.r-project.org/


139 

 

Raulio, M., Järn, M., Ahola, J., Peltonen, J., Rosenholm, J.B., Tervakangas, S., Kolehmainen, J., 

Ruokolainen, T., Narko, P. and Salkinoja-Salonen, M. (2008) Microbe repelling coated stainless 

steel analysed by field emission scanning electron microscopy and physicochemical methods. 

Journal of Industrial Microbiology and Biotechnology 35(7), 751-760. 

Reveiller, F.L., Cabanes, P.A. and Marciano-Cabral, F. (2002) Development of a nested PCR 

assay to detect the pathogenic free-living amoeba Naegleria fowleri. Parasitology Research 

88(5), 443-450. 

Roberts, M.E. and Stewart, P.S. (2005) Modelling protection from antimicrobial agents in 

biofilms through the formation of persister cells. Microbiology (Society for General 

Microbiology) 151, 75-80. 

Robinson, B.S., Monis, P.T. and Dobson, P.J. (2006) Rapid, sensitive, and discriminating 

identification of Naegleria spp. by real-time PCR and melting-curve analysis. Applied and 

Environmental Microbiology 72(9), 5857-5863. 

Rodríguez-Zaragoza, S. (1994) Ecology of free-living amoebae. Critical Reviews in 

Microbiology 20(3), 225-241. 

Schroeder, J.M., Booton, G.C., Hay, J., Niszl, I.A., Seal, D.V., Markus, M.B., Fuerst, P.A. and 

Byers, T.J. (2001) Use of subgenic 18S ribosomal DNA PCR and sequencing for genus and 

genotype identification of acanthamoebae from humans with keratitis and from sewage sludge. 

Journal of Clinical Microbiology 39(5), 1903-1911. 

Schuster, F.L. (2002) Cultivation of pathogenic and opportunistic free-living amebas. Clinical 

Microbiology Reviews 15(3), 342-354. 

Sellick, C., Hansen, R., Stephens, G.M., Goodacre, R. and Dickson, A.J. (2011) Metabolite 

extraction from suspension-cultured mammalian cells for global metabolite profiling. Nature 

Protocols 6(8), 1241-1249. 

Serrano-Luna, J., Cervantes-Sandoval, I., Tsutsumi, V. and Shibayama, M. (2007) A 

biochemical comparison of proteases from pathogenic Naegleria fowleri and non‐pathogenic 

Naegleria gruberi. Journal of Eukaryotic Microbiology 54(5), 411-417. 

Servais, P., Anzil, A., Gatel, D. and Cavard, J. (2004) Biofilm in the Parisian suburbs drinking 

water distribution system. Journal of Water Supply Research and Technology 53(5), 313-324. 

Shakoor, S., Beg, M.A., Mahmood, S.F., Bandea, R., Sriram, R., Noman, F., Ali, F., 

Visvesvara, G.S. and Zafar, A. (2011) Primary Amebic Meningoencephalitis Caused by 

Naegleria fowleri, Karachi, Pakistan. Emerging Infectious Diseases 17(2), 258-261. 



140 

 

Shariq, A., Afridi, F.I., Farooqi, B.J., Ahmed, S. and Hussain, A. (2014) Fatal Primary 

Meningoencephalitis Caused By Naegleria Fowleri. Journal of the College of Physicians and 

Surgeons Pakistan 24(7), 523-525. 

Shen, Y., Conghui, H., Monroy, G.L., Janjaroen, D., Derlon, N., Jie, L., Espinosa-Marzal, R., 

Morgenroth, E., Boppart, S.A., Ashbolt, N.J., Wen-Tso, L. and Thanh, H.N. (2016) Response of 

simulated drinking water biofilm mechanical and structural properties to long-term disinfectant 

exposure. Environmental Science & Technology 50(4), 1779-1787. 

Sifuentes, L.Y., Choate, B.L., Gerba, C.P. and Bright, K.R. (2014) The occurrence of Naegleria 

fowleri in recreational waters in Arizona. Journal of Environmental Science and Health 49(11), 

1322-1330. 

Simoes, M., Simoes, L.C. and Vieira, M.J. (2009) Species association increases biofilm 

resistance to chemical and mechanical treatments. Water Research 43(1), 229-237. 

Smith, C.A., O'Maille, G., Want, E.J., Qin, C., Trauger, S.A., Brandon, T.R., Custodio, D.E., 

Abagyan, R. and Siuzdak, G. (2005) METLIN - A metabolite mass spectral database. 

Therapeutic Drug Monitoring 27(6), 747-751. 

Stevens, A.R., Dejonckheere, J. and Willaert, E. (1980) Naegleria lovaniensis New Species - 

Isolation and Identification of 6 Thermophilic Strains of a New Species Found in Association 

with Naegleria fowleri. International Journal for Parasitology 10(1), 51-64. 

Stewart, P.S., Hamilton, M.A., Goldstein, B.R. and Schneider, B.T. (1996) Modeling biocide 

action against biofilms. Biotechnology and Bioengineering 49(4), 445-455. 

Stipetic, L.H., Dalby, M.J., Davies, R.L., Morton, F.R., Ramage, G. and Burgess, K.E.V. (2016) 

A novel metabolomic approach used for the comparison of Staphylococcus aureus planktonic 

cells and biofilm samples. Metabolomics 12(4). 

Sumner, L.W., Amberg, A., Barrett, D., Beale, M.H., Beger, R., Daykin, C.A., Fan, T.W.M., 

Fiehn, O., Goodacre, R., Griffin, J.L., Hankemeier, T., Hardy, N., Harnly, J., Higashi, R., 

Kopka, J., Lane, A.N., Lindon, J.C., Marriott, P., Nicholls, A.W., Reily, M.D., Thaden, J.J. and 

Viant, M.R. (2007) Proposed minimum reporting standards for chemical analysis Chemical 

Analysis Working Group (CAWG) Metabolomics Standards Initiative (MSI). Metabolomics : 

Official journal of the Metabolomic Society 3(3), 211-221. 

Suzan-Monti, M., La Scola, B., Barrassi, L., Espinosa, L. and Raoult, D. (2007) Ultrastructural 

characterization of the giant volcano-like virus factory of Acanthamoeba polyphaga Mimivirus. 

PLOS ONE 2(3), e328. 

Sykora, J., Keleti, G. and Martinez, A. (1983) Occurrence and pathogenicity of Naegleria 

fowleri in artificially heated waters. Applied and Environmental Microbiology 45(3), 974-979. 



141 

 

Tachikawa, M., Tezuka, M., Morita, M., Isogai, K. and Okada, S. (2005) Evaluation of some 

halogen biocides using a microbial biofilm system. Water Research 39(17), 4126-4132. 

Tapia, J.L., Torres, B.N. and Visvesvara, G.S. (2013) Balamuthia mandrillaris: In Vitro 

Interactions with Selected Protozoa and Algae. Journal of Eukaryotic Microbiology 60(5), 448-

454. 

Team, R.C. (2015) R: A language and environment for statistical computing [Internet], R 

Foundation for Statistical Computing; 2013, Vienna, Austria. 

Thom, S., Warhurst, D. and Drasar, B.S. (1992) Association of Vibrio cholerae with fresh water 

amoebae. Journal of Medical Microbiology 36(5), 303-306. 

Thomas, V., Bouchez, T., Nicolas, V., Robert, S. and Loret, J.F. (2004) Amoebae in domestic 

water systems: resistance to disinfection treatments and implication in Legionella persistence. 

Journal of Applied Microbiology 97(5), 950-963. 

Thomas, V., Loret, J.-F., Jousset, M. and Greub, G. (2008) Biodiversity of amoebae and 

amoebae-resisting bacteria in a drinking water treatment plant. Environmental Microbiology 

10(10), 2728-2745. 

Thomas, V., McDonnell, G., Denyer, S.P. and Maillard, J.Y. (2010) Free-living amoebae and 

their intracellular pathogenic microorganisms: risks for water quality. FEMS Microbiology 

Reviews 34(3), 231-259. 

Trolio, R., Bath, A., Gordon, C., Walker, R. and Wyber, A. (2008) Operational management of 

Naegleria spp. in drinking water supplies in Western Australia. Water Science and Technology 

8(2), 207-215. 

van der Kooij, D., van Lieverloo, J.H.M., Schellart, J.A. and Hiemstra, P. (1999) Distributing 

drinking water without disinfectant: highest achievement or height of folly? Aqua (London) 

48(1), 31-37. 

van der Kooij, D., Veenendaal, H.R., Baarslorist, C., Vanderklift, D.W. and Drost, Y.C. (1995) 

Biofilm formation on surfaces of glass and Teflon exposed to treated water. Water Research 

29(7), 1655-1662. 

Visvesvara, G.S., Moura, H. and Schuster, F.L. (2007) Pathogenic and opportunistic free-living 

amoebae: Acanthamoeba spp., Balamuthia mandrillaris, Naegleria fowleri, and Sappinia 

diploidea. FEMS Immunology and Medical Microbiology 50(1), 1-26. 

Wahman, D.G.M., Juan P.; Speitel, Gerald E., Jr. (2016) Monochloramine Cometabolism by 

Nitrifying Biofilm Relevant to Drinking Water. American Water Works Association 108(7), 

E362-E373. 



142 

 

Wang, A., Kay, R., Poon, W.S. and Ng, H.K. (1993) Successful treatment of amebic 

meningoencephalitis in a chinese living in Hong-Kong. Clinical Neurology and Neurosurgery 

95(3), 249-252. 

Wang, H., Edwards, M., Falkinham, J.O., III and Pruden, A. (2012) Molecular Survey of the 

Occurrence of Legionella spp., Mycobacterium spp., Pseudomonas aeruginosa, and Amoeba 

Hosts in Two Chloraminated Drinking Water Distribution Systems. Applied and Environmental 

Microbiology 78(17), 6285-6294. 

Wang, H., Proctor, C.R., Edwards, M.A., Pryor, M., Domingo, J.W.S., Ryu, H., Camper, A.K., 

Olson, A. and Pruden, A. (2014) Microbial Community Response to Chlorine Conversion in a 

Chloraminated Drinking Water Distribution System. Environmental Science & Technology 

48(18), 10624-10633. 

Wang, H., Pryor, M.A., Edwards, M.A., Falkinham, J.O. and Pruden, A. (2013a) Effect of GAC 

pre-treatment and disinfectant on microbial community structure and opportunistic pathogen 

occurrence. Water Research 47(15), 5760-5772. 

Wang, J.J., Liu, X., Ng, T.W., Xiao, J.W., Chow, A.T. and Wong, P.K. (2013b) Disinfection 

byproduct formation from chlorination of pure bacterial cells and pipeline biofilms. Water 

Research 47(8), 2701-2709. 

Weekers, P.H.H., Bodelier, P.L.E., Wijen, J.P.H. and Vogels, G.D. (1993) Effects of Grazing by 

the Free-Living Soil Amoebae Acanthamoeba castellanii, Acanthamoeba polyphaga, and 

Hartmannella vermiformis on Various Bacteria. Applied and Environmental Microbiology 

59(7), 2317-2319. 

White, D.C., Sutton, S.D. and Ringelberg, D.B. (1996) The genus Sphingomonas: Physiology 

and ecology. Current Opinion in Biotechnology 7(3), 301-306. 

Wickham, H. (2009) ggplot2: elegant graphics for data analysis, Springer New York. 

Wijeyekoon, S., Mino, T., Satoh, H. and Matsuo, T. (2004) Effects of substrate loading rate on 

biofilm structure. Water Research 38(10), 2479-2488. 

Wilczak, A., Jacangelo, J.G., Marcinko, J.P., Odell, L.H., Kirmeyer, G.J. and Wolfe, R.L. 

(1996) Occurrence of nitrification in chloraminated distribution systems. Journal American 

Water Works Association 88(7), 74-85. 

Williams, M.M., Domingo, J.W.S., Meckes, M.C., Kelty, C.A. and Rochon, H.S. (2004) 

Phylogenetic diversity of drinking water bacteria in a distribution system simulator. Journal of 

Applied Microbiology 96(5), 954-964. 

Winiecka-Krusnell, J. and Linder, E. (2001) Bacterial infections of free-living amoebae. 

Research in Microbiology 152(7), 613-619. 



143 

 

Wishart, D.S., Jewison, T., Guo, A.C., Wilson, M., Knox, C., Liu, Y.F., Djoumbou, Y., Mandal, 

R., Aziat, F., Dong, E., Bouatra, S., Sinelnikov, I., Arndt, D., Xia, J.G., Liu, P., Yallou, F., 

Bjorndahl, T., Perez-Pineiro, R., Eisner, R., Allen, F., Neveu, V., Greiner, R. and Scalbert, A. 

(2013) HMDB 3.0-The Human Metabolome Database in 2013. Nucleic Acids Research 41(D1), 

D801-D807. 

Wishart, D.S., Tzur, D., Knox, C., Eisner, R., Guo, A.C., Young, N., Cheng, D., Jewell, K., 

Arndt, D., Sawhney, S., Fung, C., Nikolai, L., Lewis, M., Coutouly, M.A., Forsythe, I., Tang, 

P., Shrivastava, S., Jeroncic, K., Stothard, P., Amegbey, G., Block, D., Hau, D.D., Wagner, J., 

Miniaci, J., Clements, M., Gebremedhin, M., Guo, N., Zhang, Y., Duggan, G.E., MacInnis, 

G.D., Weljie, A.M., Dowlatabadi, R., Bamforth, F., Clive, D., Greiner, R., Li, L., Marrie, T., 

Sykes, B.D., Vogel, H.J. and Querengesser, L. (2007) HMDB: the human metabolome database. 

. Nucleic Acids Res 35, D521-D526. 

Wiwanitkit, V. (2004) Review of clinical presentations in Thai patients with primary amoebic 

meningoencephalitis. Medscape General Medicine 6(1), 2. 

World Health Organization (2004) Safe Piped Water: Managing Microbial Water Quality in 

Piped Distribution Systems, IWA Publishing, London, UK. 

Xia, J.G., Broadhurst, D.I., Wilson, M. and Wishart, D.S. (2013) Translational biomarker 

discovery in clinical metabolomics: an introductory tutorial. Metabolomics 9(2), 280-299. 

Xia, J.G., Psychogios, N., Young, N. and Wishart, D.S. (2009) MetaboAnalyst: a web server for 

metabolomic data analysis and interpretation. Nucleic Acids Research 37, W652-W660. 

Xing, Z., Chiu, V.M., Stoica, G., Gina, L.G., Schenk, J.O. and Hill, H.H. (2014) Metabolic 

Analysis of Striatal Tissues from Parkinson's Disease-like Rats by Electrospray Ionization Ion 

Mobility Mass Spectrometry. Analytical Chemistry 86(6), 3075-3083. 

Yoder, J.S., Eddy, B.A., Visvesvara, G.S., Capewell, L. and Beach, M.J. (2010) The 

epidemiology of primary amoebic meningoencephalitis in the USA, 1962-2008. Epidemiology 

and Infection 138(7), 968-975. 

Yoder, J.S., Straif-Bourgeois, S., Roy, S.L., Moore, T.A., Visvesvara, G.S., Ratard, R.C., Hill, 

V.R., Wilson, J.D., Linscott, A.J., Crager, R., Kozak, N.A., Sriram, R., Narayanan, J., Mull, B., 

Kahler, A.M., Schneeberger, C., da Silva, A.J., Poudel, M., Baumgarten, K.L., Xiao, L. and 

Beach, M.J. (2012) Primary amebic meningoencephalitis deaths associated with sinus irrigation 

using contaminated tap water. Clinical Infectious Diseases 55(9), 79-85. 

Zanetti, F., De Luca, G. and Stampi, S. (2000) Recovery of Burkholderia pseudomallei and B-

cepacia from drinking water. International Journal of Food Microbiology 59(1-2), 67-72. 



144 

 

Zhou, C.X., Zhou, D.H., Elsheikha, H.M., Zhao, Y., Suo, X. and Zhu, X.Q. (2016) 

Metabolomic Profiling of Mice Serum during Toxoplasmosis Progression Using Liquid 

Chromatography-Mass Spectrometry. Scientific Reports 6. 

Zysset-Burri, D.C., Muller, N., Beuret, C., Heller, M., Schurch, N., Gottstein, B. and Wittwer, 

M. (2014) Genome-wide identification of pathogenicity factors of the free-living amoeba 

Naegleria fowleri. BMC Genomics 15. 

  



145 

 

Appendix A 

Supporting Information for chapter 4: Development of Untargeted Metabolomics Methods for 

the Rapid Detection of Pathogenic Naegleria Fowleri 

Summary of features and Tables 

Figure S1. Variable importance in projection (VIP) score plot 

Figure S2. Mass fragmentations matching for identification validation 

Figure S3. Chemical structures of phosphocholine, 1-decanoyl-2-hydroxy-sn-glycero-3-

phosphocholine, and 1-lauroyl-2-hydroxy-sn-glycero-3-phosphocholine 

Figure S4. Two dimensional PCA score plot to illustrates the spread of the different technical 

replicates in Figure 1 
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Figure S1. Variable importance in projection (VIP) score plot based on the first component of 

Partial Least Square-Data Analysis (PLS-DA).  
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Figure S2. Mass fragmentations matching for identification validation. Mass fragmentation 

patterns of significant feature of m/z 494.3242 match with that of known metabolites in low 

mass regions while the parent ions are unmatched. (a) comparison with phosphocholine (b) 

comparison with 1-Decanoyl-2-hydroxy-sn-glycero-3-phosphocholine (c) comparison with 1-

Lauroyl-2-hydroxy-sn-glycero-3-phosphocholine. 
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Figure S3. The structures of the three known metabolites are shown. The common component 

of the known metabolites is highlighted within the red box. (a) phosphocholine (b) 1-decanoyl-

2-hydroxy- 

 

Figure S3. The structures of the three known metabolites are shown. The common 

component of the known metabolites is highlighted within the red box. (a) phosphocholine 

(b) 1-decanoyl-2-hydroxy-sn-glycero-3-phosphocholine (c) 1-lauroyl-2-hydroxy-sn-

glycero-3-phosphocholine. 
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Figure S4. (a) Two dimensional PCA score plot (Principal Component-1: 61%, Principal Component-2: 

9%) of E.coli cultured media (red markers) and N. fowleri (blue markers) (b) Two dimensional PCA score 

plot (Principal Component-1: 42%, Principal Component-2: 25%) of N. fowleri (blue markers), N. 

lovaniensis (green markers) and N. italica (red markers). Different marker styles were employed to help 

identify individual technical replicates. This figure illustrates the spread of the different technical 

replicates and is simply a more detailed view of Figure 1 in the main manuscript. 

 

(a) (b) 
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Appendix B 

Supporting Information for chapter 6: Preferential grazing of Naegleria fowleri food sources; intracellular associated bacteria isolated from operational 

DWDSs.  

Summary of features and Tables 

Table S1. All families rarefied read counts for Nf+ and Nf- IAB samples from T site 

Table S2 All families rarefied read counts for Nf+ and Nf- biofilm samples from T site 

Table S3 All families rarefied read counts for Nf+ and Nf- IAB and biofilm samples from SK and BP sites 
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Table S1. All families rarefied read counts for Nf+ and Nf- IAB samples from T site 

Taxon T1.1_IA
B 

T1.2_IA
B 

T2_IA
B 

T3_IA
B 

T4_IA
B 

T5_IA
B 

T6_IA
B 

T7_IA
B 

T10_IA
B 

T11_IA
B 

 0319-6G20 0 0 0 0 0 0 0 0 0 0 

 A4b 0 0 0 0 0 3 0 0 0 1 

 Acetobacteraceae 8 3 8 17 4 18 2 17 11 13 

 Acidimicrobiales_Unknown 0 0 0 0 0 0 0 0 0 0 

 Acidithiobacillales_Unknown 0 0 0 0 0 0 0 0 0 0 

 agg27_Unknown 0 0 0 0 0 1 0 0 0 0 

 AKYG885_Unknown 0 0 0 0 0 0 0 0 0 0 

 Alcaligenaceae 0 0 0 0 0 0 3 3 0 1 

 Alicyclobacillaceae 84 2 0 3 21 6 4 21 9 1 

 Alphaproteobacteria_Unknown 1 0 0 0 0 0 0 0 0 2 

 [Amoebophilaceae] 0 0 0 0 0 0 0 0 0 0 

 B07_WMSP1_Unknown 0 0 0 0 0 0 0 0 0 0 

 B97_Unknown 0 0 0 0 0 3 0 0 0 0 

 Bacillaceae 0 0 245 0 1 0 118 17 0 31 

 Bacteriovoracaceae 0 0 0 0 0 0 0 0 0 0 

 BD7-11_Unknown 0 0 0 0 0 0 0 0 0 0 

 BD7-3_Unknown 0 0 0 0 0 0 0 0 0 0 

 Bdellovibrionaceae 0 0 0 0 0 0 0 0 0 0 

 Betaproteobacteria_Unknown 0 10 0 0 0 0 0 3 0 3 

 BME43_Unknown 0 0 0 0 0 0 0 0 0 0 

 Bradyrhizobiaceae 5 0 0 1 0 0 0 1 2 1 
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 Brevibacteriaceae 0 0 0 0 0 0 0 0 0 0 

 [Bryobacteraceae] 0 0 0 0 0 0 0 0 0 0 

 Burkholderiales_Unknown 0 0 0 0 0 0 0 0 0 0 

 C111 0 0 0 0 0 0 0 0 0 0 

 Caldilineaceae 0 0 0 0 0 0 0 0 0 0 

 Caulobacteraceae 0 1 0 0 0 0 0 0 0 0 

 CCM11a_Unknown 0 0 0 0 0 0 0 0 0 0 

 Chitinophagaceae 18 67 27 119 1 137 12 39 82 230 

 Chlamydiales_Unknown 0 0 0 0 0 0 0 0 0 0 

 Chlamydiia_Unknown 0 0 0 0 0 0 0 0 0 0 

 [Chloracidobacteraceae] 0 0 0 0 0 0 0 0 0 0 

 [Chloracidobacteria]_Unknown 0 0 0 0 0 0 0 0 0 0 

 [Chromatiaceae] 0 0 0 0 0 0 0 0 0 0 

 Chromatiales_Unknown 0 0 0 0 0 0 0 0 0 0 

 [Chthoniobacteraceae] 0 0 0 0 0 0 0 0 0 0 

 Chthonomonadaceae 0 0 0 0 0 0 0 0 0 0 

 CL500-15_Unknown 0 0 0 0 0 0 0 0 0 0 

 Comamonadaceae 270 934 133 297 942 525 698 634 557 416 

 Coriobacteriaceae 9 0 0 0 0 0 0 0 0 0 

 Corynebacteriaceae 0 0 0 75 14 0 2 1 4 0 

 Coxiellaceae 0 0 0 0 0 0 0 0 0 0 

 Cryomorphaceae 0 0 0 0 0 0 0 0 0 0 

 Cyclobacteriaceae 0 0 0 0 0 0 0 0 0 0 
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 Cytophagaceae 0 0 0 0 0 0 0 0 0 0 

 Deltaproteobacteria_Unknown 0 0 0 0 0 0 0 0 0 0 

 Dermabacteraceae 0 0 0 1 0 0 0 0 0 0 

 DH61_Unknown 0 0 0 0 0 0 0 0 0 0 

 Dietziaceae 0 0 0 0 0 0 0 0 0 0 

 Dolo_23 0 0 0 0 0 0 0 0 0 0 

 EB1017 0 0 0 0 0 0 0 0 0 0 

 Ellin329_Unknown 0 0 0 0 0 0 0 0 0 0 

 Ellin515 0 0 0 0 0 0 0 0 0 0 

 Ellin6067_Unknown 0 0 0 1 0 0 0 0 0 6 

 Ellin6075 13 0 0 0 0 1 0 0 0 4 

 Ellin6529_Unknown 0 0 0 0 0 0 0 0 0 0 

 Elusimicrobiales_Unknown 0 0 0 0 0 0 0 0 0 0 

 Erythrobacteraceae 2 0 0 0 2 0 0 0 0 0 

 FAC87_Unknown 0 0 0 0 0 0 0 0 0 0 

 FCPU426_Unknown 0 0 0 0 0 0 0 0 0 0 

 [Fimbriimonadaceae] 0 0 0 0 0 0 0 0 0 0 

 [Fimbriimonadales]_Unknown 0 0 0 0 0 0 0 0 0 0 

 Flavobacteriaceae 17 0 0 0 0 0 0 0 0 0 

 Gaiellaceae 0 0 0 0 0 0 0 0 0 0 

 Gaiellales_Unknown 0 0 0 0 0 0 0 0 0 0 

 
Gammaproteobacteria_Unknow
n 

0 0 0 1 0 0 0 0 0 0 
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 Gemellaceae 0 0 0 0 0 0 1 0 1 0 

 Gemm-1_Unknown 0 0 0 0 0 1 0 0 0 0 

 Gemm-2_Unknown 0 0 0 0 0 0 0 0 0 0 

 Gemmataceae 0 0 0 0 0 1 0 0 0 0 

 Gemmatimonadaceae 0 0 0 0 0 0 0 0 0 0 

 Gemmatimonadales_Unknown 0 0 0 0 0 0 0 0 0 0 

 Gemmatimonadetes_Unknown 0 0 0 0 0 0 0 0 0 0 

 H39_Unknown 0 0 0 0 0 0 0 0 0 0 

 Haliangiaceae 0 0 0 0 0 0 0 0 0 0 

 Holophagaceae 0 0 0 0 0 0 0 0 0 0 

 HTCC2089 0 0 0 0 0 1 0 0 0 0 

 Hydrogenophilaceae 0 0 0 0 0 0 0 0 0 0 

 Hyphomicrobiaceae 0 0 0 0 2 1 0 1 0 0 

 Hyphomonadaceae 0 0 0 0 0 1 0 1 0 0 

 Iamiaceae 0 0 0 0 0 0 0 0 0 0 

 IIb_Unknown 0 0 0 0 0 0 0 0 0 0 

 iii1-15_Unknown 0 0 0 0 0 0 0 0 0 0 

 Isosphaeraceae 0 0 0 0 0 3 0 1 0 0 

 JTB38 0 0 0 0 0 0 0 0 0 0 

 KD8-87_Unknown 0 0 0 0 0 1 0 0 0 0 

 Kiloniellales_Unknown 0 0 0 0 0 0 0 0 0 0 

 Kineosporiaceae 5 0 0 0 0 0 0 0 0 0 

 kpj58rc 0 0 0 0 0 0 0 0 0 0 
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 Lactobacillales_Unknown 0 0 1 0 0 0 0 0 0 0 

 Legionellaceae 0 0 0 0 0 0 0 0 0 0 

 Legionellales_Unknown 0 0 0 0 0 0 0 0 0 0 

 Leptospiraceae 0 0 0 0 0 0 0 0 0 0 

 mb2424 0 0 0 0 0 0 0 0 0 0 

 [Melioribacteraceae] 0 0 0 0 0 0 0 0 0 0 

 Methylobacteriaceae 258 1 7 15 34 12 5 41 17 1 

 Methylocystaceae 0 0 0 0 0 0 0 0 0 0 

 Microbacteriaceae 5 0 0 0 0 0 0 0 0 0 

 Micrococcaceae 12 0 0 0 6 0 0 0 0 0 

 Microthrixaceae 0 0 0 0 0 0 0 0 0 0 

 MIZ46_Unknown 0 0 0 0 0 0 0 0 0 0 

 ML635J-21_Unknown 0 0 0 0 0 0 0 0 0 0 

 MLE1-12_Unknown 0 0 0 0 0 0 0 0 0 0 

 mle1-48_Unknown 0 0 0 0 0 0 0 0 0 0 

 mle1-8_Unknown 0 0 0 0 0 0 0 0 0 0 

 MND1_Unknown 0 0 0 0 0 0 0 0 0 0 

 MND4 0 0 0 0 0 0 0 0 0 0 

 Moraxellaceae 4 6 26 37 7 31 10 13 15 6 

 MVP-88_Unknown 0 0 0 0 0 0 0 0 0 0 

 Mycobacteriaceae 0 0 0 0 0 0 0 0 0 0 

 Myxococcales_Unknown 0 0 0 0 0 1 0 0 0 0 

 Nannocystaceae 0 0 0 0 0 0 0 1 0 0 
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 NB1-j_Unknown 0 0 0 0 0 0 0 0 0 0 

 Neisseriaceae 0 0 0 0 0 0 0 0 0 0 

 Nitrospiraceae 0 0 0 0 0 0 0 0 0 0 

 NKB19_Unknown 0 0 0 0 0 0 0 0 0 0 

 Nocardioidaceae 9 0 0 0 0 0 0 0 0 0 

 Oceanospirillaceae 0 0 3 0 0 0 0 0 0 0 

 OM27 0 0 0 0 0 0 0 0 0 0 

 OPB56_Unknown 0 0 0 0 0 0 0 0 0 0 

 Opitutaceae 0 0 0 1 0 0 0 1 0 0 

 Oxalobacteraceae 0 0 0 0 0 0 0 0 0 1 

 Paenibacillaceae 0 0 0 0 0 0 0 0 0 50 

 Parachlamydiaceae 0 0 0 0 0 0 0 0 0 0 

 Pasteurellaceae 5 0 0 0 0 0 0 0 0 0 

 PBS-25_Unknown 0 0 0 0 0 0 0 0 0 0 

 [Pedosphaerales]_Unknown 0 0 0 0 0 0 0 0 0 0 

 PHOS-HD29_Unknown 0 0 0 0 0 0 0 0 0 0 

 PHOS-HE93_Unknown 0 0 0 0 0 0 0 0 0 0 

 Phycisphaerales_Unknown 0 0 0 0 0 0 0 0 0 0 

 Phyllobacteriaceae 4 0 0 0 0 0 0 0 0 0 

 Pirellulaceae 0 0 0 0 0 0 0 0 0 0 

 Piscirickettsiaceae 0 0 0 0 0 0 0 0 0 0 

 PK29_Unknown 0 0 0 0 0 0 0 0 0 0 

 Planctomycetaceae 0 0 0 0 0 0 0 0 0 0 
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 Planctomycetes_Unknown 0 0 0 0 0 0 0 0 0 0 

 Polyangiaceae 0 0 0 0 0 0 0 0 0 0 

 Porphyromonadaceae 0 0 0 0 0 0 0 0 0 0 

 Procabacteriaceae 0 0 0 0 0 0 0 0 0 0 

 Promicromonosporaceae 0 0 0 0 0 0 0 2 0 0 

 Proteobacteria_Unknown 0 0 0 0 0 0 0 0 0 0 

 PRR-10 0 0 0 0 0 0 0 0 0 0 

 PRR-11_Unknown 0 0 0 0 0 0 0 0 0 0 

 Pseudanabaenaceae 0 0 0 0 0 0 0 0 0 0 

 Pseudomonadaceae 13 11 0 0 0 0 0 0 0 5 

 Pseudonocardiaceae 15 0 0 0 0 0 0 0 0 0 

 R4-41B 0 0 0 0 0 0 0 0 0 0 

 RB40 0 0 0 0 0 0 0 0 0 0 

 Rhabdochlamydiaceae 0 0 0 0 0 0 0 1 0 0 

 Rhizobiaceae 33 0 0 0 2 0 0 0 0 0 

 Rhizobiales_Unknown 0 1 0 5 0 2 7 14 0 3 

 Rhodobacteraceae 0 0 0 0 2 16 106 145 105 56 

 Rhodocyclaceae 0 0 2 0 0 5 0 3 1 2 

 Rhodospirillaceae 0 0 0 0 0 1 0 0 0 1 

 Rhodospirillales_Unknown 0 0 0 0 0 0 0 1 0 1 

 Rhodothermaceae 0 0 0 0 0 0 0 0 0 0 

 Rickettsiaceae 0 0 0 0 0 0 0 0 0 0 

 Rickettsiales_Unknown 0 0 0 0 0 0 0 0 0 0 
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 [Roseiflexales]_Unknown 0 0 0 0 0 0 0 0 0 0 

 Rubrobacteraceae 0 0 0 0 0 0 0 0 0 0 

 S1198_Unknown 0 0 0 0 0 0 0 0 0 0 

 Saprospiraceae 0 0 0 0 0 4 0 1 0 0 

 [Saprospirales]_Unknown 0 0 0 0 0 0 0 0 0 0 

 S-BQ2-57_Unknown 0 0 0 0 0 0 0 0 0 0 

 SBRH58_Unknown 0 0 0 0 0 0 0 0 0 0 

 SC-I-84_Unknown 0 0 0 0 0 0 0 0 0 0 

 Sinobacteraceae 0 0 0 0 0 0 0 0 0 0 

 SJA-28_Unknown 0 0 0 0 0 0 0 0 0 1 

 SJA-4_Unknown 0 0 0 0 0 0 0 0 0 0 

 SM2F11_Unknown 0 0 0 0 0 0 0 0 0 0 

 Solibacteraceae 0 0 0 0 0 0 0 0 0 0 

 Solibacterales_Unknown 0 0 0 0 0 0 0 0 0 0 

 Solirubrobacterales_Unknown 24 0 0 0 0 0 0 0 0 0 

 Sphingobacteriaceae 0 0 0 0 0 0 0 0 0 0 

 Sphingobacteriales_Unknown 0 0 0 0 0 0 0 0 0 0 

 Sphingomonadaceae 35 1 1 3 0 2 1 0 1 3 

 Sphingomonadales_Unknown 1 0 0 0 0 0 0 0 0 0 

 Syntrophobacteraceae 0 0 0 0 0 0 0 1 0 0 

 Thermaceae 0 10 329 119 2 233 95 93 235 174 

 Thermoactinomycetaceae 11 0 0 0 0 0 0 0 0 0 

 [Thermodesulfovibrionaceae] 0 0 0 0 0 0 0 0 0 0 



159 

 

 Thiobacterales_Unknown 0 0 0 0 0 0 0 0 0 0 

 [Tissierellaceae] 0 0 0 4 0 0 0 0 0 0 

 TK10_Unknown 0 0 0 0 0 0 0 0 0 0 

 TK17_Unknown 0 0 0 0 0 0 0 0 0 0 

 Ucn15732_Unknown 0 0 0 0 0 0 0 0 0 0 

 VC2_1_Bac22_Unknown 0 0 0 0 0 0 0 0 0 0 

 Verrucomicrobiaceae 0 0 0 0 0 0 0 0 0 0 

 Vibrionaceae 0 0 2 0 0 0 0 0 0 0 

 WD2101_Unknown 0 0 0 0 0 0 0 0 0 0 

 [Weeksellaceae] 0 0 0 0 0 0 0 0 0 0 

 WPS-2_Unknown 0 0 0 0 0 0 0 0 0 0 

 Xanthomonadaceae 203 17 280 365 24 54 0 8 24 51 

 YS2_Unknown 0 0 0 0 0 0 0 0 0 0 

 ZB2_Unknown 0 0 0 0 0 0 0 0 0 0 
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Table S2 All families rarefied read counts for Nf+ and Nf- biofilm samples from T site 

Taxon T1 T2 T3 T4 T5 T6 T7 T8 T9 T11 

 0319-6G20 0 0 0 0 0 0 0 0 0 0 

 A4b 3 1 3 3 2 2 1 4 1 6 

 Acetobacteraceae 5 1 2 1 2 1 4 2 3 1 

 Acidimicrobiales_Unknown 1 2 0 2 1 0 1 2 1 2 

 Acidithiobacillales_Unknown 0 0 0 0 0 0 0 0 0 0 

 agg27_Unknown 8 0 3 1 2 2 7 7 1 6 

 AKYG885_Unknown 0 0 0 0 0 0 0 1 0 0 

 Alcaligenaceae 3 2 1 6 2 9 5 4 1 6 

 Alicyclobacillaceae 0 0 0 1 0 0 1 0 0 0 

 Alphaproteobacteria_Unknown 30 23 25 27 40 12 19 43 25 13 

 [Amoebophilaceae] 0 0 0 0 0 0 0 0 0 0 

 B07_WMSP1_Unknown 0 0 0 0 0 0 0 0 0 1 

 B97_Unknown 3 1 2 1 3 1 1 0 2 3 

 Bacillaceae 0 0 0 0 0 0 0 0 1 0 

 Bacteriovoracaceae 0 3 0 0 0 0 0 0 0 0 

 BD7-11_Unknown 1 0 0 0 0 0 1 0 2 1 

 BD7-3_Unknown 0 0 0 1 0 0 0 1 1 0 

 Bdellovibrionaceae 1 12 4 2 1 1 2 1 0 0 

 Betaproteobacteria_Unknown 21 20 25 19 17 15 26 25 21 16 

 BME43_Unknown 0 2 0 0 1 0 3 1 1 0 

 Bradyrhizobiaceae 6 6 10 9 7 0 6 25 15 1 
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 Brevibacteriaceae 0 0 0 0 0 0 0 0 0 0 

 [Bryobacteraceae] 2 1 0 3 3 0 3 1 2 1 

 Burkholderiales_Unknown 5 3 3 2 1 1 1 1 3 2 

 C111 0 0 0 0 0 0 0 0 0 0 

 Caldilineaceae 0 0 0 0 0 0 0 1 0 0 

 Caulobacteraceae 0 1 0 1 1 0 2 1 8 0 

 CCM11a_Unknown 0 0 0 0 0 0 0 0 0 0 

 Chitinophagaceae 20 41 68 65 63 69 57 96 86 49 

 Chlamydiales_Unknown 2 4 1 1 2 2 0 3 6 7 

 Chlamydiia_Unknown 0 0 0 0 0 0 0 0 0 0 

 [Chloracidobacteraceae] 10 22 8 10 10 8 24 6 24 32 

 [Chloracidobacteria]_Unknown 0 0 0 1 0 0 6 1 1 2 

 [Chromatiaceae] 1 0 1 0 0 0 0 0 0 0 

 Chromatiales_Unknown 12 7 5 2 6 0 5 7 7 5 

 [Chthoniobacteraceae] 1 0 1 0 0 0 0 0 0 0 

 Chthonomonadaceae 0 2 1 2 0 0 1 0 1 0 

 CL500-15_Unknown 4 1 0 4 2 0 2 0 2 1 

 Comamonadaceae 331 340 398 270 341 394 294 292 338 255 

 Coriobacteriaceae 0 0 0 0 0 0 0 0 0 0 

 Corynebacteriaceae 0 0 0 0 0 0 0 0 0 0 

 Coxiellaceae 0 3 0 8 2 3 3 2 3 5 

 Cryomorphaceae 2 3 3 2 1 1 1 2 0 0 

 Cyclobacteriaceae 0 0 0 0 0 0 0 0 0 0 
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 Cytophagaceae 11 22 11 3 12 12 53 7 12 22 

 Deltaproteobacteria_Unknown 0 0 0 4 0 1 1 1 1 1 

 Dermabacteraceae 0 0 0 0 0 0 0 0 0 0 

 DH61_Unknown 1 0 1 0 0 0 0 0 0 0 

 Dietziaceae 0 0 0 0 0 0 0 0 0 0 

 Dolo_23 1 1 1 0 0 0 0 2 1 0 

 EB1017 0 1 0 0 0 0 3 2 1 1 

 Ellin329_Unknown 0 0 0 0 0 1 0 0 0 0 

 Ellin515 0 0 0 0 0 0 0 0 0 1 

 Ellin6067_Unknown 6 3 5 5 4 11 4 6 3 13 

 Ellin6075 21 15 27 29 35 30 22 9 15 41 

 Ellin6529_Unknown 1 0 1 1 2 1 2 0 1 2 

 Elusimicrobiales_Unknown 0 1 0 2 0 0 0 0 0 0 

 Erythrobacteraceae 1 0 0 0 0 0 0 1 0 0 

 FAC87_Unknown 2 1 1 1 2 2 2 4 1 0 

 FCPU426_Unknown 0 0 0 0 0 0 1 1 0 0 

 [Fimbriimonadaceae] 3 5 3 9 0 0 0 0 0 0 

 [Fimbriimonadales]_Unknown 0 0 0 0 0 0 0 0 0 4 

 Flavobacteriaceae 3 5 5 0 5 1 0 2 0 0 

 Gaiellaceae 0 0 0 0 0 1 2 0 0 0 

 Gaiellales_Unknown 0 0 0 0 0 2 0 1 2 0 

 
Gammaproteobacteria_Unknown 

2 1 0 2 1 0 1 0 0 1 

 Gemellaceae 0 0 0 0 0 0 0 0 0 0 



163 

 

 Gemm-1_Unknown 2 3 1 3 6 3 20 18 7 9 

 Gemm-2_Unknown 0 0 0 0 1 0 0 0 0 0 

 Gemmataceae 6 2 6 6 7 2 6 9 7 7 

 Gemmatimonadaceae 0 0 0 0 0 1 0 0 0 0 

 Gemmatimonadales_Unknown 0 0 0 0 0 0 1 0 0 0 

 Gemmatimonadetes_Unknown 2 1 2 1 0 2 0 1 2 0 

 H39_Unknown 0 0 1 2 3 0 0 3 1 0 

 Haliangiaceae 0 0 1 0 0 1 1 0 0 0 

 Holophagaceae 0 0 0 0 2 0 2 0 0 0 

 HTCC2089 5 7 11 16 14 5 12 13 12 16 

 Hydrogenophilaceae 0 0 0 0 0 0 0 0 0 0 

 Hyphomicrobiaceae 6 2 3 1 7 6 8 12 6 6 

 Hyphomonadaceae 19 14 17 15 25 6 11 28 30 10 

 Iamiaceae 0 0 0 0 1 1 0 0 0 2 

 IIb_Unknown 0 1 0 0 0 1 1 1 1 0 

 iii1-15_Unknown 0 0 2 1 0 1 0 0 0 0 

 Isosphaeraceae 1 0 0 1 0 0 0 2 0 0 

 JTB38 1 1 2 0 2 1 1 1 2 0 

 KD8-87_Unknown 4 4 1 6 3 1 4 3 2 6 

 Kiloniellales_Unknown 0 0 1 1 0 0 1 0 0 0 

 Kineosporiaceae 0 0 0 0 0 0 0 0 0 0 

 kpj58rc 0 0 0 0 0 0 0 0 0 0 

 Lactobacillales_Unknown 0 0 0 0 0 0 0 0 0 0 
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 Legionellaceae 0 0 1 0 0 0 3 0 0 5 

 Legionellales_Unknown 1 1 1 4 3 0 3 3 2 4 

 Leptospiraceae 1 1 0 0 1 1 2 1 2 3 

 mb2424 2 1 1 2 1 4 0 1 0 1 

 [Melioribacteraceae] 0 0 0 0 0 0 0 0 0 0 

 Methylobacteriaceae 0 0 0 0 1 0 0 0 0 0 

 Methylocystaceae 0 0 0 0 0 0 0 0 0 0 

 Microbacteriaceae 0 0 0 0 0 0 0 0 0 0 

 Micrococcaceae 0 0 0 0 0 0 0 0 0 0 

 Microthrixaceae 0 0 0 0 0 0 0 0 0 0 

 MIZ46_Unknown 2 0 0 0 1 1 0 0 0 0 

 ML635J-21_Unknown 0 0 0 0 0 0 0 0 0 0 

 MLE1-12_Unknown 1 0 0 0 0 0 0 1 2 0 

 mle1-48_Unknown 0 0 0 0 0 0 0 1 0 0 

 mle1-8_Unknown 1 0 0 0 1 0 0 0 0 0 

 MND1_Unknown 7 12 12 14 10 6 8 5 6 3 

 MND4 0 0 0 0 0 0 0 0 0 0 

 Moraxellaceae 0 0 0 0 0 0 0 0 0 0 

 MVP-88_Unknown 0 0 0 0 0 0 0 0 0 0 

 Mycobacteriaceae 2 0 0 0 0 0 0 2 1 1 

 Myxococcales_Unknown 26 15 14 23 39 17 22 19 16 5 

 Nannocystaceae 7 9 3 9 3 0 0 1 3 1 

 NB1-j_Unknown 4 2 2 5 0 3 3 3 1 1 
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 Neisseriaceae 0 0 0 0 0 0 0 0 0 0 

 Nitrospiraceae 13 14 15 12 8 7 25 14 14 27 

 NKB19_Unknown 0 0 0 0 0 0 0 0 0 1 

 Nocardioidaceae 0 0 0 0 0 0 0 0 2 0 

 Oceanospirillaceae 0 0 0 0 0 0 0 0 0 0 

 OM27 1 0 0 0 0 1 1 0 4 2 

 OPB56_Unknown 0 4 2 2 1 1 3 5 1 0 

 Opitutaceae 0 1 1 0 1 1 0 0 1 0 

 Oxalobacteraceae 0 5 1 1 1 0 0 0 0 0 

 Paenibacillaceae 0 0 0 0 0 0 0 0 0 0 

 Parachlamydiaceae 0 2 0 0 1 1 0 5 2 1 

 Pasteurellaceae 0 0 0 0 0 0 0 0 0 0 

 PBS-25_Unknown 0 1 0 0 0 0 0 0 0 0 

 [Pedosphaerales]_Unknown 4 2 2 3 1 1 3 5 2 2 

 PHOS-HD29_Unknown 0 0 0 0 0 1 0 0 0 0 

 PHOS-HE93_Unknown 0 0 0 0 0 0 0 0 0 0 

 Phycisphaerales_Unknown 6 0 2 1 2 1 4 2 2 1 

 Phyllobacteriaceae 2 1 0 0 0 0 0 1 0 2 

 Pirellulaceae 5 24 14 5 8 1 5 2 4 6 

 Piscirickettsiaceae 0 1 0 0 1 4 1 0 1 3 

 PK29_Unknown 13 20 1 21 12 6 28 19 15 7 

 Planctomycetaceae 1 2 1 1 0 1 0 4 0 4 

 Planctomycetes_Unknown 0 0 0 0 0 0 2 1 0 0 
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 Polyangiaceae 0 1 0 0 1 0 0 0 0 3 

 Porphyromonadaceae 0 0 0 0 0 0 0 0 0 0 

 Procabacteriaceae 12 0 0 0 1 1 0 0 0 0 

 Promicromonosporaceae 0 0 0 0 0 0 0 0 0 0 

 Proteobacteria_Unknown 0 0 0 0 0 0 0 0 0 0 

 PRR-10 3 2 0 4 7 1 3 4 1 2 

 PRR-11_Unknown 1 0 0 0 0 0 2 0 0 1 

 Pseudanabaenaceae 0 0 0 0 0 0 0 0 0 0 

 Pseudomonadaceae 0 0 0 0 0 0 0 0 0 0 

 Pseudonocardiaceae 0 0 0 0 0 0 0 0 1 0 

 R4-41B 0 0 0 0 1 0 1 0 0 1 

 RB40 2 1 0 1 0 1 0 0 3 1 

 Rhabdochlamydiaceae 1 33 12 30 6 9 8 12 12 38 

 Rhizobiaceae 0 0 1 1 0 2 0 0 4 2 

 Rhizobiales_Unknown 43 12 34 21 31 43 24 40 18 51 

 Rhodobacteraceae 26 28 14 24 26 23 17 13 14 7 

 Rhodocyclaceae 8 10 12 18 5 4 12 38 5 39 

 Rhodospirillaceae 10 17 21 24 25 14 22 23 20 29 

 Rhodospirillales_Unknown 4 6 3 3 4 1 2 4 4 4 

 Rhodothermaceae 0 0 0 0 0 0 0 0 0 0 

 Rickettsiaceae 0 8 1 0 0 4 0 1 4 5 

 Rickettsiales_Unknown 1 1 2 1 1 0 1 2 1 5 

 [Roseiflexales]_Unknown 0 0 0 0 0 0 0 1 1 1 
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 Rubrobacteraceae 0 0 0 0 0 1 1 0 0 1 

 S1198_Unknown 0 0 0 1 0 1 0 0 1 1 

 Saprospiraceae 33 39 19 39 35 9 26 12 14 14 

 [Saprospirales]_Unknown 0 0 0 0 1 0 0 0 1 0 

 S-BQ2-57_Unknown 0 0 0 0 0 0 1 0 0 0 

 SBRH58_Unknown 1 2 0 47 3 3 13 16 66 116 

 SC-I-84_Unknown 0 0 0 0 0 0 1 0 0 0 

 Sinobacteraceae 23 25 15 25 24 27 32 21 29 23 

 SJA-28_Unknown 1 0 1 0 1 1 4 4 0 0 

 SJA-4_Unknown 0 0 0 1 1 2 1 4 0 6 

 SM2F11_Unknown 0 0 0 0 0 0 1 0 0 1 

 Solibacteraceae 0 0 0 0 0 0 0 0 0 0 

 Solibacterales_Unknown 5 3 2 0 2 5 9 6 3 2 

 Solirubrobacterales_Unknown 0 0 0 0 0 0 0 0 0 0 

 Sphingobacteriaceae 0 0 0 0 0 0 0 0 0 0 

 Sphingobacteriales_Unknown 39 44 9 7 24 9 34 16 5 10 

 Sphingomonadaceae 86 64 76 68 55 135 34 36 35 31 

 Sphingomonadales_Unknown 45 27 63 49 40 57 7 13 24 6 

 Syntrophobacteraceae 3 2 9 3 2 8 1 1 2 4 

 Thermaceae 0 0 0 0 0 0 1 0 0 1 

 Thermoactinomycetaceae 0 0 0 0 0 0 0 0 0 0 

 [Thermodesulfovibrionaceae] 0 0 0 0 0 0 0 0 0 0 

 Thiobacterales_Unknown 6 5 4 5 3 8 6 6 9 10 
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 [Tissierellaceae] 0 0 0 0 0 0 0 0 0 0 

 TK10_Unknown 0 0 0 0 0 1 0 0 0 1 

 TK17_Unknown 0 0 0 0 1 0 0 0 0 0 

 Ucn15732_Unknown 0 0 0 0 1 0 0 0 0 0 

 VC2_1_Bac22_Unknown 1 4 0 6 4 11 21 21 11 2 

 Verrucomicrobiaceae 0 0 0 0 0 1 1 0 0 0 

 Vibrionaceae 0 0 0 0 0 0 0 0 0 0 

 WD2101_Unknown 3 1 0 0 1 1 2 0 0 1 

 [Weeksellaceae] 0 0 0 0 0 0 0 0 0 0 

 WPS-2_Unknown 0 0 0 1 0 0 0 0 0 0 

 Xanthomonadaceae 33 19 23 25 19 9 27 19 32 6 

 YS2_Unknown 5 1 1 2 0 0 0 0 0 1 

 ZB2_Unknown 0 0 2 2 1 0 1 0 0 1 
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Table S3 All families rarefied read counts for Nf+ and Nf- IAB and biofilm samples from SK and BP sites 

Taxon SK2.1_IAB SK3-6_IAB SK2 SK3 SK4 SK5 SK6 BP1_IAB BP1 

 0319-6G20 0 0 0 0 1 0 1 0 0 

 A4b 0 0 0 1 0 0 0 0 0 

 Acetobacteraceae 0 1 8 6 14 18 12 0 0 

 Acidimicrobiales_Unknown 0 0 1 1 6 4 6 0 0 

 Acidithiobacillales_Unknown 0 0 1 0 1 2 3 0 0 

 agg27_Unknown 0 0 1 3 0 3 1 0 0 

 AKYG885_Unknown 0 0 0 0 0 0 0 0 0 

 Alcaligenaceae 0 0 6 15 9 10 8 0 0 

 Alicyclobacillaceae 64 45 0 0 0 0 0 0 0 

 Alphaproteobacteria_Unknown 0 0 103 83 20 14 39 0 0 

 [Amoebophilaceae] 0 0 0 1 0 0 0 0 0 

 B07_WMSP1_Unknown 0 0 0 0 0 0 0 0 0 

 B97_Unknown 0 0 0 0 0 0 0 0 0 

 Bacillaceae 0 0 0 0 0 0 0 0 0 

 Bacteriovoracaceae 0 0 1 0 0 0 2 0 0 

 BD7-11_Unknown 0 0 1 0 0 1 0 0 0 

 BD7-3_Unknown 0 0 0 0 0 1 1 0 0 

 Bdellovibrionaceae 0 0 7 8 6 13 7 0 0 

 Betaproteobacteria_Unknown 20 1 40 11 12 14 34 0 0 

 BME43_Unknown 0 0 0 0 0 0 0 0 0 

 Bradyrhizobiaceae 0 5 11 30 5 1 9 0 0 
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 Brevibacteriaceae 19 0 0 0 0 0 0 0 0 

 [Bryobacteraceae] 0 0 1 0 1 0 0 0 0 

 Burkholderiales_Unknown 0 0 0 0 0 0 0 0 0 

 C111 0 0 1 1 0 1 1 0 0 

 Caldilineaceae 0 0 1 0 0 0 0 0 0 

 Caulobacteraceae 0 0 0 1 6 2 0 0 0 

 CCM11a_Unknown 0 0 1 0 0 0 0 0 0 

 Chitinophagaceae 6 10 51 46 62 40 37 36 21 

 Chlamydiales_Unknown 0 0 3 1 0 1 1 0 0 

 Chlamydiia_Unknown 0 0 13 15 11 18 22 0 0 

 [Chloracidobacteraceae] 0 0 1 0 0 0 0 0 0 

 [Chloracidobacteria]_Unknown 0 0 0 0 0 0 0 0 0 

 [Chromatiaceae] 0 0 0 0 0 0 0 0 0 

 Chromatiales_Unknown 0 0 7 8 1 6 3 0 0 

 [Chthoniobacteraceae] 0 0 3 1 0 0 2 0 0 

 Chthonomonadaceae 0 0 0 0 0 0 0 0 0 

 CL500-15_Unknown 0 0 3 0 0 0 2 0 0 

 Comamonadaceae 708 783 232 110 180 134 136 605 258 

 Coriobacteriaceae 0 0 0 0 0 0 0 0 0 

 Corynebacteriaceae 0 4 0 0 0 0 0 0 5 

 Coxiellaceae 0 0 4 9 2 3 6 0 0 

 Cryomorphaceae 0 0 3 0 15 17 3 0 0 

 Cyclobacteriaceae 0 0 0 0 0 0 0 5 0 
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 Cytophagaceae 0 0 38 19 31 33 14 0 0 

 Deltaproteobacteria_Unknown 0 0 3 0 0 1 0 0 0 

 Dermabacteraceae 11 0 0 0 0 0 0 0 0 

 DH61_Unknown 0 0 33 1 6 7 7 0 0 

 Dietziaceae 1 0 0 0 0 0 0 0 0 

 Dolo_23 0 0 0 1 1 0 1 0 0 

 EB1017 0 0 1 0 1 1 2 0 0 

 Ellin329_Unknown 0 0 0 0 0 0 0 0 0 

 Ellin515 0 0 0 0 0 0 0 0 0 

 Ellin6067_Unknown 0 0 3 3 1 4 2 0 0 

 Ellin6075 0 0 5 5 1 1 3 0 0 

 Ellin6529_Unknown 0 0 0 0 0 0 3 0 0 

 Elusimicrobiales_Unknown 0 0 0 0 0 0 0 0 0 

 Erythrobacteraceae 0 0 0 0 0 0 0 145 298 

 FAC87_Unknown 0 0 5 2 1 4 5 0 0 

 FCPU426_Unknown 0 0 0 0 6 0 1 0 0 

 [Fimbriimonadaceae] 0 0 0 1 0 0 0 0 0 

 [Fimbriimonadales]_Unknown 0 0 0 0 0 0 0 0 0 

 Flavobacteriaceae 0 0 1 1 0 1 0 0 0 

 Gaiellaceae 0 0 0 0 0 0 0 0 0 

 Gaiellales_Unknown 0 0 2 1 0 0 1 0 0 

 
Gammaproteobacteria_Unknown 

0 0 0 2 0 0 0 0 0 

 Gemellaceae 0 0 0 0 0 0 0 0 0 
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 Gemm-1_Unknown 0 0 1 0 0 0 0 0 0 

 Gemm-2_Unknown 0 0 0 0 0 0 0 0 0 

 Gemmataceae 4 0 1 4 1 6 9 0 0 

 Gemmatimonadaceae 0 0 0 0 0 0 0 0 0 

 Gemmatimonadales_Unknown 0 0 0 1 0 0 0 0 0 

 Gemmatimonadetes_Unknown 0 0 3 2 1 0 1 0 0 

 H39_Unknown 0 0 0 0 0 0 0 0 0 

 Haliangiaceae 0 0 0 0 0 0 0 0 0 

 Holophagaceae 0 0 0 0 0 0 0 0 0 

 HTCC2089 0 0 6 39 14 46 16 0 0 

 Hydrogenophilaceae 0 0 0 0 0 0 0 0 129 

 Hyphomicrobiaceae 14 5 6 8 5 5 12 0 1 

 Hyphomonadaceae 0 0 26 23 8 5 10 0 0 

 Iamiaceae 0 0 0 0 0 0 1 0 0 

 IIb_Unknown 0 0 0 1 0 1 0 0 0 

 iii1-15_Unknown 0 0 0 0 0 0 0 0 0 

 Isosphaeraceae 0 0 1 0 0 1 1 0 0 

 JTB38 0 0 4 3 4 7 1 0 0 

 KD8-87_Unknown 0 0 0 0 0 0 0 0 0 

 Kiloniellales_Unknown 0 0 0 2 0 0 0 0 0 

 Kineosporiaceae 0 0 0 0 0 0 0 0 0 

 kpj58rc 0 0 0 1 0 0 0 0 0 

 Lactobacillales_Unknown 0 0 0 0 0 0 0 0 0 
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 Legionellaceae 0 0 0 2 0 0 1 0 0 

 Legionellales_Unknown 0 0 0 2 0 0 1 0 0 

 Leptospiraceae 0 0 0 0 0 0 0 0 0 

 mb2424 0 0 0 0 0 0 0 0 0 

 [Melioribacteraceae] 0 0 0 0 0 0 0 0 5 

 Methylobacteriaceae 86 39 0 0 0 0 0 0 1 

 Methylocystaceae 0 0 1 0 0 0 1 0 0 

 Microbacteriaceae 0 33 0 0 0 0 0 0 0 

 Micrococcaceae 40 4 0 0 0 0 0 0 0 

 Microthrixaceae 0 0 1 0 0 0 0 0 0 

 MIZ46_Unknown 0 0 0 0 0 1 0 0 0 

 ML635J-21_Unknown 0 0 1 0 0 0 0 0 0 

 MLE1-12_Unknown 0 0 0 1 0 0 0 0 0 

 mle1-48_Unknown 0 0 0 0 0 0 0 0 0 

 mle1-8_Unknown 0 0 0 0 0 0 0 0 0 

 MND1_Unknown 0 0 3 0 0 0 1 0 0 

 MND4 0 0 0 2 0 1 0 0 0 

 Moraxellaceae 27 18 5 1 0 1 1 17 0 

 MVP-88_Unknown 0 0 1 0 0 0 0 0 0 

 Mycobacteriaceae 0 0 0 1 0 1 3 0 0 

 Myxococcales_Unknown 4 0 20 7 7 11 3 0 5 

 Nannocystaceae 0 0 4 3 1 2 2 0 0 

 NB1-j_Unknown 0 0 0 1 0 2 1 0 0 
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 Neisseriaceae 1 0 0 0 0 0 0 0 0 

 Nitrospiraceae 0 0 1 2 3 0 0 0 0 

 NKB19_Unknown 0 0 0 0 0 0 0 0 0 

 Nocardioidaceae 0 0 0 0 0 0 0 0 0 

 Oceanospirillaceae 0 0 0 0 0 0 0 0 0 

 OM27 0 0 2 0 0 0 0 0 0 

 OPB56_Unknown 0 0 2 1 0 4 5 0 0 

 Opitutaceae 0 0 0 0 0 1 0 0 0 

 Oxalobacteraceae 2 0 0 0 0 0 0 0 0 

 Paenibacillaceae 0 0 0 0 0 0 0 0 0 

 Parachlamydiaceae 0 0 0 1 0 0 0 0 0 

 Pasteurellaceae 0 0 0 0 0 0 0 0 0 

 PBS-25_Unknown 0 0 0 0 0 0 0 0 0 

 [Pedosphaerales]_Unknown 0 0 5 3 4 6 2 0 0 

 PHOS-HD29_Unknown 0 0 0 0 0 0 0 0 0 

 PHOS-HE93_Unknown 0 0 2 0 0 0 0 0 0 

 Phycisphaerales_Unknown 0 0 3 2 0 1 0 0 0 

 Phyllobacteriaceae 3 0 0 2 2 5 6 0 0 

 Pirellulaceae 0 0 9 11 5 9 9 0 0 

 Piscirickettsiaceae 0 0 0 2 2 0 2 0 0 

 PK29_Unknown 0 0 1 2 0 0 0 0 0 

 Planctomycetaceae 0 0 0 2 0 0 0 0 0 

 Planctomycetes_Unknown 0 0 0 0 0 0 0 0 0 
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 Polyangiaceae 0 0 5 1 1 3 0 0 0 

 Porphyromonadaceae 0 4 0 0 0 0 0 0 0 

 Procabacteriaceae 0 0 0 0 0 0 0 0 0 

 Promicromonosporaceae 0 0 0 0 0 0 0 0 0 

 Proteobacteria_Unknown 0 0 1 0 0 0 0 0 0 

 PRR-10 0 0 0 0 0 0 0 0 0 

 PRR-11_Unknown 0 0 0 1 1 0 0 0 0 

 Pseudanabaenaceae 1 0 2 15 13 0 4 0 0 

 Pseudomonadaceae 0 0 0 1 1 3 0 0 0 

 Pseudonocardiaceae 0 0 0 0 0 0 0 0 0 

 R4-41B 0 0 0 0 0 0 0 0 0 

 RB40 0 0 0 1 0 0 0 0 0 

 Rhabdochlamydiaceae 0 0 8 0 0 0 1 0 0 

 Rhizobiaceae 0 0 0 2 4 0 0 0 0 

 Rhizobiales_Unknown 0 0 35 45 37 18 55 256 0 

 Rhodobacteraceae 0 1 12 49 15 13 21 0 0 

 Rhodocyclaceae 13 1 9 1 23 1 36 0 332 

 Rhodospirillaceae 5 1 23 21 27 19 24 0 0 

 Rhodospirillales_Unknown 0 8 29 16 15 5 13 0 0 

 Rhodothermaceae 0 0 1 0 0 0 0 0 0 

 Rickettsiaceae 0 0 1 0 0 0 0 0 0 

 Rickettsiales_Unknown 0 0 0 4 0 0 3 0 0 

 [Roseiflexales]_Unknown 0 0 0 0 0 0 0 0 0 
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 Rubrobacteraceae 0 0 0 0 0 0 0 0 0 

 S1198_Unknown 0 0 0 0 0 0 0 0 0 

 Saprospiraceae 0 0 41 15 8 21 12 0 0 

 [Saprospirales]_Unknown 0 0 0 0 0 0 0 0 0 

 S-BQ2-57_Unknown 0 0 0 0 0 0 0 0 0 

 SBRH58_Unknown 0 0 0 0 0 0 0 0 0 

 SC-I-84_Unknown 0 0 0 0 0 0 0 0 0 

 Sinobacteraceae 0 0 18 45 12 10 20 0 0 

 SJA-28_Unknown 0 0 0 3 0 0 0 0 0 

 SJA-4_Unknown 0 0 0 0 0 1 0 0 0 

 SM2F11_Unknown 0 0 0 0 0 0 1 0 0 

 Solibacteraceae 0 0 1 2 0 1 0 0 0 

 Solibacterales_Unknown 0 0 1 2 1 0 0 0 0 

 Solirubrobacterales_Unknown 0 0 0 0 1 0 0 0 0 

 Sphingobacteriaceae 2 0 1 0 0 0 0 0 0 

 Sphingobacteriales_Unknown 0 0 14 17 22 15 9 0 0 

 Sphingomonadaceae 4 2 3 8 5 5 1 0 0 

 Sphingomonadales_Unknown 0 0 51 106 8 10 13 0 0 

 Syntrophobacteraceae 0 0 11 15 23 18 19 0 0 

 Thermaceae 0 39 0 0 0 0 0 0 0 

 Thermoactinomycetaceae 0 0 0 0 0 0 0 0 0 

 [Thermodesulfovibrionaceae] 0 0 0 0 0 0 0 0 1 

 Thiobacterales_Unknown 0 0 7 4 11 15 13 0 7 
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 [Tissierellaceae] 0 0 0 0 0 0 0 0 0 

 TK10_Unknown 0 0 0 1 0 0 0 0 0 

 TK17_Unknown 0 0 0 0 0 0 0 0 0 

 Ucn15732_Unknown 0 0 0 0 0 0 0 0 0 

 VC2_1_Bac22_Unknown 0 0 0 0 0 0 0 0 0 

 Verrucomicrobiaceae 0 0 1 0 0 0 0 0 0 

 Vibrionaceae 0 0 0 0 0 0 0 0 0 

 WD2101_Unknown 0 0 0 2 0 1 0 0 0 

 [Weeksellaceae] 1 0 0 0 0 0 0 0 0 

 WPS-2_Unknown 0 0 0 0 0 0 0 0 0 

 Xanthomonadaceae 28 60 85 168 379 434 355 0 1 

 YS2_Unknown 0 0 0 0 0 0 0 0 0 

 ZB2_Unknown 0 0 0 0 0 0 0 0 0 
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