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ABSTRACT 

 

Providing safe drinking water is critical to prevent waterborne diseases for consumers. Free-living 

amoebae (FLA) and amoeba resistant bacteria (ARB) are of increasing concern for water utilities as 

they can cause diseases in humans. To protect consumers, disinfectants are used to prevent 

colonisation by microbes however, FLA possess mechanisms that can protect them from 

disinfection. These microorganisms have been detected in recreational waters and drinking water 

distribution systems (DWDSs) worldwide. Previous research on FLA and ARB has focused on 

susceptibility to disinfectants, optimal growth temperature and their distribution in pipelines 

however these factors alone are not able to predict FLA and ARB colonisation within DWDSs. This 

thesis used a series of experimental, longitudinal, and correlational studies to identify and assess 

factors that affect the distribution of pathogenic FLA and ARB in DWDSs.   

Current detection methods for FLA are time consuming and often include separate methods for 

viability. Chapter 3 tested metabolomics as a novel method for FLA detection, primarily for 

detection of Naegleria fowleri. This new method was rapid and could distinguish between viable 

and non-viable cells. Specific metabolomic profiles could be used as an early detection system 

warning operators of possible FLA presence within DWDSs. 

Disinfection is used as a first line of defence against FLA and ARB colonisation in DWDSs. 

Chapters 4 and 5 assessed the presence and abundance of FLA and associated bacteria in 

chlorinated drinking water biofilms in the UK and drinking water storage tanks in Australia. FLA 

were detected using viability (culture) and molecular methods (quantitative PCR (qPCR)). 

Amplicon sequencing of the 16S rRNA gene was used to identify the surrounding microbial 

community composition. Both studies detected viable pathogenic Acanthamoeba spp. and 

Vermamoeba sp. as well as ARB such nontuberculous mycobacteria and Pseudomonas despite the 

presence of recommended chlorine levels. These findings suggest that more work needs to be done 

to prevent FLA colonisation, as eliminating colonisation, particularly that associated with biofilms, 

is difficult and current methods have been shown to be ineffective.  

To prevent colonisation, water utilities could identify sites susceptible to FLA colonisation and pre-

emptively treat and monitor them. Chapter 6 identified that individual bacterial members of the 

surrounding microbial ecology, in this case Meiothermus spp., could serve as an ecosurveillance 

marker to identify sites susceptible to N. fowleri colonisation. Molecular methods such as qPCR and 

16S rRNA amplicon sequencing demonstrated that Meiothermus shares an environmental niche 
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with N. fowleri and was present at sites prior to and during N. fowleri colonisation. Interestingly, 

one site was shown to be susceptible to N. fowleri colonisation, however instead of N. fowleri, other 

FLA were detected. Chapter 7 explored this scenario by assessing interactions between N. fowleri 

and the other FLA. Experiments identified that negative amoeba-amoebae interactions were likely 

the reason why N. fowleri did not colonise the field site despite having the necessary conditions for 

survival. Growth competition experiments revealed that Acanthamoeba jacobsi, outcompeted N. 

fowleri when cultured on both M. chliarophilus (field isolated) and E. coli (laboratory grown) food 

sources. However, V. vermiformis only outcompeted N. fowleri when cultured using the E. coli food 

source. These findings show that interactions between amoebae are also dependant on the food 

source available and that non-pathogenic FLA could potentially be used for biological control 

against their pathogenic counterparts.  

The final chapter explores the resilience of DWDS microbial communities to operational changes 

brought about by climate change. To combat the shortage of streamflow supplying DWDSs, new 

and diversified water sources are fed into DWDSs. Amplicon sequencing of the 16S and 18S rRNA 

genes and qPCR were used to assess the impact of changing water sources on microbial 

communities within a DWDS. The change in source water supplying the DWDS was associated 

with significant increases in the detections of FLA and ARB however more works needs to be done 

to understand why this increase occurred and whether it is a long-term effect or a shift due to 

seasonal condition changes.  

This thesis broadened the understanding of the dynamic between the presence and prevalence of 

FLA and ARB and the surrounding DWDS physical, chemical, and biological characteristics. The 

findings presented in this thesis will assist water utilities in their detection and management of these 

pathogens within DWDSs to ensure the continued safety of consumers.   
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Chapter 1: Literature review 

Water is an essential component of life on Earth and thus the ability to provide safe drinking water 

has become a defining aspect of a modern developed country (Ashbolt, 2004). Societies’ heavy 

reliance on water bares the potential for waterborne disease transmission. The widespread 

implications of water hygiene, through disinfection and filtration, has been defined as one of 

Humanity’s most successful public health interventions (Ashbolt, 2004; CDC, 1999) and since its 

introduction in the United States of America (USA) in the 20th century, it has been the leading 

cause of the rapid decline in the spread of infectious diseases (CDC, 1999). The historically 

dominant causes of waterborne disease such as cholera and typhoid fever are now considered rare in 

developed countries (Collier et al., 2012). However, recent studies have shown that opportunistic 

waterborne pathogen infections are on the rise and now cause a higher health burden than enteric 

pathogens (Ashbolt, 2004; Collier et al., 2012). Increased demand for municipal water for 

recreational, industrial, agricultural and medical purposes has resulted in rising consumer exposure 

resulting in higher risk and incidences of disease (Collier et al., 2012).   

1.1 Effects of climate change on water services 

Globally, climate change has the potential to jeopardize decades of progress in global human health 

with a projected 250 000 additional deaths per year between 2030 and 2050 (Calliari et al., 2020). 

The primary trigger being human activity, over the past 50 years significant quantities of 

greenhouse gases have been released, trapping additional heat in the lower atmosphere leading to 

changes in the global climate (Calliari et al., 2020). Global temperatures have increased by 

approximately 0.85 °C, sea levels are rising, glaciers are melting, and the frequency and intensity of 

extreme weather events are growing (Calliari et al., 2020). The impacts of climate change are 

already clearly visible in Australia with annual natural disasters occurring and future impacts to all 

sectors of Australia’s economies are predicted (Cleugh et al., 2006). Australia’s climate has warmed 

on average by 1.44 ± 0.24 °C since national records began in 1910 (CSIRO & Bureau of 

Meterology, 2020). Climate change has further exacerbated the demand for water. The South West 

and Great Southern regions of Western Australia (WA) have frequently experienced rainfall 

shortages, resulting in lower water flow into dams which are critical to support local residents (WA 

Water Corporation, 2021). Previously, Perth and regional WA relied on streamflow (average 420 

billion litres into Perth’s dams pre 1975) as their primary water source however, the declining 

streamflow (average 72.5 billion litres into Perth’s dams between 2010-2018) has resulted in the 

local water utility (Water Corporation of Western Australia) developing a plan to diversify water 

sources and integrate a number of water supply schemes to combat the shortage (Australia, 2021). 
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The diversified sources include desalinated seawater, groundwater, groundwater replenishment (i.e. 

treated wastewater) and streamflow into dams, which can then supply Perth, the Goldfields and 

Agricultural Region and some parts of the South West (Australia, 2021). Each of the new 

catchments and sources possess different physical, chemical, and biological characteristics. The 

integration of these new sources results in the amalgamation of their water characteristics which can 

lead to changes in the water quality parameters, such as temperature, pH and organic carbon, and as 

a result impact microbial communities inhabiting drinking water distribution systems (DWDSs). 

These impacts may include the reduced abundance of some organisms, population growth in others, 

modify the interactions among organisms, and alter the interactions between organisms and their 

physical and chemical environments. 

Climatic conditions strongly affect water-borne infectious diseases making it important to 

understand how climate change is affecting pathogens of concern (Calliari et al., 2020; Shuman, 

2010). There are some widely cited examples, such as the cholera epidemic in Kenya in the wake of 

a severe drought, which suggest that climate change has already resulted in the introduction of 

certain infectious diseases into previously unaffected geographic areas (Shuman, 2010).  

1.2 Free-living amoebae  

Free-living amoeba (FLA) are known to cause waterborne diseases in humans and due to their 

ubiquitous nature, natural human exposure is inevitable (Hoffmann & Michel, 2001). Thermophilic 

amoeba such as Acanthamoeba spp., Naegleria spp., Balamuthia spp. and Vermamoeba spp. are 

facultative human pathogens causing diseases that are often fatal if not accurately diagnosed and 

treated (Schuster & Visvesvara, 2004).   

Acanthamoeba spp. and Balamuthia spp. are the causative agents of granulomatous amoebic 

encephalitis which was named to reflect the granulomatous response produced by the host to the 

presence of the amoebae. Amoebae enter through compromised skin or via inhalation of cysts and 

then spread haematogenously to the central nervous system (CNS). Localised nasopharyngeal and 

cutaneous infections may also manifest prior to the dissemination into the CNS (Lau et al., 2019). 

Antemortem diagnosis is difficult due to the rarity of the disease, limited availability of diagnostic 

studies as well as non-specific clinical and radiologic presentations (Lau et al., 2019). The most 

common method involves identification of amoebae in tissue sections through microscopy and 

molecular assays (Visvesvara et al., 1993). Space-occupying lesions in the brain are identified using 

magnetic resonance imaging and biopsied (Visvesvara et al., 1993). No targeted treatment has been 

identified however several drugs have been trialled with varying degrees of success (Schuster & 

Visvesvara, 2004). Recovery is dependent on early diagnosis, virulence of the infecting strain, 
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infectious dose, and prompt initiation of treatment (Schuster & Visvesvara, 2004). Due to the 

difficulty of the antemortem diagnosis, the prognosis is poor and typically fatal (Schuster & 

Visvesvara, 2004).  

Acanthamoeba spp. are more commonly known for causing amoebic keratitis, a chronic, 

debilitating infection of the cornea where amoebae feed on keratocytes (Inoue et al., 1998). 

Vermamoeba sp. has also been documented to cause amoebic keratitis, although far less commonly 

(Inoue et al., 1998; Kennedy et al., 1995). The amoebae are introduced during corneal trauma or, 

more commonly, improper care of contact lenses when preparing homemade saline solutions using 

contaminated tap or distilled water (Schuster & Visvesvara, 2004). Amoebic keratitis presents as 

corneal ulceration with ring-shaped infiltrate, photophobia, and pain. Diagnosis occurs via 

identification of cysts in stained corneal scrapings. Once established in the corneal stroma, amoeba 

become difficult to eradicate as encysted amoeba may reactivate following antimicrobial treatment 

(Schuster & Visvesvara, 2004). This means that patients must undergo a corneal transplant to repair 

the damage to the eye or to reduce the parasite load. In the worst-case scenario, enucleation of the 

eye may be necessary (Schuster & Visvesvara, 2004). Cases of amoebic keratitis in Australia have 

increased from 2.6 cases per year before 2007 to 3.6 cases per year after 2007 (Höllhumer et al., 

2020) and are most commonly linked to improper use of homemade contact lens saline solutions by 

use of contaminated tap water.  

However, the FLA of highest concern is Naegleria (N.) fowleri. N. fowleri, commonly referred to as 

the ‘brain-eating amoeba’, is the causative agent of the fatal CNS disease Primary amoebic 

meningoencephalitis (PAM). PAM occurs when N. fowleri enters through the nostrils, travels along 

the olfactory nerves and across the cribriform plate to the brain (P. Ma et al., 1990). N. fowleri 

provokes an inflammatory response with symptoms typical of bacterial meningitis including 

headache, fever, nausea and vomiting, stiff neck, and photophobia (P. Ma et al., 1990). As the 

disease rapidly progresses, more severe symptoms present themselves including meningeal 

irritation, encephalitis, seizures and coma, leading to eventual death (P. Ma et al., 1990). PAM is a 

fulminating infection with the onset of symptoms 1-2 days after exposure and death 7-10 days 

following infection. Early diagnosis is essential though recovery from infection is rare and most 

cases are fatal with a mortality rate >98%.  Diagnosis can also involve hematoxylin-eosin (H&E) or 

immunofluorescent staining of brain tissue sections or cerebral spinal fluid wet mounts, which is 

usually done post-mortem.  

The Centre of Disease Control reported 148 cases of PAM in the USA between 1962 and 2019, 

from which only 4 survived (CDC, 1999). PAM appears to disproportionately affect males and 
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children which is likely a reflection on the increased likelihood of participating in certain water 

activities, such as diving and water sports, which pose an increased risk to N. fowleri exposure. The 

three most recent cases in the USA involved the death of two young children and a male in his late 

50’s. These cases were linked to a natural water system, a water park, as well as a local splash 

fountain. The USA has also experienced an increase in the geographic range of N. fowleri exposure 

locations with rises in cases in the Midwest region and increases in the maximum and median 

latitudes of PAM case exposures likely due to climate change (Figure 1) (Gharpure, Gleason, et al., 

2021). Australia recently had two fatal cases in rural Queensland in 2015 which were linked to 

untreated and unfiltered bore water (Nicholls et al., 2016). Diseases caused by FLA have previously 

been linked to fresh and recreational water however, there appears to be an increase in DWDS 

related cases. Pakistan had 13 fatal DWDS linked cases in 2019 alone and Australia has had 7 tap 

water related cases in Queensland since 1971, with the most recent being in October 2016. 

Although WA has not had a PAM base since 1985, viable FLA are still detected from rural DWDS 

(Morgan et al., 2016; Puzon et al., 2009; Trolio et al., 2008).  

1.3 Amoebae resistant bacteria  

In 1980, Rowbotham discovered that the pathogenic bacterial species Legionella (L.) pneumophila 

was able to proliferate in numerous amoebal hosts (Rowbotham, 1980). This ignited a major interest 

in the interactions and relationships between FLA and pathogenic bacteria. Since then, a group of 

bacteria, known as amoebae resistant bacteria (ARB) have been shown to resist death by 

phagocytosis and benefit from interactions with FLA due to their ability to escape predation, resist 

intracellular digestion and grow within the protozoan vegetative form (Figure 2) (Vincent Thomas 

et al., 2010). A 40-year-old endosymbiotic relationship was described where bacteria initially 

infected amoeba as intracellular parasites and were then transferred from one isolate to another, this 

established an endosymbiotic relationship which ultimately became necessary for amoebal survival 

(Jeon & Jeon, 1976). Park et al. (2004) later demonstrated that this bacterium belonged to the 

Legionella order and was able to switch the expression of host genes (Park et al., 2004). It has been 

observed that the genes that increase biocidal resistance in L. pneumophila are the same genes 

necessary for intracellular infection and virulence (Robey et al., 2001). FLA constitute a preferential 

place for intra and interspecies genetic exchange acting as true reservoirs and cross-kingdom 

vehicles of genetic information. This genetic exchange also includes bacterial virulence and 

resistance factors (Ogata et al., 2006).  

FLA offer an environment in which the intracellularly harboured organisms are protected from the 

physical (predation from other protozoa) and chemical (reducing efficacy of chemical disinfectants) 

conditions that would normally prevent their survival (Hoffmann & Michel, 2001; Vincent Thomas 
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et al., 2010). In order to maintain intracellular survival, ARB use a variety of mechanisms to survive 

oxidative stress within the phagocytic cells and these same mechanisms can also enhance resistance 

to disinfection treatments (Vincent Thomas et al., 2010). The amoeba itself acts as a physical barrier 

to the action of the biocide and this, together with the resistant bacterial phenotype triggered by 

intracellular growth, may explain why ARB display a higher resistance to biocides than their 

planktonic counterparts (Vincent Thomas et al., 2010). For example the known pathogen 

Burkholderia pseudomallei, has been reported to be more resistant to monochloramine and ultra 

violet (UV) disinfection in its ARB form while associated with  Acanthamoeba spp. (Howard & 

Inglis, 2005). In some cases i.e. a DWDS with disinfection might select for FLA and their 

associated intracellular ARB providing favourable conditions for survival of these microorganisms 

in water systems (Vincent Thomas et al., 2010). In addition, there is mounting evidence suggesting 

that FLA increase both the number and virulence of ARB through the presence and expression of 

different eukaryotic-like proteins allowing for increased rates of infectivity, intracellular replication, 

and increased virulence (Cirillo et al., 1994; Cirillo et al., 1997; Nora et al., 2009). For example, 

Mycobacterium (M.) avium and L. pneumophila infected FLA have been shown to be more 

pathogenic in murine models than the equivalent number of bacteria or coinoculum of bacteria and 

uninfected amoeba (Brieland et al., 1997; Cirillo et al., 1997). 

Thomas  et al. (2010) reported that 102 of the 539 (18.9%) identified pathogenic bacteria in the 

Environmental Protection Agency’s list of microorganisms that are known to cause disease in 

humans (CCL 3 Universe’ list, available at 

http://www.epa.gov/safewater/ccl/pdfs/report_ccl3_microbes_universe.pdf) have been described to 

survive and/or flourish when in contact with FLA. This is likely an underestimate as interactions are 

often host specific and various bacteria in the list have not been tested for their interactions with 

protozoa. This suggests that the protozoa provide an ecological niche that can respond to the needs 

of various and very different bacterial species. This has been further demonstrated by several 

reports that have identified a single amoeba that have been infected with two different bacterial 

species (Heinz et al., 2007; Michel et al., 2006). Non-tuberculous mycobacteria (NTM) and 

Legionella spp. are both ARBs that are able to resist phagocytosis (Delafont et al., 2014; Marciano-

Cabral et al., 2010). Marciano-Cabral et al. (2010) observed cyst and trophozoite amoebae with 

both extracellular and intracellular L. pneumophila and M. avium. The intracellular bacteria found 

in these vesicles have been observed to stay viable for up to 6 months (Bouyer et al., 2007). 

Following protection from outside hazards, the intracellular pathogens can then be released back 

into water systems by processes such as vacuole and vesicle expulsion preceding FLA encystment 

(Schuster, 1979), leading to the proliferation of ARB is new areas of DWDS. This suggests that the 
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ARB can use the FLA as a medium for transport (Garcia et al 2007). Further demonstrated by 

Delafont et al. (2014) who witnessed that NTM were detected in association with the amoebal 

migration front on agar. As NTM are non-motile, this suggested they utilized amoeba for movement 

(J. F. De Jonckheere, 2011). 

Understanding the interactions between FLA and pathogenic ARB is integral to ensure safety of 

water systems and to maintain public health. However, it seems that human intervention may also 

be part of the problem as Berk et al. (2006) found that artificial conditions may favour the 

association of bacteria and amoeba with increased frequency of infected FLA found in cooling 

towers (55%) versus natural environments (7.5%) (Berk et al., 2006). Conversely, it has been 

suggested that due to the similarities between the mechanisms that allow microorganisms to escape 

phagocytosis and/or digestion by FLA and macrophages, FLA have been proposed as a tool to 

recover potentially new pathogenic species from various environments (Greub & Raoult, 2004). 

Amoebal coculture could be a valuable method to isolate fastidious species from complex 

environments/clinical samples (Greub & Raoult, 2004).  

1.4 Distribution of free-living amoebae  

FLA are distributed worldwide and are found on all continents, including Antarctica (Brown et al., 

1982; Maciver et al., 2020; Rodriguezzaragoza, 1994). The wide distribution of FLA in nature 

brings humans into contact with these amoebae in soil or water, as evidenced by the presence of 

antibodies in human and animal populations (Franke & Mackiewicz, 1982; Schuster & Visvesvara, 

2004). Pathogenic FLA have been isolated from almost every type of natural freshwater system 

including groundwater, aquifers, wells, lakes, rivers, ponds, hot springs, as well as in soil, sand, 

dust particles and brackish water and sea sediments (Blair et al., 2008; Bright & Gerba, 2017; 

Daggett et al., 1982; Griffin, 1983; Kyle & Noblet, 1986, 1987; Laseke et al., 2010; Mergeryan, 

1991; Rivera et al., 1987; Sawyer et al., 1977; Sheehan et al., 2003; Trabelsi et al., 2012; Wellings 

et al., 1977; Zsuzsanna et al., 1995). The widespread distribution of FLA is, in part, due to their 

ability to resist changes in the environment. They have been shown to resist changes in temperature 

allowing them to survive in both the Antarctic as well as in mammalian body fluids (Brown et al., 

1982; Trabelsi et al., 2012). Some members, such as N. fowleri, are more sensitive to extreme 

environmental conditions whereas, Acanthamoeba spp., are able to tolerate a wide range of 

osmolarity, salinity and pH conditions (Schuster & Visvesvara, 2004). 

Thermophilic FLA, including pathogenic Acanthamoeba spp., and Naegleria spp. are especially 

common in the warmer equatorial regions (Johan F De Jonckheere, 2011; Maciver et al., 2020) and 

although infections might occur more frequently in tropical regions, most known cases are reported 
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from temperate regions (Figure 3) (Maciver et al., 2020). This is likely due to underreporting of 

cases in the tropical regions as a result of a higher burden of other infections and an inundated 

public health care system (Johan F De Jonckheere, 2011). Another reason the FLA infections have 

spread outside of the tropics, is due to the impacts of man and the introduction of artificial 

freshwater systems. Pathogenic FLA have been isolated from almost every type of artificial 

freshwater system with many N. fowleri infections having occurred as a result of people swimming 

in man-made bodies of water, disturbed natural habitats, or areas in which soil and 

unchlorinated/unfiltered water are in contact (Johan F De Jonckheere, 2011; Maciver et al., 2020; 

Sheehan et al., 2003). FLA have been detected in swimming pools, hydrotherapy pools, dental unit 

waterlines, eyewash stations, haemodialysis units, cooling towers, hospital water networks and 

domestic tap water (James M Barbaree et al., 1986; Berk et al., 2006; De Jonckheere, 1982; Johan F 

De Jonckheere, 2011; Dendana et al., 2008; Jeong & Yu, 2005; Paszko-Kolva et al., 1991; Rohr et 

al., 1998; Scaglia et al., 1983; Shoff et al., 2008; Singh & Coogan, 2005; Thomas et al., 2006; 

Trabelsi et al., 2010; Vesaluoma et al., 1995). Engineered systems may also favour associations 

between bacteria and FLA (Thomas & Ashbolt, 2011). For example, cooling towers have been an 

area of major concern as not only are FLA commonly detected there but they have also been shown 

to be 16 time more likely to possess FLA infected with ARBs than FLA in the natural environment 

(Berk et al., 2006; Johan F De Jonckheere, 2011; Vincent Thomas et al., 2010). The artificial 

freshwater systems of most concern are DWDSs as their sole purpose is to provide safe drinking 

water to consumers. A review published in 2010 revealed that on average FLA were detected in 

45% of potable water samples after assessing 26 studies that spanned 18 countries (Thomas & 

Ashbolt, 2011). Due to FLA being regarded as an emerging pathogen of concern (Maciver et al., 

2020; Mahmood, 2015; Siddiqui & Khan, 2014) and the increased numbers of DWDSs being linked 

to infections (Puzon et al., 2020), the surveillance and monitoring of FLA and their associated ARB 

in DWDSs are becoming mandatory in certain parts of the world including Australia and the USA 

(NHMRC & NRMMC, 2011).  

1.5 Detection of free-living amoebae  

The surveillance and monitoring of FLA in DWDSs involves sampling bulk water directly from the 

pipeline and collection biofilm samples representative of pipe wall biofilm (NHMRC & NRMMC, 

2011; Puzon et al., 2009). The high pressure and flow velocity render the inside of the pipeline 

inaccessible for direct sampling, resulting in the reliance on man-made biomonitors as a source of 

biofilm (Puzon et al., 2009). These biomonitors are attached to the pipeline and/or cycle pipeline 

water over a series of removable surfaces that act as growth constructs to allow for biofilm 

formation emulating that forming in the pipeline (Goudot et al., 2012; Puzon et al., 2009). Once 
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samples are collected, biomass is concentrated by either centrifugation or filtration, and culture and 

molecular methods are employed to test for FLA presence. Laboratory cultivation of FLA utilises 

non-nutrient agar medium seeded with Gram-negative bacteria, typically Escherichia (Es.) coli, 

Enterobacter (En.) aerogenes or Klebsiella. Plates are then incubated at varying temperatures 

depending on the FLA of interest; 30°C when isolating Acanthamoeba spp. (Khan, 2006), 37°C 

when isolating Naegleria spp., and between 42°C and 45°C when isolating for N. fowleri 

specifically (Schuster, 2002). Balamuthia (B.) mandrillaris cannot be cultured on an agar plate 

coated with bacteria because unlike most amoebae, B. mandrillaris does not feed on bacteria. 

Instead, amoebic growth requires the use of mammalian tissue culture cells as a food source 

(Visvesvara et al., 2007). N. fowleri and Acanthamoeba spp. can also be gown in bacteria-free 

(axenic) conditions with an enriched culture medium containing antibiotics (Schuster, 2002). 

Sometimes a flagellate test is used to confirm and/or test for Naegleria spp. (Schuster & 

Visvesvara, 2004). This involves suspending cultured amoeba into distilled water or non-nutrient 

buffer and observing for metamorphosis into flagellates (Heuser & Razavi, 1970). However, some 

isolates may flagellate poorly under laboratory conditions and in the absence of flagellates, might 

be misidentified (Jonas Behets et al., 2007; De Jonckheere et al., 2001). Traditional methods of 

isolation and culturing are time consuming and only identify organisms amenable to the defined 

conditions meaning that the microbial isolates that grow in the laboratory may not adequately 

represent organisms found in natural communities (Ferris et al., 1996; Johan, 2002; Ward et al., 

1992). Even if culturable, it would take a very experienced technician to be able to morphologically 

identify amoebae and most species within a genus are morphologically indistinguishable (Johan, 

2002). However, even though culture methods are time consuming and not always accurate, they 

are still important as they convey viability of FLA within the DWDS. In order to increase the 

specificity of identification, culture work is almost always performed in conjunction with molecular 

testing.  

Molecular methods for FLA detection and differentiation between species and strains are based 

upon molecular analysis of small subunit rRNA genes (Schuster & Visvesvara, 2004). Quantitative 

polymerase chain reaction (qPCR)-based approaches provide a relatively rapid means of detection 

and enhanced identification of microorganisms that are not easily distinguished by conventional 

cultivation and microscopic methods. qPCR can be used to identify cultivated species as well as 

species present in environmental samples based on DNA extracted directly from the samples 

(Sparagano, 1993). Primers can be designed to target and amplify one species, multiple species or 

even differentiate different strains depending on the desired analysis (Jonas Behets et al., 2007; 

Kilvington & Beeching, 1995; Le Calvez et al., 2012; Pélandakis & Pernin, 2002). A limitation in 
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the use of qPCR directly on field sample DNA, is the inability to differentiate between DNA from 

viable organisms and traces of DNA from unviable organisms. Alternative molecular methods are 

being developed to overcome this limitation. Some methods, such as the use of propidium 

monoazide (PMA) to differentiate between viable and non-viable cells, have received conflicting 

reviews in the literature (Àlvarez et al., 2013; Li & Chen, 2013; Rousseau et al., 2019; Taylor et al., 

2014). PMA is a fluorescent photo affinity label that binds covalently to nucleic acid during photo 

activation. DNA that is covalently bound to this dye cannot be amplified by qPCR (Nocker et al., 

2006). PMA has received backlash in the literature due to its price, increased toxicity at higher 

concentrations and questionable reproducibility (Rousseau et al., 2019; Taylor et al., 2014). Other 

methods for detection include immunological (Stevens et al., 1980), biochemical (Kilvington & 

White, 1985; Pernin & Grelaud, 1989) or mouse pathogenicity (John & Howard, 1995) tests; 

however, among many draw backs,  still require follow up with culture methods.  

Another molecular detection method that shows potential in differentiating between viable and non-

viable organisms is metabolic profiling (Beale et al., 2013; Yu et al., 2018). Gas chromatography-

mass spectrometry (GC-MS) has been used to detect the metabolic profiles of bacteria causing 

microbial influenced corrosion in copper pipes in DWDSs (Beale et al., 2010). Yu et al. (2017) 

analysed metabolite pools from three Naegleria spp., including N. fowleri, using an ultra-

performance liquid chromatography system. Four metabolites were identified as potential 

diagnostic compounds to discriminate N. fowleri from non-pathogenic N. lovaniensis, N italica and 

E. coli. Future work would need to further assess this diagnostic profile in the field as well as 

establish unique profiles for other FLA genera. Although not currently used for environmental 

pathogen detection, metabolic profiling has the potential to be a quick (< 30 minutes) alternative 

method for the detection and surveillance of viable FLA in DWDSs. While research is still 

underway for a new and improved method for FLA detection, the current use of combined culture 

and molecular detection methods remains the gold standard (Fawell et al., 1997; NHMRC & 

NRMMC, 2011).  

1.6 Biofilm  

Biofilm is a ubiquitous aggregate in which most microorganisms on Earth live (Hoffmann & 

Michel, 2001). It is a self-produced three-dimensional polymer network comprised of hydrated 

extracellular polymeric substances that interconnect and transiently immobilize biofilm cells 

(Flemming & Wingender, 2010). Not only does this matrix hold the vast majority of microbes in an 

environment, but it is also know to  protect those organisms from harm, including disinfection and 

treatment (Flemming & Wingender, 2010). Biofilm formation and growth can be affected by 

several operational conditions and water characteristics which include temperature fluctuations, 
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flow rate variation, pipe materials and pH fluctuations, as well as the amount of organic and 

inorganic matter in the water (as a source of nutrients) (Liu et al., 2016). These characteristics and 

conditions are being utilized by water utilities to combat the formation of biofilm within DWDSs as 

it has become increasingly evident that pipe wall biofilm can serve as an environmental reservoir 

for pathogenic microorganisms such as bacteria and amoebae (Figure 4) (Berry et al., 2006; 

Precious T Biyela et al., 2012). By far the most employed form of biofilm formation control is 

water disinfection. While disinfection with chemicals like chlorine are known bactericides, 

microbes in biofilm show extremely high levels of resistance to all known chemical disinfectants 

(Hoffmann & Michel, 2001). In addition to boosting chemical resistance, biofilm in DWDS benefit 

amoebae by providing a contact and rich feeding ground (Hoffmann & Michel, 2001). Additionally, 

biofilms further enhance bacterial productivity by nutrient cycling and prey pressure (Hoffmann & 

Michel, 2001).   

Biofilm represents the potential for water contamination as pathogens found within biofilm have the 

potential to be released back into the bulk water, and to even travel 100’s of km downstream, 

seeding contamination in DWDSs downstream (Berry et al., 2006; Delafont et al., 2014; V. Thomas 

et al., 2010). This poses a health risk for humans and thus a major concern for water utilities. 

 1.7 Management of free-living amoebae  

A DWDS is more than a means of transporting purified water to consumers. It also acts as a storage 

system and a potential source of inorganic, organic, and biological contamination that must be 

considered in the design and operation of a potable water system (Hapke, 1988). The aetiology of 

waterborne diseases has changed dramatically since the 1900s with most recent outbreaks caused by 

viruses and protozoan cysts which are generally more resistant to disinfection (Hapke, 1988).  

Disinfection is one of the most important processes in assuring safe drinking water and, when used 

in a DWDS, needs to be effective even under the most extreme operating conditions of maximum 

flow and minimum detention times. It is important to understand the difference between effective 

disinfection and maintaining a disinfectant residual. Effective disinfection should prevent pathogens 

from reappearing within the distribution system. If a barrier breach occurs, such as: ingress, 

backflow or loss of pressure, then there is a risk of microbial contamination, and the loss of 

disinfectant residual could warn of such an event. This loss of disinfectant residual is measured by 

permanent online residual analysers that are installed downstream of disinfection (NHMRC & 

NRMMC, 2011). Disinfection can be used alone when the water source is of a high quality or if the 

final step in a treatment process utilises multiple barriers. The decision to use it alone or in 

combination is determined by a system-specific risk assessment which assesses the quality of the 
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source water and the known risks within the DWDS. In the case of a treatment process, pre-

treatments such as sedimentation, flocculation, coagulation and filtration are employed as a means 

to minimise solid particles and aggregates that would physically shield pathogens from disinfectant. 

They can also reduce potential reactants that could consume a disinfectant reducing the biocidal 

efficacy of a given dosage (Akin et al., 1982; Hapke, 1988). These reactants, when in contact with 

the disinfectant, can create a range of disinfection by-products (DBP) which have potential health 

implications (Fawell et al., 1997). While the subject of ongoing debate and research, the possible 

presence of microbial contaminants poses a more immediate (acute) risk to public health risk, while 

the presence of DBP has the potential for chronic health issues, therefore, utilities must find a 

balance between enough disinfection with low DBPs to treat their DWDS. An ideal disinfectant 

should effectively inactivate microorganisms over a wide range of physical and chemical condition, 

provide a disinfectant residual that is stable and easily measured, produce minimal DBP, and be 

readily available, affordable and safe to handle, however, most modern disinfectants have 

drawbacks and issues.  

The most common disinfectant used in Australia is chlorine with a target of at least 15 mg/L.min 

which is consistent with the World Health Organisation’s recommendation of maintaining a free 

chlorine concentration of 0.5 mg/L for 30 min (WHO, 2017). This is believed to be effective in 

inactivating enteric bacteria and viruses as well as provides protection from backflow, ingress, 

Naegleria spp. and helps inhibit biofilm growth (NHMRC & NRMMC, 2011). Chlorine is a strong 

oxidising agent that is inexpensive and relatively convenient to produce, store, transport, and use. 

Its highly effective causing the alteration of the cell membrane permeability and disruption of the 

enzymatic reactions within the cell (NRC, 1980). Disinfection by chlorine has the added benefit of 

post disinfection biocidal activity due to the reaction of hypochlorous acid with ammonia and 

amines in raw water to form chloramines (Hapke, 1988). Chloramine is another common 

disinfectant that is used in Australia and although less effective than free chlorine as a biocide, it is 

persistent and does not react to form trihalo methanes (a known DBP) (NHMRC & NRMMC, 

2011). Other common forms of disinfectants are ozone and chlorine dioxide. Ozone is a strong 

oxidising agent that reacts rapidly with most organic molecules (Akin et al., 1982). It has a short 

half-life in water and does not produce a disinfectant residual (Akin et al., 1982). Therefore, ozone 

is typically used as a primary disinfectant or with a second disinfectant that will continue protection 

in the distribution system after the ozone is depleted. Chlorine dioxide is also highly effective as a 

biocide; however, it is unstable, sensitive to temperature, pressure and light and explosive in air at 

concentration of about 4% or more (Hapke, 1988), making it not an ideal choice for a hot 

environment like Australia. Globally, the most commonly identified deficiency involving water 
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supplies, is the interruption of disinfection or failure to achieve adequate levels of a disinfection 

residual (Akin et al., 1982). It is also speculated that partially efficient biocide treatments might 

actually select for disinfectant resistant pathogens, such as FLA and their intracellular ARB 

(Srikanth & Berk, 1993; Vincent Thomas et al., 2010). This indicates that waterborne microbial 

pathogens remain a potential health threat and underscores the importance of disinfection (Akin et 

al., 1982) and of continued study and development into new and improved water treatment options. 

FLA have been shown to be resistant to disinfection due to their innate ability to change 

morphologies based on the surrounding environment (Figure 5). When environmental conditions 

are favourable, the FLA exist as amoeboid trophozoites where they feed and actively proliferate. 

When conditions turn unfavourable, both physical (temperature, light, and radiation) or chemical 

(pH, starvation and biocides) the trophozoites undergo encystation (Page, 1988; Schuster & 

Visvesvara, 2004). Encystation is a relatively rapid process that includes modulation of gene 

expression (Moon et al., 2008) as well as secretion of proteins (Chen et al., 2004). The result is a 

dehydrated structure with a double wall composed of cellulose and proteins (Lloyd et al., 2001; 

Turner et al., 2000). Cysts can survive in the environment for many years in encysted states.  Mazur 

et al. (1995) showed that Acanthamoebal isolates stored at 4°C in water survived for 24 years 

without apparent loss of virulence (Mazur et al., 1995). Acanthamoebal cysts have also been 

reactivated after storage for > 20 years in a completely dry environment (Sriram et al., 2008). These 

interchangeable morphologies allow FLA to resist disinfection methods with cysts being up to 45 

times more resistant to disinfection treatments than their trophozoite counterparts (Dupuy et al., 

2014). If cysts survive  disinfection treatment, then the risk of excystation and potential infection is 

still present (Cervero‐Aragó et al., 2014).  

As cysts are the major contributor to protozoal resistance to biocides (with encystation being the 

crucial step in producing resistance) finding a solution that will effectively destroy encysted 

amoebae embedded in biofilm is essential. Interestingly, the double cyst wall itself presents a 

permeability barrier. However, the metabolically dormant nature of the cyst may also negate some 

of the effects of biocides such as the aromatic diamidines, which inhibit polyamine synthesis and 

mitochondrial function (Byers et al., 1991). Studies have also shown a correlation between 

encystation, particularly the synthesis of the cellulose endocyst wall, and the development of 

resistance (Turner et al., 2000a, b; Lloyd et al., 2001). Although studies are mounting on the 

differences between trophozoite disinfection and cyst disinfection, there are many discrepancies due 

to the lack of international consensus in efficacy protocols to grow amoebal cysts and measure the 

cytocidal activity of biocides (Mercer 2008). The relative biocide sensitivity for commonly isolated 

FLA is fairly predictable: Acanthamoeba spp. > Vermamoeba spp. > Naegleria spp. (Vincent 
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Thomas et al., 2010). Water pre-treatment steps such as flocculation, sedimentation and filtration 

are effective in reducing amoebal counts in most cases (Hoffmann & Michel, 2001; Jeong & Yu, 

2005; Loret et al., 2008; Thomas et al., 2008); however, some cells can still spread from the water 

source to the distribution network (Corsaro et al., 2009; Hoffmann & Michel, 2001; Thomas et al., 

2008). Treatments such as chlorination, electro chlorination, chlorine dioxide, and ozone have been 

shown to significantly reduce planktonic amoebae; however, they are not able to replicate this in 

amoebae populations found in biofilms (Thomas et al., 2004). Upon exposure to 2.5mg/L chlorine, 

L. pneumophila and biofilm microbial flora was destroyed (Thomas et al., 2004); however, FLA 

destruction was dependant on the initial concentration of chlorine and contact time. N. fowleri cysts 

were inactivated after exposure to 0.5 µg/ml of free chlorine for 1 hour whereas N. gruberi needed 3 

hours for destruction at that concentration. At 40 µg/ml of disinfectant, pathogenic A. culbertsoni 

was still active after 3 hours (De Jonckheere & Van de Voorde, 1976). Disinfection treatments are 

integral in providing safe drinking water; however more research is needed to find disinfection 

methods that meet the trifecta of low cost, active against microorganisms and safe for consumers.  

1.8 Prediction of free-living amoebae colonisation   

As FLA contribute significantly to waterborne diseases and increase the prevalence of ARB in 

DWDSs, there is increased interest in better understanding their interactions with the environment, 

other organisms and associated pathogenic bacteria. Current detection methods detect the presence 

of pathogens once they have already become established within a distribution system (Morgan et 

al., 2016; Puzon et al., 2009; Puzon et al., 2017; Trolio et al., 2008). However, a better approach 

would be to predict pathogen colonisation before it happens, to enable water utilities to pre-

emptively treat sites to mitigate pathogen-related risks.  

Studies to date, have been able to demonstrate an association between pipeline physical and 

chemical characteristics and pathogen presence. Characteristics such as pipeline materials, 

temperature, disinfectant and pH have been shown to influence colonisation by FLA such as N. 

fowleri (De Jonckheere et al., 1975; Vincent Delafont et al., 2016; Goudot et al., 2012; Huizinga & 

McLaughlin, 1990; Lehtola et al., 2005; Marciano-Cabral, 1988; Morgan et al., 2016; Niquette et 

al., 2001; Thomas et al., 2004; Trolio et al., 2008); however, these characteristics are too unspecific 

to be able to predict pathogen colonisation (Goudot et al., 2012; Maclean et al., 2004; Marciano-

Cabral, 1988; Sifuentes et al., 2014; Sykora et al., 1983). These physical and chemical 

characteristics also influence the presence of biofilm (H. C. Miller et al., 2018) within the DWDS. 

Biofilms represent the majority of microorganisms within the pipeline (Liu et al., 2012; Parry, 

2004) and therefore, studying the composition of the pipeline biofilm communities can help to 
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understand the microbial ecology of the DWDS (Buse et al., 2014; Liu et al., 2012; Haylea C. 

Miller et al., 2018; Morgan et al., 2016; Puzon et al., 2017).  

Understanding the microbial ecology of DWDSs can lead to the identification of trophic 

interactions between pathogens and other microorganisms (Feazel et al., 2009; Gomez-Alvarez et 

al., 2012; Goudot et al., 2012; Hong et al., 2010; Marciano-Cabral, 1988; Pickup et al., 2007; Puzon 

et al., 2017). This information could be utilised to develop a biological prediction tool for the 

management and control of waterborne disease (Haylea C. Miller et al., 2018; Morgan et al., 2016).  

Ecogenomics tools, specifically pyrosequencing, have previously been used to describe the bacterial 

and eukaryotic communities of mature, established DWDS biofilms (Buse et al., 2014; Gomez-

Alvarez et al., 2012; Hong et al., 2010; Liu et al., 2012). The composition of these biofilm 

communities differed between sites, pipeline materials, water sources and disinfection types, 

suggesting a complex relationship between microbial ecology and the pipeline physical and 

chemical characteristics. Despite the physical and chemical differences within DWDSs, certain taxa 

appear to be conserved throughout the DWDSs. Multiple studies have shown Proteobacteria to be 

the dominant bacterial taxa with Actinobacteria and Bacteroidetes also prominent but to a lesser 

extent (Buse et al., 2014; Liu et al., 2012). The eukaryote communities are not as well documented; 

however, Amoebazoa, Metazoa, Alveolate, fungi and algae are most commonly present (Buse et al., 

2014). Although not dominant members of the biofilm communities, waterborne pathogens such as 

Legionella spp., NTM and FLA have also been identified in DWDS biofilms using pyrosequencing 

(Buse et al., 2014; Gomez-Alvarez et al., 2012; Liu et al., 2012).  

When looking at the microbial ecology surrounding FLA, Delafont et al. (2013) assessed intra-

amoebal bacterial diversities and found differences in the diversity of the bacterial and FLA 

communities across sampling sites (V. Delafont et al., 2013). They also found a positive association 

between the presence of Sphingomonadales and FLA suggesting that although bacterial diversity is 

important for FLA presence, particular members are integral as part of their community.  

As N. fowleri presents particular risk to consumers, studies determining significant bacterial and 

eukaryote co-occurrence with N. fowleri have become increasingly popular. Eukaryotic taxa shown 

to have a significant positive co-occurrence with N. fowleri include Nematoda and Rotifera 

(Morgan et al., 2016; Puzon et al., 2017). It has also been shown that increased bacterial richness 

itself is an important ecological factor in N. fowleri colonisation; however, all bacterial clades 

identified as having a significant positive association with N. fowleri presence are Gram-negative 

(Laseke et al., 2010; Morgan et al., 2016; Puzon et al., 2017). The dominant bacterial taxa identified 

to be significantly co-occurring with N. fowleri include Proteobacteria and Bacteroidetes (Laseke 
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et al., 2010; Morgan et al., 2016; Puzon et al., 2017). However, these are also generally dominant in 

many DWDS biofilm communities and thus are also present when N. fowleri is not. There are also 

contradicting reports on whether the Alphaproteobacteria taxon Sphingomonadales is positively or 

negatively associated with the presence of N. fowleri (Vincent Delafont et al., 2013; Morgan et al., 

2016; Puzon et al., 2017).  

The smaller representation of bacteria that have been shown to have a significantly positive co-

occurrence with N. fowleri is the phylum Deinococcus-Thermus (Table 1) (Laseke et al., 2010; 

Morgan et al., 2016; Puzon et al., 2017). Further investigation yielded that the genus Meiothermus 

was significantly more abundant in N. fowleri samples than in parental biofilms suggesting a unique 

ecological relationship with N. fowleri (Haylea C. Miller et al., 2018). The specifics of N. fowleri 

food preference in DWDS environment are largely unknown. However, Miller et al. (2018) were 

able to confirm Meiothermus spp. as a food source for pathogenic N. fowleri isolated from a biofilm 

of an operational DWDS. This suggests that the detection of Meiothermus in DWDSs could be used 

as a predictive early warning tool to determine the susceptibility of specific DWDS sites to N. 

fowleri colonisation.  

Identifying biomarkers and risk factors associated with pathogen presence could serve as a tool to 

assess and mitigate risks as well as pre-emptively treat vulnerable sites. The water utility can add 

these parameters to their tool kit in assessing vulnerable or high-risk sites for FLA colonisation and 

strive to prevent colonisation ensuring the continued safety of consumers and reputation of the 

water utility.  
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Figure 1. Locations of recreational water exposures associated with cases of primary amoebic 

meningoencephalitis, United States, 1978 – 2018. Labels indicate US census Bureau regions. Figure 

taken from (Gharpure, Gleason, et al., 2021). 
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Figure 2. An Acanthamoeba cyst containing Staphylococcus aureus (arrow). Scale bar = 1µm. 

Figure taken from (V. Thomas et al., 2010). 
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Figure 3. Worldwide distribution of reported primary amoebic meningoencephalitis (PAM) cases. A recent northerly case (white arrow) suggesting an 

expansion to the range in the United States. Blue dots indicate dry infections and black dots indicate wet infections. The atlas shows the annual average 

surface temperature (°C). Figure is taken from (Maciver et al., 2020). 
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Figure 4. Micrographs of a biofilm from inside a dental unit waterline. (A) amoebae (arrow) in the 

process of phagocytosis are occasionally observed at the surface of the biofilm. (B) cysts (arrows) 

are common features, and these structures are sometimes embedded in the biofilm matrix. (C) in 

culture medium, amoebae actively ingest bacteria, explaining the gradual destruction of the biofilm 

structure. Figure taken from (Barbeau & Buhler, 2001) . 
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Figure 5. The life cycle of Naegleria fowleri.  Figure taken from (Maciver et al., 2020). 
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Table 1. Consensus taxonomy of clades identified as having significant co-occurrence with N. 

fowleri in bulk water and biofilm. b indicates a clade with a significant negative correlation with N. 

fowleri presence. Table take from (Morgan et al., 2016). 
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The free-living amoeba Naegleria fowleri causes the highly fatal disease primary amoebic 

meningoencephalitis. N. fowleri is found globally in the environment but has been increasingly 

detected in engineered water systems, such as drinking water distribution systems (DWDSs), with 

fatal infections recorded from Pakistan, USA and Australia. N. fowleri’s presence in DWDSs 

appears to be regulated by a combination of physical, chemical and biological conditions. 

Suboptimal chlorine residuals enable the increase of the microbial richness and the presence of 

specific microbial taxa (i.e. Meiothermus) may also influence the presence and persistence of N. 

fowleri. The use of “biological tools” has the potential to be applied as biomarkers in combination 

with other currently used detection methods (chlorine residual and temperature). These combined 

tools could be key to enabling the better prediction of N. fowleri colonisable sites, thus allowing for 

pre-emptive management of N. fowleri in the DWDS.  

Keywords: Naegleria, drinking water, Free living amoeba, disinfection, intracellular bacteria, 

ecogenomics  

 

2.1 Introduction  

In 1965 Fowler and Carter isolated Naegleria fowleri from fresh water in Australia and identified it 

as the sole causative agent of primary amoebic meningoencephalitis (PAM). PAM is a rare but 

highly fatal disease of the central nervous system (CNS) with death occurring 7-14 days post 

infection (Yoder et al., 2010). PAM occurs when N. fowleri is introduced into the nasal mucosa 

from contaminated water entering the nasal passages. Meningoencephalitis symptoms are often 

misdiagnosed as bacterial meningitis (Diaz, 2011) and this misdiagnosis coupled with the short 

incubation period typically leads to delayed treatment and consequently very low survival rates 

(mortality rate > 97 %) (Diaz, 2011).  
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N. fowleri has been detected globally with over 400 fatal PAM cases reported (Dorsch et al., 1982; 

Mahmood, 2015; Nicholls et al., 2016; Yoder et al., 2010). Historically N. fowleri has been 

associated with natural water systems (i.e. lakes, rivers and hot springs). However, N. fowleri has 

more recently been reported associated with engineered water systems including drinking water 

distribution systems (DWDSs) (Blair et al., 2008; Bright et al., 2009; Cope et al., 2015; De 

Jonckheere, 2012; Morgan et al., 2016; Yoder et al., 2012). In Australia, 19 PAM cases were 

reported between 1961 and 1981, linked mostly to DWDSs (J. F. De Jonckheere, 2011; Dorsch et 

al., 1982; Fowler & Carter, 1965). In the USA, six PAM cases were linked to wells and DWDSs 

since 2002 (Council, 2007; Yoder et al., 2012). Following these cases N. fowleri was detected in the 

municipal public water supply systems and groundwater supply wells (Centers for Disease Control 

and Prevention, 2013; Cope et al., 2015; Louisiana Department of Health, 2013). Two additional 

PAM cases were connected to engineered systems, one at the US Olympic White Water training 

centre, which was a combined natural and engineered system, and another at an inland surf park in 

the state of Texas. In Karachi Pakistan, 89 PAM cases linked to N. fowleri in DWDSs and ritual 

ablution (or nasal rinsing) using domestic tap water were reported from 2008 to 2015. In 2019 

alone, 16 cases of PAM attributed to N. fowleri in the DWDS have been recorded. The true number 

of cases is likely to be under reported due to misdiagnoses (Herriman, 2015; Kazi & Riaz, 2013; 

Mahmood, 2015; Shakoor et al., 2011; Shariq et al., 2014) 

2.2 The presence of N. fowleri in operational DWDSs  

While the potential presence of N. fowleri in DWDSs is known, monitoring is not conducted by 

most water utilities globally. Detection methods for N. fowleri in DWDSs typically encompass 

viable culturing of samples on a non-nutrient agar (NNA) plate seeded with E. coli and incubated at 

42 °C for 48h followed by quantitative PCR confirmation (qPCR) of plates positive to amoeba 

growth (J. Behets et al., 2007; Puzon et al., 2009; Qvarnstrom et al., 2006). The qPCR methods can 

be used directly on DNA extracted from samples without culturing to enumerate the concentration 

of N. fowleri in bulk water and/or biofilm (Miller et al., 2017; Morgan et al., 2016; Puzon et al., 

2009). Multiple studies have looked in detail at the presence and persistence of N. fowleri in 

operational DWDSs in Australia (Haylea C. Miller et al., 2018; Morgan et al., 2016; Puzon et al., 

2009; Puzon et al., 2017) with additional laboratory based studies replicating water distribution 

systems and biofilms (Precious T. Biyela et al., 2012; Goudot et al., 2012). N. fowleri is known to 

colonise sections of operational DWDSs with low disinfectant or no residuals (Cope et al., 2015; 

Kazi & Riaz, 2013; Morgan et al., 2016; Yoder et al., 2012). The presence of N. fowleri in an 

operational DWDS occurs on a seasonal basis with N. fowleri migrating in the bulk water phase 

during the peak water temperature period (typically mid-late summer) and then colonising and 
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proliferating the DWDS pipe wall biofilms as the water temperature decreases in autumn and winter 

(Figure 6).  

Viable N. fowleri has been detected in DWDS samples with temperature range of 10-42 °C (data 

not shown). A recent study by Lam et al., (Lam et al., 2019) indicates the upper temperature range 

for N. fowleri is approximately 48 °C for 48h. N. fowleri has also been shown to remain viable 

across a wide pH (4-11) and salinity range (Lam et al., 2019). Studies in our laboratory have 

cultivated viable N. fowleri from samples incubated at 4 °C for one week (data not shown).The pipe 

wall biofilms are able to support the growth of the amoeba by providing a food source in the 

bacterial biomass and increasing N. fowleri’s resistance to disinfection (Precious T. Biyela et al., 

2012; Goudot et al., 2012; Miller et al., 2015). Goudot et al., identified that N. fowleri requires 104 

bacterial cells/amoeba, as a food source, for growth in freshwater biofilms with field studies 

identifying viable N. fowleri present in biofilms with ≥104 cells/cm2 (Haylea C. Miller et al., 2018; 

H. C. Miller et al., 2018; Morgan et al., 2016; Puzon et al., 2017). The physical, chemical and 

biological conditions in DWDSs colonised with N. fowleri indicate that chlorine concentration (free 

and total), distance from chlorination and bacterial richness (measured as Operational taxonomic 

units (OTU)) have the most significant impact on the presence of N. fowleri (Table 2) (Morgan et 

al., 2016). 

2.3 Microbial ecology of N. fowleri in DWDSs   

Prokaryotes, eukaryotes and viruses have all been detected in DWDSs bulk water and biofilms 

(Geldreich, 1996; LeChevallier et al., 1987; Servais et al., 2004). These biofilms are known to 

influence chlorine efficacy (Elvers et al., 2002) by increasing disinfectant resistance (Ashbolt, 2015; 

Berry et al., 2006; Chu et al., 2003; Codony et al., 2005), particularly of amoebae such as 

Acanthamoeba spp. (De Jonckheere & Van de Voorde, 1976), Vermamoeba sp. (Donlan et al., 

2005; Kuchta et al., 1993; Thomas et al., 2004), and Naegleria spp. (R. Ainsworth, 2004; Cursons 

et al., 1980). The microbial ecology of bulk water in the DWDSs is of increasing interest in order to 

understand the factors influencing microbial colonisation and persistence (V. Delafont et al., 2013). 

Recent work has been done to better understand the presence and dynamics of free-living amoeba 

(FLA) and the microbial ecology in well chlorinated systems (V. Delafont et al., 2016; Delafont et 

al., 2014; Delafont et al., 2019; Perrin et al., 2019). However, knowledge of the dynamics occurring 

within the microbial ecology (inter-amoebae competition or amoebae-bacteria interactions) in 

biofilm is limited. 

Investigations into the microbial ecology of pipe wall biofilm supporting the presence of distinct 

FLA species (N. fowleri, N. lovaniensis and Vermamoeba) indicated a difference in the overall 
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microbial richness at Naegleria spp. colonised sites with a higher abundance of Proteobacteria, 

Bacteroidetes (bacteria), Nematoda and Rotifera (eukaryotes) (Puzon et al., 2017). Field and 

laboratory investigations into N. fowleri and other FLA interactions indicated that DWDS sites 

appear to be individually colonised by a single viable Naegleria spp. at one time, however 

cocolonization of N. fowleri with other FLAs (e.g. Vermamoeba) appears to occur (H. C. Miller et 

al., 2018). Comparison of the microbial community composition between N. fowleri positive sites 

and other FLA colonised sites (N. lovaniensis and Vermamoeba) showed N. fowleri sites were 

clustered and separate from the other FLA sites (Figure 7). This suggests that it is the biofilm 

community composition rather than its density that is affecting the colonisation and persistence of 

N. fowleri in DWDSs. Further studies characterizing an operational DWDS terminally colonised 

with N. fowleri indicated that increasing bacterial richness is associated with the occurrence of N. 

fowleri, rather than bacterial abundance, and several bacterial taxa (Meiothermus, 

Chloracidobacteria, Solibacterales, Nitrospira, Cytophagaceae, Anaerolineae, and Pirellulaceae) 

and the eukaryotic taxa (Metazoa) had significant co-occurrence with N. fowleri (Morgan et al., 

2016). 

A more detailed study by Miller et al., isolated individual amoeba from DWDS biofilms and 

identified the intracellular-associated bacteria (IAB) within N. fowleri, N. lovaniensis and other 

FLAs (H. C. Miller et al., 2018). Indicator species analysis of the IAB identified four OTUs which 

were specifically associated with N. fowleri and were found predominantly as IABs and not a major 

component of the biofilm. One IAB, Meiothermus was found to be in high abundance within N. 

fowleri cells and was confirmed to be a food source for N. fowleri (H. C. Miller et al., 2018). This 

further indicates the role that the microbial ecology and specific bacteria play in the presence and 

persistence of N. fowleri in DWDSs. Unique N. fowleri IABs, such as Meiothermus, represent 

potential surrogate markers for N. fowleri in DWDSs, enabling water utilities to identify the 

potential for sites within the DWDS to be colonised by N. fowleri, and to take appropriate actions to 

reduce the risk of this pathogen establishing itself in the DWDS pipe wall biofilm.  

2.4 Management of N. fowleri in DWDSs   

PAM cases associated with engineered water systems require a combination of strategies, from 

awareness and education, to constant monitoring and water disinfection to reduce the persistence of 

N. fowleri. The primary disinfectants used are chlorine and chloramine (Trolio et al., 2008). In 

Western Australian (WA), guidelines recommend 0.5 mg/L chlorine maintained throughout 

DWDSs (National Health and Medical Research Council, 2011; Trolio et al., 2008) . However, it is 

known that natural organic matter (NOM), sediment and biofilm reduce disinfectant efficacy, 

allowing the resistant form of N. fowleri (cysts) to survive much higher disinfectant residuals 
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(Miller et al., 2015). Under the above disinfection regime N. fowleri has continued to be detected in 

DWDSs in WA (Puzon et al., 2009). In Australia and USA N. fowleri detection in DWDSs triggers 

rigorous dosing with 1.0 mg/L chlorine to eliminate N. fowleri from the bulk water (National Health 

and Medical Research Council, 2011), and more importantly from the pipe wall biofilm, as it is the 

main reservoir of amoebae in DWDSs (Precious T. Biyela et al., 2012). However, temporary dosing 

of chlorine to residuals of up to 2.5 mg/L have been shown to not be sufficient to eliminate 

amoebae from biofilms (Loret et al., 2005). In fact, N. fowleri survived exposure to up to 30-fold 

(20 mg/L) the recommended concentration of free chlorine for 3 h while associated with biofilm 

(Miller et al., 2015). Miller et al. demonstrated the successful elimination of N. fowleri from the 

bulk water and pipe wall biofilm of an operational DWDS using a constant (> 60 d) free residual 

chlorine concentration of > 1.0 mg/L (Miller et al., 2017). This residual level also prevented 

seasonal recolonization of the DWDS by N. fowleri. Work by Cope et al has demonstrated a similar 

effect in eliminating N. fowleri from operational DWDSs in Louisiana USA (Cope et al., 2019). 

This indicates that for N. fowleri colonised DWDS pipelines, higher disinfectant residuals should 

likely be maintained in the systems for long periods of time for successful removal of N. fowleri 

from both the bulk water and pipe wall biofilm, as well as the prevention of recolonization by N. 

fowleri. 

2.5 Conclusion  

N. fowleri can seasonally colonise DWDSs and grow within pipe wall biofilms. The microbial 

community ecology, along with the physical and chemical conditions, influence the capacity of N. 

fowleri to colonise DWDS biofilms. Co-colonisation of DWDSs with viable N. fowleri and other 

Naegleria spp. doesn’t readily occur, but individual sites can be colonised by different Naegleria 

species at different times throughout the year. Viable N. fowleri can be found in combination with 

other non-Naegleria FLAs, e.g. Vermamoeba. Selective bacterial species, e.g. Meiothermus, appear 

to be a major part of the IABs in N. fowleri while being a minor component of the biofilm 

community composition. N. fowleri associated with the pipe wall biofilms is more resistant to 

chlorine disinfection and maintaining an elevated free chlorine residual (≥ 1.0 mg/L) appears able to 

eliminate N. fowleri from the DWDS and prevent recolonization. The further use of ecogenomic 

approaches may uncover trophic interactions between amoeba and bacteria, including N. fowleri, 

which identify requirements for DWDS colonisation success. A better understanding of the 

microbial community ecology and taxa interactions could lead to biological tools which enable 

predicting DWDS susceptibility to N. fowleri colonisation and improve monitoring and treatment 

by utilities. 
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Figure 6. Detection of N. fowleri in bulk water (cells/250 mL (green), biofilm (cells/cm2) (blue) and 

water temperature (red) in an operational DWDS in rural Western Australia 
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Table 2. Differences in DWDS variables and OTU richness between NF+ and NF- samples. Greed 

shaded values are highly significant, Yellow shaded values are moderately significant and Grey 

shaded values are not significant. 
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Figure 7. Neighbour-joining tree of DWDS biofilm microbial communities. Red indicates sites 

positive for N. fowleri and Black indicates sites negative for N. fowleri. 
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Figure 8. Above ground DWDS pipeline in rural Western Australia with attached biomonitor (Blue 

cylinder). 
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Naegleria fowleri are found in natural and engineered water systems and are the causative agent of 

the highly fatal disease primary amoebic meningoencephalitis (PAM). Surveillance is essential to 

minimize N. fowleri infections. Culture-based N. fowleri detection methods are time consuming and 

DNA methods are unable to determine viability. Consequently, an alternative, rapid detection 

approach capable of determining presence and viability is needed to maximize public health. Our 

previous research distinguished laboratory cultured N. fowleri from other Naegleria species. This 

study applies the untargeted metabolomics method to field samples from two operational DWDSs. 

A list of diagnostic features was found to preliminarily discriminate the N. fowleri positive from N. 

fowleri negative and N. lovaniensis positive field samples with satisfying predictive accuracy. The 

results outlined in this manuscript further validate and improve the metabolite-based N. fowleri 

detection approach, potentially aiding water utilities in the management of N. fowleri in drinking 

water.  

3.1 Introduction  

Maintaining water quality in rural drinking water distribution systems (DWDSs) is a constant 

challenge for Australian water utilities. Factors such as extended above-ground DWDS pipes and 

tanks in rural areas (Figure 8) often lead to elevated water temperatures and enhanced biofilm 

formation and microbial activity which degrades water quality by contributing to the loss of 

disinfectant residuals (e.g. chlorine and monochloramine) (Morgan et al., 2016). These 

environmental factors, coupled with the loss of residual disinfectant, aid in the presence and 

persistence of pathogenic Naegleria fowleri, the causative agent of primary amoebic 

meningoencephalitis (PAM) (Morgan et al., 2016; Trolio et al., 2008). PAM is a rare but highly 

fatal disease of the central nervous system (mortality rate > 97%) with death occurring 7-14 days 

post infection (Diaz, 2011; Yoder et al., 2010). In recent years, increased disinfection management 
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by utilities has led to a decrease in Naegleria spp. detections (including N. fowleri) (Miller et al., 

2017), however, there are still a number of seasonal occurrences and operational issues that 

exacerbate the public health risks posed by these amoebae (Puzon et al., 2020). Previous work 

outlined a rapid DNA based detection system for N. fowleri (Puzon et al., 2009). However, these 

methods do not assess an organism’s viability, only the presence or absence in the system. Given 

the need to effectively mitigate the impacts of false positives and the public health consequences of 

false negatives, there is a pressing need to develop rapid diagnostics for viable N. fowleri detection.  

As current detection and reporting of N. fowleri relies on a one-week turnaround time and N. fowleri 

is known to be seasonally present in the bulk water and biofilm of the DWDS, water utilities require 

innovative, robust methods to improve the rapid detection of viable N. fowleri in the DWDS. Being 

able to detect N. fowleri more rapidly may prevent delivery of unsafe water via implementation of 

early controls (i.e. same day to 1-day turnaround time as opposed to current 3-4 days). A new rapid, 

trace detection methodology that answers the question of viability while also providing 

identification of the pathogen from a mixed background was developed (Yu et al., 2017, 2018). The 

new approach is based on the N. fowleri metabolome (i.e. a representative group of metabolites) 

which can be used as a “signature” of pathogen presence. Through a series of comparisons in a 

laboratory setting, a framework was established to distinguish N. fowleri from other Naegleria 

species using ultra-high pressure liquid chromatography (UHPLC) coupled with high-resolution 

mass spectrometry (Yu et al., 2017). 

In order to evaluate the performance of this approach when placed in a field setting, a two-year 

project was conducted to quantitatively assess whether the rapid detection approach using 

metabolomic profiling signatures can detect the presence and viability of N. fowleri in water and 

biofilm samples from operational DWDSs. The control comparisons were derived from tandem 

analysis of samples using established culture-qPCR based techniques. Focusing on results from a 

real-world utility/distribution scenario, this also aided in further refinement of the previously 

developed metabolomics-based methodology system as a potential screening tool for specific 

metabolites for viable N. fowleri detection. The compressed timescale from sample collection to 

analysis translates to improved response rates while maximizing public health benefits.  

3.2 Materials and Methods  

3.2.1 Environment Sampled  

Four field sites on two rural DWDS pipelines in Western Australia with a history of viable N. 

fowleri (T, SK and KT) and N. lovaniensis (ML), and seasonally low free chlorine residual (i.e. less 
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than 0.1 mg/L) were used in this study (Yu et al., 2018). Water temperature of the sites varied 

seasonally from 14 °C in winter to 40 °C in summer.  

3.2.2 Field sample collection and amoeba viability testing  

A total of 102 samples were collected from the field (63 biofilm and 39 bulk water). Biofilm was 

sampled from biofilm monitors (KIWA, Netherlands) directly connected to the DWDS pipeline 

(Figure 8) (Yu et al., 2018). Bulk water was sampled using sterile 250 mL PET bottles 

(ThermoFisher, Australia) directly from the same field site locations. Bulk water sample points 

were flame-sterilized and flushed for 5 min before sampling to ensure the sample represented true 

bulk water conditions. Each sample was stored and transported under ambient temperature (~ 20 

°C) conditions and biofilm and bulk water sample processing was achieved using the methods 

described previously (Yu et al., 2018). Glass biofilm support rings were removed from the 

biomonitors and placed in 30 mL of filtered (0.22 µm) site water in a 50 mL tube. Individual rings 

were vortexed, sonicated and centrifuged to dislodge and concentrate the biofilm while bulk water 

samples were concentrated by centrifugation at 3,500 g for 10 min. Cell pellets were resuspended in 

the original supernatant (3 mL) and then used for viability plating, DNA analysis, and metabolite 

extraction (Yu et al., 2018). Amoeba viability was assessed as by culturing on non-nutrient agar 

(NNA)- Es. coli plates (Puzon et al., 2009). Positive plates were further assessed for amoeba species 

identification by qPCR melt-curve analysis (Puzon et al., 2009). 

3.2.3 DNA extraction and amoeba identification  

A portion of each biofilm sample was used for total DNA extraction and amoeba quantification 

using qPCR primers with standard curves generated from pure cultures of N. fowleri or N. 

lovaniensis following a previously reported method (Yu et al., 2018).The PowerSoil DNA Isolation 

kit (MO BIO Laboratories, U.S.A.) was used for extracting total DNA from samples and Bio-Rad 

InstaGene Matrix (Bio-Rad, U.S.A.) was used for extracting DNA from viable NNA-Es. coli plates 

as previously described (Puzon et al., 2009). DNA extracts were stored at −20 °C until qPCR melt-

curve analysis. Naegleria and free-living amoeba (FLA) were identified by qPCR melt curve 

analysis as previously described (Puzon et al., 2009). Positive controls (target DNA), negative 

controls (RNase-free H2O), and DNA extraction method controls (InstaGene Matrix or PowerSoil 

elution buffer with no DNA template) were included with every PCR reaction. Positive N. fowleri 

samples were further enumerated for total N. fowleri cells as previously reported (Puzon et al., 

2009).   
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3.2.4 Metabolite extraction  

Metabolite extraction from biofilm and bulk water samples was performed using a hot methanol 

approach (Yu et al., 2018). Samples were quenched using equal volumes of the quenching solution 

(60% methanol v/v with 0.85% ammonium bicarbonate (AMBIC)). Samples were gently mixed and 

centrifuged at 5000 g for 2 min. Supernatant from each sample was decanted and cell metabolites 

were extracted from using the hot methanol method. The cell pellets from each sample were 

resuspended in 500 µL 100% methanol preheated to 70 °C and incubated at the same temperature 

for 15 min. To cool the reaction prior to centrifugation, an equal volume (500 µL) of Milli-Q water 

was added to each replicate and briefly vortexed (Yu et al., 2017). At this stage samples were 

centrifuged at 12,000 g for 1 min, the supernatant transferred to a fresh tube on ice and stored at -80 

°C prior to metabolite analysis.  

3.2.5 Chromatography and mass spectrometry protocol   

Metabolite separations, mass analysis, and tandem mass spectrometry were conducted using a liquid 

chromatography quadrupole time of flight system using the previously published method (Yu et al., 

2017). An ultra-high performance liquid chromatography system (UPLC) (Acquity I-Class UPLC, 

Waters, Milford, MA) coupled with a quadrupole time of flight mass spectrometer (QTOF, Waters 

Xevo G2, Waters, Manchester, UK) was used for untargeted metabolite measurements. Prior to 

ionization, metabolites were separated using a C18 BEH UPLC column (50 x 2.1 mm, 1.7 mm ID) 

which was held at 40 °C for the entire gradient separation. The mobile phases used for separation 

consisted of high purity water with 0.1% formic acid (A) and pure acetonitrile with 0.1% formic 

acid (B). Elution of metabolites was achieved using the following gradient: 0-0.2 min: mobile phase 

B was kept at 5%, 0.2-2.5 min: linearly increased to 100%, 2.5-4 min: held at 100%, 4-4.1 min: 

decreased to its initial condition of 5%, 4.1-5 min: mobile phase B was kept at 5% for column re-

equilibration. The separation and ionization flow rate remained at 0.3 mL/min throughout each 

separation and data acquisition process (Yu et al., 2017). To maximize statistical power and balance 

resource usage, samples were individually analysed 5 times using a 10 µL injection and a 

randomized injection sequence. A quality control (QC) sample, created by pooling equal volumes 

of each analytical sample, was inserted into the injection queue with a frequency of every 10th 

analytical sample injection to ensure the consistency and reproducibility of system performance. 

Using the high resolution QTOF system, samples were probed in the positive polarity using the 

MSE function (low energy: off; high energy: ramp from 20 to 50 eV) over a m/z range of 100-1200. 

The optimized instrumental settings included a capillary voltage held at 2.8 kV relative to the 

ionization needle while the cone voltage was set to 35 V. Negative mode was also probed during 

scoping experiments but no meaningful signals in this mode of operation were identified. The lack 
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of notable signal in the negative mode does not preclude merit for using this mode, however, until 

larger sample volumes are probed with metabolites at higher concentration this assessment remains 

outstanding. The nitrogen flow rate of cone gas and desolvation gas was 50 and 1000 L/h, 

respectively, with the source temperature set to 140 °C. Online calibration was achieved using a 

lockspray solution of leucine enkephalin (2 ng/mL) with m/z of 556.2771 injected into the system 

every 45 s during data acquisition. Each data set was recorded in the continuum mode with a scan 

time of 0.1 s (Yu et al., 2017). 

3.2.6 Data analysis and statistical approach 

Statistical analysis and significant feature extraction were performed using the Progenesis QI (V2.0, 

Non-Linear Dynamics, Durham, NC) platform using the raw data acquired from the UPLC-QTOF 

system. Retention time alignment of samples was conducted using the total ion chromatogram 

(TIC) from the pooled quality control samples. The features from the aligned spectra (i.e. the 

retention time (RT) and m/z values) were normalized and extracted using the default Progenesis QI 

settings which also performed initial statistical evaluation across the analyzed samples and their 

respective replicates. The resulting feature table of RT and m/z, corresponding abundances, 

ANOVA p-values, and fold changes across different sample groups, were then exported for 

continued statistical analysis. Principal component analysis (PCA) using the input data table 

previously described was conducted using EZInfo (V2.0, Umetrics, Umea, Sweden) where pareto 

scaling was performed prior to sample classification.  

Significant features across the different sample types and sampling sites were identified based upon 

their capacity to distinguish sample groups with the criteria of ANOVA p-values less than 0.05 and 

fold changes greater than 1.2. However, these criteria were set with the goal of identifying the 

commonly shared signatures. Establishing more stringent thresholds would narrow the potential 

candidates for consideration and increase the likelihood of excluding useful features. It is 

imperative to recognize that no extensive, experimentally verified metabolite database exists for 

amoeba let alone N. fowleri. As a consequence, metabolite screening was limited to the existing 

metabolite resources which are largely mammalian in nature (e.g. MassBank (Horai et al., 2010), 

METLIN (Smith et al., 2005), and HMDB (Wishart et al., 2012)). Recognizing the potential for 

false positive and negative results originating from amoeba metabolites, all efforts were made using 

primary chemical standards to identify highly relevant features identified using the initial round of 

statistical analysis. To further aid in the development of a robust signature indicative of viable N. 

fowleri colonisation, tandem mass spectrometry was conducted on statistically meaningful retention 

time and m/z pairs. When feasible, primary chemical standards were used to identify the identity of 

candidate metabolite signatures. Following the standards proposed by the Chemical Analysis 
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Working Group (CAWG) MSI (Sumner et al., 2007), the confidence level of the putatively 

identified metabolites in this effort was equal to 2 where the exact mass and fragment information 

correspond to a verified entry in the previously listed databases at a minimum. The confidence 

metric used for mass spectral matching varies based for each database used. With respect to the 

current effort the database-specific score thresholds for metabolite candidate consideration were as 

follows: MassBank > 0.7 and Metlin > 70. It is imperative to recognize that these score thresholds 

do not necessarily guarantee a single metabolite is returned from a database query. Rather this score 

threshold provides sufficient levels of scrutiny to return a set of spectral matches with high 

probability. Manual validation was used in the present effort for spectral matches and primary 

standards employed whenever possible.  

While PCA and the initial round of feature detection aided in a refined set of potentially 

discriminating signatures, the resulting features consisting of m/z, retention time, and abundance 

information, across sample site comparisons were directly imported into Metaboanalyst 2.0 (Xia et 

al., 2009) for further statistical analysis. Without subjecting the data to any additional filtering, 

normalization, or transformation, orthogonal partial least square-discriminant analysis (OPLS-DA) 

and support vector machine (SVM) approaches were used to construct prediction models based on 

the selected identified features. Cross validation using a randomly selected subsets of data and 

subsequent validation testing aided in establishing confidence metrics for the resulting models. 

Specifically, prediction accuracy was evaluated with 100 cross validation steps using 1/3 of the 

samples as a validation test set (Xia et al., 2013).   

3.3 Summary of project outcomes and primary finding  

Initially, the metabolite features for assessing the presence of viable N. fowleri were determined by 

comparing the signatures derived from laboratory growth conditions with and without the amoeba 

(Yu et al., 2017). This primary list served as the basis for continued comparison and validation of 

the metabolomic assay using UHPLC and mass spectrometry. Specifically, this untargeted 

metabolomics approach was used to analyse and compare field samples collected from different 

sites with viable N. fowleri (N. fowleri positive), viable N. lovaniensis (N. lovaniensis positive) and 

no viable Naegleria spp. (N. fowleri negative). Analysis of the metabolite pools of each site type 

revealed a total of 60 features were potentially able to discriminate the samples collected from N. 

fowleri positive sites from those coming from N. fowleri negative or N. lovaniensis positive field 

sites (Yu et al., 2018). The metabolomics-based detection results compared to the independently 

tested qPCR analysis produced identical detection results for viable N. fowleri positive, where the 

N. fowleri positive samples are well clustered and clearly separated from the N. fowleri negative 

samples in the PCA scores plot (Figure 9). As detailed below, the statistical model derived from the 
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laboratory work suggests that this approach has utility for rapidly assessing the presence of viable 

N. fowleri in drinking water distribution systems, however, increased sampling site numbers are 

essential for model refinement and increasing confidence of predictions.  

Recognizing that sampling volumes and numbers would arguably improve the confidence of 

prediction using environmental metabolite signatures, the analysis of field biofilm and bulk water 

samples (39 each) were collected on a monthly basis (January 2017-January 2018) from a single 

site, SK. These time points were selected over the course of a year to account for seasonal variation 

in the populations and abundance of viable N. fowleri and other amoebae in an operational DWDS. 

Serving as a ground-truth comparison for the metabolite-based viability test, the total N. fowleri 

cells in viable samples ranged from < 1 to 25 cells/cm2 as calculated by qPCR over a temperature 

range of 14 - 40 °C. Other thermophilic amoeba (TA) were detected in the winter and early spring 

months (July-September) with an average water temperature of 17 °C. As outlined previously, 

comparisons between the viable N. fowleri positive and negative sample groups were performed 

using supervised OPLS-DA. The viable N. fowleri positive and negative samples are clearly 

separated through the T score axis of the OPLS-DA score plot, as shown in Figure 10 (Biofilm).  

The calculated goodness-of-fit parameters for the OPLS-DA model were: R2X = 0.210, R2Y = 

0.785, Q2 = 0.733. As indicated by Blasco et al., this model broadly falls into a category of 

robustness, however, the R2X predictive metrics could surely be improved through increased 

sampling numbers and volumes (Blasco et al., 2015). It should be noted that the analysis of the 

positive and negative bulk water samples gave a similar result with SK site N. fowleri positive bulk 

water samples separated from the negative samples (Figure 11). 

3.4 What went wrong?  

Environmental metabolomics for assessing viability of a pathogen presents a number of challenges 

including sample storage, transport, and when to quench biological activity. In the case of N. 

fowleri detection, the latter aspect is particularly relevant and is a core aspect of the present study 

that necessitates continued investigation. Because the sites tested under this effort were extremely 

remote (approximately 1000 km round trip) and viability is the key question under test, ideally two 

different replicate sample groups would be collected at a minimum for each site and time point. One 

set to be quenched immediately on site and transported under the appropriate environmental 

conditions and the other to be used for viability confirmation in the laboratory. In both cases 

sufficient resources would be needed to ensure the ability to freeze samples on-site followed by 

immediate transport. Alternatively, sample extraction would be performed on-site. However, given 

the logistic challenge of such a field campaign a balance was identified in the present study.  
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Careful consideration of the respective models illustrates a minor, but real discrepancy between the 

classification models for the bulk water and biofilm samples. For the bulk water samples, the model 

incorporating the selected metabolite features was less successful in capturing the variability of the 

data regarding N. fowleri presence. The T-scores from the OPLS-DA analysis of bulk water (Figure 

11) were considerably lower (i.e. < 20%) despite highly similar graphical results. A logical reason 

for the diminished model metrics associated with the bulk water assessment is the comparatively 

low abundance of metabolites due to dilution even when factoring in preconcentration strategies 

unlike the biofilms which contained comparatively high levels of metabolite signatures. It is for 

these reasons that the limited metabolic features from bulk water require continued refinement to 

establish the optimum foundation for a comprehensive model capable of accurately classifying the 

N. fowleri positive and negative samples. One possible solution to overcome this issue would be to 

collect larger volumes of bulk water samples followed by efficient pre-concentration prior to 

testing. 

 3.5 What went right?  

Building from our previous laboratory-based effort, this field study tested the metabolomics-based 

detection system to identify N. fowleri colonised sites in the real-world environment of two 

operational DWDSs in Western Australia. The untargeted metabolomic profiles for samples 

containing viable N. fowleri gave nearly 100% correlation to current culture-based qPCR detection 

methods in the bulk water and biofilm samples tested. Most importantly, the viable N. fowleri 

positive field samples could be distinguished from viable N. lovaniensis samples as well as samples 

containing no N. fowleri or viable TAs. The suite of discriminating metabolite features were derived 

from multiple stages of pairwise comparison between N. fowleri positive samples in both the 

laboratory and field sites. It is important to recognize that the foundational efforts to identify a 

metabolite profile indicative of the presence of viable N. fowleri in the field also included the 

features distinguishing laboratory-grown N. fowleri from N. lovaniensis. The statistically driven 

selection of these features distinguishing both field and laboratory samples relied upon reasonably 

conservative metrics but not so conservative to exclude signatures of diagnostic quality. It was 

through this process of multiple, pairwise comparisons between N. fowleri positive and N. fowleri 

negative samples that a core group of consistent metabolomic signatures was developed capable of 

predicting the presence of viable pathogens in drinking water.  When compared to the qPCR 

approaches which require additional laboratory culturing time, the metabolomics approach offers 

considerable speed advantages and is amenable to high-throughput analysis.  

Using this layered approach and successive comparison for positive N. fowleri samples, multiple 

features were incorporated into a predictive model aimed at assessing the presence of the pathogen. 
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Specifically, the two primary criteria for feature selection were 1.) shared observance across field 

sites containing N. fowleri and 2.) the feature simultaneously aided in distinguishing N. fowleri from 

N. lovaniensis. While these 60 features were identified for N. fowleri positive classification, not all 

of the metabolites were conclusively identified--an outcome that is entirely reasonable for an 

environmental sample containing contributions from numerous organisms (Morgan et al., 2016). To 

further illustrate the rationale and experimental process, merit exists in discussing the putatively 

identified metabolites adenine or adenosine and guanine. For the present field experiments these 

two common metabolites were observed in vastly different concentrations between samples 

containing the pathogen and those without.   

Using the spectral databases listed previously, these two putatively identified metabolites were 

verified using neat chemical standards. Adenosine is noted as a component of adenosine 

triphosphate (ATP) and the increased level of adenine/adenosine fragment in the N. fowleri positive 

samples may imply enhanced activity of the N. fowleri. It is also worth noting that our prior 

laboratory study observed a similar increase (Yu et al., 2017). Again, however, due to the limited 

public databases that incorporate amoebae-specific metabolite information, the chemical identities 

of only 2 significant features were confirmed.  

These data illustrate that adenosine and guanine exhibited markedly upregulated fold changes 

(adenosine: 1179, guanine: 8) and low p-values (adenosine: 1.56×10-4, guanine: 2.55×10-4) in N. 

fowleri positive/negative comparison. Box plots of adenosine and guanine show the significant 

difference in adenosine and guanine abundance for the N. fowleri negative samples, which were 

close to 0, while the N. fowleri positive samples have wide abundance range for both (Figure 12).  

By incorporating adenosine and guanine with the other 58 features, the model using these 

discriminating features was able to classify blind biofilm samples of unknown N. fowleri status with 

an accuracy of 83.3%. The false positive rate (FPR) and false negative rate (FNR) of the prediction 

model were calculated as 19.2% and 3.6%, respectively. While numerous challenges remain (See 

the previous section for additional details), the capacity of the composite model developed using the 

presence of environmental metabolites associated with the presence of N. fowleri to accurately 

mirror the qPCR results suggest potential for continued efforts across different locales.  

3.6 Concluding remarks  

Collectively, considering the data presented, adenosine and/or guanine may be potential metabolite 

signatures, in combination with the larger pool of unknown metabolites, for the identification of N. 

fowleri in operational DWDSs. It should be noted that an overabundance of either adenosine or 

guanine does not necessarily mean that a DWDS is colonised by N. fowleri as multiple signatures 
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contribute to the statistical assignment of N. fowleri colonisation. Rather these two features, which 

were identified using chemical standards, serve to illustrate the complex nature of the present rapid 

screening challenge for N. fowleri. However, using the statistical model as a guide, it is possible to 

assign a cut-off level for the intensities of respective discriminating features to balance false 

positive and negative rates and alert DWDS management teams that N. fowleri may be present in 

the DWDS. Additional work is essential to understanding the reasons for the adenosine and guanine 

level fluctuation and determine a reasonable warning threshold of adenosine and guanine for N. 

fowleri appearance. Additionally, further development of public databases containing amoeba 

metabolite profiles and identities is needed to fully leverage metabolomics in a rapid and robust 

way to ensure water quality for consumers. 
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Figure 9. (a) Two dimensional PCA score plot (Principal Component-1: 63%, Principal 

Component-2: 18%) of samples collected from KT: N. fowleri positive (blue dot) vs. N. fowleri 

negative (red triangle) (b) Three dimensional PCA score plot (Principal Component-1: 51%, 

Principal Component-2: 16%, Principle Component-3: 10%) of samples collected from SK: N. 

fowleri positive (red dot) vs. N. fowleri negative (blue triangle)  (c) Three dimensional PCA score 

plot (Principal Component-1: 38%, Principal Component-2: 27%, Principle Component-3: 11%) of 

N. fowleri positive (red dot) samples vs. N. lovaniensis positive samples. The N. fowleri positive 

samples were from KT, SK, and T sites, respectively, while the N. lovaniensis positive samples 

were from site ML. 
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Figure 10. Orthogonal partial least-squares discriminant analysis (OPLS-DA) scores plot of N. 

fowleri positive (triangles) vs. negative (diamonds) samples from SK biofilm. R2X = 0.210, R2Y = 

0.785, Q2 = 0.733. 
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Figure 11. Orthogonal partial least-square discriminant analysis (OPLS-DA) scores plot of SK bulk 

water N. fowleri positive (squares) vs. SK bulk water negative (circles) samples. 
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Figure 12. Box plot profiles (N. fowleri positive vs. N. fowleri negative) for significant metabolites. 

(a) Adenosine (b) Guanine. 
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Drinking water distribution systems (DWDS) can host pathogenic amoebae, but the role of biofilms 

in supporting the occurrence of these organisms needs to be fully explored in the UK systems. The 

presence of amoebae and associated bacteria in biofilms attached to inner pipe surfaces was studied 

in an experimental full-scale chlorinated distribution system in the UK. Quantitative polymerase 

change reaction (qPCR) was used to identify and quantify amoebae, whilst the bacterial 

communities in the biofilms were characterised by sequencing the 16S rRNA gene. Despite the 

maintenance of a chlorine residual in the network (free chlorine ≥0.24 mg/L), several species of 

amoebae belonging to the genera Acanthamoeba, Vermamoeba, and Naegleria were identified in 

30-day-old biofilm samples; however, no amoebae were detected in the water samples analysed. 

The dominant bacterial communities present in the biofilm samples were Variovorax, 

Pseudomonas, and Aquabacterium. These results indicate that the biofilm samples contained 

potential pathogenic amoebae and bacteria, such as Acanthamoeba and Pseudomonas, respectively, 

which implies a potential public health risk if the biofilms are mobilised into the bulk water. Several 

of the amoebae identified in this study are able to support the presence of resistant bacteria that can 

remain viable within these prokaryotic organisms until they reach people’s taps. The identification 

of the microorganisms associated with the pathogenic amoeba species in biofilms could be used to 

improve the surveillance of DWDS in order to protect public health. 

Keywords: amoeba, water, water quality bacteria, biofilm, chlorination, drinking water  

 



70 

4.1 Introduction  

Free-living amoebae (FLA) are unicellular eukaryotic organisms classified as protists that can grow 

in different natural and man-made environments, including soil, marine water, fresh water, eyewash 

stations, swimming pools, and drinking water distribution systems (DWDS) (Paszko-Kolva et al., 

1991; Samba-Louaka et al., 2019). The life cycle of FLA usually comprises a vegetative form, 

called a trophozoite, and a resting form, called a cyst. However, some amoebae, such as Naegleria 

spp., have an additional flagellate stage, and others, such as Mayorella and Amoeba, are non-cyst-

forming species (Page, 1976). Among the organisms considered as FLA, members of the genera 

Acanthamoeba, Naegleria, Vermamoeba, Sappinia, and Balamuthia have been recognised as 

etiologic agents of encephalitis (Naegleria fowleri, Acanthamoeba spp., Balamuthia mandrillaris, 

and Sappinia diploidea) and/or responsible for amoebic keratitis (Acanthamoeba spp. and 

Vermamoeba vermiformis, previously known as Hartmannella vermiformis) (Masangkay et al., 

2018; Schuster & Visvesvara, 2004; Visvesvara et al., 2007). Since the 1970s, the United Kingdom 

(UK) has been registering cases of diseases caused by pathogenic amoebae, such as primary 

amoebic meningoencephalitis (PAM), produced by Naegleria fowleri (Cain et al., 1981; Symmers, 

1969), and Acanthamoeba keratitis (AK), a corneal infection produced mainly by members 

belonging to the Acanthamoeba genus (Bacon et al., 1993; Carnt, Hoffman, et al., 2018; Carnt, 

Robaei, et al., 2018; Carnt et al., 2020; Chawla et al., 2014; Hassan et al., 2019; Kilvington et al., 

2004; Radford et al., 2002; Seal et al., 1992). These diseases have been on the rise and are 

potentially fatal if not accurately diagnosed and promptly treated (Höllhumer et al., 2020; Maciver 

et al., 2020; Schuster & Visvesvara, 2004). PAM is a fulminating infection of the central nervous 

system that has a mortality rate greater than 97%. Due to the rapid onset of the symptoms and 

disease progression, PAM is commonly diagnosed post-mortem (Pearl Ma et al., 1990). In AK 

disease, amoebae are introduced to the cornea during trauma or the improper care of contact lenses. 

The amoebae feed on keratocytes, resulting in corneal ulceration, photophobia, pain, and 

enucleation of the eye in the worst-case scenario (Schuster & Visvesvara, 2004).  

Cases of diseases caused by FLA have been increasingly linked to DWDS. PAM cases have been 

associated with ritual ablutions using municipal water in Pakistan, backyard hoses, and community 

water parks in the United States of America (USA), and overland water systems in Australia (Cope 

& Ali, 2016; Dorsch et al., 1982; Gharpure, Bliton, et al., 2021), whereas AK cases have been 

commonly associated with the improper care of contact lenses when preparing homemade saline 

solutions using contaminated tap or distilled water (Patel & Hammersmith, 2008; Stehr-Green et al., 

1989). The AK incidence in the UK is higher overall than in the rest of Europe and the USA 

(Radford et al., 2002), with a 15 times higher incidence rate than the USA and a seven times higher 
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rate than in the Netherlands (Kilvington et al., 2004). Recently, AK has been described as an 

outbreak based on the data provided by Moorfields Eye Hospital. There has been an average of 53 

cases per year between 2012 and 2016, which is three times higher than the decade before (2000–

2010) (Carnt, Hoffman, et al., 2018).  

The presence of pathogenic FLA in DWDS is favoured by a number of physical and chemical 

factors, such as the increased distance from the disinfection site, reduction of residual chlorine, 

water hardness, and higher water temperatures, as well as factors that may also be site-specific, such 

as network infiltration rates, the pipe material used, and/or hydrodynamic properties (Carnt et al., 

2020; Huang et al., 2021; Puzon et al., 2020; Radford et al., 2002). The biological factors associated 

with FLA presence are not well understood; however, increased bacterial richness has been shown 

to be associated with N. fowleri presence (Morgan et al., 2016). Moreover, several studies have 

indicated that pipe wall biofilms, which represent more than 95% of the total biomass in DWDS 

(Flemming et al., 2002), are able to support the growth of amoebae by providing a food source and 

protecting them against disinfectants, such as chlorine (Puzon et al., 2020). By feeding on the 

microbial layers within biofilm, not only can amoebae continue to persist, but they can also further 

enhance bacterial productivity by nutrient cycling and prey pressure (Hoffmann & Michel, 2001). 

Although pathogenic amoebae previously were found mostly in warmer areas, climate change 

appears to be contributing to their geographic spread (Cooper et al., 2019; Gharpure, Gleason, et al., 

2021).  

Not only are FLA a risk due to their inherent pathogenicity but they also have a number of 

associated endosymbionts, including viruses, yeast, protists, and bacteria, of which some are 

potential human pathogens (Masangkay et al., 2018; Schuster & Visvesvara, 2004; Siddiqui & 

Khan, 2012). Thus, FLA can act as “Trojan horses” for pathogens, offering an environment in 

which these organisms are protected from the physical (predation from other protozoa) and 

chemical (reducing efficacy of chemical disinfectants) conditions that would normally prevent their 

survival (Hoffmann & Michel, 2001; Samba-Louaka et al., 2019; V. Thomas et al., 2010). This 

strategy could mobilise hidden pathogens, increasing their transmission potential. Amoebae 

resistant bacteria (ARB) are able to resist death by phagocytosis and benefit from interactions with 

FLA. There is a wide diversity of these ARB; however, some of these bacteria have been described 

as human pathogens, such as Staphylococcus aureus, Listeria monocytogenes, Salmonella spp., 

Vibrio cholerae, Helicobacter pylori, Legionella pneumophila, Mycobacterium avium, or 

Pseudomonas aeruginosa (Balczun & Scheid, 2017; de Souza et al., 2017; Greub & Raoult, 2004; 

Scheid, 2018). Mounting evidence suggests that FLA increase both the number and virulence of 

intracellular bacteria, allowing for increased rates of infectivity and intracellular replication (Cirillo 
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et al., 1994; Cirillo et al., 1997; Nora et al., 2009). Numerous studies have investigated these 

interactions in vitro, but more evidence is needed on how these interactions occur in the 

environment.  

FLA continue to be relevant contributors to waterborne disease, and the increasing prevalence and 

detection of these pathogens is driving the need for a better understanding of their interactions with 

the environment, other organisms, and associated pathogenic bacteria. Assessing and understanding 

the relationships and interactions between FLA and the surrounding microbial community is 

integral to ensure the continued safety of water systems and to maintain public health. In order to 

improve the knowledge of these interactions, this research aims to identify the viability of amoebae 

in biofilms using a UK full scale DWDS facility, representative of real-world environments in 

distribution networks, as well as exploring possible interactions between bacterial communities. 

The results will inform water utilities on the possible risks associated with bacteria and amoebae in 

biofilms and improve the management strategies for maintaining water quality standards by 

controlling microbial growth.  

4.2 Materials and Methods   

4.2.1 Experimental facility and conditions  

The experiment was carried out using a DWDS test facility at the University of Sheffield, UK 

(Figure 13A). The facility has 3 independent loops of 9.5 m × 21.4 m long coils of high-density 

polyethylene (HDPE) pipe with an internal diameter of 79.3 mm. Each loop is connected to its own 

enclosed reservoir tank, which is fed with water from the local DWDS. From each tank, water can 

be recirculated in each loop at different flow rates and pressure using individual speed pumps and 

valves that are controlled by a central computer to enable simulation of real hydraulic demand 

patterns.  

To enable the in-situ sampling of biofilms developed in the pipe walls, each loop has 6 removable 

HDPE pipe sections of 0.5 m in length (Figure 13B). Before the experiment started, the whole 

facility was disinfected with 20 mg/L of RODOLITE H (RODOL Ltd., Liverpool, UK), a sodium 

hypochlorite-based solution with less than 16% free chlorine. The pipes were flushed at a maximum 

flow rate (4.2 L/s) and left standing for 24 h with the disinfectant. Then, the facility was flushed 

again at the maximum flow rate with fresh tap water until the levels of free chlorine were within the 

limit recommended by the World Health Organization (no greater than 5 mg/L) (WHO, 2017) and 

showed close values to the tap water entering the system (≈ 0.2 mg/L).  

To achieve the objectives of this research, the 3 loops were operated under the same conditions for a 

growth phase of 30 days to allow for the biofilm development in the internal pipe walls. For this 
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growth phase, a low varied flow hydraulic profile that follows daily patterns observed in real 

DWDS in the UK was applied. The regimen follows a typical domestic dominated diurnal pattern 

with nighttime low flow of 0.2 L/s and morning peak flow of 0.5 L/s (I Douterelo et al., 2018).  

4.2.2 Water physico – chemistry 

Water quality parameters were measured to obtain information about the inner pipe environment. 

Measurements were taken at the beginning of the experiment, every 10 days during the growth 

phase, and at each sampling point using discrete triplicate water samples (n = 3) by sampling ports 

connected to each loop. Water temperature and pH were tested using a Hanna portable meter HI 

991003 (Hanna Instruments, Leighton Buzzard, UK), and free and total chlorine concentrations 

were tested using a Palintest CS100 chlorosense (Palintest, UK). Water turbidity was measured 

using a Palintest compact turbidity meter QuadoptiX™ (Palintest, UK). All measurements were 

taken following the manufacturers’ protocols. 

4.2.3 Microbial community sampling  

Planktonic communities were assessed by collecting 10 L bulk water samples from each loop by 

means of sampling ports. Samples were then concentrated down to 500 mL using a tangential flow 

filtration (TFF) system (PALL Life Science, New York, NY, USA), and 3 aliquots of 10 mL were 

taken for microbial community analysis. Each of the loops also contained 6 removable 0.5 m long 

HDPE pipe sections (Figure 14) to enable in situ sampling of pipe wall biofilm. At the end of the 

experiment (day 30), 3 of these pipe sections were removed from each loop, for a total of 9 

biological replicates. A total biofilm area of 375 cm2 (15 cm long of each section) was removed 

from each pipe section using a sterile nylon brush and a standardised brushing protocol (Deines et 

al., 2010) and resuspended in 5 mL of bulk water collected from the pipe facility. The concentrated 

bulk water and biofilm samples were then sent to CSIRO Land and Water (Floreat, Western 

Australia) for further analysis.  

4.2.4 Analysis of microbial communities and amoebae presence  

The total microbial community concentrations were analysed by flow cytometry using methods 

previously described by Miller et al. (2015) (Miller et al., 2015). The remaining bulk water and 

biofilm samples were divided into two equal portions. One portion was used for viable amoebae 

analysis using our previously published protocol (Haylea C. Miller et al., 2018; H. C. Miller et al., 

2018; Morgan et al., 2016; Puzon et al., 2009). In short, samples were concentrated by 

centrifugation at 2000× g for 10 min, supernatant decanted, and pellets resuspended in 1.5 mL of 

25% Ringers solution (Oxid Corp., FL, USA). The sample (500 µL per plate) was plated onto three 

non-nutrient agar plates coated with Escherichia coli (NNA- E. coli) and incubated separately at 42 
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°C, 30 °C, and room temperature (RT) ~22 °C. Positive plates were scraped, and DNA was 

extracted using Bio-Rad InstaGene matrix (BioRad, CA, USA) following manufacturer’s protocol 

to identify amoebae as previously reported (Haylea C. Miller et al., 2018; H. C. Miller et al., 2018; 

Morgan et al., 2016; Puzon et al., 2009). The second portion was concentrated by centrifugation 

(10,000× g for 5 min) for biofilm and filtered (0.22 µm) for bulk water and used for total DNA 

extraction. Total DNA from biofilm and bulk water was extracted using either Qiagen DNeasy 

PowerSoil kit (biofilm) or Qiagen DNeasy PowerWater DNA Isolation kit (bulk water) (Qiagen, 

MD, USA) according to the manufacturer’s protocol and stored at –20 °C (Haylea C. Miller et al., 

2018; H. C. Miller et al., 2018; Morgan et al., 2016; Puzon et al., 2009). InstaGene and total DNA 

extractions were then used for the molecular detection of amoebae by qPCR melt-curve analysis. 

Methods for Naegleria species identification by qPCR melt curve analysis along with reaction 

concentrations, primers, and PCR cycle conditions were performed as previously described (Puzon 

et al., 2009). Samples were run in triplicate with either an N. fowleri specific primer set or a 

consensus primer set for Naegleria spp. and Vermamoeba spp. (Pélandakis & Pernin, 2002). 

Acanthamoeba spp. specific primers (Schroeder et al., 2001) were used to amplify DNA samples 

using following PCR conditions modified from Schroeder et al. 2001: initial denaturing step of 15 

min at 95 °C, followed by 45 cycles of 95 °C 30 s, 60 °C 1 min, 72 °C 2 min, and with a 6 s pause 

at 80 °C for fluorescent dye detection. Positive controls (target DNA) and negative (RNase-free 

H2O and DNA extraction blanks) controls were included in each qPCR experiment.  

 4.2.5 Assessment of the microbial community composition  

Microbial community composition of biofilm sample and controls was assessed by sequencing a 

~300 bp amplicon targeting the V4 region of the 16S rRNA gene using total DNA extracted from 

the biofilm samples as previously reported (Bruckberger et al., 2021; H. C. Miller et al., 2018). 

Amplicons were generated using gene-specific primers (in bold) with the appropriate adapter 

sequence for Illumina sequencing (in italics) 515f (5′- 

TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGGTGCCAGCMGCCGCGGTAA -3′) and 

806rbc (5′-

GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGGGACTACHVGGGTWTCTAAT -3′) 

(IDT, IA, USA). Samples were first amplified individually using Platinum Taq (Invitrogen, CA, 

USA) according to the Illumina amplicon sequencing protocol (Illumina, CA, USA) using the 

following PCR conditions: 94 °C for 2 min, followed by 35 cycles of 94 °C for 30 s, 50 °C for 30 s, 

and 72 °C for 1 min, followed by a final elongation step at 72 °C for 5 min. All amplicon products 

were then purified using Agencourt Ampure beads (Beckman Coulter, CA, USA), separately 

amplified with Illumina index primers (94 °C for 2 min, followed by 8 cycles of 94 °C for 30 s, 55 
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°C for 30 s, and 72 °C for 1 min, followed by a final elongation step at 72 °C for 5 min), purified 

using Agencourt Ampure beads, quantified (Qubit; Thermo Fisher, MA, USA), and pooled in 

equimolar concentrations. The purified library was then sequenced on an Illumina MiSeq using a v2 

300 bp PE sequencing kit following the manufacturer’s protocol (Illumina, CA, USA).  

Raw Illumina reads were processed using QIIME2 version 2019.10 (Bolyen et al., 2019). Imported 

paired-end reads were denoised and merged using DADA2 (Callahan et al., 2016) (via q2-dada2), 

which involved trimming the primer sequences from each read, truncating at 220 bp or 200 bp (R1 

and R2 reads, respectively), and de novo chimera detection and removal to produce a set of 

amplicon sequence variants (ASVs). The ASVs were clustered into de novo operational taxonomic 

units (OTUs) at 97% similarity using the vsearch clustering algorithm plugin (Rognes et al., 2016). 

Representative OTU sequences were classified using the q2-feature-classifier (Bokulich et al., 

2018) classify-sklearn naïve Bayes taxonomy classifier against the SILVA 132 515F/806R 

reference sequence database. 

4.2.6 Spearman correlations  

Significant Spearman correlations (p ≥ 0.05) were used to infer the relationship between 

physicochemical parameters, the amoeba identified, and the bacterial biofilm communities. Data 

obtained at day 30 were analysed, which includes the 5 physicochemical parameters measured 

during the study, the biofilm cell counts, 6 amoeba genera detected in samples by qPCR, and 86 

OTUs at 97% cut off. The software used for this purpose was SPSS Statistics 26 (IBM SPSS 

Statistics for Windows, Version 26.0. Armonk, NY: IBM Corp). The Spearman’s rank-order 

correlation is a nonparametric test that measures the strength and direction of the association 

between two ranked variables, providing a correlation coefficient signified by rs. The Spearman 

correlation coefficient, rs, can take values from +1 to −1 as follows: (i) rs of +1 indicates a perfect 

positive association of ranks, (ii) rs of 0 indicates no association between ranks, (iii) rs of −1 

indicates a perfect negative association of ranks. Therefore, rs values close to +1 indicate a strong 

positive correlation between the two factors that are analysed, while values close to −1 indicate a 

strong negative correlation. The closer rs to zero, the weaker the association between the ranks.  

4.3 Results 

4.3.1 Water characteristics  

The physical and chemical parameters of the recirculated water were fairly consistent across the 

three loops (Table 3). The pH values were near neutral throughout the experiment and ranged from 

6.70 to 7.40, while the water temperature ranged from 15.80 to 23.40 °C, which was consistent with 

the changes in the room temperature. The free chlorine levels were between 0.24 and 0.50 mg/L, 
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with concentrations slightly higher at the beginning of the experiment when the test facility was 

disinfected with RODOLITE. A similar trend was witnessed for the total chlorine measurements 

(0.49–0.70 mg/L). Higher turbidity levels were observed for the first 10 days of the experiment 

(0.36–0.70 NTU) as a consequence of the increased participles suspended in the new incoming 

water.  

4.3.2 Amoebae presence and the total microbial community   

At the operational end of the pipe loop experiment, the biofilm and bulk water samples were 

collected for the analysis of the presence of amoebae. In the bulk water samples, no viable or non-

viable amoebae were detected. In the biofilm samples, viable amoebae growing on NNA-E. coli 

plates were detected in loops 1 and 2 (Table 4). The viable amoebae were identified as 

Vermamoeba species and Naegleria clarki. The molecular analysis of the amoebae using the total 

DNA samples detected amoebae in all three loop systems. The non-viable amoebae were multiple 

Naegleria species as well as Vermamoeba and Acanthamoeba species. All the samples were 

negative for the presence of pathogenic N. fowleri. The total microbial counts in the biofilm 

samples ranged from 1.69 × 104 to 1.23 × 106 cells/cm2 (Table 4). 

4.3.3 Bacterial community analysis in biofilm samples  

The bacteria community analysis (Figure 15) showed a clear difference between the loops despite 

being fed with the same local source of drinking water during the experimental growth and a 24 h 

water retention time for all the loops. The main difference between the communities was observed 

in loop 3, with a very high relative abundance of Pseudomonas in two of the replicate samples 

(>68%) and with a high abundance of Cupriavidus in the replicate 1 (77%). The concentration of 

free chlorine was less in loop 3 (average = 0.29 mg/L, n = 12) during the growth phase when 

compared with the other loops (loop 1 average = 0.34 mg/L and loop 2 average 0.37 mg/L; n = 12 

for each loop); this was the main characteristic in the bulk water that could explain the differences 

in the replicates of loop 3 when compared with the other loops, yet the high levels of Cupriavidus in 

replicate 1 are unique when compared with the other samples. However, other parameters in the 

bulk water that could have influenced this result, such as the total organic carbon (TOC), were not 

measured during the experiment.  

Overall, the predominant bacteria genera in all the biofilm samples were Pseudomonas (21–75%), 

followed by Variovorax (5–26%) and Aquabacterium (2–20%). Several genera were present in 

most of the samples but with a relative abundance of less than 5%, such as Methylotenera, 

Sphingomonas, Arcicella, and Cupriavidus. 
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4.3.4 Correlation between physicochemical and microbial parameters  

Spearman’s correlations (Table S1) indicated that most of the amoeba genera detected in the 

samples showed significant correlations (p <0.05) with a bacterial OTU, especially N. dobsoni. The 

relative abundance of these OTUs did not exceed the 4% in any case, and most of them belonged to 

Alphaproteobacteria and to the Sphingomonadaceae family. Regarding the genus Vermamoeba, 

although it did not present correlations with any bacterial OTUs, it did have a significant positive 

correlation with the total number of cells counted in the biofilm. Concerning the physicochemical 

parameters, only the turbidity was significantly correlated with two species of amoebae, positively 

with N. dobsoni and negatively with N. clarki.  

 4.4 Discussion  

Amoebae have been previously found in DWDS, and some of them cause fatal infections, such as 

N. fowleri. In this study, the chlorine disinfectant residual levels were consistent with the 

operational water quality targets (free chlorine 0.2–0.5 mg/L) in the water and a maximum 

temperature of 23.4 ºC; amoebae were only found in biofilms and not in planktonic communities. It 

has been hypothesised that suboptimal chlorine residuals enable the increase of the microbial 

richness, the presence of specific microbial taxa, and can also influence the presence of amoebae.  

The bulk water and biofilm were assessed for the presence of FLA using viable and molecular 

testing methods. Thermophilic N. fowleri was not detected in this study; this amoeba is typically 

isolated from warmer waters with lower free chlorine residuals. Viable Vermamoeba spp. and 

another Naegleria spp., N. clarki, were detected in loops 1 and 2, respectively, with no viable FLA 

detected in loop 3. Due to the similarities in the physical and chemical characteristics across the 3 

loops, we cannot ascertain their influence on the presence of the specific amoebae in each of the 

loops. When looking at the molecular detections, we see that loop 1 had detections for multiple 

FLA, including pathogenic Acanthamoeba spp.; however, only Vermamoeba spp. was detected 

viably at the 30-day sample point. This could suggest a state of flux for loop 1 where multiple 

species are incoming but only one is able to fully colonise the biofilm of the pipe at any given time. 

This is consistent with Miller, Wylie, et al. (2018), who found that competition between co-

colonising amoebae exists and proposes that the result of such competition may be reliant on the 

surrounding bacterial community (H. C. Miller et al., 2018).  

When assessing the biofilm bacterial communities, all the replicates had above 104 cells/mL, 

meaning that all the samples had sufficient bacterial richness to support N. fowleri growth (Goudot 

et al., 2012; Morgan et al., 2016). When looking more closely at the composition of the biofilm 

bacterial communities, Proteobacteria dominated across all the loops, yet there were differences in 
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the composition of the less abundant community members between the loops. Carpitella et al. 

(2020) showed that it is not always the most abundant microorganisms that play a key role in 

determining the DWDS processes (Carpitella et al., 2020). Thus, these “rare” community members 

could be influencers on the presence of specific FLA in a given biofilm, as observed in the 

Spearman correlations. Miller, Morgan, et al. (2018) have found that Meiothermus, although not a 

major component of the DWDS biofilms in this study, is a food source and has a significant co-

occurrence with N. fowleri, indicating its potential role in enabling N. fowleri colonisation to occur 

(Haylea C. Miller et al., 2018). This means that certain bacteria, not always the most abundant 

members, can favour the presence of amoebae, as was observed in this study with Vermamoeba spp. 

or Naegleria spp. in loops 1 and 2. Sphingomonadaceae has been previously related with FLA; 

some studies of DWDS have indicated negative associations between this bacterial family and 

amoebae (Haylea C. Miller et al., 2018); meanwhile, others have described that these 

microorganisms tend to be concurrent (V. Delafont et al., 2013). Several significant correlations 

were established between some amoeba species (N. dobsoni and N. australis) and the OTUs of the 

Sphingomonadaceae family; thus, these bacterial members could influence the distribution of the 

FLA in DWDS.  

Another aspect that needs to be considered is that the detected amoebae are known to act as 

reservoirs for drinking water pathogenic bacteria, such as Legionella or Mycobacterium (Wang et 

al., 2012). The main bacterial genera found in this study was Pseudomonas, which is one of the 

main members of biofilms in UK chlorinated DWDS, associated with different types of pipe 

materials and hydraulic conditions (Douterelo et al., 2019). Previous studies have analysed the 

interaction between amoebae and Pseudomonas spp., establishing that amoebae, such as 

Acanthamoeba spp., can feed on this microorganism, while some species are resistant to amoebae 

(Puzon et al., 2020). Therefore, FLA can act as a reservoir for amoeba-resistant strains of 

Pseudomonas, including several opportunistic pathogens that belong to this genus. Regarding the 

other two most representative genera, Variovorax and Aquabacterium, they have been described in 

previous studies of FLA and bacteria in drinking water (V. Delafont et al., 2013). It has been 

reported that several members of the Variovorax genus are endosymbionts of amoebae, such as 

Arcella rotundata (Katalin et al., 2008), Acanthamoeba, or Saccamoeba lacustris (Corsaro et al., 

2010). Aquabacterium is a genus highly abundant in DWDS, especially in biofilms (Kalmbach et 

al., 2000; Kalmbach et al., 1999), but, to the best of our knowledge, no relationship has been 

established between this bacterium and the amoebae characterised in this study before. Considering 

this, further studies on the interactions of amoebae with mixed species biofilms and not just a 

limited number of pathogenic microbial species are also needed to better understand the range and 
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complexity of the interactions between amoebae and bacteria. If amoebae feed on biofilms, they do 

not only transport pathogens but they can also help to disseminate the biofilm-associated processes 

in DWDS, such as virulence factors, genes resistant to disinfection, and antibiotics (Isabel 

Douterelo et al., 2018). Further studies in UK chlorinated systems are needed to verify whether 

pathogenic bacteria coexist within the biofilm in chlorinated DWDS, as well as to determine if these 

harmful microorganisms have become part of the amoebae microbiota.  

Monitoring in the UK in searching for the FLA in DWDS is certainly limited. This is likely because 

the UK is a temperate region, meaning that pathogenic thermophilic amoebae are not likely to be 

present due to the lower temperatures. However, climate change has resulted in rises in the average 

global temperature, and the prediction models suggest that this trend will continue (CSIRO & 

Bureau of Meterology, 2020). This has already resulted in thermophilic amoebae being isolated 

from temperate regions, which was previously not thought possible (Kemble et al., 2012), and a 

northern expansion of the range of PAM deaths in the USA (Gharpure, Gleason, et al., 2021), which 

may explain the recent outbreak of AK described in the UK. Europe and the UK will continue to 

become warmer and may also see increased precipitation, which may favour N. fowleri colonisation 

and the spread of PAM (Maciver et al., 2020). For this reason, the surveillance of the FLA in UK 

DWDS is becoming more important to ensure the continued safety of consumers. In addition, the 

results here detected amoebae in the biofilm, not the bulk water. As biofilm is the known reservoir 

for amoebae (Puzon et al., 2020), the need to better monitor biofilm and biofilm-associated 

organisms in operational DWDS needs to be addressed.  

4.5 Conclusion  

The biofilm samples contained multiple amoebae (viable and non-viable), which are potential 

pathogens and able to support the presence of ARB. Amoebae were not detected in the bulk water 

samples, but its detection in the biofilm samples implies a potential risk of the mobilisation of these 

microorganisms into the bulk water through changes in the hydraulic conditions or through 

migration. The studied biofilms also had a high relative abundance of potential opportunistic 

pathogens, including Pseudomonas. Further studies are needed to assess the presence, abundance, 

and composition of amoebae and associated bacteria and mixed species biofilms in the UK water 

supply systems as well as potential changes in their presence due to climate change impacts.  
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Figure 13. (A) Full scale experimental DWDS facility composed of 3 individual loops; (B) 

removable pipe sections used for biofilm sampling. 
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Figure 14. Schematic representation of planktonic and biofilm microbial communities sampling. 
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Table 3. Water physico-chemical parameters measured during the experiment.  

  

Water 

pH 

Water Temperature 

(°C) 

Free Chlorine 

(mg/L) 

Total Chlorine 

(mg/L) 

Turbidity 

(NTU) 

Loop 1 

Day 0 7.37 ± 0.17 15.80 ± 0.46 0.50 ± 0.05 0.67 ± 0.09 0.53 ± 0.18 

Day 10 7.3 4 ± 0.07 16.17 ± 0.06 0.33 ± 0.09 0.41 ± 0.17 0.70 ± 0.34 

Day 20 7.33 ± 0.15 16.80 ± 0.56 0.26 ± 0.07 0.33 ± 0.01 0.40 ± 0.28 

Day 30 7.40 ± 0.03 23.40 ± 0.10 0.29 ± 0.01 0.30 ± 0.00 0.11 ± 0.05 

Loop 2 

Day 0 6.91 ± 0.08 16.30 ± 0.61 0.44 ± 0.05 0.59 ± 0.05 0.47 ± 0.05 

Day 10 6.70 ± 0.15 15.97 ± 0.06 0.50 ± 0.16 0.44 ± 0.05 0.53 ± 0.11 

Day 20 7.04 ± 0.05 17.00 ± 0.17 0.24 ± 0.06 0.32 ± 0.04 0.28 ± 0.06 

Day 30 7.00 ± 0.06 23.30 ± 0.15 0.30 ± 0.05 0.36 ± 0.005 0.13 ± 0.02 

Loop 3 

Day 0 6.92 ± 0.17 15.87 ± 0.12 0.32 ± 0.16 0.47 ± 0.08 0.36 ± 0.32 

Day 10 6.96 ± 0.08 16.00 ± 0.00 0.31 ± 0.02 0.46 ± 0.02 0.49 ± 0.22 

Day 20 6.98 ± 0.04 17.03 ± 0.15 0.28 ± 0.02 0.31 ± 0.05 0.37 ± 0.01 

Day 30 6.70 ± 0.09 23.23 ± 0.32 0.26 ± 0.03 0.32 ± 0.02 0.12 + 0.03 

All values represent an average of 3 discrete water samples ± standard deviation. 
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Table 4. Amoebae analysis and total cells in biofilm cells from samples at day 30.  

Sample 
Biofilm 

Loop 

NNA Viability and qPCR 
Total DNA qPCR 

Biofilm Total Cells 

(Cells/cm2) Room Temperature 30 °C 

Biofilm 1 1 NEG NEG NEG 3.37 × 105 

Biofilm 2 1 Vermamoeba spp. 
Vermamoeba 

spp. 

Vermamoeba spp., N. 

dobsoni, N. australiensis 
1.23 × 106 

Biofilm 3 1 Vermamoeba spp. NEG 
N. australiensis, N. clarki, 

Acanthamoeba spp. 
3.50 × 105 

Biofilm 4 2 NEG N. clarki NEG 2.62 × 105 

Biofilm 5 2 NEG NEG N. dobsoni 2.89 × 105 

Biofilm 6 2 NEG NEG N. dobsoni 1.69 × 104 

Biofilm 7 3 NEG NEG N. australiensis 1.65 × 105 

Biofilm 8 3 NEG NEG N. australiensis 1.84 × 105 

Biofilm 9 3 NEG NEG N. lovaniensis 2.70 × 105 

NEG stands for negative result. 
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Chapter 5: Free-living amoebae and associated pathogenic bacteria in 

well chlorinated drinking water storage tanks  
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Free living amoebae (FLA) and amoeba resistant bacteria (ARB) are of increasing concern for 

water utilities as they cause diseases in humans. In order to protect consumers, disinfectants are 

used to prevent colonisation by these pathogens in drinking water however, FLA possess inherent 

defence mechanisms that can protect them from disinfection. This study investigated the presence 

and abundance of these amoeba and bacteria in ten chlorinated drinking water storage tanks in 

Western Australia. Viability and molecular testing methods, in the form of culturing; quantitative 

polymerase chain reaction and 16S rRNA gene amplicon sequencing, were employed to detect 

amoebae and bacteria present in triplicate bulk water and sediment samples taken from each of the 

tanks. FLA and ARB were detected in water storage tanks which had free chlorine residuals above 

0.5 mg/L. Viable Acanthamoeba spp. and Vermamoeba sp. were isolated from the tanks along with 

various other FLA also detected molecularly. Nontuberculous mycobacteria, a known ARB and 

opportunistic pathogen, was isolated from all tanks and sample types as well as in the growth fronts 

of the viable amoebae. This study illustrates the presence and persistence of FLA, ARB and 

associated bacterial communities in well chlorinated water storage tanks highlighting the need for 

continued surveillance and risk management.  

Keywords: Free-living amoebae, amoebae resistant bacteria, chlorine, tanks, water 

 

5.1 Introduction  

Providing safe drinking water is a defining feature of a modern developed country (Ashbolt, 2004) 

and although most have established measures to prevent waterborne diseases in consumers, there 
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are a number of opportunistic pathogens that are able to resist these efforts. Free-living amoebae 

(FLA) can cause rare yet debilitating infections in humans with Acanthamoeba spp. and Naegleria 

fowleri causing granulomatous amoebic encephalitis and primary amoebic meningoencephalitis 

respectively (Hoffmann & Michel, 2001; Pearl Ma et al., 1990; Schuster & Visvesvara, 2004). 

These central nervous system infections have no targeted treatment and are typically fatal due to 

both the rarity and severity of the diseases they cause. FLA are found globally in aquatic systems, 

sediments and soils and certain members, such as Acanthamoeba spp., have been detected at high 

chlorine levels (Hoffmann & Michel, 2001; Thomas & Ashbolt, 2011; Thomas et al., 2008). This, 

together with the geographic expansion of N. fowleri related infections outside of warmer regions, 

cause ongoing concerns for water utilities (Gharpure, Gleason, et al., 2021). 

Previous studies have shown that FLA have been detected in fresh water, recreational water parks 

and drinking water distribution systems (DWDSs) worldwide, including Australia (Del Olmo et al., 

2021; Puzon et al., 2020). In 2019 alone, 13 fatal cases of primary amoebic meningoencephalitis 

were linked to DWDSs in Pakistan, Karachi. The United States of America (USA), Texas had two 

fatal cases linked to a natural water system and a water park, the former resulting in the death of a 

10-year-old child. In rural Queensland, Australia, two fatal cases in 2015 were linked to untreated 

and unfiltered bore water (Nicholls et al., 2016). Although Western Australia (WA) has not had a 

case of primary amoebic meningoencephalitis since 1985, viable FLA are still being detected from 

rural WA DWDSs (Morgan et al., 2016; Puzon et al., 2009; Trolio et al., 2008). 

FLA have also been shown to harbor amoeba resistant bacteria (ARB), which are a group of 

bacteria able to resist phagocytosis (J. M. Barbaree et al., 1986; Cirillo et al., 1997; Fritsche et al., 

1993). ARB benefit from interactions with FLA which protect intracellularly harboured organisms 

from the physical (predation from other protozoa) and chemical (reducing efficacy of chemical 

disinfectants) conditions that would normally prevent ARB survival (Hoffmann & Michel, 2001; V. 

Thomas et al., 2010). These intracellularly harboured bacteria can then be released back into water 

systems downstream where they can continue to pose risks to consumers (Schuster, 1979). The 

opportunistic pathogens nontuberculous mycobacteria (NTM) and Legionella spp. are known ARB 

which can cause pulmonary diseases in immunocompromised individuals (Delafont et al., 2014; 

Marciano-Cabral et al., 2010) and interactions with FLA have also been shown to increase virulence 

in these ARB (Cirillo et al., 1994; Cirillo et al., 1997; Nora et al., 2009).  

Historically, studies have focused on the presence of FLA and ARB in DWDS bulk water and 

biofilms; however, little work has been done to assess the presence of these microbes in drinking 

water storage tanks (DWSTs). These tanks are an essential component of the DWDSs and serve as 
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both a source for drinking water and a reservoir for emergency situations (Trolio et al., 2008). 

Gomez-Alvarez et al. (2021) investigated the bacterial communities present in tank sediment 

however the presence and interactions between these bacteria and potential pathogenic amoebae is 

still poorly understood. This study aimed to assess the presence and viability of FLA, ARB and the 

associated microbial communities in ten Western Australian (WA) Metropolitan DWSTs and 

determine whether the presence and abundance of FLA and ARB differs in the tank bulk water 

versus underlying sediment as well as assess the physical and chemical conditions of the tanks.  

5.2 Materials and Methods 

5.2.1 DWSTs, sampling, and initial sample processing  

Ten tanks from 3 different localities (A, B and C) were sampled during this study (Figure 16). Each 

of the localities was fed from a different water source with tanks in the same locality receiving the 

same source water independently from one another. The only exception to this was locality A, 

which has five tanks connected in a split series. Tank 1 feeds into two separate distribution systems. 

In distribution system one, water from Tank 1 is fed into Tanks 2, 3 and 4. In distribution system 

two, water from Tank 1 is fed into Tank 5. Due to the positioning of the inlet and outlet pipes, all 

tanks were subject to passive mixing. The physical and chemical parameters of water were 

measured at the tank sampling point. Temperature and pH were measured using a portable WTW 

ProfiLine pH3110 meter (Xylem Analytics, Germany) and the electrical conductivity was measured 

using a portable WTW ProfiLine Cond3110 meter (Xylem Analytics, Germany). The free and total 

chlorine analyses were undertaken using a HACH DR900 Multiparameter Portable Colorimeter 

(HACH, USA) according to the manufacturers protocol.  

Triplicate 1 L bulk water and triplicate 1 L sediment/water slurry samples were collected from ten 

different WA metropolitan DWSTs during annual routine tank cleaning undertaken between July 

and September 2017. During cleaning tanks were taken offline and emptied to allow removal of 

sludge, scrubbing and disinfection. Samples were collected into 1 L bottles by dipping the bottles 

just below the surface of the water. Bulk water samples were taken first, prior to the tanks being 

drained, then the tanks were drained to approximately 200 mm depth to allow for collection of a 

slurry/sediment sample from the bottom of the tank. As an exception, due to technical difficulties, 

only bulk water was collected for Tank 2 and only sediment collected for Tank 3. Samples were 

transported to the laboratory at room temperature and processed immediately.  

Initial processing involved concentration of cells from 250 mL subsamples from each replicate by 

centrifugation using previously reported methods (Miller et al., 2017). Pelleted cells were 

resuspended in 2 mL of supernatant. Subsamples were taken for viability testing where concentrated 



89 

cell suspensions were plated on non-nutrient agar (NNA). Another set of subsamples were used for 

molecular testing where DNA was extracted from concentrated cell suspensions and used for 

quantitative polymerase chain reaction (qPCR) analysis and 16S rRNA gene amplicon sequencing. 

5.2.2 FLA viability testing   

An aliquot of the cell suspensions was used to test for viable amoeba growth by observation of the 

growth fronts of amoebae on NNA plates following the method of Puzon et al. (2009). NNA plates 

were prepared using 1 L of 25% Ringers solution with 15 g of bacteriological agar (Agar No. 1, 

Oxoid) and autoclaved at 121 °C for 20 min. Two NNA plates were spread with 500 µL of cell 

suspension and 50 µL of (5.39 x 108 cells/mL) Escherichia coli as the food source. The E. coli food 

source was grown in 2 L of Luria-Bertani broth at 37 °C to late log phase and concentrated by 

centrifugation at 5000 x g for 10 min and resuspended into 20 mL of 25 % Ringers solution. NNA 

plates were incubated at 30 °C and 42 °C for mesophilic and thermophilic amoebae, respectively 

and observed for growth at 48 h and then periodically for 10 d. Observed plaques were scraped 

using a 1 µL sterile disposable loops and resuspended in 100 µL of InstaGeneTM Matrix (Bio-Rad, 

USA) ready for DNA extraction and qPCR analysis. 

5.2.3 FLA, ARB, and coliform molecular testing   

DNA was extracted from the samples using previously published methods (Puzon et al., 2009): 

PowerSoil DNA Isolation Sample Kits (MO-BIO, USA) for total DNA from the original cell 

concentrate and InstaGeneTM Matrix (Bio-Rad, USA) for amoebal plaques scraped off NNA plates. 

DNA concentrations ranged from 0.16 – 6.1 ng per µL in bulk water samples and 0.44 – 48.7 ng per 

µL in the sediment (Table 5) and samples were stored at -20 °C prior to analysis by qPCR. DNA 

samples were analysed by qPCR using a Bio-Rad CFX instrument (Bio-Rad, USA). Reaction 

volumes of 25 µL were composed of 12.5 µL of HotStar Taq Master Mix (Qiagen, Germany), 1.25 

µL of each primer (10 µM), 0.1 µL of 500 µM SYTO9 dye (Molecular Probes), 7.9 µL sterile 

soluble distilled water, and 2 µL of template DNA. Samples were run in triplicate with Ami primers 

for viable amoebae (Thomas et al., 2006) as well as specific primers for Naegleria spp. (Pélandakis 

& Pernin, 2002), nontuberculous mycobacterium (NTM) (Kim et al., 1999), Legionella spp. 

(Ratcliff et al., 1998), Acanthamoeba spp. (Schroeder et al., 2001) and N. fowleri (Puzon et al., 

2009) (Table 6). Positive (DNA extracted from pure cultures of each organism) and negative 

controls (Milli-Q water and DNA extraction controls) were included on each plate. All isolates used 

for positive controls were provided by PathWest Laboratory Medicine, Perth, Western Australia. 

All qPCR protocols (Table 6) included the generation of a melt curve by progressively denaturing 

the DNA by increasing the temperature from 75 °C to 95 °C in 0.2 °C increments. Fluorescent dye 

emission was detected for 10 s at each increment and the CFX system software automatically 
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plotted a melt curve profile. Positive samples were sent for Sanger sequencing (Macrogen, Korea) 

to confirm qPCR identification and further species identification.  

Additionally, an experiment was conducted to determine the effect of possible PCR inhibitory 

substances on the quantitative detection of selected targets in DNA samples using a Sketa22 real-

time assay (Haugland et al., 2005). None of the samples showed sign of PCR inhibition. Standards 

for each qPCR assay was designed using IDT custom gene synthesis to construct plasmids inserted 

with a gene fragment from the known sequence (IDTDNA.com). Purified recombinant plasmids 

containing appropriate base pairs for each qPCR target were produced by Integrated DNA 

Technologies (pIDTSmart with ampicillin; IDT) and cloned into a vector followed by plasmid 

extraction (IDTDNA.com; Coralville, IA). The purified recombinant plasmids were serially diluted 

to create a standard ranging from 1 to 1 × 106 gene copies (GC)/µL of DNA. A 3-uL template from 

each serial dilution was used to prepare a standard curve for each qPCR assay. For each standard, 

the GC were plotted against the cycle number at which the fluorescence signal increased above the 

quantification cycle value (Cq value). The amplification efficiency (E) was determined by analysis 

of the standards and was estimated from the slope of the standard curve as E = 10-1/slope. The qPCR 

assays were performed using previously published primers and probes for NTM (M. avium and M. 

intracellulare) (Chern et al., 2015), Pseudomonas aeruginosa (Shannon et al., 2007), Legionella 

spp. (Nazanian et al., 2008) (Table 6). All qPCR amplifications were performed in a 20-µL reaction 

mixture using Sso FastTM Probes Supermix (Bio-Rad, USA). The qPCR mixtures contained 10 µL 

of Supermixes, optimized concentrations of primers and probe and 3 µL of template DNA. 

Standards (positive controls) and sterile water (negative controls) were included in each qPCR run. 

Also, to prevent DNA carryover contamination, reagent blanks were included for each batch of 

DNA samples. No carryover contamination was observed. To minimize qPCR contamination, DNA 

extraction and qPCR setup were performed in separate laboratories. 

5.2.4 16S rRNA gene amplicon sequencing   

The microbial ecology of the bulk water and sediment samples was examined by sequencing a ~300 

bp amplicon of the 16S rRNA gene (V4 region). PCR amplicons were generated from total DNA 

(extracted as above) using degenerate gene-specific primers for both bacteria and archaea (in bold) 

with Illumina adapter sequence for sequencing (in italics) 515f (5’- 

TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG - GTGCCAGCMGCCGCGGTAA -3′) and 

806rbc (5’-GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG - 

GGACTACHVGGGTWTCTAAT -3’) (IDT, Iowa, USA). Sample specific barcodes were added 

(Illumina 16S rRNA gene amplicon sequencing protocol) and amplicon sequencing was performed 

on an Illumina Miseq using a v3 600 bp PE sequencing kit following the manufacturer’s protocol 
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(Illumina, CA, USA). Sequencing libraries were constructed as follows: the first PCR was 

performed on individual samples using Platinum Taq (Invitrogen, CA, USA) according to the 

supplier’s protocol and using the following PCR conditions: 94 °C for 2 min, followed by 35 cycles 

of 94 °C for 30 s, 50 °C for 30 s and 72 °C for 1 min, with a final elongation step at 72 °C for 5 

min. Individual amplicon products were purified using Agencourt Ampure beads (Beckman 

Coulter, USA), Illumina index primers were added by PCR in a separate amplification step (1x 94 

°C for 2 min, followed by 8 cycles of 94 °C for 30 s, 55 °C for 30 s and 72 °C for 1 min, with a 

final elongation step at 72 °C for 5 min), purified again using Agencourt Ampure beads (Beckman 

Coulter, USA), quantified (Qubit; Thermo Fisher, USA) and pooled in equimolar concentrations.  

5.2.5 Sequence processing   

Raw paired-end reads were processed using QIIME2 version 2019.10 (Bolyen et al., 2019). 

Imported paired-end reads were denoised and merged using DADA2 (Callahan et al., 2016) (via q2-

dada2) which involved trimming the primer sequences for each read, truncating at 220 bp or 200 bp 

and de novo chimera detection and removal to produce a set of amplicon sequence variants (ASVs). 

The ASVs were clustered into do novo operational taxonomic units (OTU) at 97% similarity using 

the vsearch clustering algorithm plugin (Rognes et al., 2016). Representative OTU sequences were 

classified using the q2-feature-classifier (Bokulich et al., 2018) classify-sk learn naïve Bayes 

taxonomy classifier against the SILVA 132 515F/806R reference sequence database.  

5.2.6 Diversity analysis   

Diversity analyses and visualisations were performed in R v3.3.1. Community composition across 

samples was visualised as heat maps of relative abundance of OTUs aggregated at the Family rank 

using the ggplot2 package (Wickham, 2016). OTUs with a maximum relative abundance below 2% 

were combined into the single category “Other”. Lower bounds on species richness were estimated 

using the Chao1 estimator for sediment and bulk water samples rarefied to 1000 reads and 

displayed as boxplots using ggplot2. Samples with fewer reads were excluded. Beta diversity for 

rarefied samples was calculated as Bray-Curtis dissimilarities and visualised using Non-metric 

Multi-Dimensional Scaling (NMDS) ordination through the vegan package (Oksanen et al., 2013).     

5.2.7 Statistical analysis 

Statistical association between FLA and sample type were calculated using the Pearson’s Chi-

squared test with Yates’ continuity correction in the R statistical package (version 1.2.1335) with an 

alpha of 0.05.  
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5.3 Results  

5.3.1 DWST composition and physical and chemical data  

The tanks ranged in size from 0.130 – 8.1 mega litres and were constructed with concrete apart 

from one exception, Tank 4, that was constructed with steel. The localities were supplied with water 

from a combination of sources and included ground and surface water for locality A, surface water 

for locality B and ground, surface and desalinated water for locality C. The physical and chemical 

parameters were measured at the closest sampling location to the tanks with water temperatures 

between 12 and 19.5 ℃, free chlorine residual ranging from 0.57 to 0.96 mg/L and conductivity 

ranging from 48 to 82 mS/cm (Table 7). 

5.3.2 Viable detections of FLA and associated ARB   

Viable FLA were detected by plating concentrated cell suspensions on NNA – E. coli plates and 

observing for plaque growth. No viable thermophilic amoeba growth was observed at 42 ºC and no 

viable N. fowleri was detected in any sample (Table 8). Approximately 39% (7/18) of samples were 

positive for amoeba growth at 30 ºC (two bulk water and 5 sediment samples) (Table 8). The 

amoebae in the two bulk water samples were identified by qPCR and confirmed by sanger 

sequencing as pathogenic Acanthamoeba spp. and Vermamoeba sp. while those in the five sediment 

samples were unknown/unclassified mesophilic amoebae (MA). In addition, the viable amoebal 

growth plaques were also tested for ARB presence to determine whether the two were able to co-

exist (Table 8). Of the five viable amoebae isolated, NTM was the only detected ARB and was 

found with different amoebae (Acanthamoeba spp., Vermamoeba sp. and an unknown MA). 

Additional attempts to identify the viable MAs using primers targeting the 18S rRNA gene 

(Ami6F1 and Ami9R (Thomas et al., 2006)) detected a single Vermamoeba sp., but were 

unsuccessful with the other 3 MAs.  

5.3.3 Molecular detections of pathogenic FLA, ARB, and faecal coliforms   

Direct detection of amoebae using total DNA extracted from both bulk water and sediment samples 

was performed using qPCR-melt curve analysis. Acanthamoeba spp. were detected in the bulk 

water and sediment samples from 50% of the DWSTs (Table 9). No pathogenic N. fowleri was 

detected, but other non-pathogenic species of Naegleria were detected including: N. dobsoni (1-

detection); N. andersoni (2-detections); as well as Valkampfia (1-detection), all of which are known 

to harbour ARBs. Positive detections of FLA appeared in all three localities and were significantly 

associated with tank sediment (Χ2, p < 0.05). 
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ARB were detected in all tanks in both the bulk water and sediment samples (Table 9). Specific 

primers for NTM (M. avium and M. intracellulare) detected M. avium in all tanks and sample types. 

No Legionella spp. or P. aeruginosa were detected in any of the samples assessed.  

5.3.4 Prokaryotic communities detected by amplicon sequencing   

Amplicon sequencing of the 16S rRNA gene in the tank bulk water and sediment samples identified 

a higher bacterial abundance in the sediment samples in all tanks, except for Tanks 8 and 9 which 

had higher bacterial sequence counts in the bulk water (Figure 17). The sediment samples also had 

greater diversity of bacteria than the bulk water (Figure 18). The microbial communities 

encompassed a diverse array of bacteria at all sites and sample types, sediment (Figure 19) and bulk 

water (Figure 20). Proteobacteria were the most commonly detected bacteria across both bulk 

water and sediment samples. The sediments of Tank 1 and Tank 9 had similar bacterial community 

composition (Figures 19 and 21) however these tanks were supplied by different source waters. The 

bacterial composition of the sediments of Tanks 3, 4 and 5 were similar to each other, and distinct 

from those in the sediments of the upstream Tank 1 (Figure 21). The bulk water communities, 

however, were similar between the tanks supplied by the same source water. Tanks 1, 2 and 4 in 

locality A in particular as well as the Tanks 6 and 7 in locality B (Figure 19). Several genera which 

harbour potentially pathogenic species were also detected within the tanks (Supplementary Tables 

10 and 11). Members of the Burkholderiales family and Pseudomonas genus were detected in all 

tanks and sample types. Staphylococcus was detected in 80% (8/10) of the tanks and was found in 

each of the localities. Neisseriaceae were also detected in all localities but only in the bulk water. 

Streptococcus was only found in localities A and C and Clostridium was only found in the bulk 

water of Tank 7 in locality B. Denitrifying bacteria such as Comomonadaceae were detected in all 

tanks and sample types and Desulfobacteraceae and Nitrospiraceae were detected in all tanks but 

primarily in the sediment samples. No clear differences were observed between the bacterial 

community composition identified in tanks positive for Acanthamoeba spp. versus those that were 

negative for Acanthamoeba spp..  

Comparisons of the bacterial community structure ordinations with the molecular detection of FLA 

(Figures 22 and 23) showed that N. andersoni was only detected in tank sediments of high bacterial 

diversity (T1 and T9), and no other clear co-associations were observed.   

5.4 Discussion 

As part of the scheduled cleaning program, multiple DWSTs were sampled to detect for the 

presence of FLA and bacteria of interest. Viable pathogenic FLA were isolated from bulk water and 

sediment samples from multiple well managed DWSTs in the presence of free chlorine residuals ≥ 
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0.57 mg/L. These FLA were shown to co-exist with ARB, with NTM detected in all tanks and 

sample types with qPCR testing. 16S rRNA gene amplicon sequencing also revealed the presence 

of microbial taxa encompassing other potentially pathogenic bacteria in tanks from all three 

localities. Taken together, these data show that pathogenic FLA and bacteria are present in DWSTs 

despite having recommended disinfectant levels.  

The viable FLA detected in the tanks included pathogenic Acanthamoeba castellanii, A. polyphyga, 

as well as an unidentified Vermamoeba species. Molecular testing further revealed the presence of 

additional FLA, including Naegleria spp. in several tanks. N. fowleri was not detected in any of the 

tanks, either by culture- or molecular assays. The absence of N. fowleri and, conversely, the 

presence of Acanthamoeba spp., is likely due to the relatively low temperatures (below 20 °C) and 

high chlorine residuals (above 0.5 mg/L) observed in the tanks (De Jonckheere & Van de Voorde, 

1976). DWSTs have been assessed for FLA presence in Egypt (Sakran et al., 2017), USA (Lu et al., 

2015; Qin et al., 2017) and Nicaragua (Leiva et al., 2008). These studies showed similar results 

regarding the detection of FLA in DWSTs with viable FLA found in 100% of the samples in Egypt 

and 43% in Nicaragua as well as molecular methods showed the presence of FLA in up to 63% of 

USA tank samples. From these detections, predominant FLA included pathogenic Acanthamoeba 

spp. and Ameboflagellates (including Naegleria spp.) with no detections of N. fowleri.  

In the present study, which is the first to assess FLA and ARB presence in operational DWSTs in 

Australia, the FLA were shown to co-exist with ARB which were detected in all tanks and both 

bulk water and sediment sample types. NTM was the dominant ARB detected in the tanks, with M. 

avium detected in all samples and M. intracellulare detected in one tank. This predominance of M. 

avium was likely due to its preference for bulk water whereas M. intracullulare prefers colonising 

DWDS biofilms (Falkinham III et al., 2001). No Legionella spp. was detected in any of the 

DWSTs. In the USA, Lu et al. (2015) assessed the presence of FLA and ARB in DWSTs and found 

that NTM and Legionella spp. were detected in 88.9% and 66.7 % of samples respectively. The 

presence of Legionella spp. in the USA DWSTs was surprising as the tanks had more chlorine and a 

higher average temperature than the WA DWSTs. Donohue et al. (2019) suggest that different 

water sources have diverse physical, chemical and biological properties which may explain the 

prevalence of Legionella spp. in the USA but not in the WA DWSTs (Donohue et al., 2019). 

Molecular testing also revealed no detections of Pseudomonas aeruginosa by qPCR however, other 

species of Pseudomonas and genera harbouring potentially pathogenic bacteria were detected 

through 16S rRNA gene amplicon sequencing. Pseudomonas and Burkholderiales were found in all 

tanks and sample types, Staphylococcus and Neisseriaceae were found in all localities and 
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Streptococcus and Clostridium were found in localities A, C and B, respectively. These potentially 

opportunistic pathogens were detected molecularly so may not be actively replicating within the 

tanks however, their molecular presence indicates that they could either be inactive and become 

active further down the pipeline. Thus, continued surveillance of the tanks as well as additional 

disinfection methods may need to be employed to ensure the quality of the water is suitable for 

drinking.  

The presence of denitrifying bacteria in all tanks and sample types could impact the use of 

monochloramine as a potential alternative disinfectant in the future, as denitrifying bacteria have 

been shown to reduce the efficacy of monochloramine (Gomez-Alvarez et al., 2021; Zhang & 

Edwards, 2009). 

DWSTs routinely accumulate sediments which support the growth of microbial communities. These 

sediments are removed during routine tank cleaning, however potential for sediment resuspension 

always remains (Ho et al., 2016; Trolio et al., 2008). This study showed that FLA were significantly 

associated with tank sediment (p-value = 0.035) and that the bacterial diversity within the sediment 

was greater than that of the bulk water. This is likely due to incomplete disinfectant penetration 

within the sediment (Liu et al., 2019) which suggests that the resuspension of the sediment may 

increase the number of FLA, ARB and pathogenic bacteria within the tank bulk water resulting in 

higher consumer risk. Previously, both Sakran et al. (2017) and Leiva et al. (2008) detected high 

levels of FLA in the tank bulk water suggesting that tank bulk water itself is also of concern. 

However, the problem may be exacerbated by the resuspension of tank sediment and therefore in 

order to mitigate any risk to consumers, the WA water utility has strict routine management 

practises that ensure tanks are kept offline during any cleaning and microbial verification sampling 

is performed once the tanks are brought back online (Ho et al., 2016; Trolio et al., 2008).  

Most of the tanks in each of the localities were supplied independently by their respective water 

sources. However, Tank 1 in locality A fed into two separate distribution pipelines. The first 

pipeline fed into Tanks 2, 3 and 4 (distribution system 1) and the second pipeline fed directly into 

Tank 5 (distribution system 2) (Figure 16). When assessing the flow-on effect of FLA and ARB 

presence from Tank 1 into each of the following tanks, it can be seen that although viable 

Acanthamoeba spp. were found in the bulk water and an unclassified amoeba in the sediment, in 

distribution system 1, Acanthamoeba spp. were only detected with molecular methods in Tank 4 

and not in Tanks 2 and 3. In distribution system 2, Acanthamoeba spp. were detected with 

molecular methods in Tank 5 however no viable amoebae were isolated. The presence of ARB was 

consistent across both distribution systems with M. avium detected in all tanks and sample types 
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and a single detection of M. intracellulare in the bulk water of Tank 4. These differences between 

the tanks are interesting and contrary to what would be expected as Tank 1 had FLA and ARB 

present despite a high disinfectant residual and lower bacterial counts whereas the following tanks, 

had the same, if not less chlorine and higher bacterial numbers but lower detections of FLA and 

ARB. Although the detections of the FLA are lower in the downstream tanks, close monitoring of 

the downstream tanks is still necessary if pathogenic FLA are detected upstream.  

DWSTs are used as a source of drinking water as well as a reservoir for emergency situations. 

Unlike DWDSs, DWSTs are not regularly monitored for FLA and ARB presence. Additional long-

term studies should aim to understand and quantify the microbial risks in DWSTs using a larger 

sample size to ensure sufficient statistical power. Future work should also assess additional factors 

driving the ecology including analysis of nutrients in the water, seasonal impacts as well as 

characterisation of the sediment and organic matter. The improved understandings of DWSTs will 

further ensure continued quality and safety outcomes for consumers.  

5.5 Conclusion  

The results of this study indicate that pathogenic FLA and ARB survive in DWSTs in the presence 

of recommended disinfection residuals. Viable pathogenic Acanthamoeba spp. and Vermamoeba sp. 

were detected in tank bulk water however pathogenic FLA were more commonly found in the tank 

sediment. Although tanks are regularly cleaned to remove sediment, the potential for sediment 

resuspension is a risk that needs to be managed by water utilities. Improved understanding of FLA 

and ARB presence in DWSTs is recommended as well as additional studies to further investigate 

the microbial ecology of DWSTs. This work will elucidate the role of the microbial community 

ecology in contributing to the presence or absence of organisms of concern.   
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Figure 16. Tank connectivity, locality, and supply water. GW – ground water, SW – surface water 

and Desal – desalinated sea water. Tanks 2 and 3 are on the same site and connected via a pipe. 
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Table 6. Primers, probes, and reaction mixtures used in quantitative PCR (qPCR) analysis. 

Target  Primer sequences (5’ – 3’) Cycling parameters 

Naegleria spp. Forward: PITSF-GAACCTGCGTAGGGATCATTT 95 °C for 15 min, 

50 cycles of: 

30 s at 95 °C, 

30 s at 52 °C, 

45 s at 72 °C with a 

6 s pause at 80 °C for dye detection 

Reverse: PITSR-TTTCTTTTCCTCCCCTTATTA 

N. fowleri Forward: FW1-

GTGAAAACCTTTTTTCCTCCCCTTATTA 

Reverse: PITSR-TTTCTTTTCCTCCCCTTATTA 

Acanthamoeba spp. Forward: JDP1-GGCCCAGATCGTTTACCGTAA 95 °C for 7 min, 

45 cycles of: 

1 min at 95 °C, 

1 min at 60 °C and 

2 min at 72 °C 

Reverse: JDP2-TCTCACAAGCTGCTAGGGAGTCA 

Viable Amoebae Forward: Ami6F1- 

CCAGCTCCAATAGCGTATATT 

94 °C for 5 min, 

40 cycles of: 

1 min at 94 °C, 

30 sec at 55 °C, 

2 min at 72 °C and 

72 °C for 10 min 

Reverse: Ami9R- GTTGAGTCGAATTAAGCCGC 

Nontuberculous 

mycobacteria 

 

Forward: MF-CGACCACTTCGGCAACCG 30 cycles of: 

30 s at 95 °C, 

30 s at 60 °C and 

45 s at 72 °C 

Followed by a 5 min extension at 

72 °C. 

Reverse: MR-TCGATCGGGCACATCCGG 

Legionella spp. Forward: LEGMIP_f-

GGG(AG)ATT(ACG)TTTATGAAGATGA(AG)A(CT

)TGG 

95 °C for 15 min, 

35 cycles of: 

1 min at 94 °C, 

2 min at 58 °C and 

2 min at 72 °C 

Followed by a 6 s pause at 80 °C 

for dye detection 

Reverse: LEGMIP_r-

TC(AG)TT(ATCG)GG(ATG)CC(ATG)AT(ATCG)G

G(ATCG)CC(ATCG)CC 

 Primer and probe sequences (5’-3’)a  

E. coli F: GGT AGA GCA CTG TTT TGG CA 

R: TGT CTC CCG TGA TAA CTT TCTC 

P: FAM- TCA TCC CGA CTT ACC AAC CCG -

TAMRA 

10 min at 95°C, 

40 cycles of: 

15 s at 95°C and 

1 min at 60°C 

Enterococcus spp. F: GAGA AAT TCC AAA CGA ACT TG 

R: CAG TGC TCT ACC TCC ATC ATT 

10 min at 95°C, 

40 cycles of: 

15 s at 95°C and 
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P: FAM- TGG TTC TCT CCG AAA TAG CTT TAG 

GGC TA-TAMRA 

2 min at 60°C 

Legionella spp.  F: CCC ATG AAG CCC GTT GAA 

R: ACA ATC AGC CAA TTA GTA CGA GTT AGC 

P: FAM-TCC ACA CCT CGC CTA TCA ACG TCG 

TAGT-TAMRA 

10 min at 95°C, 

40 cycles of: 

15 s at 95°C and 

1 min at 60°C 

L. pneumophila  F: AAA GGC ATG CAA GAC GCT ATG 

R: GAA ACT TGT TAA GAA CGT CTT TCA TTT G 

P: FAM-TGGCGCTCAATTGGCTTTAACCGA-

TAMRA 

10 min at 95°C, 

40 cycles of: 

15 s at 95°C and 

1 min at 60°C 

M. aviumm F: GGG TGA GTA ACA CGT GTG CAA 

R: CCA GAA GAC ATG CGT CGT GA 

P: FAM-TGC ACT TCG GGA TAA GCC TGG GAA 

A-TAMRA 

50°C for 2 min, 

95°C for 10 min, 

40 cycles of: 

15 s at 95°C and 

1 min at 60°C 

M. intracellulare F: GGG TGA GTA ACA CGT GTG CAA 

R: CCA CCT AAA GAC ATG CGA CTA AA 

P: FAM-TGC ACT TCG GGA TAA GCC TGG GAA 

A-TAMRA 

50°C for 2 min, 

95°C for 10 min, 

40 cycles of: 

15 s at 95°C and 

1 min at 60°C 

P. aeruginosa F: TGC TGG TGG CAC AGG ACA T 

R: TTG TTG GTG CAG TTC CTC ATT G 

P: FAM-CAG ATG CTT TGC CTC AA-BHQ1 

50°C for 2 min, 

95°C for 10 min, 

40 cycles of: 

15 s at 95°C and 

1 min at 60°C 

a F, Forward primer; R, reverse primer; P, probe; FAM, 6-carboxyflourescein; BHQ1, black hole 

quencher 1; TAMRA, 6-carboxytetramethylrhodamine  
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Figure 17. Bacterial abundance in tanks (Tank 1 (T1) – Tank 10 (T10)) bulk water and sediment 

samples as measured by total number of 16S rRNA gene sequences (OTUs). 
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Figure 18. Bacterial species richness in tank bulk water and sediment samples as measured using 

the Chao1 estimator for samples rarefied to 1000 reads. 
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Figure 19. Heatmap displaying the community composition and relative abundance of bacterial 

families based on 16S rRNA sequencing in the tank (Tank 1(T1) – Tank 10 (T10)) sediment 

samples. Tanks marked with a red star were positive for Acanthamoeba spp. 
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Figure 20. Heatmap displaying the community composition and relative abundance of bacterial 

families based on 16S rRNA sequencing in the tank (Tank 1 (T1) – Tank 10 (T10)) bulk water 

samples. Tanks marked with a red star were positive for Acanthamoeba spp. 
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Figure 21. NMDS ordination of Bray Curtis dissimilarities of 24 rarefied sediment samples. Colours 

indicate the tank (Tank 1 (T1) – Tank 10 (T10)) and the shape indicates which amoebal species 

were detected in the sample. 
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Figure 22. NMDS ordination of Bray Curtis dissimilarities of 16 rarefied bulk water samples. 

Colours indicate the tank (Tank 1 (T1) – Tank 10 (T10)) and the shape indicates which amoebal 

species were detected in the sample. 
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Chapter 6: Prokaryotic microbial ecology as an ecosurveillance tool 

for eukaryotic pathogen colonisation: Meiothermus and Naegleria 
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The thermophilic amoeba N. fowleri has been previously detected in drinking water distribution 

systems (DWDS) in Western Australia and is the causative agent of the fatal disease primary 

amoebic meningoencephalitis. Drinking water exposure has been linked to an increasing number of 

disease cases and presents an ongoing risk to consumers and the water utility. N. fowleri and the 

majority of the microorganisms within drinking water distribution systems are found in pipeline 

biofilms thus studying the composition of pipeline biofilm is essential in understanding the overall 

microbial ecology. Ecogenomic methods have previously been used to describe bacterial and 

eukaryotic pipeline communities and to identify trophic interactions between established 

microorganisms. This 20-month long study used amplicon sequencing to assess the value of 

Meiothermus as a potential surveillance tool, to be used alongside traditional tools used by utility 

companies, for site colonisation by Naegleria fowleri in an operational drinking water distribution 

system (DWDS). Two specific 16S rRNA gene sequences were identified as Meiothermus spp. 

These species were shown to share an environmental niche with N. fowleri in the DWDS studied 

and were always present at field sites where N. fowleri was detected. Although the Meiothermus 

genus was associated with N. fowleri presence, two specific species, M. chliarophilus and M. 
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hypogaeus, were significantly associated with N. fowleri presence. This suggests that Meiothermus 

could serve as an ecosurveillance marker to assist water utilities in risk management and mitigation 

of N. fowleri colonisation within other DWDSs.  

Keywords: Drinking water distribution system, water, Naegleria fowleri, Meiothermus, biofilm, 

pathogens 

 

6.1 Introduction  

Modern societies rely on water utilities to provide access to safe drinking and municipal water. 

Although diseases caused by enteric pathogens have decreased in developed countries, opportunistic 

waterborne pathogens are still posing a global risk that threatens human health and productivity (R. 

G. Ainsworth, 2004; CDC; Trolio et al., 2008). FLA have been identified as opportunistic 

pathogens of major concern with Naegleria fowleri being of particular concern due to the severity 

of the disease it causes. It is the causative agent of primary amoebic meningoencephalitis (PAM), a 

rare but fatal disease in humans (>97% mortality) resulting in inflammation of the brain (Pearl Ma 

et al., 1990). Although cases are commonly associated with recreational water, DWDS-linked cases 

are on the rise. The most recent was reported in September 2020 in Lake Jackson, Texas where a 6-

year-old boy died after acquiring the amoeba whilst playing in a municipally supplied fountain. N. 

fowleri is distributed worldwide and continues to be detected in DWDSs in developed countries 

such as Australia and the USA (Miller et al., 2017; Morgan et al., 2016; Puzon et al., 2009; Puzon et 

al., 2017; Trolio et al., 2008). The ubiquitous nature of N. fowleri, its ability to be more resistant to 

disinfection when associated with biofilm (Miller et al., 2015) and its expanding geographic range 

due to global warming (Gharpure, Gleason, et al., 2021; Maciver et al., 2020) make it a concern for 

water utilities. Understanding the physical, chemical, and biological factors associated with N. 

fowleri colonisation could assist water utilities in their detection and mitigation procedures to 

ensure the continued safety of consumers.  

Current detection and mitigation procedures detect the presence of the amoebic pathogens such as 

N. fowleri once they have become established within the distribution system using both culturing 

and molecular approaches (Morgan et al., 2016; Puzon et al., 2009; Puzon et al., 2017; Trolio et al., 

2008). Water utilities have been working towards identifying risk factors associated with potential 

pathogen presence, such as physical and chemical characteristics that could serve as ecosurveillance 

tools to identify high risk sites and pre-emptively treat DWDSs before pathogen colonisation. 

Current ecosurveillance tools include elevated temperature and decreased chlorine residuals(Puzon 
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et al., 2020) however additional biological factors could also be explored as potential additions to 

this toolbox.  

Biofilms support the majority of microorganisms within drinking water distribution systems 

(DWDSs) (Liu et al., 2012; Parry, 2004) as they create niches which provide nutrients and 

protection from surrounding physical and chemical changes as well as disinfection residuals (Hong 

et al., 2010; Liu et al., 2012; Miller et al., 2015; Niquette et al., 2001; Parry, 2004; Puzon et al., 

2017). Studying the composition of pipeline biofilm communities is essential in assessing the 

overall microbial ecology of the DWDSs (Buse et al., 2014; Liu et al., 2012; Haylea C. Miller et al., 

2018; Morgan et al., 2016; Puzon et al., 2017). It has been found that the community composition 

of biofilms differs between spatially discrete sample sites, pipeline materials, water sources and 

disinfectant types suggesting a complex relationship between microbial ecology and pipeline 

physiochemical characteristics.  

Ecogenomic methods, such as amplicon sequencing, have been used to describe bacterial and 

eukaryotic communities of mature, established DWDS biofilms (Buse et al., 2014; Gomez-Alvarez 

et al., 2012; Hong et al., 2010; Liu et al., 2012). This has enabled identification of trophic 

interactions between established microorganisms (Feazel et al., 2009; Gomez-Alvarez et al., 2012; 

Goudot et al., 2012; Hong et al., 2010; Marciano-Cabral, 1988; Pickup et al., 2007; Puzon et al., 

2017). Delafont et al. (2016) used 18S and 16S rRNA gene pyrosequencing to assess free-living 

amoeba (FLA) and bacterial diversities in drinking water biofilms in Paris, France. They found 

differences in the diversity of bacterial and FLA communities across sample sites but also found 

that more than 50% of the bacterial sequences were affiliated with only seven genera: 

Pseudomonas, Stenotrophomonas, Paenibacillus, Flexibacter, Pseudoxanthomonas, 

Bradyrhizobium, and Rhizobium (Vincent Delafont et al., 2016). They also found that FLA were 

associated with a core community of bacteria with a predominance of genera such as 

Stenotrophomonas and opportunistic pathogens Pseudomonas (Vincent Delafont et al., 2016).  

Increased bacterial richness has been identified as a significant factor associated with N. fowleri 

presence in DWDS biofilm (Morgan et al., 2016) with Goudot et al. (2012) noting an affinity 

constant of 1.2 x 105 bacteria cells/amoeba. Both bacterial richness and N. fowleri presence are also 

correlated with low chlorine (Morgan et al., 2016). When assessing the associated microbial 

ecology, bacterial clades associated with N. fowleri presence were all Gram-negative (Laseke et al., 

2010; Morgan et al., 2016; Puzon et al., 2017) with dominant bacterial taxa including: 

Proteobacteria and Bacteroidetes (Laseke et al., 2010; Morgan et al., 2016; Puzon et al., 2017). The 

eukaryote communities are not as well documented; however, Nematoda and Rotifera have been 
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identified as the dominant taxa having significant positive co-occurrence with N. fowleri (Morgan et 

al., 2016; Puzon et al., 2017). A smaller study comparing the microbial ecology of two DWDS 

biofilms indicated some additional bacterial species co-occurring with N. fowleri, i.e. the phylum 

Deinococcus-Thermus (Morgan et al., 2016). Miller et al. (2018) explored the concept further by 

assessing intracellular associated bacteria (IAB) found in N. fowleri, N. lovaniensis and other 

amoebae isolated from a DWDS. Comamonadaceae, Chitinophagaceae and Meiothermus (member 

of the Deinococcus-Thermus phylum) were found to be significantly more abundant in N. fowleri 

cells versus other amoebae and parental biofilm samples suggesting preferential feeding by N. 

fowleri (Haylea C. Miller et al., 2018). Further investigation by Miller et al. (2018) confirmed 

Meiothermus spp. as a food source for field isolated pathogenic N. fowleri through feeding trials 

performed in the laboratory.  

This 20-month long study assessed the ability of the Meiothermus to serve as a surveillance tool for 

pipeline colonisation by N. fowleri by investigating Meiothermus presence at N. fowleri positive and 

negative sites along a >300 km DWDS. As such, this study provides the addition of a biological 

biomarker to the toolbox to help identify and mitigate pathogen-related risks and concerns.  

6.2 Materials and Methods 

6.2.1 Field sites 

A DWDS in the Great Southern region of Western Australia (WA) was sampled to assess the 

composition of the pipeline microbial community. The pipeline has previously been studied and is 

known to be seasonally colonised by pathogenic amoebae at specific sites as well as exhibit large 

differences in residual chlorine concentrations between sampling sites(Haylea C. Miller et al., 2018; 

Miller et al., 2017; Morgan et al., 2016; Puzon et al., 2009; Puzon et al., 2017). Access to sampling 

sites (C, WB, Y, T, SK) was permitted by the Water Corporation of Western Australia.  

6.2.2 Field sampling 

Five sites along the DWDS were sampled seasonally between June 2016 and January 2018. One of 

the sites is known to be seasonally colonised by pathogenic N. fowleri and this site was sampled 

monthly. Physical and chemical parameters were measured using methods previously 

described(Miller et al., 2017). A pocket colorimeter II (Hach, U.S.) was used to measure free and 

total chlorine concentrations according to manufacturer’s protocol. The turbidity of the bulk water 

was measured using a Thermo Orion Turbidimeter – AQ4500 (Thermo Scientific, Australia) 

according to manufacturer’s protocol. Temperature was measured using the MC-87 Dual Channel 

Digital Thermometer (TPS, Australia). Bulk water and biofilm samples were collected using 

methods previously described(Morgan et al., 2016; Puzon et al., 2009). Triplicate bulk water 
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samples were collected in sterile 250 mL collection bottles directly from the pipeline. The DWDS 

sample spout was pre-sterilized and left running for 5 min prior to sampling to ensure the sample 

was a true representation of the pipeline bulk water. Triplicate biofilm samples were collected from 

biofilm monitors (Kiwa, Netherlands), containing glass rings used as biofilm growth supports 

(surface area of 19.96 cm2), which were directly connected to the pipeline with a flow rate of 50 L/h 

(Miller et al., 2015; Morgan et al., 2016; Puzon et al., 2009). Biofilm samples were collected and 

placed in 30 mL of 0.22 µm syringe filtered bulk water (Millex®, Ireland) in a sterile 50 mL tube. 

Samples were stored and transported to the laboratory at room temperature.  

Samples were processed using previously described methods(Haylea C. Miller et al., 2018; Miller et 

al., 2017). Microbial cells were concentrated from bulk water samples by centrifugation. Samples 

were then subdivided for amoebae viability testing, microbial enumeration and total DNA 

extraction. Biofilm was dislodged from the glass rings using sonication (5 min, 30W with a working 

frequency of 47 kHz (Bransonic, USA)) and then concentrated by centrifugation. Samples were 

then subdivided for amoebae viability testing, microbial enumeration and total DNA extraction. 

6.2.3 Viability testing of amoebae  

Cells concentrated from bulk water and biofilm samples were incubated on non-nutrient agar plates 

(NNA) with 100 L of concentrated E. coli culture (5.39 × 108 cells/mL) at 42 C for at least 48 h 

before being observed for growth fronts (Puzon et al., 2009; Robinson et al., 2006). Positive plates 

were scraped using 1 L sterile loops to collect biomass for DNA extraction and quantitative 

polymerase chain reaction (qPCR). NNA was prepared by mixing 1 L of 25% Ringers solution 

(Oxoid, England) with 15 g of bacteriological agar (agar No. 1, Oxoid England) and autoclaved at 

121 C for 20 min. E. coli was grown in 2 L Luria-Bertani broth (Oxoid, England) at 37 C to late 

log phase and concentrated by centrifugation at 5000 × g for 10 min and resuspended in 20 mL of 

25% Ringers solution.  

6.2.4 DNA Extraction  

DNA was extracted from samples using two different methods as previously describe(Haylea C. 

Miller et al., 2018; Miller et al., 2017). For viable amoebae analysis, Bio-Rad Instagene Matrix 

(BioRad, USA) was used to extract DNA from amoebic growth fronts on NNA-E. coli plates 

according to the manufacturer’s protocol. Total DNA from concentrated bulk water and biofilm 

field samples was extracted using the PowerSoil DNA Isolation kit (MO BIO Laboratories, Inc. 

USA). The DNA isolation kit was used according to the manufacturer’s protocol. All DNA extracts 

were stored at – 20 C prior to molecular detection of microbes by qPCR or amplicon sequencing. 
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6.2.5 qPCR and melt curve analysis   

DNA samples were analysed in triplicate using a Bio-Rad CFX instrument (BioRad) with reaction 

volumes of 25 L consisting of 12.5 L of HotStar Taq Master Mix (Qiagen), 1.25 L of each 

primer (10 mM), 0.1 L of 500 M SYTO9 dye (Molecular Probes), 7.9 L of sterile double 

distilled water, and 2 L of template DNA. Methods for Naegleria spp. and N. fowleri detection 

were used as previously described by Puzon et al. (2009) with either a N. fowleri specific primer set 

(Puzon et al., 2009) or a consensus primer set for Naegleria spp. (Pélandakis & Pernin, 2002). 

Primers and methods for Meiothermus spp. detection were previously described by Ekman et al. 

(2007) with the modifications described by Miller et al. (2018). All qPCR protocols included the 

generation of a melt curve profile that can be used to identify the amplified sequence. This was 

done by progressively denaturing the DNA by increasing the temperature from 75 °C to 95 °C in 

0.2 °C increments. Fluorescent dye emission was detected for 10 s at each increment and 

automatically plotted a melt curve profile. Samples were run with DNA extraction controls 

(Instagene Matrix and PowerSoil elution buffer with no DNA template), negative controls (Milli-Q) 

and positive Meiothermus spp. controls. Positive controls of Meiothermus chliarophilus 9957T and 

Meiothermus ruber 1279T were sourced from the Deutsche Sammlung von Mikroorganismen und 

Zellkulturen (DSMZ, Germany).  

6.2.6 Amplicon sequencing, processing and analysis   

The bacterial composition of biofilm samples was assessed as previously described (Haylea C. 

Miller et al., 2018). Briefly, a ~300 bp amplicon targeting the V4 region of the 16S rRNA gene was 

sequenced using 16S rRNA gene primers (in bold) with the appropriate adapter sequence for 

Illumina sequencing (in italics) 515f (5’TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG-

GTGCCAGCMGCCGCGGTAA3′) and 806rbc 

(5’GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG-GGACTACHVGGGTWTCTAAT3’) 

(IDT, Iowa, USA). The first PCR reaction for each sample used Platinum Taq (Invitrogen, CA, 

USA) at 94 °C for 2 min, followed by 35 cycles of 94 °C for 30 s, 50 °C for 30 s and 72 °C for 1 

min, followed by a final elongation step at 72 °C for 5 min. Amplicons products were then purified 

(Agencourt Ampure beads, Beckman Coulter, USA) and indexes added according to the Illumina 

amplicon sequencing protocol (Illumina, USA) with PCR at 94 °C for 2 min, followed by 8 cycles 

of 94 °C for 30 s, 55 °C for 30 s and 72 °C for 1 min, followed by a final elongation step at 72 °C 

for 5 min). The final PCR products were purified, quantified (Qubit; Thermo Fisher, USA) and 

pooled in equimolar concentrations to 4nM. The purified library was then sequenced on an Illumina 

MiSeq (v2 300 bp PE) following the manufacturer’s protocol (Illumina, USA). 
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Raw paired-end reads were processed with Trimmomatic v0.38 (Bolger et al., 2014), trimming 

reads where a four-base sliding window had an average quality score below 20, and excluding read 

pairs where one or both had fewer than 120 bp after trimming. Read pairs were merged using 

FLASH v2.2.0 (Magoč & Salzberg, 2011). Primer sequences were removed from merged reads and 

reads lacking identifiable primer sequences were discarded. Reads were imported into QIIME2 

2019.10 (Bolyen et al., 2019) for closed reference picking against the Greengenes 13_8 97% OTU 

reference sequences (McDonald et al., 2012) using vsearch  (Rognes et al., 2016).  

Richness and diversity analyses were performed and visualised in R v3.3.1 (R Core Team 2016). 

Prior to diversity analyses, OTUs observed in no-template controls or that have previously been 

defined as present in the molecular biology kits used to process samples were removed and the 

dataset normalised to 1500 reads per sample. Alpha-diversity of bulkwater and biofilm samples 

(measured as the number of OTUs) was visualised as boxplots using ggplot2 (Wickham, 2009). 

Community composition across bulkwater and biofilm samples was visualised as heat maps, 

calculated by aggregating 16S rRNA gene OTUs at the L5 level in the QIIME-formatted 

Greengenes taxonomic hierarchy, which generally corresponds to bacterial families (McDonald et 

al., 2012). Low-abundance families accounting for < 1 % of the total reads were combined into a 

single category of “Other” for visualisation. Additionally, the observed distribution of Meiothermus 

OTUs across bulkwater and biofilm samples was visualised as heatmaps. These were based on non-

normalised count data to avoid false negatives caused by low abundance Meiothermus OTUs being 

excluded during rarefaction.  

Modified confusion matrices were used to show the co-occurrence of N. fowleri with: a) All 

Meiothermus OTUs; b) Meiothermus OTU 1404; and c) Meiothermus OTU 636370. Confusion 

matrices display how well a predictor, in this case Meiothermus, matches with an observed class, in 

this case N. fowleri. Cases where the predictor and observed class match are either True Positive 

(TP, both were observed) or True Negative (TN, both were unobserved); cases where they differ are 

either False Positive (FP, the Meiothermus was observed but N. fowleri was not) or False Negative 

(FN, the Meiothermus was not observed but N. fowleri was). This enables a more detailed analysis 

of how well a predictor is working, and whether it is systematically incorrect in a particular 

direction. 

6.2.7 Comparative viability   

Comparative viability work was performed to assess N. fowleri’s ability to grow on 

unsupplemented field biomass versus bacterial food source supplemented field biomass. Field 

biomass was collected from all sites from January – March 2021 using methods described above. 
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An aliquot from each sample was taken to perform total cell density counts, DNA extraction using 

the PowerSoil DNA Isolation kit (MO BIO Laboratories, Inc. USA), and the rest was filtered 

through a 0.22 µm filter. A 1 mL aliquot of each filtered sample was spread on an NNA plate and 

dried. Then, 10 µL of viable N. fowleri culture was spotted onto the centre of the plate and 

incubated at 42°C. Plates were observed for growth fronts every 48 hours for 10 days. If growth 

was observed, growth fronts were scraped using a 1 µL loop and the DNA was extracted using the 

Bio-Rad Instagene Matrix (BioRad, USA) as described above. The DNA from viable amoeba was 

then run on the qPCR machine to confirm N. fowleri presence and the total DNA was run to test for 

Meiothermus presence. A set of identical experiments were performed; however, the field biomass 

was supplemented with 100 µL of E. coli (5.39 × 108 cells/mL) or Meiothermus chliarophilus (1.92 

× 105 cells/mL) to see if the additional food source would allow for N. fowleri growth. M. 

chliarophilus 9957T (DSMZ) cells were cultured at 50 °C for 3 – 5 days using Castenholz medium 

(DSMZ medium recipe 86). N. fowleri was cultured using methods previously described by Puzon 

et al. (2009). Briefly, N. fowleri was cultured in 75 cm2 tissue culture flasks (CELLSTAR®) with 

10 mL of a 25% Ringers solution (Oxoid), 100 µL of E. coli culture and 2.5 mL of N. fowleri 

inoculum and incubated at 37 °C.  

6.2.8 Microbial enumeration   

Enumeration of microbial cell concentrations were conducted using a Becton Dickinson Accuri C6® 

Plus (BD Accuri cytometers, Belgium) equipped with a blue and red laser emitting at fixed 

wavelengths of 488 nm and 640 nm respectively. Fluorescent intensity was collected at FL1 = 533 

± 30 nm, FL3 = >670 nm, while sideward and forward scattered light intensities were collected as 

well. Bulk water and biofilm samples were diluted to fit into the counting range of the flow 

cytometer using Milli-Q water. Once the samples were diluted, 100 µL was stained with 1 µl (10 x) 

of SYBR Green I (Invitrogen, U.S.A) to differentiate cells from non-cellular objects. Samples were 

then agitated and incubated in the dark at room temperature for 15 min. The run was set to analyse 

approximately 50 µl of the stained sample at a ‘medium’ setting with a flow rate of 35 µl/min and a 

core size of 16nm. The plate was agitated and ran a blank Milli-Q well after every 2 replicates to 

mix and flush the instrument between samples. All samples were run in duplicate with sterile water, 

field water, with and without SYBR Green I controls. Counting zones were selected based on (Prest 

et al., 2013), where density plots of green fluorescence (FL1; 533 nm), and red fluorescence (LF3; 

>670 nm) allowed for optimal distinction between the stained microbial cells and instrument noise 

or sample background. Data was analysed using the BD CSampler Plus software (BD Accuri 

cytometers, Belgium) with duplicate results averaged, and the results presented as cells/mL for bulk 

water or cells/cm2 for biofilm samples.  
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6.2.9 Statistical analysis  

Statistical associations were calculated using a generalised linear mixed model in the R statistical 

package (version 1.2.1335). N. fowleri and Meiothermus spp. were assessed for their association 

with the presence each other, sample type and several water physical and chemical parameters. The 

generalised mixed linear model was used with an alpha of 0.05 and accounted for random effect 

within sample sites. A power analysis indicated that the generalised linear mixed model approach 

had the statistical power at the recommended 0.8 level (Cohen, 1992) to observe effect sizes up to 

63% as strong as that observed in our analysis.  

6.3 Results  

6.3.1 Amoeba presence, distribution, and field site physical and chemical parameters 

A total of 232 bulk water and biofilm samples were collected on a seasonal basis from 5 sites along 

a >300 km stretch of DWDS between winter 2016 and summer 2018, in the south west of Western 

Australia. Site physical and chemical parameters include temperature, free chlorine, total chlorine, 

and turbidity (Supplementary Table 4). The average temperatures ranged from 20.4 °C (± 6.2 °C) in 

the spring, 29.7 °C (± 4.9 °C) in the summer, 19.4 °C (± 3.5 °C) in the autumn and 15.1 °C (± 3 °C) 

in the winter. Among the sampling sites, SK had the highest recorded temperature (32.6 °C) and 

highest average temperature overall (23.54 °C). Free chlorine ranged from 0 – 1 mg/L across the 

sites with site Y having the lowest average free chlorine residual (0.034 mg/L) followed by SK 

(0.039 mg/L), T (0.051 mg/L), WB (0.285 mg/L) and site C having the highest average free 

chlorine residual (0.669 mg/L). 

Amoebae were detected using qPCR-melt curve analysis (Figures 23 and 24) and viability was 

confirmed using NNA-E. coli plates. All sites were positive for FLA presence at least once during 

the study where detected amoebae included Vermamoeba spp. and N. fowleri. Sites SK and T had 

multiple FLA detections in both the bulk water and biofilm throughout the sampling period with 

both Vermamoeba spp. and N. fowleri detected. However, these were the only sites that were 

positive for N. fowleri. Sites C and WB had a single FLA detection with Vermamoeba spp. being 

detected in the biofilm in January 2017. Site Y had two detections of Vermamoeba spp. in the 

biofilm in winter 2017 and summer 2018. Using a generalised linear mixed model, the FLA were 

found to be significantly more abundant in the biofilm than in the bulk water (p value = 5.71 x 10-5) 

and were found at sites with low chlorine or following reductions in chlorine residuals (p value = 

5.06 x 10-4) as well as during or just after rises in temperature (p value = 1.14 x 10-2). N. fowleri 

specifically was statistically associated with sample type (p value = 5.33 x 10-3) and temperature (p 

value = 3.93 x 10-2) (Table 10). 
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6.3.2 Microbial ecology and bacterial abundance 

The total cell density was measured for the bulk water samples with all sites having average cell 

densities above 1.0 x 105 cells/mL, except for site WB (9.65 x 104 cells/mL). Site SK had the 

highest average cell density with 4.40 x 105 cells/mL. The composition of the bacterial communities 

was characterised by 16S rRNA gene amplicon sequencing and bacterial OTU abundance and 

diversity (Figures 25 and 26). Sites SK and T had the greatest bacterial diversity whereas sites C 

and WB had the lowest diversity with minimal difference in the number of OTUs detected between 

the seasons. Further analysis of the bacterial families found in N. fowleri positive and negative sites 

detected the same families at all sample sites and across both sample types with 

Sphingomonodaceae found abundantly at all sites and sample types (Figures 27 and 28). There was 

a higher overall bacterial abundance in the biofilm and sites that had lower chlorine residuals (SK, 

T and Y). Families that were less abundant at sites with low chlorine residuals included: 

Bacillaceae, Brevibacteriaceae, Corynebacteriaceaa, Pirellulaceae, and Staphylococcaceae 

whereas Oxalobacteraceae was more abundant at the high chlorine residual site C. N. fowleri was 

also more abundant in the biofilm samples (p value = 5.33 x 10-3). The only bacterial family whose 

abundance was significantly different between the N. fowleri positive and negative sites was 

Oxalobacteraceae which, as mentioned above, was more abundant at the N. fowleri negative and 

high chlorine site C.  

6.3.3 Detected Meiothermus OTUs and their association with N. fowleri presence 

Based on previous studies, Meiothermus was identified as IAB and food source for N. fowleri even 

though it was not a major component of the parental biofilm (Haylea C. Miller et al., 2018). 

Meiothermus seasonal presence was assessed along the DWDS in both bulk water and biofilm and 

was detected in 76 samples. Meiothermus was significantly associated with sample type (p value = 

2.84 x 10-5) and was detected in all seasons with a higher prevalence in the spring and summer 

months. Meiothermus OTUs were then assessed for their presence at sites that were both positive 

and negative for N. fowleri (Figures 29 and 30). The predominant Meiothermus OTUs detected 

were assigned to Greengenes 16S OTUs 636370 (1305 reads) and 1404 (142 reads) in both biofilm 

and bulk water samples at sites SK, T and Y. OTU 636370 was most similar to M. hypogaeus 

(97.95% identity) (Mori et al., 2012) and OTU 1404 was most similar to M. chliarophilus (100% 

identity) (Nobre et al., 1999). These OTUs were also dominant at N. fowleri positive sites T and 

SK. Site Y was the only site that was positive for OTUs 636370 and 1404 but negative for N. 

fowleri. Other OTUs detected in lesser abundance were 1395 (104 reads at WB), 573829 (4 reads at 

WB, Y and SK), 130884 (3 reads at T, Y and SK) and 100036 (1 read at SK).  
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Confusion matrices were generated to compare the presence of N. fowleri with Meiothermus OTUs 

636370 and 1404 respectively (Figures 31 and 32). Of the 232 samples collected from the 5 sites, 

164 were analysed further for N. fowleri and Meiothermus presence. Meiothermus was detected in 

76 samples and N. fowleri was found in 29 of those. Site SK had both OTUs 636370 and 1404 

whereas site T only had OTU 636370. Sites that were negative for Meiothermus OTUs, were 

negative for the presence of N. fowleri. However, site Y was positive for Meiothermus OTUs but 

negative for N. fowleri. The Meiothermus OTUs were detected in both sample types but were more 

abundant in the biofilm samples and at the N. fowleri positive sites. Meiothermus abundance 

preceded N. fowleri detection and remained once N. fowleri was undetectable. When assessed using 

a generalised linear mixed model, N. fowleri presence was significantly associated with overall 

Meiothermus presence (p value = 1.75 x 10-3) but also with specific OTUs: 363670 (p value = 8.12 

x 10-5) and 1404 (p value = 1.10 x 10-5).  

6.3.4 Comparative viability  

To test the ability of N. fowleri to grow on biomass without Meiothermus, biomass was collected 

from known N. fowleri sites (SK and T) as well as negative sites (C, WB and Y) when Meiothermus 

and N. fowleri were not present, which was confirmed by qPCR (Miller et al., 2018). The biomass, 

which had average cell densities ranging from 1.77 x 106 cells/mL to 6.36 x 107 cells/mL, was 

filtered to remove any chlorine and plated on NNA plates. Viable N. fowleri culture was then 

spotted onto the plate and observed for growth fronts (Tables 11 and 12) and confirmed by qPCR to 

assess for N. fowleri’s ability to grow on the Meiothermus negative biomass. N. fowleri did not 

grow on any field biomass samples lacking Meiothermus, regardless of the high average cell 

densities. When the field biomass was supplemented with the laboratory food source E. coli or field 

isolated Meiothermus however, N. fowleri was able to grow on all field biomass tested from all 

sites. 

6.4 Discussion  

The results presented above strongly suggest that Meiothermus is an important component of the 

microbial community supporting the presence and colonisation of N. fowleri at the studied DWDS. 

Meiothermus was present at all field sites where N. fowleri was detected. This was supported in the 

laboratory results where N. fowleri did not grow on field biomass that was negative for 

Meiothermus despite the biomass having the required 1.2 x 105 bacteria cells/amoeba for growth of 

N. fowleri (Goudot et al., 2012). This suggests that although a threshold number of bacterial cells is 

required, specific food source organisms, such as Meiothermus in this case, need to be part of the 

community for N. fowleri growth and colonisation to occur.  
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The genus Meiothermus has been identified as a preferential food source for N. fowleri (Haylea C. 

Miller et al., 2018) in DWDS; and appears to share the same environmental niche. Both 

Meiothermus and N. fowleri had statistically significant associations with sample type (p values = 

2.84 x 10-5 and 5.33 x 10-3 respectively) when assessed using a generalised linear mixed model and 

were both more commonly detected in warmer months. The two Meiothermus OTUs, dominated N. 

fowleri positive sites and were significantly associated with N. fowleri, OTU 363670 (p value = 

8.12 x 10-5) and 1404 (p value = 1.10 x 10-5). These OTUs and N. fowleri were detected at sites 

where the measured free chlorine residual was less than 0.1 mg/L, which is below the 0.5mg/L 

recommended by the water utility. Further, these Meiothermus OTUs and N. fowleri preferred 

colonising the biofilm over the bulk water. The other detected Meiothermus OTUs (1395, 573829, 

130884 and 100036) did not share significant associations with N. fowleri or correlate with pipeline 

physical and chemical characteristics. Interestingly, strains from the same bacterial family 

Thermaceae have also been linked to N. fowleri presence and growth in the natural environment. A 

Thermus ruber like organism was isolated from a hot spring in Grand Teton National Park and 

supported the growth of N. fowleri on NNA plates when used as the sole food source (Ramaley et 

al., 2001). The Meiothermus correlation to N. fowleri needs to be more thoroughly investigated in 

environmental water sources used for recreational purposes, such as hot springs to determine if the 

dependence of this specific organism is widespread. 

Food sources commonly used for laboratory culture of N. fowleri include Klebsiella 

pneumoniae, Enterobacter spp. (Enterobacter aerogenes and Enterobacter cloacae), 

and Escherichia coli. (Schuster, 2002). These bacteria are all rod shaped, Gram-negative, nitrate 

reducing, facultative anaerobes belonging to the Enterobacteriaceae family and part of the normal 

gut flora. Meiothermus is also Gram-negative, rod shaped and able to reduce nitrate (however not 

all species are nitrate reducers (Nobre & da Costa, 2015)), however it is from a different bacterial 

family and not part of the gut flora, but found in the environment and industrial settings (Ekman et 

al., 2007; Spanevello & Patel, 2004). Since normal gut florae would not typically be found in 

DWDSs, as they are indicators of faecal contamination, Meiothermus and other unidentified 

bacteria are likely an important a food source for N. fowleri in natural and engineered settings. 

Further work needs to be done to explore the shared properties between the different known N. 

fowleri food sources as this could help identify other potential N. fowleri food sources which could 

be used along with Meiothermus as biomarkers for N. fowleri colonisation.   

In the DWDS both Meiothermus OTUs were found at site Y, however N. fowleri was not detected. 

This suggested that the site had the biological conditions necessary for N. fowleri to be present but 

was unable to colonise the site. We hypothesise a potential negative amoeba-amoeba interaction 
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prevented N. fowleri colonisation at this site similar to the negative interactions seen between 

Naegleria spp. (H. C. Miller et al., 2018). We have detected an uncharacterised viable amoeba at 

site Y (data not shown) which may be competing with N. fowleri thereby preventing N. fowleri 

colonisation of site Y.  

Water utilities currently use pipeline physical and chemical conditions to assess site susceptibility to 

N. fowleri colonisation (Huizinga & McLaughlin, 1990; Marciano-Cabral, 1988; Morgan et al., 

2016; Niquette et al., 2001; Trolio et al., 2008); however, some sites exhibit the correct conditions 

for colonisation and yet N. fowleri is not present (Goudot et al., 2012; Maclean et al., 2004; 

Marciano-Cabral, 1988; Sifuentes et al., 2014; Sykora et al., 1983). There is a complex dynamic 

between the pipeline physical, chemical, and biological characteristics, and to fully understand and 

predict potential N. fowleri colonisable sites these facets need to be studied together. Taken together 

with a system-level understanding of the biology of N. fowleri itself (Herman et al., 2021), adding a 

biological component to the ecosurveillance toolbox, such as the presence of Meiothermus 

indicating site susceptibility to N. fowleri, may assist water utilities in mitigating risks pre-

emptively.  

Future work should investigate other known N. fowleri IAB as well as additional FLA and their 

IABs to identify potential biomarkers for other pathogens such as Acanthamoeba spp. and 

Vermamoeba sp. Amoeba-amoeba interactions should also be a focus of future work as negative 

interactions may have the potential to serve as biological control mechanisms for N. fowleri and 

other pathogenic amoebae.   

6.5 Conclusion 

This 20-month long study investigated prokaryotic microbial ecology as a component of N. fowleri 

colonisation along a 300+ km operational DWDS. Ecogenomics methods were used to describe 

bacterial and eukaryotic pipeline communities and identified trophic interactions between 

established microorganisms. These trophic interactions were identified in the prokaryotic 

community and showed that the statistically significant association between Meiothermus spp. and 

N. fowleri may be used as a potential bio-tool to aid in identification of sites susceptible to 

colonisation by pathogenic N. fowleri. Furthermore, specific Meiothermus spp., M. hypogaeus and 

M. chliarophilus, were shown to share an environmental niche with N. fowleri, with both preferring 

warmer temperatures, low chlorine residuals and preferentially colonising pipeline biofilm over 

bulk water. These individual Meiothermus species, are prospective biological tools that could be 

used with traditional surveillance tools to aid in the identification and surveillance of N. fowleri 

colonisable sites.  
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Figure 23. Bar graph showing detected amoebae species in the bulk water at sites (C, WB, T, Y and SK) along the DWDS. Bars are stacked if more 

than one amoeba was detected at a time point. Lines represent the physical and chemical parameter measured during sampling. The temperature values 

were divided by 10 to fit the axis.  
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Figure 24. Bar graph showing detected amoebae species in the biofilm at sites (C, WB, T, Y and SK) along the DWDS. Bars are stacked if more than 

one amoeba was detected at a time point. Lines represent the physical and chemical parameter measured during sampling. The temperature values were 

divided by 10 to fit the axis.   
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Figure 25. Bacterial OTU abundance in bulk water samples from sites C, WB, T, Y and SK as 

measured by 16S rRNA gene sequences. Dataset was normalised by rarefaction to 1500 and 

removal of Kitome OTUs. Colours represent sampling dates.
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Figure 26. Bacterial OTU abundance in bulk water samples from sites C, WB, T, Y and SK as 

measured by 16S rRNA gene. Dataset was normalised by rarefaction to 1500 and removal of 

Kitome OTUs. Colours represent sampling dates. 
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Figure 27. Heatmap displaying the relative abundance of bacterial families in the bulk water samples from sites C, WB, T, Y and SK across the 

normalised dataset. Samples coloured in red were positive for N. fowleri whereas samples coloured in blue were negative for N. fowleri. The family 

Thermaceae (family to which Meiothermus belongs) is represented in the *Other family as it made up less than 2% of the overall families present. 

Samples are grouped by sample site. 
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Figure 28. Heatmap displaying the relative abundance of bacterial families in the biofilm samples from sites C, WB, T, Y and SK across the 

normalised dataset. Samples coloured in red were positive for N. fowleri whereas samples coloured in blue were negative for N. fowleri. The family 

Thermaceae (family to which Meiothermus belongs) is represented in the *Other family as it made up less than 2% of the overall families present. 

Samples are grouped by sample site. 
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Figure 29. Heatmap showing the OTU number and relative abundance of Meiothermus and N. fowleri presence in bulk water samples from sites C, 

WB, T, Y and SK using the normalised dataset. Detections coloured in red indicate samples that were positive for Meiothermus and N. fowleri whereas 

detections coloured in blue indicate samples that were positive for Meiothermus but negative for N. fowleri.
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Figure 30. Heatmap showing the OTU number and relative abundance of Meiothermus and N. fowleri presence in biofilm samples from sites C, WB, 

T, Y and SK using the normalised dataset. Detections coloured in red indicate samples that were positive for Meiothermus and N. fowleri whereas 

detections coloured in blue indicate samples that were positive for Meiothermus but negative for N. fowleri.
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Figure 31. Confusion matrix showing the relative abundance of Meiothermus and N. fowleri across sites C, WB, T, Y and SK, sample types and 

seasons. Green colour indicates a positive relationship (both Meiothermus and N. fowleri present or absent) and a negative relationship (either 

Meiothermus or N. fowleri present without the other) is shown in grey. X-axis acronyms are TP = True Positive (detection of Meiothermus and N. 

fowleri), TN = True Negative (no detection of Meiothermus or N. fowleri), FP = False Positive (detection of Meiothermus but not N. fowleri) and FN = 

False Negative (detection of N. fowleri but not Meiothermus). 
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Figure 32. Confusion matrix showing the relative abundance of Meiothermus OTU 1404 and N. fowleri across sites C, WB, T, Y and SK, samples 

types and seasons. Colour indicates a positive relationship (both Meiothermus and N. fowleri present or absent) in green and negative relationship 

(either Meiothermus or N. fowleri present without the other) in grey. X-axis acronyms are TP = True Positive (detection of Meiothermus and N. 

fowleri), TN = True Negative (no detection of Meiothermus or N. fowleri), FP = False Positive (detection of Meiothermus but not N. fowleri) and FN = 

False Negative (detection of N. fowleri but not Meiothermus).
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Figure 33. Confusion matrix showing the relative abundance of Meiothermus OTU 636370 and N. fowleri across sites C, WB, T, Y and SK, samples 

types and seasons. Colour indicates a positive relationship (both Meiothermus and N. fowleri present or absent) in green and negative relationship 

(either Meiothermus or N. fowleri present without the other) in grey. X-axis acronyms are TP = True Positive (detection of Meiothermus and N. 

fowleri), TN = True Negative (no detection of Meiothermus or N. fowleri), FP = False Positive (detection of Meiothermus but not N. fowleri) and FN = 

False Negative (detection of N. fowleri but not Meiothermus). 
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Naegleria fowleri is a free-living amoeba which causes the fatal human disease primary amoebic 

meningoencephalitis. N. fowleri have been isolated from natural and engineered water systems 

worldwide. Physical and chemical conditions as well as bacterial food sources are known to support 

N. fowleri’s presence and abundance, however these characteristics do not always result in N. 

fowleri’s presence due to other unknown factors. A distribution system in rural Western Australia is 

known to be seasonally colonised by N. fowleri in one branch but not the other. Both branches are 

supplied with the same source water and possess similar physical and chemical characteristics; 

however, N. fowleri is detected at one end and other unclassified amoebae are detected at the other. 

This study hypothesises that the absence of N. fowleri at the site is due to competition or negative 

interactions with other free-living amoebae known to colonise that site. Amoebae from the N. 

fowleri negative site were isolated and co-cultured with N. fowleri using both a laboratory bacterial 

(Escherichia coli) food source and a known field bacterial food source (Meiothermus chliarophilus) 

for N. fowleri. The unknown amoebae were identified as Vermamoeba vermiformis and 

Acanthamoeba jacobsi and were both shown to outcompete N. fowleri during the growth 

competition experiments when E. coli was used as the sole food source. When Meiothermus 

chliarophilus was used as the food source, V. vermiformis grew together with N. fowleri in a 

neutralistic relationship however, A. jacobsi outcompeted N. fowleri more rapidly. These negative 

interactions could be exploited as bio-barriers to N. fowleri colonisation assisting in management 

and risk mitigation ensuring safer drinking water for consumers. 
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7.1 Introduction 

Free-living amoeba (FLA) are found ubiquitously in aquatic environments and have been isolated 

from drinking water distribution systems (DWDSs) worldwide (Hoffmann & Michel, 2001; Isaac & 

Sherchan, 2020; Jeong & Yu, 2005; Kilvington et al., 2004; Lu et al., 2015; Puzon et al., 2009; 

Puzon et al., 2020; Seal et al., 1992; Shoff et al., 2008; Thomas & Ashbolt, 2011; Trolio et al., 

2008). A number of FLA are considered pathogenic, such as Naegleria fowleri and Acanthamoeba 

spp. which are the causative agents of the rare and often fatal diseases primary amoebic 

meningoencephalitis and granulomatous amoebic encephalitis, respectively (Schuster & Visvesvara, 

2004). To protect consumers, disinfectants are used to prevent DWDS colonisation by these 

pathogens. However, FLA possess inherent defence mechanisms that can protect them from 

disinfection. FLA have interchangeable life stages that allow them to tolerate changes in their 

environment as well as resist disinfection (Page, 1988; Schuster & Visvesvara, 2004). In favourable 

conditions FLA exist as amoeboid trophozoites which feed and actively proliferate but when 

conditions become disadvantageous, the trophozoites undergo encystation resulting in a dehydrated 

cyst which can survive in the environment for 24 years without loss of virulence (Mazur et al., 

1995). Cysts can be up to 45 times more resistant to disinfection than their trophozoite counterparts, 

and if they persist through the disinfection regimen, can excyst again and present a risk to 

consumers (Cervero‐Aragó et al., 2014; Dupuy et al., 2014). Some FLA resist disinfection better 

than others. Viable Acanthamoeba spp. cysts have been isolated from water with a free chlorine 

residual above 1.0 mg/L whereas N. fowleri is more sensitive to chlorine and more commonly found 

in DWDSs with chlorine residuals below 0.5mg/L (De Jonckheere & Van de Voorde, 1976).  

In addition to disinfectant residuals, the surrounding microbial community and ecology impacts the 

ability of FLA to colonise DWDS (Vincent Delafont et al., 2016; Vincent Delafont et al., 2013; 

Puzon et al., 2020). Approximately 95% of the microorganisms in pipeline microbial communities, 

including FLA, are found in biofilms (Flemming et al., 2002). Biofilms are a biologically derived 

three-dimensional matrix of extracellular polymers adhering to the pipe wall which supports the 

community of microorganisms (Flemming & Wingender, 2010). Microorganisms compete for space 

and resources within the biofilm by either creating symbiotic relationships or by secreting 

extracellular chemical substance that inhibit other microorganisms, leading to competitive exclusion 

of species (Bauer et al., 2018). Certain bacteria have an endosymbiotic relationship with FLA. 



140 

These bacteria, called amoeba resistant bacteria (ARB), resist phagocytosis by FLA and use them 

for protection from disinfection as well as physical and chemical stressors (Hoffmann & Michel, 

2001; Vincent Thomas et al., 2010). A number of the ARB are opportunistic pathogens such as 

Legionella spp. and non-tuberculous mycobacteria and studies have shown that on some occasions, 

exposure to FLA can increase the virulence of ARB (Cirillo et al., 1994; Cirillo et al., 1997; Nora et 

al., 2009). Meiothermus has also been identified as having a significantly positive association with 

the presence of N. fowleri in natural and engineered environments and, although not a major 

component of the parental biofilm, is a preferential food source for N. fowleri (Haylea C. Miller et 

al., 2018; Ramaley et al., 2001) and based on a recent study of an operational DWDS, (personal 

communication) indicated its possible application as a potential marker required for N. fowleri’s 

colonisation and presence.   

There have also been negative interactions documented between FLA and prokaryotes. Qureshi et 

al. (1993) noted that cocultivation of Acanthamoeba spp. with live Pseudomonas aeruginosa 

induced amoebicidal activity (Qureshi et al., 1993). Matz et al. (2008) then characterised this 

amoebicidal activity as quorum-sensing involving type III secretion system (Matz et al., 2008). 

Interactions between FLA and other eukaryotes have not been assessed as extensively. Morgan et 

al. (2016) found a significant co-occurrence between N. fowleri, Nematoda and Rotifera (Morgan et 

al., 2016) and Miller, Wylie et al (2018) revealed through laboratory and field experiments, that an 

individual Naegleria spp. will dominate a site even when inoculated with multiple Naegleria spp. 

(H. C. Miller et al., 2018). This work indicated that negative interactions exist between Naegleria 

species, however little is known about the interactions of N. fowleri with other non-Naegleria FLA. 

Additional negative interactions between N. fowleri and other FLA may exist and therefore could be 

utilised as a means of biological control to prevent the colonisation of DWDS with pathogenic FLA.  

A DWDS in rural Western Australia (WA) has been previously studied and is known to have sites 

that are seasonally colonised by FLA including N. fowleri (Puzon et al., 2020). With over 300 km of 

pipeline, there are multiple sites with conditions suitable for N. fowleri colonisation including 

elevated temperatures (Morgan et al., 2016), low disinfection residuals (Miller et al., 2015; Morgan 

et al., 2016; Puzon et al., 2009; Puzon et al., 2020), increased microbial richness (Haylea C. Miller 

et al., 2018; Morgan et al., 2016; Puzon et al., 2017) and the presence of Meiothermus as a food 

source (Haylea C. Miller et al., 2018). However, one site (site Y) which meets all the required 

criteria to host N. fowleri does not harbour N. fowleri. Site Y shares the same water source as the 

other N. fowleri positive site but is seasonally colonised by other non-Naegleria FLA. The presence 

of these FLA may by preventing N. fowleri from colonising the site.  
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Here we report the interactions between different FLA and N. fowleri isolated from two separate 

field sites connected on the same DWDS in order to ascertain whether a negative interaction 

between N. fowleri and other non-Naegleria FLA occurs. We evaluated the growth and persistence 

of N. fowleri when cultivated with two different FLA and determined how the interactions changed 

based on different FLA food sources. The results indicated negative interactions between amoebae 

offering potential methods for identifying sites resistant to N. fowleri colonisation based on the 

presence of competing FLA. This knowledge could further aid water utilities in managing DWDSs 

and developing natural bio-barriers to prevent N. fowleri colonisation. 

7.2 Materials and Methods 

7.2.1 Field sites for amoebae interaction experiments and field survey 

Four independent field sites on the same rural DWDS were studied between 2016 and 2019. Two 

field sites (sites Y and SK) were used for the amoebae interaction experiments and an additional 

two sites (sites T and WB) were included in the field survey with sites Y and SK. 

Sites Y and SK were supplied with the same water source for 10 km but thereafter continued on 

separate branches of the DWDS scheme (site Y, 35 km northerly and site SK, 40 km easterly). Both 

branches exhibited similar physical, and chemical conditions, however site SK is seasonally 

colonised by N. fowleri and site Y harbours unknown thermophilic FLA (Miller et al., 2017; Miller 

et al., 2015). Access to sampling sites was provided by the Water Corporation of Western Australia. 

7.2.2 Sample collection  

Triplicate bulk water and biofilm samples were collected using methods previously described by 

Puzon et al. (2009) and Morgan et al. (2016). Briefly, bulk water samples were collected in sterile 

250 mL bottles directly from the pipeline. The spout was pre-sterilized before sample collection 

with first flush sample being collected immediately and bulk water samples collected after flushing 

water for 5 min to ensure the sample was a true representation of the pipeline bulk water. Biofilm 

samples were collected from biofilm monitors (Kiwa, Netherlands), containing glass rings used as 

biofilm growth supports (surface area of 16.96 cm2), which were directly connected to the pipeline 

with a flow rate of 50 L/h (Miller et al., 2015; Morgan et al., 2016; Puzon et al., 2009). Triplicate 

biofilm samples were aseptically collected and placed in 30 mL of 0.22 µm syringe filtered bulk 

water (Millex®, Ireland) in a sterile 50 mL tube. Samples were stored and transported to the 

laboratory at room temperature (Haylea C. Miller et al., 2018). 

7.2.3 Sample processing and viability testing  

Samples were initially processed using methods described by Puzon et al. (2009). Biofilm was 

dislodged from the glass rings into filtered site bulk water using sonication (5 min, 30 W with a 
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working frequency of 47 kHz + 6% (Bransonic, USA)). The biofilm samples were then 

concentrated into a 3 mL aliquot of the original solution by centrifugation at 2000 × g for 10 min. 

Cells from bulk water samples were harvested by filtration on a 0.22 µm filter. Concentrated cell 

suspensions from biofilm samples and cells harvested on filter papers from bulk water were used to 

detect viable organisms.  

A 500 µL aliquot of the biofilm cell suspension and the bulk water filter papers were incubated on 

non-nutrient agar plates (NNA) with 100 L of concentrated Escherichia coli (ATCC 11775) 

culture (5.39 × 108 cells/mL) at 30C and 42 C for mesophilic and thermophilic amoeba, 

respectively and observed for growth fronts at 48 h and then periodically for 10 days (Puzon et al., 

2009; Robinson et al., 2006). Positive plates were scraped using 1 L sterile loops to collect 

biomass for DNA extraction and qPCR. NNA was prepared by mixing 1 L of 25% Ringers solution 

(Oxoid, England) with 15 g of bacteriological agar (agar No. 1, Oxoid England) and autoclaved at 

121 C for 20 min. E. coli was grown in 2 L Luria-Bertani broth (Oxoid, England) at 37 C to late 

log phase and concentrated by centrifugation at 5000 × g for 10 min and resuspended in 20 mL of 

25% Ringers solution.  

7.2.4 Amoebae identification 

DNA was extracted from positive plate scrapings using the Bio-Rad Instagene Matrix (Bio-Rad, 

USA) according to the manufacturer’s protocol. Positive NNA – E. coli plates were scraped using 1 

L sterile disposable loop and resuspended in 100 L of the InstaGene matrix. All DNA extracts 

were stored at – 20 C prior to analysis by qPCR.  

DNA samples were analysed in triplicate using a Bio-Rad CFX instrument (BioRad) with reaction 

volumes of 25 L consisting of 12.5 L of HotStar Taq Master Mix (Qiagen), 1.25 L of each 

primer (10 mM), 0.1 L of 500 M SYTO9 dye (Molecular Probes), 7.9 L of sterile double 

distilled water, and 2 L of template DNA. Naegleria spp. and N. fowleri were detected with a 

consensus primer set (Pélandakis et al., 2000) and a N. fowleri specific primer set (Puzon et al., 

2009), respectively, using methods previously described by Puzon et al. (2009). The unknown 

amoebae were detected by amplifying a 600 to 800 bp portion of the 18S rRNA gene with Ami6F1 

(5’ -CCAGCTCCAATAGCGTATATT- 3’) and Ami9R (5’ -GTTGAGTCGAATTAAGCCGC- 3’) 

primers using previously described methods (Thomas et al., 2006) and Acanthamoeba spp. presence 

was confirmed using Acanthamoeba spp. specific primers JDP1(5’ -

GGCCCAGATCGTTTACCGTAA- 3’) and JDP2 (5’ -TCTCACAAGCTGCTAGGGAGTCA- 3’) 

using methods from (Schroeder et al., 2001). All qPCR protocols included the generation of a melt 

curve profile used to identify the amplified sequence. This was done by progressively denaturing 
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the DNA by increasing the temperature from 75 °C to 95 °C in 0.2 °C increments. Fluorescent dye 

emission was detected for 10 s at each increment and the CFX system software automatically 

plotted a melt curve profile. Samples were run with DNA extraction controls and negative controls 

(Milli-Q). All amplified fragments from the Ami and Acanthamoeba spp. primers were further 

confirmed by Sanger sequencing (Macrogen, Korea).  

7.2.5 Amoeba interaction experiments 

Once viable amoebae were detected, they were cultivated in tissue culture flasks using methods 

previously described by Puzon et al. (2009). A portion of the NNA-E. coli plate containing the 

growth front was removed and cultured in 75 cm2 tissue culture flasks (CELLSTAR®) with 10 mL 

of a 25% Ringers solution (Oxoid), 100 µL of E. coli culture and incubated at 37 °C. Flasks were 

subcultured every 2-3 weeks using 2.5 mL of inoculum from the previous culture.  

The N. fowleri and the unknown thermophilic amoebae, later identified as Vermamoeba 

vermiformis and Acanthamoeba jacobsi, were subjected to growth competition experiments in the 

laboratory to assess their ability to survive together with a single food source. Six well tissue culture 

plates (Fisher Biotec, Australia) were filled with 3 mL of a 25% Ringers solution (Oxoid) and 30 

µL of food source (either E. coli ATCC 11775 ((5.39 × 108 cells/mL) or Meiothermus chliarophilus 

ATCC 700543 (1.92 × 105 cells/mL)) per well. Five control and five experimental plates were 

loaded with 1000 cells of each amoebae into each well and incubated at 37 °C. Experiments were 

conducted in triplicate with wells sacrificed throughout the 3-week period. An initial sample was 

taken at da 0 to confirm the successful inoculation of cells into the experimental wells. 

Approximately 2 mL was removed from each well and cells concentrated down into 1 mL via 

centrifugation at 12000 rpm for 3 min. The 1 mL was then plated on an NNA plate with 50 µL of 

the same food source and incubated at 42 °C. Plates were observed for growth fronts every 48 h 

with any observed growth fronts scraped for DNA extraction as mentioned above. qPCR was then 

used to identify the presence of the FLA growing on the NNA plates.  

7.3 Results  

7.3.1 Isolation and identification of amoebae from field sites 

Amoeba were isolated from field site biomonitors and identified using qPCR and melt curve 

analysis. The sites were supplied with the same water source and exhibited similar physical and 

chemical characteristics (Table 13). Viable N. fowleri was isolated from the branch containing site 

SK and viable Vermamoeba sp. and Acanthamoeba spp. were isolated from branch containing site 

Y (Figure 34). All FLA were identified by PCR amplification of the 18S genes using Ami primers 

followed by Sanger sequencing (Macrogen, Korea) with 100% and 99.86% identify matches to 
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Vermamoeba vermiformis and Acanthamoeba jacobsi respectively. N. fowleri and Acanthamoeba 

sp. were further confirmed using N. fowleri specific and Acanthamoeba specific primers, 

respectively. V. vermiformis and A. jacobsi were then subjected to growth competition experiments 

with N. fowleri to assess for their ability to grow together on known N. fowleri food sources.  

7.3.2 Growth competition with laboratory and field food sources  

The two isolated FLA from site Y, were subjected to growth competition experiments with N. 

fowleri from site SK using known N. fowleri food sources including a laboratory-based food source 

(E. coli) and a known field food source (M. chliarophilus). The presence of the amoebae were 

assessed at multiple timepoints throughout the 3-week experiment using qPCR and melt curve 

analysis with multiple primer sets to ensure no eclipsing of melt curves. The qPCR results were 

used to estimate the concentration of FLA in the samples by using the cycle threshold (Ct) as a 

proxy for the amoebic concentration in the sample. The lower the Ct, the more amoebic genetic 

material is present, i.e. more viable amoeba. These Ct values were then compared to a N. fowleri 

standard curve to determine the corresponding cell concentrations.  

When V. vermiformis was cultured with N. fowleri using E. coli as a food source, the Ami primers 

detected both amoebae in the mixed culture wells up until day 5 and then only V. vermiformis for 

the remainder of the experiment (Table 14). The N. fowleri specific primers, which only detect N. 

fowleri (Puzon et al., 2009), detected a 3-log deduction in N. fowleri cells at the end of the 3-week 

experiment (6.12 x 105 to below 3.89 x 102 cells) (Figure 35). When M. chliarophilus was used as a 

food source, Ami primers detected both amoebae throughout the 3-week experiment and viable N. 

fowleri was still detected at high numbers in week 3 (1.19 x 106 – 8.21 x 104 cells) when tested 

using N. fowleri primers.  

N. fowleri was then cultured with A. jacobsi using E. coli as a food source and again the Ami 

primers detected both amoebae in the first week but only A. jacobsi from the second week onwards. 

The N. fowleri primers picked up little to no N. fowleri for the duration of the experiment. When N. 

fowleri and A jacobsi were cultured with M. chliarophilus as the food source, the Ami primers did 

not detect any N. fowleri in the mixed wells by day 3 and the N. fowleri primers only picked up 

traces of N. fowleri in the mixed wells in the first 2 weeks and then were no longer detected any for 

the remainder of the experiment (Figure 35).    

In control experiments containing a single amoeba species, N. fowleri, V. vermiformis and A. 

jacobsi were confirmed to remain viable and growing throughout the duration of the experiment 

(Supplementary Table 5). N. fowleri concentrations remained high (from 5.50 x 105 to 1.92 x 105 to 
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cells on E. coli and 6.12 x 106 to 1.50 x 107cells on M. chliarophilus) throughout control 

experiments growing on either food source. 

7.3.3 Multiple and individual FLA detections in DWDS field sites  

Viable FLA were isolated from 4 sites along the DWDS and were identified using qPCR and melt 

curve analysis to determine whether multiple species of amoebae were detected at the same site at 

the same time (Table 15). Over the course of 4 years, 2016 to 2019, 55% of tested samples 

contained viable amoebae. Samples were incubated at 42 °C (samples collected between 2016 – 

2019) to detect for thermophilic amoebae as well as at 30 °C (samples collected between 2017 – 

2019) for mesophilic amoebae. Similar FLA were detected at both 42 °C and 30 °C with detections 

including N. fowleri, other Naegleria spp., Vermamoeba sp., Acanthamoeba spp., Stenamoeba and 

other unclassified amoeba. The majority of FLA were detected as individual species with only a few 

multiple amoebae combinations detected (1.4%). Viable FLA detected together in the same field 

sample included; unclassified amoebae with Vermamoeba sp., Acanthamoeba spp. with 

Stenamoeba, and N. fowleri with Vermamoeba sp. 

7.4 Discussion  

This study shows for the first-time competitive growth between N. fowleri and other FLA isolated 

from the same operational DWDS which leads to a decrease in viable N. fowleri cell numbers. This 

competition was further influenced by the type of bacterial food source available with M. 

chliarophilus (field food source) and E. coli (laboratory food source) producing different N. fowleri 

outcomes. The different food sources affected both the overall reduction of viable N. fowleri by 

competing FLA and how quickly N. fowleri was reduced or completely removed. Acanthamoeba 

had the most profound effect on N. fowleri viability resulting in near total loss of N. fowleri 

independent of bacterial food source indicating a potential parasitic or pathogenic relationship. 

Interestingly, the laboratory results show a neutralistic relationship between N. fowleri and 

Vermamoeba when growing together on Meiothermus, however the neutralistic relationship 

between Vermamoeba and N. fowleri changed to a more negative relationship when E. coli was 

used as a food source and resulting in a decrease of N. fowleri.  

The FLA used in the laboratory experiments (N. fowleri, V. vermiformis and A. jacobsi) were 

isolated from 2 independent sites (Y and SK) along a rural WA DWDS. The sites are supplied by 

the same source water and possess similar physical and chemical properties including elevated 

temperatures (30 and 35 °C), low pH (8.8 and 9.1) and reduced disinfection residuals (0.04 mg/L). 

Both sites are also seasonally colonised by Meiothermus a known N. fowleri food source and 

potential indicator organism (Haylea C. Miller et al., 2018; Puzon et al., 2020) which suggests that 
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N. fowleri should be present at both sites. However, N. fowleri was only detected at site SK during 

the field survey and thus interactions between N. fowleri and Acanthamoeba are likely occurring at 

site Y. In a broader survey of additional DWDS field sites, competitive interactions of N. fowleri 

with other FLA were also observed. Viable N. fowleri was only detected with viable Vermamoeba 

sp., whereas sites that were negative for N. fowleri were positive for other species of FLA. Taken 

together the laboratory and field site survey data indicate that FLA likely produce negative 

interactions with N. fowleri and thus may act as bio-barriers preventing N. fowleri colonisation of 

DWDSs.  

Delafont et al. (2013) identified that intra-amoebal diversity and amoebic microbiome could differ 

from site to site (Vincent Delafont et al., 2013). Currently, food sources used to culture N. fowleri in 

the laboratory include Klebsiella pneumoniae, Enterobacter spp. (Enterobacter aerogenes and 

Enterobacter cloacae), and E. coli all of which are from the Proteobacteria phylum and are Gram (-

) (Schuster, 2002). Meiothermus is a known preferential food source of N. fowleri in both natural 

and engineered water systems (Haylea C. Miller et al., 2018; Ramaley et al., 2001) is also Gram (-) 

but in the Deinococcus-Thermus phylum. The laboratory food sources are associated with humans 

and are thus not present, and actively removed from drinking water (NHMRC & NRMMC, 2011). 

Meiothermus however, is a known environmental extremophile (Ramaley et al., 2001). The 

differences in FLA competition due to food source suggests that current laboratory investigations 

may not be accurate representations of field relationships and warrants further investigation.  

Interactions between FLA in the field were also investigated by assessing whether multiple 

amoebae were detected at field sites at the same time. FLA viability was assessed over a period of 4 

years and during that time 98.6% of FLA detections were single amoebae detections. In the 1.4% of 

detections from field samples containing multiple viable amoebae, those co-cultured were 

unclassified amoebae with Vermamoeba sp., unclassified amoebae with Acanthamoeba spp., 

unclassified amoebae with Stenamoeba, and N. fowleri with Vermamoeba sp. The viability results 

mirrored the laboratory experiments in that N. fowleri was isolated with Vermamoeba sp. in the 

field and Morgan et al. (2016) detected N. fowleri and Vermamoeba sp. together in the field in the 

presence of Meiothermus in 2016. The unclassified amoebae made up almost 30% of the total FLA 

detections and were often detected with other amoebae. These FLA were not able to be classified 

with methods used in this study, despite multiple efforts and thus limited our knowledge of the 

relationships between them and the known co-cultured amoebae. More development work needs to 

be done to accurately classify all amoebae in DWDSs.  



147 

Differences in the growth competition between the FLA were observed depending on the two food 

sources, suggesting differences in the nature of interactions between the FLA, the food source and 

N. fowleri. The specific interactions between N. fowleri and other FLA are unknown and warrant 

further investigation; however, previous studies have identified potential ways in which FLA could 

interact. Matin et al. (2006) found the pathogenic FLA Balamuthia mandrillaris could reduce the 

number of A. castellanii cells in co-culture by actively consuming the trophozoites as well as induce 

encystment in A. castellanii by contact-dependant processes (Matin et al., 2006). Other inhibition 

methods have been shown to be less contact dependant. A. castellanii was shown to inhibit the 

nematode Caenorhabditis elegans through the use of exoproducts (proteases and glycosides) and 

conversely, the nematodes could use exoproducts as a means of reducing growth and inducing A. 

castellanii encystment (Neidig et al., 2010). Nematodes are also bacterivorous and therefore are 

natural competitors to FLA in the environment suggesting that similar interactions may occur with 

other microorganisms that compete with FLA for food. Future work should focus on assessing the 

nature of the negative interactions between N. fowleri and other FLA to better understand the 

dynamics of the interactions and support the development of a non-pathogenic FLA-based bio-

barrier to prevent the colonisation of DWDSs with N. fowleri.  

7.5 Conclusion 

In conclusion, FLA such as pathogenic N. fowleri interact with the surrounding microbial 

community resulting in positive, negative, and symbiotic relationships with bacterial food and other 

amoebae. To our knowledge, this is the first study to indicate that competition between N. fowleri 

and other naturally co-occurring FLA can reduce concentrations of N. fowleri and that this 

competitiveness is influenced by the presence of specific food sources (E. coli or Meiothermus). 

These negative interactions could be utilised as potential competitive bio-barriers to the colonisation 

of DWDSs by N. fowleri and complement conventional methods such as disinfection which have 

potential side-effects. Developing safe and effective complementary strategies for N. fowleri control 

could significantly assist in management and risk mitigation ensuring safe drinking water for 

consumers. 
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Figure 34. Melt curve profiles produced by free-living amoebae during qPCR using Ami6F1 and Ami9R primers. A is the melt curve produced by 

Acanthamoeba spp., B is the melt curve produced by N. fowleri, C is the melt curve produced by Vermamoeba sp., D is the melt curve produced by 

both Acanthamoeba spp. and N. fowleri and E is the melt curve produced by both Vermamoeba sp. and N. fowleri. 
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Decreased rainfall due to climate change is leading to shortages in streamflow into dams that are 

normally used as source water for treatment plants that supply drinking water distribution systems 

(DWDSs). In order to accommodate this shortage, water utilities are integrating new and diversified 

water sources to supply DWDSs that have previously only been supplied by a single water source. 

Little work has been done to assess the impact that new water, baring its own characteristics, could 

have on the microbial communities within DWDSs. Therefore, this study used quantitative 

polymerase chain reaction (qPCR) and 16S and 18S rRNA gene amplicon sequencing to determine 

the impact of a new water source on the microbial populations of a DWDS, including pathogenic 

free-living amoebae (FLA) and bacteria of concern. The new water brought about significant 

changes in the microbial composition of the DWDS bulk water and biofilm, with changes in the 

microbial community composition at all sites and increased numbers of bacteria associated with the 

new water. Increased detections of pathogenic Naegleria fowleri and other FLA as well as bacteria 

of concern such as nontuberculous mycobacteria, Legionella spp., and Meiothermus spp. were also 

observed and lingered following the switch back to the original water source. In the short-term the 

introduction of a new water source may increase the abundance of pathogenic microorganisms both 

in the bulk water and biofilm. Future studies should explore possible long-term impacts of source 

water changes on DWDS microbial communities and explore mitigation strategies to prevent 

negative outcomes and ensure consumer safety.  

Keywords: Water, Naegleria fowleri, Legionella, Mycobacterium, biofilm, climate change 

 



155 

8.1 Introduction  

Climate change threatens the lives and well-being of humans by impacting the essential 

requirements needed for good health: clean air, safe drinking water, nutritious food supply, and safe 

shelter (Calliari et al., 2020). The impacts of climate change are already clearly visible in Australia 

and future impacts are predicted to be experienced across all sectors of the economy and in all 

ecosystems (Cleugh et al., 2006). Australia’s climate has warmed on average by 1.44 ± 0.24 °C 

since national records began in 1910 (CSIRO & Bureau of Meterology, 2020). Oceans surrounding 

Australia are acidifying and have warmed by approximately 1 °C since 1910 (CSIRO & Bureau of 

Meterology, 2020) leading to longer and more frequent marine heatwaves, damage to coastal 

infrastructure and increased severity and frequency of coastal flooding (Cleugh et al., 2006; CSIRO 

& Bureau of Meterology, 2020). Reduced rainfall (16%-20% in southwest Australia since 1970) 

and increased evaporation are impacting water supply reliability, irrigation, domestic and industrial 

water uses, and environmental flows. This is exacerbated by increased water demand due to 

population growth (Cleugh et al., 2006; CSIRO & Bureau of Meterology, 2020).  

The South West and Great Southern regions of Western Australia (WA) have experienced such 

shortages of rainfall that the water flowing into dams is no longer enough to support local need. 

Previously, Perth and regional WA relied on streamflow (average 420 billion litres into Perth’s 

Dams pre1975) as their primary water source. However, the declining streamflow (average 72.5 

billion litres into Perth’s Dams between 2010-2018) has resulted in the local water utility (Water 

Corporation of Western Australia) developing a plan to diversify water sources and integrate a 

number of water supply schemes to combat the shortage (WA Water Corporation, 2021). The 

diversified sources include desalinated seawater, groundwater, groundwater replenishment with 

treated wastewater and streamflow into dams, which can then supply Perth, the Goldfields and 

Agricultural Region and some parts of South West of Western Australia (WA Water Corporation, 

2021) via the Integrated Water Supply Scheme (IWSS). The IWSS allows for movement of water 

from various catchments and sources to other parts of the drinking water distribution system 

(DWDS). As a result of the source diversification, the water in the dams no longer comprises 

streamflow from rain alone. The dams are also supplied with ground water and desalinated water 

during periods of low demand so that water is available when it is needed most in the dry summer 

months (WA Water Corporation, 2021).  

Each of the new catchments and sources possess different physical, chemical, and biological 

characteristics. The integration of these new sources results in the amalgamation of their water 

characteristics which can lead to changes in the water quality parameters, such as temperature, pH 
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and organic carbon, and as a result, impact microbial communities inhabiting DWDSs. These 

impacts may alter the abundance of some microorganisms and affect interactions within the 

community and with their physical and chemical environments.  

This study comprises a detailed investigation of a DWDS pipeline that has been operating using a 

single water source for over 20 years but has been recently supplied from a different water source 

since its integration into the broader IWSS. Over the period between 2017 and 2019, impacts of 

altering water sources were assessed to ascertain the changes to the water chemistry and microbial 

composition of both the pipeline bulk water and associated biofilm.  

The pipeline has been previously studied and is known to have sites seasonally colonised by 

pathogenic Naegleria fowleri (Miller et al., 2017; Morgan et al., 2016). N. fowleri is the causative 

agent of primary amoebic meningoencephalitis (PAM), a rare but fatal disease most commonly 

acquired through inhalation of contaminated water (Pearl Ma et al., 1990). The focus of the study 

was on the impact that the changing water sources may have on the presence and persistence of N. 

fowleri, other waterborne pathogens and the overall microbial community in the DWDS. The 

outcomes of this study can be used to inform decision making for managing the quality and quantity 

of the drinking water in WA.  

8.2 Materials and Methods 

8.2.1 Site access and sample collection  

A concrete lined steel DWDS was studied between November 2016 and July 2019. The pipeline has 

previously only ever been exposed to one source water, H-water, until the introduction of S-water 

as part of the IWSS. Both source waters comprise of surface water which was treated prior to 

introduction into the DWDS. During the sampling period of November 2016 and January 2018, the 

original H-water supplied the pipeline, serving as the control for this study. During the November 

2018 to July 2019 sample period, alternating water sources (H-water or S-water) were pumped 

through the DWDS, with H-water during November 2018, S-water from January to May 2019, 

followed by H-water again during June and July 2019. 

Triplicate bulk water and biofilm samples were collected monthly from 7 sites (C, WB, Y, T, TP, 

SK and W) along DWDS using methods previously described by Puzon et al. (2009) and Morgan et 

al. (2016). Microbial community composition and the presence of pathogenic and nuisance 

organisms were monitored before, during and after DWDS operation with different water sources. 
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Specific sites of the pipeline are known to be colonised by pathogenic organisms, such as N. fowleri 

(Miller et al., 2017; Morgan et al., 2016; Puzon et al., 2020).  

Bulk water samples were collected in sterile 250 mL collection bottles from a spout directly 

attached to the pipeline. The spout was pre-sterilized and left running for 5 min to ensure the 

samples represented the pipeline bulk water. Biofilm samples were collected from biofilm monitors 

(Kiwa), containing glass rings used as biofilm growth supports (surface area of 19.96 cm2), which 

were connected to the pipeline and supplied with drinking water at a flow rate of 50 L/h (Miller et 

al., 2015; Morgan et al., 2016; Puzon et al., 2009). Biofilm samples were collected and placed in 30 

mL of 0.22 µm syringe filtered bulk water (Millex®, Ireland) in sterile 50 mL tubes. Samples were 

stored and transported to the laboratory at room temperature.  

Physical and chemical parameters of drinking water were measured in the field using methods 

previously described by (Miller et al., 2017). A pocket colorimeter II (Hach, U.S.) was used to 

measure free and total chlorine concentrations according to manufacturer’s protocol. The turbidity 

of the bulk water was measured using a Thermo Orion Turbidimeter – AQ4500 (Thermo Scientific, 

Australia) according to manufacturer’s protocol. Temperature was measure using the MC-87 Dual 

Channel Digital Thermometer (TPS, Australia) and the percentage of dissolved oxygen, redox and 

pH were measured using a YSI 556 Multiparameter probe (John Morris, Australia) according to the 

manufacturer’s protocol. 

8.2.2 Sample processing  

Bulk and biofilm samples were initially processed using methods previously described (Miller et 

al., 2017). Cells were harvested from bulk water by filtration on a 0.22 µm filter. Biofilm was 

dislodged from the glass rings using sonication (5 min, 30 W with a working frequency of 47 kHz + 

6% (Bransonic, USA)) and then concentrated by centrifugation at 2000 × g for 10 minutes with 

resuspension of pellet into 2 mL of supernatant. Concentrated cell suspensions from biofilm 

samples and cells on filter papers from bulk water filtering were then cut in half and used to detect 

viable amoebae, as well as the presence of amoebae DNA, through DNA extraction and quantitative 

polymerase chain reaction (qPCR) analysis. 

8.2.3 Viability testing  

Bulk water samples were used to test for viable amoebae growth by observation of growth fronts on 

non-nutrient agar (NNA) plates following the method of Puzon et al. (2009). For biofilm samples, 

an aliquot of the concentrated cell suspension was spread on replicate NNA plates with a pre-spread 
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100 µL lawn of (5.39 x 108 cells/mL) Escherichia (E.) coli food source. Filter papers from bulk 

water samples were cut in half and placed face down on replicate NNA - E. coli plates. One set of 

replicate plates were incubated at 30 °C and the other set at 42 °C for mesophilic (MA) and 

thermophilic amoebae (TA), respectively. Plates were observed for growth at 48 hours and then 

periodically for 10 days. Observed amoebic growth fronts were scraped using a 1 µL sterile 

disposable loops and resuspended in 100 µL of InstaGeneTM Matrix (Bio-Rad, USA) ready for 

DNA extraction and qPCR analysis. NNA plates were prepared using 1 L of 25% Ringers solution 

with 15 g of bacteriological agar (Agar No. 1, Oxoid) and autoclaved at 121 °C for 20 minutes. The 

E. coli cells were grown as a food source in 2 L of Luria-Bertani broth at 37 °C to late log phase, 

concentrated by centrifugation at 5000 x g for 10 min and resuspended into 20 mL of 25 % Ringers 

solution. 

8.2.4 Molecular testing  

DNA was extracted from samples using three methods. Bio-Rad Instagene Matrix (Bio-Rad, USA) 

was used to extract DNA from viable amoeba scraped off NNA – E. coli plates and DNeasy® 

PowerSoil® DNA Isolation Kits and DNeasy® PowerWater® Kits (Qiagen, Germany) were used 

to extract total DNA from the original concentrated cell suspensions and filtered bulk water 

samples, respectively. The Bio-Rad Instagene Matrix (Bio-Rad, USA) was used according to the 

manufacturer’s protocol. Positive NNA – E. coli plates were scraped using 1 L sterile disposable 

loop and resuspended in 100 L of the InstaGene matrix. The PowerWater® Kits (Qiagen, 

Germany) were used according to the manufacturer’s protocol and the PowerSoil DNA Isolation kit 

(Qiagen, Germany) was also used according to the manufacturer’s protocol with the modification of 

using a 500 L pellet of cells, which had been harvested from solution by centrifugation at 21,000 x 

g for 5 min, instead of using 0.25 g of soil. All DNA extracts were stored at – 20 C prior to 

analysis by qPCR.  

DNA samples were analysed by qPCR using a Bio-Rad CFX instrument (Bio-Rad, USA). Reaction 

volumes of 25 µL were composed of 12.5 µL of HotStar Taq Master Mix (Qiagen, Germany), 1.25 

µL of each primer (10 µM), 0.1 µL of 500 µM SYTO9 dye (Molecular Probes), 7.9 µL sterile 

soluble distilled water, and 2 µL of template DNA. Samples were run in triplicate for detection of 

Naegleria spp. and N. fowleri using previously described methods (Puzon et al., 2009). Naegleria 

spp. were detected using PITSR – 5’ - TTTCTTTTCCTCCCCTTATTA 3’ and PITSF – 5’ - 

GAACCTGCGTAGGGATCATTT 3’ primers. Whereas detection of N. fowleri specifically used 

the PITSR with the FW1 – 5’ – GTGAAAACCTTTTTTCCTCCCCTTATTA 3’ forward primer in 

conjunction with PITSR. The qPCR cycling conditions consisted of the following: denaturation at 
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95 °C for 15 min, followed by 50 cycles of denaturation at 95 °C for 30 s, annealing at 52 °C for 30 

s and elongation at 72 °C for 45 s, with a 6 s pause at 80 °C for dye detection. All qPCR protocols 

included the generation of a melt curve by progressively denaturing the DNA by increasing the 

temperature from 75 °C to 95 °C in 0.2 °C increments. Fluorescent dye emission was detected for 

10 s at each increment and the CFX system software automatically plotted a melt curve profile. All 

qPCR runs included DNA extraction controls (Instagene Matrix and PowerSoil elution buffer with 

no DNA template) and negative controls (Milli-Q).  

By exposing the double-stranded DNA to a temperature gradient, a distinct melt curve profile was 

produced that can then be used to identify the amplified sequence (Wittwer, 2009). Melt curve 

profiles were analysed as an initial method of speciation of Naegleria spp.. Unknown profiles were 

run on a 1% agarose gel in order to ascertain the size and number of amplified products. Samples 

were prepared by adding 4 µL of loading dye (5× DNA Loading Buffer Blue, Bioline) to 16 µL of 

amplified DNA sample. These were then loaded onto the 1% agarose gel stained with GelGreen 

(Biotium, USA) alongside a DNA ladder (HyperLadder 100 bp, Bioline) and run for 1 h at 90 volts. 

Bands were observed using the ImageQuant 300 Capture (GE Healthcare, United Kingdom). Each 

product was excised from the gel and the DNA extracted using QIAquick ® Gel Extraction Kits 

(Qiagen, Germany) as per manufacturers protocol. Excised products were sent for Sanger 

Sequencing to Macrogen in South Korea.  

8.2.5 16S and 18S rRNA gene sequencing  

The prokaryotic composition of original biofilm samples (i.e. parental biofilm), filtered samples and 

controls was assessed by sequencing a ~300 bp amplicon targeting the V4 region of the 16S rRNA 

gene using total DNA extracted from a subset of the field samples. Amplicons were generated using 

gene-specific primers (in bold) with the appropriate adapter sequence for Illumina sequencing (in 

italics) 515f (5’- 

TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGGTGCCAGCMGCCGCGGTAA -3′) and 

806rbc (5’-

GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGGGACTACHVGGGTWTCTAAT -3’) 

(IDT, Iowa, USA). Samples were first amplified individually using Platinum Taq (Invitrogen, CA, 

USA) according to the Illumina amplicon sequencing protocol (Illumina, USA) using the following 

PCR conditions: denaturation at 94 °C for 2 min, followed by 35 cycles of denaturation at °C for 30 

s, annealing at 50 °C for 30 s and elongation at 72 °C for 1 min, followed by a final elongation step 

at 72 °C for 5 min. All amplicon products were then purified using Agencourt Ampure beads 

(Beckman Coulter, USA), separately amplified with Illumina index primers (94 °C for 2 min, 
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followed by 8 cycles of denaturation at 94 °C for 30 s, annealing at 55 °C for 30 s and elongation at 

72 °C for 1 min, followed by a final elongation step at 72 °C for 5 min), purified using Agencourt 

Ampure beads, quantified (Qubit; Thermo Fisher, USA) and pooled in equimolar concentrations. 

The purified library was sequenced over three separate runs on an Illumina MiSeq using a v2 300 

bp PE sequencing kit following the manufacturer’s protocol (Illumina, USA).  

Composition of eukaryotic communities was assessed using primers that target the 18S rRNA gene 

as used in the Earth Microbiome project (Earth Microbiome Project, 2021). These primers amplify 

an approximately 260 bp fragment and the protocol is designed to amplify eukaryotic lineages but 

with a focus on microbial eukaryotes. Amplicons were generated with gene specific primers (in 

bold) and adapter sequences (in italics) for Illumina sequencing (Euk_1391f 5’ – 

TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGGTACACACCGCCCGTC - 3’ and EukBr 

5’ – 

GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGTGATCCTTCTGCAGGTTCACCTAC – 

3’). Samples were amplified individually using using Platinum Taq (Invitrogen, CA, USA) 

according to the Illumina amplicon sequencing protocol (Illumina, USA) using the following PCR 

conditions: denaturation at 94 °C for 2 min, followed by 35 cycles of denaturation at 94 °C for 30 s, 

annealing at 50 °C for 30 s and elongation at 72 °C for 1 min, followed by a final elongation step at 

72 °C for 5 min. All amplicon products were then purified using Agencourt Ampure beads 

(Beckman Coulter, USA), separately amplified with Illumina index primers (94 °C for 2 min, 

followed by 8 cycles of denaturation at 94 °C for 30 s, annealing at 55 °C for 30 s and elongation at 

72 °C for 1 min, followed by a final elongation step at 72 °C for 5 min), purified using Agencourt 

Ampure beads, quantified (Qubit; Thermo Fisher, USA) and pooled in equimolar concentrations. 

The purified 18S rRNA library was then sequenced over three separate runs on an Illumina MiSeq 

using a v2 150 bp PE sequencing kit following the manufacturer’s protocol (Illumina, USA). 

8.2.6 Sequence processing  

All raw sequence processing was performed in Qiime2 v2020.8 (Bolyen et al., 2019). For each of 

the two amplicon data sets, raw sequences from the three Miseq runs were initially imported and 

denoised separately using the DADA2 plugin q2-dada2 (Callahan et al., 2016) to ensure that run-

specific error parameters were correctly estimated. Denoised feature tables and representative ASV 

sequences were merged using the merge and merge-seqs functions, then clustered into de novo 

OTUs at a 97% similarity threshold using the vsearch function cluster-features-de-novo (Rognes et 

al., 2016). Taxonomic assignment of representative OTU sequences was performed with q2‐feature‐

classifier (Bokulich et al., 2018) classify‐sklearn naïve Bayes taxonomy classifier against the 
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SILVA v138 database trained on the amplicon region. Further analyses performed in R v4.1.0 (R 

Core Team, 2013). 

8.2.7 Diversity analysis  

The feature table was filtered to remove all OTUs that were assigned as mitochondrial or 

chloroplast sequence or that could not be assigned to a phylum. Examination of the mock 

community batch control samples indicated that >99% of the sample reads in all three runs 

recovered the expected taxa and were subsequently removed from the feature table. Alpha‐diversity 

was calculated as the Shannon diversity using the vegan package (Oksanen et al., 2013) after 

samples were rarefied to 1500 sequences per sample. Beta diversity was calculated separately for 

biofilm and bulk water samples from the rarefied data set as Bray-Curtis dissimilarity and used in 

Principal Coordinate Analysis (PCoA) implemented through the cmdscale function in vegan and 

visualised using ggplot2 (Wickham, 2016). Heatmaps of specific taxon abundances were created in 

ggplot2 by aggregating rarefied counts for OTUs assigned to the genera Meiothermus, Legionella 

and Mycobacterium. Indicator taxon analysis was performed for each site separately on the rarefied 

OTU table aggregated at the genus level and using the multipatt function in the indicspecies 

package (Cáceres & Legendre, 2009). Indicators for the S-water period were identified at each site 

and sample type using the indicators function with max. order set to 1, At set to 0.8, Bt to 0.2 and 

an alpha cut-off of 0.05. Overlaps between sites and sample types were visualised using the 

Complex Upset package (Krassowski, 2020; Lex et al., 2014). Samples labelled H1a and S 

corresponded to the same timeframe (summer season) but represented different source waters (H1a 

contained H-water and S contained S-water) whereas H1b and H2 also corresponded to the same 

timeframe (autumn season) but H2 represented the reintroduction of the H-water source. 

8.2.8 Statistics analysis  

Statistical associations were calculated using a generalised linear mixed model (Knudson et al., 

2020) in the R statistical software (version 1.2.1335). FLA were assessed for their association with 

the presence each other, sample type, water source and several water physical and chemical 

parameters. The generalised linear mixed model (UCLA, 2021) was used with an alpha of 0.05 and 

accounted for random effect within sample sites.  

8.3 Results 

8.3.1 Physical and chemical characteristics of the DWDS 
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The new incoming S-water was of better water quality due to its significantly lower water turbidity 

(0.482 vs 0.621 NTU), conductivity (26 vs 33.5 mS/m) and organic carbon levels (1.7 vs 4.65 

mg/L) as compared the previous H-water. All sites were monitored for their physical and chemical 

characteristics over the course of the study. Sites TP and W were only introduced into the study in 

2019 and thus no initial H-water data was collected. Throughout the sampling period, temperatures 

varied seasonally at all sites from a low of 11 °C (site C 17/07/2017) to 45 °C (site Y 20/02/2019). 

Site TP had the highest and most consistent free chlorine (FCl) residuals (0.69 – 1.84 mg/L) with 

100% of samples testing at or above the recommended 0.5 mg/L FCl. Site C also had high FCl 

residuals ranging from 0.14 mg/L to 0.6 mg/L whereas sites W and WB varied seasonally from 0.04 

mg/L to 0.59 mg/L and 0.01 mg/L to 0.43 mg/L respectively. The FCl at sites Y, SK and T were all 

effectively 0 mg/L as readings were below the detection limits of the instrument. Conductivity 

measurements were used to determine which source water was flowing through the DWDS at a 

given time. S-water was confirmed to be present as measured by conductivity below 31 mS/m (30 

January 2019 to 17 April 2019) at the SK site which is the furthest sampling point on the DWDS 

used in this study (Supplementary Table 6). The physical and chemical parameters of each source 

water were compared to assess for statistically significant differences (Supplementary Table 6).  

8.3.2 Prokaryotic community composition in the DWDS 

The alpha diversity of prokaryotic 16S rRNA gene sequences for bulk water and biofilm samples 

from each site were plotted based on the time frame (Figure 36). Overall greater prokaryotic 

diversity was observed in the biofilm samples over the bulk water. Sites SK, and WB showed 

seasonal similarities between H1a water and the S-water (both summer seasons) in the bulk water 

and biofilm respectively. However, the other sites did not show differences in diversity between the 

seasons and water sources. The DWDS prokaryotic community composition were plotted by site 

and arranged according to decreasing free chlorine residuals to visualise potential changes in the 

prokaryotic community composition due to alterations of the source water (Figure 37). The 16S 

rRNA gene data showed the bulk water and biofilm samples displayed similar patterns of 

community structure, however the biofilms samples tended to be more tightly clustered than the 

bulk water samples. The first axis separated chlorinated sites (C, WB, TP and W) from the low 

chlorinated sites (SK, T and Y), which were also more dispersed. The biofilms of highly chlorinated 

sites (C, W and TP) were tightly clustered regardless of the time of year or source water whereas 

the bulk water samples showed more variation. The seasonally chlorinated WB site showed 

clustering of most biofilm samples similar to the highly chlorinated sites, however variation was 

observed with the S-water samples clustering separately. The bulk water samples at the WB site 
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were not well clustered. The low chlorine sites (T and SK) did not strongly cluster based on source 

water or season in either the bulk water or biofilm. The low chlorine site Y had separate clustering 

of the S-water samples in the bulk water and separate clustering of the H1b samples (2017 Autumn 

samples) in the biofilm.   

Indicator species analysis (LEfSE and Indval) was used to assess significant changes in abundance 

in OTUs aggregated at the genus level at each site and sample type during the H1a, H1b, S and H2 

time points (Supplementary Table 7). The LEfSe analysis detected genera that were significant at 

each of the sampling time frames for all the low to moderately chlorinated sites (Table 21). The 

total number of significant organism increases was shown to be highest during the S-water except 

the biofilms from sites Y and SK. Indval analyses were used to identify the most useful indicator 

genera characterising the microbial communities during the S-water period, at each site and sample 

type (Figure 38). Site WB had the largest number of S-water indicator genera. However, the 

bacterial genera detected in the bulk water and biofilm were different from each other, with only 14 

genera detected in both the bulk water and biofilm samples. Indicator genera that were shared 

between sites and sample types are indicated by lines connecting the respective dots. Less than 5 

indicator genera were significant at more than one site with site T and site SK bulk water having the 

most shared indicator genera.  

When assessing for bacteria of concern such as known amoebae resistant bacteria (ARB), 

nontuberculous mycobacteria (NTM) and Legionella spp., their abundance increased in both the 

bulk water and the biofilm during and following the introduction of the S-water (Figure 39). NTM 

was detected in low numbers at the low chlorine sites (Y, T and SK) during the initial H-water and 

then increased in the bulk water of all sites following the introduction of S-water. NTM also 

increased in the biofilm however only at sites low chlorine sites and site TP. Legionella spp. was 

initially detected in both the bulk water and biofilm of the low chlorine sites (Y, T and SK) and the 

biofilm of the moderately chlorinated WB site. During the S-water period, all sites except site W 

saw increased Legionella spp. in the bulk water and the biofilm saw increased Legionella spp. at the 

low and moderately chlorinated sites (WB, Y, T and SK). Legionella spp. detections continued in 

the bulk water and biofilm of the low chlorine sites following the return to H-water. Although not 

considered an ARB, Meiothermus is a known food source for N. fowleri (Haylea C. Miller et al., 

2018), and thus its presence was also assessed to compare potential site susceptibility to N. fowleri 

colonisation. Meiothermus was primarily detected in the bulk water and biofilm of SK and T during 

the initial H-water as well as in the biofilm of sites C and Y. Meiothermus detections increased 

during the S-water period in the bulk water and biofilms of sites TP, Y, T and SK as well as in the 
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bulk water of site W and biofilm of site WB. Meiothermus remained in the bulk waters of site TP 

and SK and the biofilms of sites Y, T and SK following the return to H-water.   

8.3.3 Eukaryotic community composition in the DWDS 

The 18S rRNA gene sequence data showed that the eukaryotic communities in the biofilm samples 

were more tightly clustered than the bulk water samples (Figure 37). The first axis separated the SK 

and T sites from those with lower chlorination levels. The bulk water and biofilms of highly 

chlorinated sites (C, W and TP) were tightly clustered regardless of the time of year or source 

water. The biofilms of the seasonally chlorinated sites WB and low chlorine site Y were also 

similarly clustered however more variation was observed in the bulk water samples with site WB 

having separate clustering of the S-water samples. The low chlorine sites (T and SK) showed 

similar variation and locations in the bulk water however the biofilms were quite different. At the T 

site the H1b samples (Autumn 2017 samples) clustered separately, whereas the SK biofilms had the 

S-water samples clustered separately. 

Specific FLA of concern were detected by qPCR-melt curve analysis (Figures 40 - 48). FLA were 

detected at all sites except TP and FLA detections were significantly more frequent in the biofilm 

than the bulk water (p value = 2.57 x 10-8). The only exception to this was site W which had a 

single detection for FLA in both the bulk water and the biofilm. The highly chlorinated site C had 

detections of Vermamoeba sp. (bulk only), non-N. fowleri Naegleria spp. (bulk only) and other 

unclassified thermophilic and mesophilic amoebae (growth on NNA plates but not identifiable with 

the primers used in this study) (bulk water and biofilm). The moderately chlorinated sites WB and 

Y had detections of Vermamoeba sp., non-N. fowleri Naegleria spp. and other unclassified 

thermophilic and mesophilic amoebae in both the bulk water and the biofilm and the low chlorine 

sies SK and T had detections of N. fowleri, Vermamoeba sp., non-N. fowleri Naegleria spp. and 

mesophilic amoebae in both the bulk water and the biofilm samples. When assessing the S-water 

and H-water for FLA presence, detections were only found in a few of the pre chlorinated water 

samples and included other Naegleria spp. and unknown TA.  

Overall, detections of FLA were significantly greater in the S-water than the H-water (p values = 

5.48 x 10-5 in the bulk water and 2.01 x 10-2 in the biofilm). Site C was the only site that had more 

FLA detections prior to the switch to S-water whereas all other sites had increased numbers of FLA 

detections both during and after the S-water. During the S-water period, detections of N. fowleri and 

V. vermiformis increased significantly in both bulk water and biofilm (p values = 3.88 x 10-4 in the 

bulk water and 1.19 x 10-3 in the biofilm) and (p values = 6.80 x 10-6 in the bulk water and 1.03 x 
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10-2 in the biofilm) respectively however, detections of other Naegleria spp. and unclassified 

amoebae did not.  

The means of all physical and chemical parameters were measured in FLA positive and negative 

samples and grouped by sample type to assess for statistically significant differences using a 

generalised linear mixed model (p < 0.05) (Tables 17 - 21). FLA were associated with a higher 

temperature and lower free and total chlorine in both bulk water and biofilm and with increased 

turbidity in the bulk water. For specific FLA, N. fowleri detections were associated with higher 

temperatures in the bulk water and lower free and total chlorine in the biofilm, V. vermiformis was 

associated with higher temperatures and lower free and total chlorine in both bulk water and biofilm 

samples, the unclassified amoebae were associated with higher temperatures and lower free and 

total chlorine in the bulk water and biofilm as well as lower turbidity in the biofilm. Other 

Naegleria spp. were not associated with any of the physical and chemical parameters in either 

sample type.  

8.4 Discussion 

Changing of source waters in an integrated DWDS had a significant impact on the pipeline 

physical, chemical, and biological characteristics. The new S-water source had a higher overall 

quality with significantly lower turbidity than the H-water source, however the introduction of the 

S-water also had significant impacts on the pipeline microbial community composition. The 

abundance of FLA, particularly pathogenic N. fowleri, increased significantly during the S-water 

phase as did the presence of associated bacteria of concern, NTM, Legionella and Meiothermus. 

Each of the sites also experienced an increase in bacterial genera that were significantly associated 

with the presence of the new S-water and differed between sites and sample types. A smaller study 

by Garner et al. (2019) found no significant differences in the growth of bacteria, including 

opportunistic pathogens such as Legionella spp., NTM and Pseudomonas in bulk water and biofilm 

samples when blending purified direct potable reuse water with traditional drinking water sources 

(Garner et al., 2019). These contradictory results may be due to the shorter 8-week exposure to the 

blended water compared to the 5-month long exposure in this study. These data indicate that more 

surveillance and a deeper understanding is needed when integrating different water sources as 

overall water quality may increase but this may also result in a shift in pathogens and other 

microbial communities. 

The S-water was present throughout the DWDS from January 2019 to April 2019 with the return to 

H-water occurring in May 2019. Assessing the penetration of each of the water sources was 



166 

determined using conductivity measurements. Conductivity measurements were collected at the 

furthest site (SK) with measurements above 31 mS/m indicating H-water and measurements below 

31 mS/m indicating S-water (Supplementary Figure 1). Other than conductivity, the other physical 

and chemical parameter that was significantly different between the source waters was turbidity. 

The S-water had significantly less turbid water than the H-water (p value = 1.77 x 10-4). Turbidity 

was used as a measure of water quality as it measures inorganic and organic particles as well as 

coloured dissolved materials that reduce the clarity of the water (Organization, 1993). Highly turbid 

water can affect biological, chemical and physical processes within DWDS and although turbidity 

on its own cannot be used to determine overall water quality, it is still a relatively good indicator 

(Tomperi et al., 2020). The lower turbidity in S-water suggested that the S-water may have provided 

less nutrients for pipeline microbial communities to thrive from.   

The abundance of FLA, specifically N. fowleri and V. vermiformis, increased significantly both 

during and following the introduction of S-water. These increases were observed in the bulk water 

and biofilm at all sites barring site C and W which remained the same. N. fowleri and V. 

vermiformis are pathogenic FLA that cause debilitating and sometimes fatal infections in humans 

(Schuster & Visvesvara, 2004), thus an increase in their presence in a DWDS would be a concern 

for the local water utility. The reason behind the increase in FLA abundance is difficult to 

determine as it could either be from an introduction of additional FLA from the new water source or 

a result of movement of the FLA downstream from unfavourable conditions brought about by the 

difference in S-water quality. The less turbid S-water contains likely less nutrients and thus 

provides less favourable conditions for FLA survival. FLA have been shown to migrate along 

DWDSs seasonally when conditions turn unfavourable but often return when conditions improve 

again (Puzon et al., 2020). If the FLA are indeed moving downstream to escape the unfavourable 

conditions, then the long-term impacts of S-water could potentially lead to the reduction or 

complete eradication of these FLA from the DWDS. Future studies should focus on assessing FLA 

presence and abundance during S-water use for extended periods to increase the understanding of 

this dynamic.  

The abundance of the ARB, NTM and Legionella spp., also increased during and following the 

introduction of the S-water as did the abundance of the known N. fowleri food source, Meiothermus. 

These increases were observed at all sites along the DWDS and mirrored the increases observed in 

N. fowleri and other FLA abundance following the switch to S-water. ARB can be harboured 

intracellularly and use the FLA to escape unfavourable conditions (Hoffmann & Michel, 2001; V. 

Thomas et al., 2010). This suggests that the similarity between the increase in ARB and FLA 
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presence could be due to their presence within the FLA themselves. Another explanation for the 

mirrored increase between ARB and FLA could be, as mentioned above, a result of downstream 

movement of the microorganisms in an attempt to evade the unfavourable impact that the cleaner S-

water is having on their environmental niche. This is the likely scenario with the increase in 

Meiothermus abundance as Meiothermus and N. fowleri share the same environmental niche 

(Haylea C. Miller et al., 2018; Morgan et al., 2016; Ramaley et al., 2001).  

The total number of indicator organisms per site and sample types, was higher for S-water than any 

other period (H1a, H1b or H2). Interestingly, the bacterial genera detected at the low to moderately 

chlorinated sites were different at each of the sites and the sample types with little to no crossover. 

These findings indicate that the new water brings about complex changes in microbial communities 

that are not reflected equally throughout the DWDS. Other than a significant decrease in turbidity, 

the S-water did not significantly impact the sites’ other physical and chemical properties indicating 

that additional work should be done to understand why the impacts were so different across the sites 

and sample types.  

As climate change has brought about shortages of rainfall in WA, the local dams are no longer able 

to support need. To combat this shortage, the WA water utility (Water Corporation of WA) 

developed the IWSS to feed local DWDSs with water integrated from different catchments and 

sources. Overall, this study observed trends of higher-quality source water yielding significantly 

increased detections of pathogenic N. fowleri, other FLA and ARB. Future work should look at the 

long-term impacts of switching water sources as it is unclear why this drastic increase occurred and 

whether it was an introduction of new microorganisms or a downstream movement of established 

microorganisms in an attempt to evade unfavourable conditions from the new water source(s). 

Assessing the long-term impacts of new water sources is essential to avoid a situation like the 2014 

Flint, Michigan water crisis where regulatory failure led to the poisoning of the citizens of Flint 

after the switching of water supplies. The corrosive new water caused contamination of lead and 

bacteria throughout the system (Butler et al., 2016). Although an extreme case, this scenario is a 

humbling reminder about the importance of understanding the dynamics between physical, 

chemical and biological properties of DWDS water.  

8.5 Conclusion 

In conclusion, programs such as the IWSS are needed to combat the shortages in water supply 

resulting from climate change. Integrating different water sources improves the overall water 

security and supply, but also has a profound impact on the physical, chemical and biological 

properties of the DWDS water. The results presented here showed increased detections of 
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pathogenic FLA and some ARB in the short-term following the switch to a new water source. The 

microbial populations of each of the tested sample sites also had significant increases in different 

bacterial genera following the switch to the S-water, with the increases being different across sites 

and sample types. The exact reason behind these increases in FLA and bacteria of concern is still 

not understood and thus long-term studies are needed to determine whether such increases are a 

result of increased colonisation efforts by the microorganisms or a downstream movement, due to 

cleaner water with less nutrients. 
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Figure 36. Boxplot showing the alpha-diversity of the bacterial communities in the (A) bulk water and (B) biofilm of sampled sites during the different 

seasons and source waters. Samples labelled H1a and S correspond to the same time of year (summer season) but represent different source waters 

(H1a contained H-water and S contained S-water) whereas H1b and H2 also correspond to the same time of year (autumn season) but H2 is the 

reintroduction of the H-water source.
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Figure 37. Principal component analysis plot of 16S and 18S rRNA gene sequencing in both bulk 

water and biofilm at all sites. Sites are ordered from high chlorine (sites C, W, TP), moderate 

chlorine (site WB) and low chlorine (sites Y, T and SK). Shapes of the points correspond to the 

source water and time of year the sample was taken. Samples labelled H1a and S correspond to the 

same time of year (summer season) but represent different source waters (H1a contained H-water 

and S contained S-water) whereas H1b and H2 also correspond to the same time of year (autumn 

season) but H2 is the reintroduction of the H-water source. 
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Figure 38. Upset plot comparing genera determined as being significant indicators for the S-water across sites and sample types. The numbers in the 

bar chart indicate the number of significant indicator genera for the corresponding black dot below. The numbers in the bar chart above black dots that 

are connected by a black line indicate the number of significant indicator genera that were detected in both sample groups. The bar chart on the left of 

the groups indicates the total number of significant indicator genera for that group of samples. Significant indicator organisms were identified using an 

Indval analysis. 
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Figure 39. The log of the total abundance of (A) Meiothermus spp. (B) Legionella spp. and (C) nontuberculous mycobacteria in bulk water and biofilm 

from sites along the DWDS. H1a and S correspond to the same time of year (summer season) but represent different source waters (H1a contained H 

water and S contained S water) whereas H1b and H2 also correspond to the same time of year (autumn season) but H2 is the reintroduction of the H 

water source. 
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Figure 40. Bar graph showing amoeba detected in the (A) bulk water and (B) biofilm at site T. Amoebae detections represent the proportion of the 

triplicates that tested positive for amoebae. Bars are stacked if more than one amoeba was detected at a time point. Black lines represent the physical 

and chemical parameter measured during sampling and the red lines represent the time frame where S water was being used. The temperature values 

were divided by 10 to fit the axis. 
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Figure 41. Bar graph showing amoeba detected in the (A) bulk water and (B) biofilm at site SK. Amoebae detections represent the 

proportion of the triplicates that tested positive for amoebae. Bars are stacked if more than one amoeba was detected at a time point. 

Black lines represent the physical and chemical parameter measured during sampling and the red lines represent the time frame where 

S water was being used. The temperature values were divided by 10 to fit the axis.  



176 

 

Figure 42. Bar graph showing amoeba detected in the (A) bulk water and (B) biofilm at site C. Amoebae detections represent the 

proportion of the triplicates that tested positive for amoebae. Bars are stacked if more than one amoeba was detected at a time point. 

Black lines represent the physical and chemical parameter measured during sampling and the red lines represent the time frame where 

S water was being used. The temperature values were divided by 10 to fit the axis.  
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Figure 43. Bar graph showing amoeba detected in the (A) bulk water and (B) biofilm at site WB. Amoebae detections represent the 

proportion of the triplicates that tested positive for amoebae. Bars are stacked if more than one amoeba was detected at a time point. 

Black lines represent the physical and chemical parameter measured during sampling and the red lines represent the time frame where 

S water was being used. The temperature values were divided by 10 to fit the axis. 
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Figure 44. Bar graph showing amoeba detected in the (A) bulk water and (B) biofilm at site Y. Amoebae detections represent the 

proportion of the triplicates that tested positive for amoebae. Bars are stacked if more than one amoeba was detected at a time point. 

Black lines represent the physical and chemical parameter measured during sampling and the red lines represent the time frame where 

S water was being used. The temperature values were divided by 10 to fit the axis.  
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Figure 45. Bar graph showing amoeba detected in the (A) bulk water and (B) biofilm at site TP. Amoebae detections represent the 

proportion of the triplicates that tested positive for amoebae. Bars are stacked if more than one amoeba was detected at a time point. 

Black lines represent the physical and chemical parameter measured during sampling and the red lines represent the time frame where 

S water was being used. The temperature values were divided by 10 to fit the axis.  



180 

 

Figure 46. Bar graph showing amoeba detected in the (A) bulk water and (B) biofilm at site W. Amoebae detections represent the 

proportion of the triplicates that tested positive for amoebae. Bars are stacked if more than one amoeba was detected at a time point. 

Black lines represent the physical and chemical parameter measured during sampling and the red lines represent the time frame where 

S water was being used. The temperature values were divided by 10 to fit the axis.  
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Figure 47. Bar graph showing amoeba detected in the bulk water at site H both (A) pre and (B) post chlorination. Amoebae detections 

represent the proportion of the triplicates that tested positive for amoebae. Bars are stacked if more than one amoeba was detected at a 

time point. Black lines represent the physical and chemical parameter measured during sampling and the red lines represent the time 

frame where S water was being used. The temperature values were divided by 10 to fit the axis.  
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Figure 48. Bar graph showing amoeba detected in the bulk water at site S both (A) pre and (B) post chlorination. Amoebae detections 

represent the proportion of the triplicates that tested positive for amoebae. Bars are stacked if more than one amoeba was detected at a 

time point. Black lines represent the physical and chemical parameter measured during sampling and the red lines represent the time 

frame where S water was being used. The temperature values were divided by 10 to fit the axis. 
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Table 17. Differences in the physical and chemical parameters of free-living amoebae (FLA) positive and negative bulk water and biofilm samples 

 
Bulk water Biofilm 

 
FLA - FLA + FLA - FLA + 

 
Mean Std. dev. Mean Std. dev. P-value Mean Std. dev. Mean Std. dev. P-value 

Temperature  20.6 6.78 25.1 8.16 5.57 × 10-5* 19 5.75 24.7 7.88 7.39 × 10-6* 

Free chlorine 0.412 0.507 0.0889 0.173 5.09 × 10-8* 0.562 0.509 0.0617 0.0974 5.96 × 10-9* 

Total chlorine  0.556 0.553 0.169 0.252 1.61 × 10-8* 0.775 0.556 0.128 0.133 3.18 × 10-9* 

Turbidity 0.564 0.319 0.595 0.347 2.11 × 10-2* 0.608 0.365 0.58 0.373 3.03 × 10-1 

Source water  - -  -  -  5.48 × 10-5* -  -  -  -  2.01 × 10-2* 

* Statistically significant using a generalised linear mixed model (p value < 0.05) where n = 680
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Table 18. Differences in the physical and chemical parameters of N. fowleri positive and negative bulk water and biofilm samples 

 Bulk water Biofilm 

 N. f - N. f + N. f - N. f + 
 

Mean Std. dev. Mean Std. dev. P-value Mean Std. dev. Mean Std. dev. P-value 

Temperature  22 7.69 25.3 6.8 1.20 × 10-3* 21.9 7.66 24.4 7.03 6.81 × 10-2 

Free chlorine 0.312 0.454 0.0367 0.0239 2.73 × 10-1 0.32 0.444 0.0359 0.0234 4.08 × 10-2* 

Total chlorine 0.44 0.512 0.09 0.0664 3.32 × 10-1 0.472 0.518 0.0791 0.0463 3.40 × 10-4* 

Turbidity 0.564 0.336 0.694 0.233 7.19 × 10-2 0.589 0.382 0.605 0.299 7.49 × 10-1 

Source water  -  -  -  - 3.88 × 10-4* -  -  -  -  1.19 × 10-3* 

* Statistically significant using a generalised linear mixed model (p value < 0.05) where n = 680 
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Table 19. Differences in the physical and chemical parameters of Vermamoeba positive and negative bulk water and biofilm samples 

 
Bulk water Biofilm 

 
V - V + V - V + 

 
Mean Std. dev. Mean Std. dev. P-value Mean Std. dev. Mean Std. dev. P-value 

Temperature  21.8 7.65 26.1 6.71 3.41 × 10-4* 21.6 7.55 25.8 6.92 1.21 × 10-4* 

Free chlorine 0.312 0.458 0.119 0.227 4.66 × 10-4* 0.314 0.444 0.0571 0.0743 2.75 × 10-5* 

Total chlorine 0.443 0.51 0.205 0.337 2.25 × 10-2* 0.455 0.52 0.127 0.117 6.33 × 10-5* 

Turbidity 0.565 0.297 0.655 0.51 5.66 × 10-2 0.6 0.386 0.546 0.25 3.58 × 10-1 

Source water  -  -  -  - 6.80 × 10-6* -  -  -  -  1.03 × 10-2* 

* Statistically significant using a generalised linear mixed model (p value < 0.05) where n = 680 
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Table 20. Differences in the physical and chemical parameters of Naegleria spp. positive and negative bulk water and biofilm samples 

 
Bulk water Biofilm 

 
Naegleria - Naegleria + Naegleria - Naegleria + 

 
Mean Std. dev. Mean Std. dev. P-value Mean Std. dev. Mean Std. dev. P-value 

Temperature  22.2 7.62 25.9 8.78 1.60 × 10-1 22.4 7.68 19.7 3.77 2.74 × 10-1 

Free chlorine 0.293 0.446 0.13 0.145 3.00 × 10-1 0.279 0.423 0.088 0.175 1.86 × 10-1 

Total chlorine 0.41 0.503 0.317 0.226 6.28 × 10-1 0.411 0.499 0.182 0.205 1.76 × 10-1 

Turbidity 0.58 0.333 0.443 0.183 1.67 × 10-1 0.58 0.333 0.443 0.183 1.58 × 10-1 

Source water  -  - -  -  3.05 × 10-1  - -  -  -  - 

* Statistically significant using a generalised linear mixed model (p value < 0.05) where n = 680
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Table 21. Differences in the physical and chemical parameters of unknown thermophilic amoebae (TA) positive and negative bulk water and biofilm 

samples 

 
Bulk water Biofilm 

 
TA - TA + TA - TA + 

 
Mean Std. dev Mean Std. dev. P-value Mean Std. dev. Mean Std. dev. P-value 

Temperature  21.5 7.15 24.9 8.65 1.90 × 10-2* 20.5 6.34 24.6 8.4 3.76 × 10-1 

Free chlorine 0.354 0.478 0.0769 0.16 7.77 × 10-5* 0.45 0.492 0.0553 0.0907 1.39 × 10-5* 

Total chlorine 0.489 0.532 0.157 0.244 8.71 × 10-3* 0.633 0.559 0.122 0.129 1.91 × 10-2* 

Turbidity 0.588 0.354 0.535 0.233 8.43 × 10-1 0.649 0.421 0.52 0.279 2.53 × 10-2* 

Source water  - -  -  -  8.21 × 10-2* -  -  -  -  2.16 × 10-1 

* Statistically significant using a generalised linear mixed model (p value < 0.05) where n = 680 
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Chapter 9: Conclusions and recommendations 

This thesis investigated the factors affecting the occurrence and distribution of pathogenic FLA and 

their associated ARB in engineered water systems. This work brings a greater understanding of the 

dynamics between FLA, associated bacteria and ARB presence and the physical, chemical, and 

biological characteristics of the water, biofilm and sediments within DWDSs. The major findings 

and implications are discussed below, along with recommendations and future research directions.  

Detecting and accurately identifying pathogenic FLA and ARB in water systems is integral in 

assisting water utilities in the management and control of these microorganisms. The FLA detection 

methods used in this thesis are those commonly used by water utilities globally, however limitations 

still exist, stressing the need for new and improved detection and speciation methods. Chapter 3 

tests a new molecular method for FLA detection, primarily N. fowleri, that is rapid and can 

distinguish between viable and non-viable cells. Identifying individual metabolomic profiles for 

specific FLA could be used as an early detection system that could alert operators of possible FLA 

presence within DWDSs. This new method has the potential for high throughput and rapid testing 

of samples for the presence of N. fowleri as well as potentially other pathogens in the future. Future 

work should expand on the N. fowleri metabolic profile and include profiles for other FLA to 

further demonstrate the potential of this new method. 

Chapters 4 and 5 focussed on surveillance of FLA, ARB and associated bacterial communities in 

engineered systems (DWDSs and DWSTs) to gain a better understanding of the prevalence of these 

organisms of concern in drinking water and therefore potential risks to consumers. Chapter 4 

assessed the presence of amoebae and associated bacteria in the inner pipe surface biofilms of an 

experimental full-scale chlorinated distribution system in the UK. The study found that despite 

maintaining chlorination efforts, pathogenic Acanthamoeba spp. and Vermamoeba sp. as well as 

other Naegleria spp. were detected within the DWDS biofilms. Amoebae associated bacteria were 

also detected in the biofilm with the dominant taxa including Variovorax, Aquabacterium as well as 

the opportunistic pathogen Pseudomonas. The detection of these microorganisms presents a 

potential public health risk as these biofilms could be mobilised during changes in water velocity or 

air scouring and move into the potable water of households. Detection of these pathogens normally 

occurs in the warmer tropical climates and thus their presence in the UK is concerning and 

suggestive of a potential geographic expansion into temperate regions. This expansion is likely due 

to the increase of global temperatures as a result of climate change and future studies should focus 

on the assessing the presence of these microorganisms over a longer period of time to gain a better 

understanding of climate change impacts on the geographic expansion of pathogenic FLA and 
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ARB. Chapter 5 then assessed the presence of pathogenic FLA, ARB and associated bacterial 

communities in operational DWSTs. The metropolitan tanks tested had chlorine residuals above 

that recommended by water utilities (>0.5 mg/L) however viable FLA (Acanthamoeba spp. and 

Vermamoeba spp.) were still isolated from the bulk water of the tanks and molecular detections of 

NTM were found in all tanks and sample types. Despite being a part of DWDSs, DWSTs are not 

routinely sampled and tested for FLA presence by water utilities. Expanding the routine testing to 

include all parts of the DWDS, including DWSTs, is important to understand the progression of 

these pathogens along the distribution system and also to identify potential weaknesses and niches 

that could lead to DWDS contamination and thereby consumer risk. 

Along with routine surveillance, water utilities employ several management and control measures to 

prevent pathogen colonisation. However, pathogenic FLA are still detected in some parts of the 

DWDSs despite these management and control practises. Eradication of these microorganisms once 

they have become established within the biofilm is difficult due to the barrier that the biofilm 

creates. This stresses the need for tools to help predict and prevent colonisation events from 

occurring in the first place. It is known that physical and chemical parameters, such as increased 

temperature and reduced chlorine residuals, are risk factors for N. fowleri however, these 

parameters are generic and do not accurately predict N. fowleri colonisation. Chapter 6 of this thesis 

identified that the surrounding microbial community of N. fowleri positive samples contained 

specific bacterial members and that Meiothermus, a known N. fowleri food source, could serve as a 

biomarker for N. fowleri colonisation in DWDSs. The ability to identify N. fowleri susceptible sites 

by including detection of N. fowleri food sources along with chlorine residuals and water 

temperature, could assist operators in assessing and pre-emptively treating at-risk sites, preventing 

colonisation and further reducing risks to consumers. Future work should assess the surrounding 

microbial communities of other pathogenic FLA to identify potential biomarkers for their presence 

within engineered water systems.  

The microbial communities surrounding FLA may include other amoebae and it has been shown 

that interactions between these amoebae may result in competition for food. This means, that 

although a site may have all the necessary characteristics for N. fowleri colonisation, the presence of 

other amoebae may be preventing N. fowleri colonisation. Chapter 7 assessed amoebae-amoebae 

interactions between pathogenic N. fowleri and other field isolated FLA showing that some FLA are 

able to outcompete N. fowleri in the laboratory. Acanthamoeba sp. outcompeted N. fowleri in 

growth culture experiments when using both E. coli and Meiothermus bacterial food sources. 

Vermamoeba sp. was shown to grow happily with N. fowleri (both in the laboratory and in the field) 

when cultured on Meiothermus however, when E. coli was used as a food source, N. fowleri was 
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outcompeted by Vermamoeba sp. This showed that competition between FLA was also impacted by 

the food source used and that the food typically used in laboratory experiments, may not be an 

accurate representation of what happens in the field. This thesis proposes the idea that non-

pathogenic amoebae could serve as a form of biological control against their pathogenic 

counterparts. Biological control could be a way to mitigate the risks and concerns that arise from 

typical chemical control measures such as DBPs, whilst still protecting consumers from pathogenic 

FLA.  

Finally, providing safe drinking water is the primary role of water utilities and this is becoming 

more difficult as climate change brings about decreased rainfall that is not able to support local 

needs. Water utilities are combatting this problem with new programs that diversify the water 

sources (surface water, groundwater, and desalinated water) entering the DWDS in order to 

compensate for the lack of streamflow. Chapter 8 assessed the impacts of a new water source on the 

physical, chemical and biological characteristics of a DWDS and found that a substantial impact 

was experienced by the microbial populations. Detections of pathogenic FLA and ARB increased 

significantly due to the change in water source and microbial communities experienced changes at 

each of the sites tested. The reason behind these changes is not fully understood, and whether such 

increases were a result of introduced microbial colonisation from the new water source or impacts 

on the native microbial community due to the new water source should be the focus of future work.  

This thesis broadened the understanding of the dynamic between the presence and prevalence of 

FLA and associated bacteria and the surrounding DWDS physical, chemical, and biological 

characteristics. This was explored in all areas including detection, surveillance, prevention and 

management practices. Assessing and understanding the presence and prevalence of pathogenic 

FLA and associated pathogenic bacteria within engineered water systems is integral to ensure 

consumer safety and upholding the reputation of water utilities. Investigating individual DWDSs is 

important however much knowledge is yet to be gained by comparing between DWDSs as well as 

comparing engineered systems with natural water systems. This can then be expanded both 

nationally and internationally, through research collaborations, to assess whether the relationships 

seen within one country or water type are replicated globally and across water types. Future 

research should continue to develop the understanding of the global presence and prevalence of 

FLA and their associated ARB in natural and engineered systems which will continue to lead to 

benefits for water utilities and consumers. 
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Appendix A 

Supporting information for Chapter 4: Biofilm and related amoebae in a UK chlorinated drinking 

water system  

Summary of features and tables: 

Table S1. Spearman correlations between physico-chemical parameters, the amoeba identified, and 

the bacterial biofilm communities at day 30. Access at: https://www.mdpi.com/2073-

4441/13/21/3069/htm 
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Appendix B 

Supporting information for Chapter 5: Free-living amoeba and associated pathogenic bacteria in 

well chlorinated drinking water storage tanks  

Summary of features and tables: 

Table S2. Detections of pathogenic bacteria in the bulk water samples of the metropolitan drinking 

water storage tanks (Tank 1 (T1) – Tank 10 (T10)) 

Table S3. Detections of pathogenic bacteria in the sediment samples of the metropolitan drinking 

water storage tanks (Tank 1 (T1) – Tank 10 (T10)) 
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Appendix C 

Supporting information for Chapter 6: Prokaryotic microbial ecology as an ecosurveillance tool for 

eukaryotic pathogen colonisation: Meiothermus and Naegleria fowleri 

Summary of features and tables: 

Table S4. Physical and chemical characteristics of sampling sites  
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Appendix D 

Supporting information for Chapter 7: Potential amoebae-amoebae interactions preventing 

Naegleria fowleri colonisation in an operational drinking water distribution system 

Summary of features and tables: 

Table S5. Ami primer qPCR melt curve results assessing the growth of N. fowleri, V. vermiformis 

and A. jacobsi in control wells using M. chliarophilus or E. coli as a food source.
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Appendix E 

Supporting information for Chapter 8: Impacts of integrated water supplies on microbial 

communities in an operational drinking water distribution system 

Summary of features and tables: 

Figure S1. Water conductivity measured at site SK (furthest sampling point along the 

distribution system) to ensure full penetration of the source water.  

Table S6. Physical and chemical data for drinking water samples. 

Table S7. Differences in the physical and chemical parameters of each source water.  

Table S8. Indicator species analysis using LFfSe and Indval approaches.
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Figure S1. Water conductivity measured at site SK (furthest sampling point along the distribution system) to ensure full penetration of 

the source water. Blue line represents 31 mS/m. H water was determined as having conductivity greater than 31 mS/m whereas S 

water had conductivity less than 31 mS/m. The red lines earmark sampling points during the S water phase.  
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Table S6. Physical and chemical data for drinking water samples. 

Sample Site Sample Date Temperature (°C) Free Chlorine (mg/L) Total Chlorine (mg/L) Turbidity (NTU) 

C 1/11/2016 19 1 1.32 0.71 

C 23/02/2017 23 0.21 0.49 NA 

C 17/05/2017 16 0.75 1.17 1.01 

C 17/07/2017 11.66 0.67 0.87 0.77 

C 26/09/2017 13.77 0.45 0.72 0.8 

C 9/01/2018 26.75 0.85 1.24 0.8 

C 19/01/2017 31 0.24 0.44 0.24 

C 14/03/2017 22 1.2 1.75 NA 

C 21/04/2017 22 0.44 0.69 0.85 

C 14/06/2017 16 0.72 1.1 2.21 

C 21/11/2018 19.24 0.34 NA 1.15 

C 30/01/2019 25.04 0.06 0.25 0.64 

C 20/02/2019 23.76 0.61 0.64 0.49 

C 20/03/2019 24.66 0.68 0.82 0.43 

C 17/04/2019 17.65 0.57 0.68 0.69 

C 21/05/2019 14.49 0.32 0.61 0.46 

C 25/06/2019 13.41 0.41 0.72 0.21 

C 24/07/2019 12.19 0.41 0.71 0.16 

WB 13/06/2016 13 0.22 0.39 0.32 

WB 1/11/2016 22 0.26 0.47 0.72 

WB 23/02/2017 23 0.05 0.19 0.57 

WB 17/05/2017 19 0.28 0.45 0.74 
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WB 17/07/2017 13 0.43 0.6 0.33 

WB 26/09/2017 14.11 0.34 0.57 0.61 

WB 9/01/2018 33.7 0.42 0.53 0.53 

WB 19/01/2017 27 0.29 0.55 0.54 

WB 14/03/2017 24 0.05 0.21 1.05 

WB 21/04/2017 26 0.08 0.3 0.67 

WB 14/06/2017 15.17 0.42 0.65 0.28 

WB 21/11/2018 23.55 0.11 NA 0.85 

WB 30/01/2019 28.94 0.01 0.07 0.39 

WB 20/02/2019 31.99 0.04 0.13 0.43 

WB 20/03/2019 29.4 0.03 0.11 0.4 

WB 17/04/2019 17.36 0.01 0.09 0.25 

WB 21/05/2019 14.02 0.58 0.7 0.66 

WB 25/06/2019 13.7 0.34 0.56 0.33 

WB 24/07/2019 12.24 0.25 0.44 0.26 

Y 1/11/2016 34 0.03 0.11 0.74 

Y 17/05/2017 17 0.02 0.09 0.28 

Y 17/07/2017 12.29 0.02 0.11 0.39 

Y 26/09/2017 18.16 0.08 0.12 0.96 

Y 9/01/2018 31.19 0.04 0.12 0.34 

Y 14/06/2017 14.04 0.01 0.11 0 

Y 19/12/2017 35 0.03 0.07 0.43 

Y 21/11/2018 36.35 0.02 NA 0.54 

Y 30/01/2019 39.75 0.01 0.03 0.17 
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Y 20/02/2019 45.34 0 0.05 0.33 

Y 20/03/2019 40.66 0.02 0.04 0.27 

Y 17/04/2019 26.79 0.01 0.03 0.15 

Y 21/05/2019 23.56 0.02 0.09 0.36 

Y 25/06/2019 18.91 0.06 0.13 0.3 

Y 24/07/2019 20.87 0.02 0.06 0.3 

T 13/06/2016 16 0.08 0.04 0.55 

T 1/11/2016 20 0.03 0.06 2.68 

T 23/02/2017 33 0 0.05 0.77 

T 17/05/2017 19 0.1 0.11 0.73 

T 17/07/2017 14.09 0.02 0.07 0.64 

T 26/09/2017 15.35 0.04 0.05 0.64 

T 9/01/2018 25.68 0.04 0.08 0.59 

T 19/01/2017 26 0.03 0.04 0.27 

T 14/03/2017 NA 0 0.03 0.73 

T 21/04/2017 21 0.03 0.03 0.6 

T 14/06/2017 16.18 0.1 0.09 0.51 

T 21/11/2018 20.83 0.05 NA 0.7 

T 30/01/2019 26.26 0.02 0.03 0.28 

T 20/02/2019 27.1 0.01 0.02 0.37 

T 20/02/2019 25.7 0.05 0.07 1.03 

T 20/03/2019 25.7 0.05 0.07 1.03 

T 17/04/2019 22.58 0.05 0.1 0.72 

T 21/05/2019 18.23 0.04 0.05 0.41 
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T 25/06/2019 15.33 0.04 0.04 0.69 

T 24/07/2019 14.61 0.03 0.03 0.57 

TP 21/11/2018 NA 1.6 NA 0.92 

TP 30/01/2019 NA 1.76 2.1 0.43 

TP 20/02/2019 26.62 1.84 1.84 0.45 

TP 20/03/2019 25.43 0.69 0.99 1.01 

TP 17/04/2019 20.2 1.65 0.38 1.07 

TP 21/05/2019 16.55 1.68 1.77 0.53 

TP 25/06/2019 14.2 1.62 1.86 1.43 

TP 24/07/2019 12.95 1.73 1.99 0.89 

SK 13/06/2016 20 0.03 0.08 0.47 

SK 1/11/2016 27 0.08 0.13 1.44 

SK 19/01/2017 40 0.03 0.08 0.64 

SK 23/02/2017 30 0 0.14 1.02 

SK 14/03/2017 27 0.03 0.06 0.44 

SK 21/04/2017 21 0.08 0.12 0.74 

SK 17/05/2017 17 0 0 0.3 

SK 14/06/2017 13.71 0.03 0.15 0.27 

SK 17/07/2017 15.76 0.01 0.17 0.48 

SK 25/08/2017 21 0.05 0.19 0.42 

SK 26/09/2017 14.13 0.02 0.12 0.84 

SK 18/10/2017 19 0.02 0.11 0.54 

SK 29/11/2017 28.87 0.08 0.13 0.51 

SK 19/12/2017 33 0.06 0.13 0.29 
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SK 9/01/2018 27.47 0.06 0.27 0.88 

SK 21/11/2018 26.15 0.04 NA 0.65 

SK 30/01/2019 31.81 0.04 0.19 0.47 

SK 20/02/2019 41.69 0.02 0.06 0.36 

SK 20/02/2019 34.77 0.02 0.06 0.67 

SK 17/04/2019 27.76 0.02 0.07 0.23 

SK 21/05/2019 24.39 0.04 0.13 0.53 

SK 25/06/2019 17.49 0.05 0.1 0.31 

SK 24/07/2019 17.76 0 0.08 0.31 

W 21/11/2018 17.52 0.42 0.43 0.73 

W 30/01/2019 23.11 0.04 0.23 0.59 

W 20/02/2019 23.98 0.59 0.59 0.42 

W 20/03/2019 24.21 0.54 0.5 0.34 

W 17/04/2019 17.19 0.34 0.38 0.43 

W 21/05/2019 14.15 0.06 0.26 0.48 

W 25/06/2019 13.75 0.51 0.74 0.7 

W 24/07/2019 13.1 0.44 0.7 0.38 

S 30/01/2019 16.49 0.03 0.04 0.36 

S 30/01/2019 17.16 0.91 0.93 0.28 

S 20/02/2019 17.56 0.05 0.01 0.43 

S 20/02/2019 17.64 1.42 1.4 0.23 

S 20/03/2019 16.98 0 0.02 0.41 

S 20/03/2019 17.25 1.3 1.22 0.32 

S 17/04/2019 18.53 0.07 0.03 0.87 
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S 17/04/2019 18.78 1.79 1.77 0.6 

H 21/05/2019 15.28 0 0 0.3 

H 21/05/2019 15.72 2.13 6 0.45 

H 25/06/2019 13.38 0.02 0.04 0.46 

H 25/06/2019 13.86 2.15 5.8 0.53 

H 24/07/2019 12.74 0 0 0.65 

H 24/07/2019 13.09 5.2 5.7 0.49 
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Table S7. Differences in the physical and chemical parameters of each source water  

 
H S 

 
Mean Std. dev Mean Std. dev P-value 

Free chlorine 0.26 0.39 0.338 0.523 5.74 × 10-1 

Total chlorine 0.399 0.465 0.422 0.569 5.78 × 10-2 

Turbidity 0.621 0.376 0.482 0.24 1.77 × 10-4* 

* Statistically significant using a generalised linear mixed model (p value < 0.05) 
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Table S8. Indicator species analysis using LFfSe and Indval approaches. N/A indicate genera 

that were not significant. Indval tests all pairwise combinations for significance and LEfSe tests 

each group against all others.  

site_sample-

type 

indicator_genera 

indval 

lefse 

H1a H1b H2 S 

SK_biofilm 0319-6G20 #N/A #N/A #N/A #N/A H1b 

SK_biofilm 11-24 #N/A #N/A #N/A #N/A H1b 

SK_biofilm A0839 #N/A #N/A #N/A #N/A H1a 

SK_biofilm A4b #N/A #N/A #N/A #N/A S 

SK_biofilm Absconditabacteriales_(SR1) 1 0 0 0 H1a 

SK_biofilm Acetobacteraceae_Unknown #N/A #N/A #N/A #N/A H1a 

SK_biofilm Acidobacteriota_Unknown 0 1 0 0 H1b 

SK_biofilm Ahniella #N/A #N/A #N/A #N/A H1b 

SK_biofilm AKYG587 #N/A #N/A #N/A #N/A S 

SK_biofilm AKYH767 #N/A #N/A #N/A #N/A S 

SK_biofilm Alphaproteobacteria_Unknown #N/A #N/A #N/A #N/A H1b 

SK_biofilm Amb-16S-1323 #N/A #N/A #N/A #N/A S 

SK_biofilm Amphiplicatus #N/A #N/A #N/A #N/A H1b 

SK_biofilm Anaeromyxobacter 0 0 0 1 S 

SK_biofilm Arenimonas 0 1 1 0 H2 

SK_biofilm Aureispira 0 0 1 0 H2 

SK_biofilm B1-7BS #N/A #N/A #N/A #N/A S 

SK_biofilm Babeliales #N/A #N/A #N/A #N/A S 

SK_biofilm Bacilli_Unknown #N/A #N/A #N/A #N/A H1a 

SK_biofilm Bacteriovorax 0 0 1 0 H2 

SK_biofilm BD7-11 0 1 0 0 H1b 

SK_biofilm Bdellovibrio #N/A #N/A #N/A #N/A H1b 
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SK_biofilm Blastocatellaceae_Unknown #N/A #N/A #N/A #N/A H1a 

SK_biofilm Blastocatellia_Unknown 0 1 1 0 H1b 

SK_biofilm Blastopirellula 0 0 1 1 H2 

SK_biofilm Bradymonadales 0 1 0 0 H1b 

SK_biofilm Brevifollis 0 0 1 0 H2 

SK_biofilm Brevundimonas 0 1 0 0 H1b 

SK_biofilm Caenarcaniphilales 1 0 0 0 H1a 

SK_biofilm Candidatus_Azambacteria 0 1 0 0 H1b 

SK_biofilm Candidatus_Jidaibacter 0 1 1 0 H1b 

SK_biofilm Candidatus_Jorgensenbacteria 0 0 0 1 S 

SK_biofilm Candidatus_Liptonbacteria 0 0 1 0 H2 

SK_biofilm Candidatus_Megaira 1 1 1 0 #N/A 

SK_biofilm Candidatus_Nitrosotenuis 0 0 1 0 H2 

SK_biofilm Candidatus_Nucleicultrix 0 1 1 0 H2 

SK_biofilm Candidatus_Omnitrophus 0 1 1 0 H1b 

SK_biofilm Candidatus_Peregrinibacteria 0 0 0 1 S 

SK_biofilm Caulobacter #N/A #N/A #N/A #N/A H1a 

SK_biofilm Cellvibrio 0 0 1 0 #N/A 

SK_biofilm Chitinophagaceae_Unknown 1 1 0 1 H1a 

SK_biofilm Chitinophagales_Unknown 0 0 1 1 H2 

SK_biofilm Chlamydiales_Unknown 0 1 0 0 H1b 

SK_biofilm CL500-3 0 0 1 0 H2 

SK_biofilm Comamonadaceae_Unknown #N/A #N/A #N/A #N/A H1a 

SK_biofilm Coxiella 0 1 0 0 H1b 

SK_biofilm Cyanobacteriia_Unknown 0 1 0 0 H1b 

SK_biofilm Cytophagales_Unknown 1 1 1 0 H2 

SK_biofilm DEV007 0 1 1 1 H2 
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SK_biofilm DEV114 1 1 0 0 H1b 

SK_biofilm Dinghuibacter 0 1 1 0 H1b 

SK_biofilm Diplorickettsiaceae_Unknown 0 1 1 1 S 

SK_biofilm Dongia 1 1 1 0 #N/A 

SK_biofilm DSSD61 #N/A #N/A #N/A #N/A H1b 

SK_biofilm Elev-16S-1166 1 1 0 0 H1a 

SK_biofilm Ellin6055 1 0 0 0 H1a 

SK_biofilm Ellin6067 #N/A #N/A #N/A #N/A H1a 

SK_biofilm Elsterales_Unknown 1 1 0 0 H1b 

SK_biofilm Emticicia 0 0 1 0 H2 

SK_biofilm EV818SWSAP88 0 0 1 0 H2 

SK_biofilm Family_Unknown 1 1 0 1 #N/A 

SK_biofilm Fimbriiglobus 0 1 1 1 H2 

SK_biofilm Fimbriimonadaceae #N/A #N/A #N/A #N/A S 

SK_biofilm Flavobacteriaceae 0 1 0 0 H1b 

SK_biofilm Flavobacterium 0 0 1 0 H2 

SK_biofilm Fluviicola 0 1 0 0 H1b 

SK_biofilm Ga0077536 1 1 1 0 H1b 

SK_biofilm Gaiellales_Unknown 0 0 0 1 S 

SK_biofilm Gammaproteobacteria_Unknown 0 1 1 0 H2 

SK_biofilm Gemmatimonadaceae_Unknown 1 1 1 0 H1b 

SK_biofilm Gemmatimonas 0 1 1 0 H1b 

SK_biofilm Haliscomenobacter 1 1 1 0 H1b 

SK_biofilm Hirschia #N/A #N/A #N/A #N/A S 

SK_biofilm Holosporaceae_Unknown 0 0 1 0 H2 

SK_biofilm Hydrogenedensaceae #N/A #N/A #N/A #N/A H1b 

SK_biofilm Hydrogenophaga 0 1 1 0 H2 
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SK_biofilm Hyphomicrobiaceae_Unknown 1 1 0 0 H1b 

SK_biofilm Hyphomicrobium #N/A #N/A #N/A #N/A H1b 

SK_biofilm Hyphomonadaceae_Unknown 1 1 0 1 S 

SK_biofilm Hyphomonas #N/A #N/A #N/A #N/A H1b 

SK_biofilm IMCC26256 0 0 0 1 S 

SK_biofilm IS-44 0 1 1 0 H1b 

SK_biofilm JG30-KF-CM66 0 0 1 0 H2 

SK_biofilm JG36-GS-52 0 0 1 1 H2 

SK_biofilm JGI_0001001-H03 0 1 1 1 H1b 

SK_biofilm JTB23 #N/A #N/A #N/A #N/A H1a 

SK_biofilm Kapabacteriales 0 0 1 1 H2 

SK_biofilm KI89A_clade 0 1 1 0 H2 

SK_biofilm Lacibacter #N/A #N/A #N/A #N/A H1a 

SK_biofilm Lacunisphaera 1 0 1 1 H1a 

SK_biofilm Latescibacterota #N/A #N/A #N/A #N/A S 

SK_biofilm Legionella #N/A #N/A #N/A #N/A H1b 

SK_biofilm Leptolyngbya_PCC-6306 0 0 1 1 S 

SK_biofilm Lewinella #N/A #N/A #N/A #N/A H1b 

SK_biofilm Limnobacter #N/A #N/A #N/A #N/A H1a 

SK_biofilm Lineage_IIc 0 0 0 1 S 

SK_biofilm Luteimonas 0 0 1 1 H2 

SK_biofilm Luteolibacter 0 1 1 1 H2 

SK_biofilm MBNT15 #N/A #N/A #N/A #N/A S 

SK_biofilm Meiothermus 1 1 0 1 H1a 

SK_biofilm Mesorhizobium 0 1 1 0 H2 

SK_biofilm Methylacidiphilaceae_Unknown 1 0 0 1 S 

SK_biofilm Micavibrionales_Unknown #N/A #N/A #N/A #N/A H1b 



248 

SK_biofilm Micropepsaceae_Unknown 1 1 1 0 H1b 

SK_biofilm Microscillaceae_Unknown #N/A #N/A #N/A #N/A H1a 

SK_biofilm Microtrichales_Unknown 0 0 1 1 S 

SK_biofilm mle1-27 #N/A #N/A #N/A #N/A H1a 

SK_biofilm mle1-7 #N/A #N/A #N/A #N/A H1b 

SK_biofilm mle1-8 #N/A #N/A #N/A #N/A H1b 

SK_biofilm MVP-88 0 1 0 0 H1b 

SK_biofilm Myxococcaceae_Unknown 0 1 0 0 H1b 

SK_biofilm Myxococcota_Unknown 0 1 1 0 H1b 

SK_biofilm Nannocystaceae_Unknown 0 1 0 0 H1b 

SK_biofilm Nannocystis #N/A #N/A #N/A #N/A H1b 

SK_biofilm NB1-j #N/A #N/A #N/A #N/A H1b 

SK_biofilm Nitrosomonadaceae_Unknown 0 1 1 0 H1b 

SK_biofilm Nordella #N/A #N/A #N/A #N/A S 

SK_biofilm NS11-12_marine_group 1 0 1 0 H1a 

SK_biofilm NS9_marine_group #N/A #N/A #N/A #N/A H1b 

SK_biofilm Obscuribacteraceae 1 1 1 0 H1a 

SK_biofilm oc32 1 1 0 0 H1a 

SK_biofilm Oikopleura 1 1 1 0 H1b 

SK_biofilm Oligoflexales_Unknown 1 1 1 0 H1a 

SK_biofilm Oligoflexus 0 1 1 0 H1b 

SK_biofilm OM190 #N/A #N/A #N/A #N/A H1b 

SK_biofilm OM27_clade 0 1 1 0 H1b 

SK_biofilm OM60(NOR5)_clade 0 1 1 0 H2 

SK_biofilm Opitutus 1 1 1 0 H1a 

SK_biofilm Pajaroellobacter #N/A #N/A #N/A #N/A H1a 

SK_biofilm Paludibaculum 1 1 1 0 H1a 
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SK_biofilm Paracaedibacteraceae_Unknown 1 1 1 0 H2 

SK_biofilm Pedosphaeraceae #N/A #N/A #N/A #N/A H1a 

SK_biofilm Pedosphaeraceae_Unknown 1 0 0 0 H1a 

SK_biofilm Peredibacter 0 1 1 0 H2 

SK_biofilm Permianibacter 0 0 1 0 H2 

SK_biofilm Phaselicystis 1 1 1 0 H1b 

SK_biofilm Phycisphaeraceae_Unknown 0 1 1 0 H2 

SK_biofilm Pir4_lineage 0 1 0 0 H1b 

SK_biofilm Pirellula #N/A #N/A #N/A #N/A H2 

SK_biofilm Pirellulaceae_Unknown #N/A #N/A #N/A #N/A S 

SK_biofilm Pla4_lineage 0 1 1 0 H1b 

SK_biofilm Planctomicrobium 1 1 0 0 H1b 

SK_biofilm Planctopirus 1 1 0 0 H1a 

SK_biofilm PLTA13 #N/A #N/A #N/A #N/A S 

SK_biofilm Polyangia_Unknown 0 0 0 1 S 

SK_biofilm Polyangium 0 1 0 0 H1b 

SK_biofilm Prosthecobacter 1 0 1 0 H1a 

SK_biofilm Pseudohongiella 1 1 0 0 H1b 

SK_biofilm Pseudorhodoplanes #N/A #N/A #N/A #N/A S 

SK_biofilm Ramlibacter 0 1 0 0 H1b 

SK_biofilm RBG-13-54-9 0 0 1 1 S 

SK_biofilm Reyranellaceae_Unknown 1 1 1 0 H2 

SK_biofilm Rhizobiales_Incertae_Sedis_Unknown #N/A #N/A #N/A #N/A S 

SK_biofilm Rhizorhapis 0 1 1 1 H2 

SK_biofilm Rhodobacter #N/A #N/A #N/A #N/A H1a 

SK_biofilm Rhodobacteraceae_Unknown 0 1 1 0 H1b 

SK_biofilm Rhodocyclaceae_Unknown 0 1 0 0 H1b 
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SK_biofilm Rhodopirellula #N/A #N/A #N/A #N/A H2 

SK_biofilm Rhodospirillaceae_Unknown 1 1 1 0 H2 

SK_biofilm Rhodospirillales_Unknown #N/A #N/A #N/A #N/A H1b 

SK_biofilm Rhodothermaceae_Unknown 0 1 0 0 H1b 

SK_biofilm Rhodovarius 0 1 1 0 H2 

SK_biofilm Rickettsia 0 0 1 0 H2 

SK_biofilm Roseococcus 0 1 1 0 H2 

SK_biofilm Roseomonas 1 1 1 0 H2 

SK_biofilm Rubinisphaeraceae_Unknown 1 1 0 0 H1b 

SK_biofilm Sandaracinaceae_Unknown #N/A #N/A #N/A #N/A S 

SK_biofilm Sandaracinus 1 1 0 0 H1a 

SK_biofilm Saprospiraceae_Unknown #N/A #N/A #N/A #N/A H1a 

SK_biofilm SAR324_clade(Marine_group_B) #N/A #N/A #N/A #N/A H2 

SK_biofilm SBR1031 0 0 1 1 S 

SK_biofilm SCGC_AAA164-E04 #N/A #N/A #N/A #N/A S 

SK_biofilm Schlesneria 0 1 1 0 H2 

SK_biofilm Sericytochromatia 0 1 0 0 H1b 

SK_biofilm SH3-11 1 1 1 0 H1a 

SK_biofilm Silanimonas 1 0 1 1 H1a 

SK_biofilm SJA-28 #N/A #N/A #N/A #N/A S 

SK_biofilm SM1A02 #N/A #N/A #N/A #N/A H1a 

SK_biofilm SM1B06 #N/A #N/A #N/A #N/A H1a 

SK_biofilm SM2D12 #N/A #N/A #N/A #N/A H1a 

SK_biofilm Sphingomonas 0 1 1 0 H2 

SK_biofilm Sphingopyxis #N/A #N/A #N/A #N/A H2 

SK_biofilm Stella #N/A #N/A #N/A #N/A H1b 

SK_biofilm Stenotrophobacter 0 0 1 1 H2 
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SK_biofilm Sumerlaea 1 1 1 0 H1a 

SK_biofilm Sutterellaceae_Unknown 0 0 1 0 H2 

SK_biofilm Thermoflexibacter 0 0 1 0 H2 

SK_biofilm Thioclava 1 0 1 1 #N/A 

SK_biofilm TRA3-20 1 1 1 0 H1b 

SK_biofilm Truepera 0 0 0 1 S 

SK_biofilm Turneriella 1 0 0 0 H1a 

SK_biofilm UBA12409 0 0 1 0 H2 

SK_biofilm Vampirovibrionales 0 0 1 1 S 

SK_biofilm Verrucomicrobiaceae_Unknown 0 1 1 0 H2 

SK_biofilm Vicinamibacterales_Unknown 0 0 1 1 S 

SK_biofilm WD2101_soil_group #N/A #N/A #N/A #N/A S 

SK_biofilm WPS-2 0 1 0 0 H1b 

SK_biofilm WS2 0 0 0 1 S 

SK_biofilm Xanthomonadales_Unknown 1 0 0 1 H1a 

T_biofilm 028H05-P-BN-P5 0 1 0 0 #N/A 

T_biofilm 0319-6G20 #N/A #N/A #N/A #N/A H2 

T_biofilm 11-24 #N/A #N/A #N/A #N/A H1a 

T_biofilm 966-1 0 0 1 0 H2 

T_biofilm A4b #N/A #N/A #N/A #N/A S 

T_biofilm AAP99 0 1 1 1 H2 

T_biofilm Abditibacterium 0 0 0 1 S 

T_biofilm Acidibacter 1 0 1 1 H1a 

T_biofilm Acidobacteriota_Unknown 1 1 0 0 H1b 

T_biofilm Aeromonas 0 0 1 0 H2 

T_biofilm AKYG587 0 0 1 1 S 

T_biofilm Amaricoccus 0 1 0 0 #N/A 
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T_biofilm Amb-16S-1323 #N/A #N/A #N/A #N/A S 

T_biofilm Amoebophilaceae_Unknown 1 0 0 0 H1a 

T_biofilm Amphiplicatus #N/A #N/A #N/A #N/A H1a 

T_biofilm Anaerolineaceae_Unknown 1 1 0 0 H1a 

T_biofilm Aquicella 1 1 0 1 #N/A 

T_biofilm Arenimonas #N/A #N/A #N/A #N/A H2 

T_biofilm B1-7BS #N/A #N/A #N/A #N/A H1a 

T_biofilm Babeliaceae 0 1 1 1 S 

T_biofilm Bacillus #N/A #N/A #N/A #N/A S 

T_biofilm bacteriap25 #N/A #N/A #N/A #N/A H1a 

T_biofilm Bacteroidetes_VC2.1_Bac22 1 1 0 0 H1a 

T_biofilm Bacteroidia_Unknown 0 0 0 1 S 

T_biofilm Bauldia 0 0 0 1 S 

T_biofilm BD2-11_terrestrial_group 1 1 1 0 H1b 

T_biofilm BD7-11 1 1 0 0 H1a 

T_biofilm Blastocatellaceae_Unknown #N/A #N/A #N/A #N/A H1a 

T_biofilm Blastopirellula 0 0 1 1 S 

T_biofilm Blfdi19 0 1 0 1 H1b 

T_biofilm Caldilineaceae_Unknown #N/A #N/A #N/A #N/A S 

T_biofilm Candidatus_Jorgensenbacteria 0 0 1 1 S 

T_biofilm Candidatus_Nomurabacteria #N/A #N/A #N/A #N/A S 

T_biofilm Candidatus_Omnitrophus 1 1 1 0 H1b 

T_biofilm Candidatus_Paracaedibacter 0 1 1 1 H2 

T_biofilm Candidimonas 0 0 1 0 H2 

T_biofilm CCM19a 0 0 1 1 S 

T_biofilm Chitinophagaceae_Unknown 1 1 0 1 S 

T_biofilm Chthoniobacter 0 0 1 1 H2 
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T_biofilm Chthonomonas #N/A #N/A #N/A #N/A H1a 

T_biofilm CL500-3 0 0 1 1 S 

T_biofilm Comamonadaceae_Unknown 1 0 1 1 S 

T_biofilm Coxiella 0 1 0 1 H1b 

T_biofilm DEV007 #N/A #N/A #N/A #N/A S 

T_biofilm DEV114 1 1 1 0 H1b 

T_biofilm Dinghuibacter 0 0 0 1 S 

T_biofilm Dongia 1 1 1 0 H1a 

T_biofilm Ectothiorhodospiraceae_Unknown 1 1 1 0 #N/A 

T_biofilm Edaphobaculum 0 1 0 0 H1b 

T_biofilm Elev-16S-1166 1 1 1 0 #N/A 

T_biofilm Elioraea 0 1 0 0 #N/A 

T_biofilm Ellin6067 #N/A #N/A #N/A #N/A H2 

T_biofilm env.OPS_17 #N/A #N/A #N/A #N/A H2 

T_biofilm EV818SWSAP88 0 0 0 1 S 

T_biofilm Family 0 0 0 1 S 

T_biofilm Ferruginibacter 0 1 1 0 H1b 

T_biofilm Fimbriiglobus #N/A #N/A #N/A #N/A S 

T_biofilm Fimbriimonadaceae #N/A #N/A #N/A #N/A S 

T_biofilm Firmicutes_Unknown 0 0 1 0 H2 

T_biofilm Flavobacterium 0 0 1 0 H2 

T_biofilm Fodinicurvataceae_Unknown 0 0 1 1 S 

T_biofilm Ga0077536 #N/A #N/A #N/A #N/A H1a 

T_biofilm Gemmata #N/A #N/A #N/A #N/A H1b 

T_biofilm Gemmataceae_Unknown #N/A #N/A #N/A #N/A H2 

T_biofilm Gemmatimonadaceae_Unknown #N/A #N/A #N/A #N/A H1b 

T_biofilm Gemmatimonas 0 1 1 1 H2 
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T_biofilm Halomonadaceae_Unknown #N/A #N/A #N/A #N/A H1a 

T_biofilm Hirschia #N/A #N/A #N/A #N/A S 

T_biofilm Hydrogenedensaceae #N/A #N/A #N/A #N/A H2 

T_biofilm Hyphomicrobium #N/A #N/A #N/A #N/A S 

T_biofilm Hyphomonadaceae_Unknown 1 1 0 0 H1b 

T_biofilm Iamia 0 0 0 1 S 

T_biofilm Ilumatobacter #N/A #N/A #N/A #N/A S 

T_biofilm IS-44 0 1 1 1 H2 

T_biofilm JG30-KF-CM45 #N/A #N/A #N/A #N/A S 

T_biofilm JG30-KF-CM66 #N/A #N/A #N/A #N/A H1a 

T_biofilm JG36-GS-52 1 0 1 1 S 

T_biofilm JGI_0001001-H03 #N/A #N/A #N/A #N/A H1b 

T_biofilm KI89A_clade #N/A #N/A #N/A #N/A H2 

T_biofilm Lacibacter #N/A #N/A #N/A #N/A H2 

T_biofilm Latescibacterota 1 1 0 1 #N/A 

T_biofilm Leptolyngbyaceae_Unknown 0 0 1 0 H2 

T_biofilm Lewinella 1 1 0 1 H1b 

T_biofilm Lineage_IV 1 0 1 0 H1a 

T_biofilm Luteimonas 1 0 1 1 H2 

T_biofilm Luteolibacter 0 0 1 1 H2 

T_biofilm MBNT15 0 1 1 1 S 

T_biofilm Meiothermus 1 1 0 0 H1a 

T_biofilm Mesorhizobium 0 0 1 1 H2 

T_biofilm Methyloceanibacter #N/A #N/A #N/A #N/A S 

T_biofilm Micavibrionaceae_Unknown 0 1 1 0 H2 

T_biofilm Micavibrionales_Unknown 0 0 1 0 H2 

T_biofilm Micropepsaceae_Unknown 1 1 1 0 H1b 
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T_biofilm Microtrichales_Unknown #N/A #N/A #N/A #N/A S 

T_biofilm mle1-27 1 0 0 0 #N/A 

T_biofilm mle1-7 0 1 1 1 H1b 

T_biofilm MND1 #N/A #N/A #N/A #N/A H2 

T_biofilm Mycobacterium 0 0 1 1 S 

T_biofilm Myxococcaceae_Unknown #N/A #N/A #N/A #N/A H1b 

T_biofilm Nannocystaceae 1 1 0 0 H1b 

T_biofilm Nannocystis 0 1 1 1 H2 

T_biofilm Neochlamydia 0 0 0 1 S 

T_biofilm Nitrosomonadaceae_Unknown #N/A #N/A #N/A #N/A H1b 

T_biofilm Nordella #N/A #N/A #N/A #N/A S 

T_biofilm NS11-12_marine_group 1 1 1 0 H1a 

T_biofilm NS9_marine_group #N/A #N/A #N/A #N/A H2 

T_biofilm OM27_clade 1 1 1 0 H1b 

T_biofilm OM60(NOR5)_clade 0 0 0 1 S 

T_biofilm Omnitrophales #N/A #N/A #N/A #N/A H1a 

T_biofilm Opitutaceae_Unknown 0 0 1 1 H2 

T_biofilm Opitutus 1 1 0 0 H1b 

T_biofilm Paludibaculum 1 1 1 0 H1b 

T_biofilm Paracaedibacteraceae_Unknown 0 1 1 0 H2 

T_biofilm Parcubacteria_Unknown 0 1 0 0 #N/A 

T_biofilm PB19 1 1 0 0 H1b 

T_biofilm Pedomicrobium #N/A #N/A #N/A #N/A S 

T_biofilm Pedosphaeraceae #N/A #N/A #N/A #N/A H1b 

T_biofilm Pedosphaeraceae_Unknown 1 0 0 0 H1a 

T_biofilm Phaeodactylibacter 1 1 1 0 H1b 

T_biofilm Phaselicystis #N/A #N/A #N/A #N/A H2 



256 

T_biofilm Phenylobacterium #N/A #N/A #N/A #N/A H1a 

T_biofilm Phreatobacter 0 0 1 0 H2 

T_biofilm Phycisphaeraceae_Unknown 1 1 1 0 H1b 

T_biofilm Pir4_lineage 1 1 0 0 H1a 

T_biofilm Pirellula #N/A #N/A #N/A #N/A H2 

T_biofilm PLTA13 #N/A #N/A #N/A #N/A S 

T_biofilm Polyangium 0 1 1 0 H2 

T_biofilm Prosthecobacter 1 1 1 0 H1a 

T_biofilm Proteobacteria_Unknown 0 0 1 0 H2 

T_biofilm Pseudofulvimonas 0 1 0 1 S 

T_biofilm Pseudomonas #N/A #N/A #N/A #N/A H1a 

T_biofilm RBG-13-54-9 0 0 0 1 S 

T_biofilm RCP1-48 1 1 1 0 #N/A 

T_biofilm RCP2-54 1 1 0 0 H1a 

T_biofilm Reyranella #N/A #N/A #N/A #N/A S 

T_biofilm Reyranellaceae_Unknown #N/A #N/A #N/A #N/A H2 

T_biofilm Rhizobiales_Incertae_Sedis_Unknown #N/A #N/A #N/A #N/A S 

T_biofilm Rhizobiales_Unknown 0 0 1 0 H2 

T_biofilm Rhizorhapis #N/A #N/A #N/A #N/A H1b 

T_biofilm Rhodanobacteraceae_Unknown #N/A #N/A #N/A #N/A H2 

T_biofilm Rhodobacter #N/A #N/A #N/A #N/A H1b 

T_biofilm Rhodobacteraceae_Unknown 1 1 0 0 H1b 

T_biofilm Rhodocyclaceae_Unknown 1 0 0 0 H1a 

T_biofilm Rhodospirillaceae_Unknown #N/A #N/A #N/A #N/A H1b 

T_biofilm Rhodospirillales_Unknown 1 1 1 0 H1b 

T_biofilm Rickettsia 0 1 0 0 H1b 

T_biofilm Rickettsiaceae_Unknown 1 0 1 1 #N/A 
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T_biofilm Rickettsiales_Unknown 0 1 1 0 H2 

T_biofilm Roseomonas #N/A #N/A #N/A #N/A H2 

T_biofilm S-70 1 1 0 0 H1b 

T_biofilm S-BQ2-57_soil_group 1 1 0 0 H1b 

T_biofilm Saprospiraceae_Unknown #N/A #N/A #N/A #N/A H2 

T_biofilm SCGC_AAA164-E04 #N/A #N/A #N/A #N/A S 

T_biofilm Schlesneria 1 0 1 0 H2 

T_biofilm SH-PL14 0 1 1 0 H2 

T_biofilm SM1A02 #N/A #N/A #N/A #N/A S 

T_biofilm SM2D12 #N/A #N/A #N/A #N/A H1a 

T_biofilm Sphingomonas #N/A #N/A #N/A #N/A H2 

T_biofilm Stella 0 0 1 0 H2 

T_biofilm Stenotrophobacter #N/A #N/A #N/A #N/A S 

T_biofilm Steroidobacteraceae_Unknown 0 0 1 1 S 

T_biofilm Subgroup_10 1 1 0 0 H1b 

T_biofilm Subgroup_11 1 1 0 0 H1a 

T_biofilm Subgroup_17 0 0 1 0 H2 

T_biofilm Sulfuritalea #N/A #N/A #N/A #N/A H1b 

T_biofilm Sutterellaceae_Unknown 0 0 0 1 S 

T_biofilm Tahibacter 0 1 0 0 H1b 

T_biofilm Terrimonas #N/A #N/A #N/A #N/A H1b 

T_biofilm Thermoactinomycetaceae_Unknown 0 0 0 1 S 

T_biofilm Thioalbus 1 1 0 0 H1b 

T_biofilm TK10 1 0 1 1 #N/A 

T_biofilm TRA3-20 #N/A #N/A #N/A #N/A H1a 

T_biofilm Truepera 1 0 0 1 S 

T_biofilm Turneriella 0 0 1 1 S 
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T_biofilm Vampirovibrionales 1 0 1 1 H1a 

T_biofilm Vicinamibacteraceae #N/A #N/A #N/A #N/A S 

T_biofilm WD2101_soil_group 1 0 1 1 S 

T_biofilm WS2 0 0 1 1 S 

T_biofilm Xanthobacteraceae_Unknown #N/A #N/A #N/A #N/A S 

T_biofilm Xanthomonadales_Unknown 1 0 0 1 H1a 

WB_biofilm 0319-6G20 #N/A #N/A #N/A #N/A H1b 

WB_biofilm 11-24 0 0 1 1 S 

WB_biofilm A0839 0 0 0 1 S 

WB_biofilm A4b 0 0 0 1 S 

WB_biofilm Acetobacteraceae_Unknown 1 1 0 1 #N/A 

WB_biofilm AKYH767 0 0 0 1 S 

WB_biofilm Amb-16S-1323 0 0 0 1 S 

WB_biofilm Babeliales 1 0 0 1 #N/A 

WB_biofilm Bacillus 0 0 1 0 #N/A 

WB_biofilm Bdellovibrio 1 0 0 1 H1a 

WB_biofilm Beijerinckiaceae_Unknown 0 0 0 1 S 

WB_biofilm BIrii41 1 0 0 1 H1a 

WB_biofilm Blastocatellaceae_Unknown #N/A #N/A #N/A #N/A S 

WB_biofilm Blastomonas #N/A #N/A #N/A #N/A H1b 

WB_biofilm Brevifollis #N/A #N/A #N/A #N/A H1a 

WB_biofilm Bryobacter 1 0 1 1 S 

WB_biofilm Cellvibrio 1 0 0 0 H1a 

WB_biofilm Cellvibrionaceae_Unknown 1 0 0 0 H1a 

WB_biofilm Chitinophagaceae_Unknown 1 0 0 1 S 

WB_biofilm Chryseolinea 0 0 0 1 S 

WB_biofilm Chthoniobacter 1 0 0 1 H1a 
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WB_biofilm Comamonadaceae_Unknown 1 0 0 1 S 

WB_biofilm Cytophaga 1 0 0 0 H1a 

WB_biofilm Cytophagales_Unknown 1 0 0 1 H1a 

WB_biofilm Defluviicoccales_Unknown 0 0 0 1 S 

WB_biofilm DEV007 #N/A #N/A #N/A #N/A S 

WB_biofilm Diplorickettsiaceae_Unknown 0 0 0 1 S 

WB_biofilm Dongia 1 0 1 1 #N/A 

WB_biofilm DSSD61 0 0 0 1 S 

WB_biofilm Ellin6067 1 0 0 1 S 

WB_biofilm Family_Unknown 0 0 0 1 S 

WB_biofilm Fimbriiglobus 0 0 0 1 S 

WB_biofilm Ga0077536 1 0 0 1 S 

WB_biofilm Gaiellales_Unknown #N/A #N/A #N/A #N/A H1b 

WB_biofilm Gemmata 1 0 0 1 S 

WB_biofilm Gemmataceae_Unknown 0 0 0 1 S 

WB_biofilm Gemmatimonadaceae_Unknown 0 0 0 1 S 

WB_biofilm Haliangium 1 0 0 1 H1a 

WB_biofilm Haliscomenobacter 1 0 0 1 S 

WB_biofilm Hirschia 1 0 0 1 S 

WB_biofilm Hydrogenophaga 1 0 0 1 S 

WB_biofilm Hyphomicrobium #N/A #N/A #N/A #N/A S 

WB_biofilm Hyphomonas 1 0 0 1 H1a 

WB_biofilm JGI_0001001-H03 0 0 0 1 S 

WB_biofilm KD4-96 0 0 0 1 S 

WB_biofilm Lacibacter 0 0 0 1 S 

WB_biofilm Lacunisphaera 1 0 0 0 H1a 

WB_biofilm Legionella 1 0 0 1 S 
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WB_biofilm Legionellaceae_Unknown 0 0 0 1 #N/A 

WB_biofilm Lewinella 0 0 0 1 S 

WB_biofilm MBNT15 0 0 0 1 S 

WB_biofilm Mesorhizobium 0 0 0 1 S 

WB_biofilm Methylophilus #N/A #N/A #N/A #N/A H1a 

WB_biofilm Micavibrionales_Unknown 1 0 0 1 H1a 

WB_biofilm Micropepsaceae_Unknown 1 0 0 1 H1a 

WB_biofilm Microscillaceae_Unknown 1 0 0 1 H1a 

WB_biofilm NB1-j 0 0 1 1 H2 

WB_biofilm Neochlamydia 0 0 0 1 S 

WB_biofilm Nordella 0 0 0 1 S 

WB_biofilm Novosphingobium 1 0 0 0 H1a 

WB_biofilm NS9_marine_group 0 0 0 1 S 

WB_biofilm Obscuribacteraceae 1 0 1 1 H1a 

WB_biofilm oc32 1 0 0 1 H1a 

WB_biofilm Oikopleura 0 0 0 1 S 

WB_biofilm Oligoflexales_Unknown 0 0 0 1 S 

WB_biofilm OM190 1 0 0 1 S 

WB_biofilm P3OB-42 1 0 0 1 H1a 

WB_biofilm Paenibacillus 0 0 1 0 H2 

WB_biofilm Pajaroellobacter 0 0 0 1 S 

WB_biofilm Paracaedibacteraceae_Unknown 1 0 0 0 H1a 

WB_biofilm Parcubacteria 0 0 0 1 S 

WB_biofilm Pedomicrobium 0 0 0 1 S 

WB_biofilm Pedosphaeraceae_Unknown 1 0 0 0 H1a 

WB_biofilm Peredibacter 1 0 0 0 H1a 

WB_biofilm Phaselicystis #N/A #N/A #N/A #N/A H1a 
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WB_biofilm Phenylobacterium 1 0 0 0 H1a 

WB_biofilm Phreatobacter 0 1 0 0 H1b 

WB_biofilm Pirellula #N/A #N/A #N/A #N/A S 

WB_biofilm Pirellulaceae_Unknown 0 0 1 1 S 

WB_biofilm Planctopirus 1 0 0 1 S 

WB_biofilm PLTA13 0 0 0 1 S 

WB_biofilm Pseudorhodoplanes 0 0 0 1 S 

WB_biofilm Reyranella 1 0 0 1 H1a 

WB_biofilm Rhizobiales_Incertae_Sedis_Unknown 0 0 0 1 S 

WB_biofilm Rhodanobacteraceae_Unknown 1 0 0 1 S 

WB_biofilm Rhodobacter 0 0 0 1 S 

WB_biofilm Rhodocyclaceae_Unknown 1 0 0 0 H1a 

WB_biofilm Rhodospirillales_Unknown 1 0 0 0 H1a 

WB_biofilm Rickettsiales_Unknown 1 0 0 0 H1a 

WB_biofilm Roseiflexaceae_Unknown 0 0 0 1 S 

WB_biofilm Roseococcus 1 0 0 1 H1a 

WB_biofilm Rubellimicrobium #N/A #N/A #N/A #N/A H1b 

WB_biofilm S-70 0 0 1 1 S 

WB_biofilm Saprospiraceae_Unknown 0 0 0 1 S 

WB_biofilm SAR324_clade(Marine_group_B) 0 0 0 1 S 

WB_biofilm Schlesneria 1 0 0 0 H1a 

WB_biofilm SH-PL14 0 0 1 0 H2 

WB_biofilm SH3-11 0 0 0 1 S 

WB_biofilm SM1A02 1 1 0 1 H1a 

WB_biofilm SM2D12 1 0 0 1 H1a 

WB_biofilm Sphingomonas 1 0 1 1 S 

WB_biofilm Sphingopyxis 1 0 1 1 S 
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WB_biofilm Sphingorhabdus 0 0 0 1 S 

WB_biofilm Spirosomaceae_Unknown #N/A #N/A #N/A #N/A H1b 

WB_biofilm Subgroup_22 0 0 0 1 S 

WB_biofilm SWB02 1 0 0 1 S 

WB_biofilm Tepidiphilus 0 0 1 0 #N/A 

WB_biofilm Terrimonas 0 0 0 1 S 

WB_biofilm TRA3-20 1 0 0 1 H1a 

WB_biofilm uncultured_Unknown 0 0 0 1 #N/A 

WB_biofilm vadinHA49 1 0 0 1 #N/A 

WB_biofilm Vampirovibrionales #N/A #N/A #N/A #N/A S 

WB_biofilm Vicinamibacteraceae 0 0 0 1 S 

WB_biofilm Vicinamibacterales_Unknown 0 0 0 1 #N/A 

WB_biofilm WD2101_soil_group 0 0 0 1 S 

WB_biofilm WPS-2 0 1 0 1 H1b 

Y_biofilm 0319-6G20 #N/A #N/A #N/A #N/A H1a 

Y_biofilm 11-24 1 0 1 1 H1a 

Y_biofilm 966-1 #N/A #N/A #N/A #N/A H1a 

Y_biofilm A0839 #N/A #N/A #N/A #N/A H1b 

Y_biofilm A4b #N/A #N/A #N/A #N/A S 

Y_biofilm Acetobacteraceae_Unknown 1 0 1 1 S 

Y_biofilm Acidobacteriota_Unknown #N/A #N/A #N/A #N/A H1a 

Y_biofilm AKYH767 1 0 1 1 H2 

Y_biofilm Alphaproteobacteria_Unknown 1 0 1 1 S 

Y_biofilm Amb-16S-1323 1 0 1 1 H1a 

Y_biofilm Amphiplicatus 1 0 1 1 H1a 

Y_biofilm Bauldia 1 0 0 0 H1a 

Y_biofilm Beijerinckiaceae_Unknown 1 1 1 0 H1b 
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Y_biofilm BIrii41 #N/A #N/A #N/A #N/A S 

Y_biofilm Blastocatellaceae_Unknown #N/A #N/A #N/A #N/A H2 

Y_biofilm Blastomonas 0 1 0 0 H1b 

Y_biofilm Brevifollis 0 0 1 0 H2 

Y_biofilm Bryobacter 0 0 1 1 H2 

Y_biofilm Burkholderiales_Unknown 1 0 0 0 H1a 

Y_biofilm Caenarcaniphilales 1 0 0 0 H1a 

Y_biofilm Caldilineaceae_Unknown 1 0 1 1 H2 

Y_biofilm Candidatus_Chisholmbacteria 1 0 0 0 H1a 

Y_biofilm Candidatus_Fritschea 1 0 0 0 H1a 

Y_biofilm Candidatus_Jidaibacter 0 1 0 0 H1b 

Y_biofilm Candidatus_Kaiserbacteria 1 0 0 0 H1a 

Y_biofilm Candidatus_Nitrosotenuis 1 0 0 0 H1a 

Y_biofilm Candidatus_Nucleicultrix 0 1 0 0 H1b 

Y_biofilm Candidatus_Obscuribacter 0 0 1 1 S 

Y_biofilm Candidatus_Solibacter 1 0 0 0 H1a 

Y_biofilm CCM11a 1 0 0 0 H1a 

Y_biofilm Cellvibrio 0 1 0 0 #N/A 

Y_biofilm Chitinophagaceae_Unknown 0 0 1 1 S 

Y_biofilm Chthonomonas 1 0 0 0 H1a 

Y_biofilm CL500-3 #N/A #N/A #N/A #N/A H1a 

Y_biofilm Coxiella 0 1 0 0 H1b 

Y_biofilm cvE6 0 0 0 1 S 

Y_biofilm Cytophaga 1 1 0 0 #N/A 

Y_biofilm Cytophagales_Unknown 0 1 0 0 H1b 

Y_biofilm Defluviicoccales_Unknown 1 0 1 1 H1a 

Y_biofilm DEV007 0 0 1 0 H2 
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Y_biofilm Diplorickettsiaceae_Unknown 0 1 0 0 H1b 

Y_biofilm Dongia #N/A #N/A #N/A #N/A H1a 

Y_biofilm DSSD61 1 0 0 0 H1a 

Y_biofilm Ectothiorhodospiraceae_Unknown 1 0 0 0 H1a 

Y_biofilm Elev-16S-1166 #N/A #N/A #N/A #N/A H2 

Y_biofilm Ellin6067 #N/A #N/A #N/A #N/A H1a 

Y_biofilm Elsterales_Unknown 1 0 1 1 S 

Y_biofilm Family 1 0 0 1 S 

Y_biofilm FCPU426 1 0 0 0 H1a 

Y_biofilm Fimbriiglobus #N/A #N/A #N/A #N/A H1a 

Y_biofilm Fimbriimonadaceae 1 0 1 1 S 

Y_biofilm Fluviicola #N/A #N/A #N/A #N/A H2 

Y_biofilm Fodinicurvataceae_Unknown 1 0 1 1 H2 

Y_biofilm Gaiella 0 0 1 1 S 

Y_biofilm Gemmatimonas 1 1 1 0 H1b 

Y_biofilm Geodermatophilaceae_Unknown #N/A #N/A #N/A #N/A H1a 

Y_biofilm Haliangium 0 0 0 1 S 

Y_biofilm Hirschia #N/A #N/A #N/A #N/A H1a 

Y_biofilm Hydrogenedensaceae 1 0 0 0 H1a 

Y_biofilm Hyphomonadaceae_Unknown 0 1 1 0 H1b 

Y_biofilm Hyphomonas 1 1 0 0 H1a 

Y_biofilm Iamia 1 0 1 1 S 

Y_biofilm IS-44 1 0 1 1 H2 

Y_biofilm JG30-KF-CM45 #N/A #N/A #N/A #N/A H1a 

Y_biofilm JG30-KF-CM66 1 0 1 1 S 

Y_biofilm JGI_0001001-H03 #N/A #N/A #N/A #N/A S 

Y_biofilm JTB23 1 0 0 0 H1a 
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Y_biofilm Kapabacteriales 0 0 1 1 H2 

Y_biofilm KI89A_clade 1 0 0 0 H1a 

Y_biofilm Lacunisphaera 1 0 0 1 H1a 

Y_biofilm Limnobacter 0 1 0 0 H1b 

Y_biofilm Lineage_IIb 1 0 0 0 H1a 

Y_biofilm Luteimonas 0 1 0 0 H1b 

Y_biofilm Lutispora #N/A #N/A #N/A #N/A S 

Y_biofilm MBNT15 1 0 1 1 S 

Y_biofilm Meiothermus 0 0 1 1 S 

Y_biofilm Mesorhizobium 1 0 0 0 H1a 

Y_biofilm Methylacidiphilaceae_Unknown 1 0 1 1 S 

Y_biofilm Methyloceanibacter 1 0 0 0 H1a 

Y_biofilm Micavibrionaceae_Unknown 0 1 0 0 H1b 

Y_biofilm Micavibrionales_Unknown 0 0 1 0 H2 

Y_biofilm Micropepsaceae_Unknown 1 0 0 0 H1a 

Y_biofilm Microscillaceae_Unknown 1 0 0 1 S 

Y_biofilm Microtrichales_Unknown 1 0 0 1 S 

Y_biofilm mle1-7 1 0 1 1 H2 

Y_biofilm mle1-8 #N/A #N/A #N/A #N/A S 

Y_biofilm MND1 1 0 0 1 H1a 

Y_biofilm NB1-j 1 0 1 1 H1a 

Y_biofilm Nitrosomonadaceae_Unknown 1 0 0 0 H1a 

Y_biofilm Nordella 1 0 0 0 H1a 

Y_biofilm NS9_marine_group 1 0 1 0 H2 

Y_biofilm Obscuribacteraceae #N/A #N/A #N/A #N/A H2 

Y_biofilm Oikopleura 1 0 0 0 H1a 

Y_biofilm OLB14 0 0 1 1 S 
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Y_biofilm OM190 1 0 0 0 H1a 

Y_biofilm Opitutus 1 0 0 0 H1a 

Y_biofilm P3OB-42 1 0 0 0 H1a 

Y_biofilm Pajaroellobacter 1 0 0 1 H1a 

Y_biofilm Paludibaculum #N/A #N/A #N/A #N/A H2 

Y_biofilm Paracaedibacteraceae_Unknown 0 0 1 0 H2 

Y_biofilm Paracoccus 1 1 1 0 #N/A 

Y_biofilm Parvibaculum 0 0 0 1 S 

Y_biofilm Pedomicrobium #N/A #N/A #N/A #N/A S 

Y_biofilm Pla4_lineage #N/A #N/A #N/A #N/A H1a 

Y_biofilm Planctomycetales_Unknown 1 0 1 1 H2 

Y_biofilm Planctopirus #N/A #N/A #N/A #N/A S 

Y_biofilm PLTA13 1 0 1 1 H1a 

Y_biofilm Prosthecomicrobium 0 0 1 0 H2 

Y_biofilm Pseudohongiella 0 1 0 0 H1b 

Y_biofilm Pseudorhodoplanes 1 0 1 1 H2 

Y_biofilm Reyranella 1 1 1 0 H2 

Y_biofilm Reyranellaceae_Unknown 1 0 0 0 H1a 

Y_biofilm Rheinheimera 0 1 0 0 H1b 

Y_biofilm Rhizobiaceae_Unknown 1 1 0 0 H1b 

Y_biofilm Rhizobiales_Incertae_Sedis_Unknown 0 0 1 1 S 

Y_biofilm Rhizobiales_Unknown #N/A #N/A #N/A #N/A H1a 

Y_biofilm Rhodanobacteraceae_Unknown 1 1 0 0 H1b 

Y_biofilm Rhodopirellula #N/A #N/A #N/A #N/A H1b 

Y_biofilm Rhodospirillaceae_Unknown 1 0 0 0 H1a 

Y_biofilm Roseiflexaceae_Unknown #N/A #N/A #N/A #N/A S 

Y_biofilm Roseomonas 1 0 1 0 H2 
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Y_biofilm Rubellimicrobium 0 0 1 1 H2 

Y_biofilm Sandaracinaceae_Unknown 1 0 1 1 H1a 

Y_biofilm Sandaracinus 0 0 0 1 S 

Y_biofilm Saprospiraceae_Unknown 1 0 1 1 H2 

Y_biofilm SCGC_AAA164-E04 1 0 1 1 S 

Y_biofilm SD04E11 0 0 1 0 H2 

Y_biofilm Silanimonas 0 0 0 1 #N/A 

Y_biofilm SJA-28 0 0 0 1 S 

Y_biofilm SM1A02 #N/A #N/A #N/A #N/A S 

Y_biofilm SM2D12 1 1 0 0 H1a 

Y_biofilm Sphingomonadaceae_Unknown 0 0 0 1 S 

Y_biofilm Sphingomonas #N/A #N/A #N/A #N/A H1a 

Y_biofilm Sphingopyxis 0 1 1 1 H1b 

Y_biofilm Sporocytophaga 0 0 0 1 S 

Y_biofilm TK10 1 0 0 1 H1a 

Y_biofilm TRA3-20 #N/A #N/A #N/A #N/A H1b 

Y_biofilm uncultured_Unknown 1 0 1 1 #N/A 

Y_biofilm Vicinamibacteraceae 1 0 1 1 H1a 

Y_biofilm Vicinamibacterales_Unknown 1 0 0 0 H1a 

Y_biofilm WD2101_soil_group 1 0 0 0 H1a 

Y_biofilm WPS-2 0 0 0 1 S 

SK_bulkwater 0319-6G20 1 0 1 1 H1a 

SK_bulkwater 11-24 0 0 1 1 S 

SK_bulkwater A0839 0 0 0 1 S 

SK_bulkwater A4b 1 0 0 1 H1a 

SK_bulkwater Acetobacteraceae_Unknown 1 0 1 1 S 

SK_bulkwater Acidobacteriae_Unknown 0 0 1 1 H2 
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SK_bulkwater AKYH767 1 0 0 1 S 

SK_bulkwater Alphaproteobacteria_Unknown 1 0 1 1 H1a 

SK_bulkwater Amb-16S-1323 0 0 0 1 S 

SK_bulkwater Amphiplicatus 0 1 1 0 H1b 

SK_bulkwater B1-7BS #N/A #N/A #N/A #N/A S 

SK_bulkwater Babeliaceae 0 0 0 1 #N/A 

SK_bulkwater Babeliales #N/A #N/A #N/A #N/A H1b 

SK_bulkwater Bauldia 1 0 0 1 S 

SK_bulkwater Bdellovibrio #N/A #N/A #N/A #N/A H2 

SK_bulkwater Beijerinckiaceae_Unknown 0 0 1 0 H2 

SK_bulkwater Brevifollis 0 0 1 1 H2 

SK_bulkwater Brevundimonas 0 0 0 1 S 

SK_bulkwater Bryobacter 1 0 1 1 H2 

SK_bulkwater Caenarcaniphilales 1 0 0 1 H1a 

SK_bulkwater Candidatus_Abawacabacteria 0 0 0 1 #N/A 

SK_bulkwater Candidatus_Berkiella 0 0 0 1 S 

SK_bulkwater Candidatus_Iainarchaeum #N/A #N/A #N/A #N/A H1a 

SK_bulkwater Candidatus_Megaira 0 0 0 1 S 

SK_bulkwater Candidatus_Nomurabacteria 0 0 0 1 S 

SK_bulkwater Candidatus_Nucleicultrix 0 0 1 0 H2 

SK_bulkwater Candidatus_Peribacteria 0 0 0 1 S 

SK_bulkwater Candidatus_Zambryskibacteria 0 0 0 1 S 

SK_bulkwater Cellvibrio 1 0 1 1 H1a 

SK_bulkwater Chitinimonas 1 0 0 1 #N/A 

SK_bulkwater Chitinophagaceae_Unknown 1 0 0 1 S 

SK_bulkwater Chthoniobacter #N/A #N/A #N/A #N/A S 

SK_bulkwater Comamonadaceae_Unknown 0 0 0 1 S 
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SK_bulkwater Cytophagales_Unknown 1 0 0 0 H1a 

SK_bulkwater Dechloromonas 0 0 0 1 S 

SK_bulkwater DEV007 1 0 1 1 H2 

SK_bulkwater DEV114 1 0 0 1 S 

SK_bulkwater Diplorickettsiaceae_Unknown 1 0 0 1 S 

SK_bulkwater Edaphobaculum 0 0 1 1 S 

SK_bulkwater Elev-16S-1166 0 0 0 1 S 

SK_bulkwater Ellin6067 0 0 0 1 S 

SK_bulkwater Emticicia 0 0 1 0 H2 

SK_bulkwater env.OPS_17 1 0 0 1 H1a 

SK_bulkwater Family_Unknown #N/A #N/A #N/A #N/A H1a 

SK_bulkwater Fimbriiglobus 1 0 1 1 S 

SK_bulkwater Flavobacterium 0 0 1 1 S 

SK_bulkwater Gaiellales_Unknown 0 0 0 1 S 

SK_bulkwater Gemmata 0 0 1 1 S 

SK_bulkwater Gemmataceae_Unknown 1 0 0 1 S 

SK_bulkwater Gemmatimonadaceae_Unknown #N/A #N/A #N/A #N/A S 

SK_bulkwater Gemmatimonas #N/A #N/A #N/A #N/A H2 

SK_bulkwater Haliscomenobacter 1 0 1 1 H2 

SK_bulkwater Hirschia 0 0 1 1 S 

SK_bulkwater Hydrogenophaga 1 0 1 1 H2 

SK_bulkwater Hyphomicrobium 1 1 1 0 H2 

SK_bulkwater Hyphomonas 0 0 1 1 H2 

SK_bulkwater Inhella 0 0 0 1 S 

SK_bulkwater JGI_0000069-P22 1 0 0 0 H1a 

SK_bulkwater Kapabacteriales 0 0 0 1 S 

SK_bulkwater KI89A_clade 0 0 1 0 H2 
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SK_bulkwater Lacibacter 0 0 1 1 H2 

SK_bulkwater Lacunisphaera 1 0 0 1 S 

SK_bulkwater Legionella 0 0 1 1 S 

SK_bulkwater Legionellaceae_Unknown 0 0 0 1 S 

SK_bulkwater Luteimonas 0 0 1 0 H2 

SK_bulkwater Luteolibacter 1 0 1 1 S 

SK_bulkwater MBNT15 0 0 0 1 S 

SK_bulkwater Mesorhizobium 0 1 1 0 H1b 

SK_bulkwater Methylacidiphilaceae_Unknown 0 0 0 1 S 

SK_bulkwater Micavibrionaceae_Unknown 1 0 0 1 H1a 

SK_bulkwater Micavibrionales_Unknown 0 0 1 0 H2 

SK_bulkwater Microbacteriaceae_Unknown 0 0 0 1 #N/A 

SK_bulkwater Micropepsaceae_Unknown 1 0 1 1 H1a 

SK_bulkwater Microscillaceae_Unknown 1 0 0 1 H1a 

SK_bulkwater mle1-27 #N/A #N/A #N/A #N/A H1a 

SK_bulkwater mle1-7 1 0 1 1 S 

SK_bulkwater MND1 1 0 0 1 H1a 

SK_bulkwater Nannocystis 1 0 0 0 #N/A 

SK_bulkwater Neisseriaceae_Unknown 0 0 0 1 S 

SK_bulkwater Nordella 1 0 0 1 S 

SK_bulkwater NS11-12_marine_group 0 0 0 1 S 

SK_bulkwater NS9_marine_group 1 0 1 1 #N/A 

SK_bulkwater Obscuribacteraceae 1 0 1 1 H1a 

SK_bulkwater oc32 0 0 0 1 S 

SK_bulkwater Oikopleura #N/A #N/A #N/A #N/A S 

SK_bulkwater OLB12 0 0 0 1 #N/A 

SK_bulkwater Oleiphilus #N/A #N/A #N/A #N/A S 
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SK_bulkwater Oligoflexales_Unknown 1 0 1 0 H2 

SK_bulkwater Oligoflexus #N/A #N/A #N/A #N/A S 

SK_bulkwater OM190 1 0 1 1 S 

SK_bulkwater Opitutus 0 0 1 0 H2 

SK_bulkwater Paludibaculum 0 0 1 1 H2 

SK_bulkwater Paracaedibacteraceae_Unknown 0 1 1 1 H2 

SK_bulkwater Parachlamydiaceae_Unknown 0 0 1 0 H2 

SK_bulkwater Parcubacteria #N/A #N/A #N/A #N/A H1a 

SK_bulkwater Pedomicrobium 1 0 1 1 S 

SK_bulkwater Pedosphaeraceae 1 0 0 1 S 

SK_bulkwater Pedosphaeraceae_Unknown 0 0 0 1 S 

SK_bulkwater Phaeodactylibacter 0 0 1 1 S 

SK_bulkwater Phenylobacterium 0 0 1 1 H2 

SK_bulkwater Phreatobacter #N/A #N/A #N/A #N/A S 

SK_bulkwater Pirellulaceae_Unknown 0 0 1 1 S 

SK_bulkwater Planctomycetales_Unknown 0 0 0 1 S 

SK_bulkwater PLTA13 0 0 1 1 S 

SK_bulkwater Prosthecobacter #N/A #N/A #N/A #N/A H1a 

SK_bulkwater Proteobacteria_Unknown 0 0 0 1 S 

SK_bulkwater Pseudorhodoplanes #N/A #N/A #N/A #N/A H1a 

SK_bulkwater Ramlibacter 1 0 0 1 H1a 

SK_bulkwater RCP2-54 0 0 0 1 S 

SK_bulkwater Reyranella 1 0 1 1 H1a 

SK_bulkwater Reyranellaceae_Unknown 1 0 1 1 S 

SK_bulkwater Rheinheimera #N/A #N/A #N/A #N/A H1a 

SK_bulkwater Rhizobiaceae_Unknown 1 0 0 1 H1a 

SK_bulkwater Rhizobiales_Incertae_Sedis_Unknown 1 0 1 1 S 
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SK_bulkwater Rhizorhapis #N/A #N/A #N/A #N/A H1a 

SK_bulkwater Rhodanobacteraceae_Unknown 1 0 0 1 S 

SK_bulkwater Rhodobacteraceae_Unknown 1 0 1 1 #N/A 

SK_bulkwater Rhodocyclaceae_Unknown 1 1 0 0 H1a 

SK_bulkwater Rhodospirillales_Unknown 1 0 1 1 H1a 

SK_bulkwater Rhodovarius 0 0 1 0 H2 

SK_bulkwater Roseococcus 0 1 1 0 #N/A 

SK_bulkwater RS25G 0 0 0 1 S 

SK_bulkwater Sandaracinaceae_Unknown #N/A #N/A #N/A #N/A H1a 

SK_bulkwater Sandaracinus 0 0 0 1 S 

SK_bulkwater Saprospiraceae_Unknown 1 0 1 1 H1a 

SK_bulkwater SBR1031 0 0 0 1 S 

SK_bulkwater SCGC_AAA164-E04 1 0 1 1 #N/A 

SK_bulkwater Schlesneria 1 0 1 1 H1a 

SK_bulkwater SD04E11 0 0 0 1 S 

SK_bulkwater Sericytochromatia 1 0 0 0 H1a 

SK_bulkwater SH-PL14 1 0 1 1 H1a 

SK_bulkwater Silanimonas #N/A #N/A #N/A #N/A S 

SK_bulkwater SM1A02 1 0 1 1 #N/A 

SK_bulkwater SM2D12 #N/A #N/A #N/A #N/A H1a 

SK_bulkwater Sphingomonas 0 1 1 0 H1b 

SK_bulkwater Stella #N/A #N/A #N/A #N/A H2 

SK_bulkwater SWB02 #N/A #N/A #N/A #N/A H1b 

SK_bulkwater Tuwongella 0 0 0 1 S 

SK_bulkwater UBA12409 0 0 1 1 S 

SK_bulkwater Vampirovibrionales 1 0 0 1 H1a 

SK_bulkwater Verrucomicrobiaceae_Unknown 0 0 1 0 H2 
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SK_bulkwater Vogesella 0 1 0 0 #N/A 

SK_bulkwater WD2101_soil_group 1 0 1 1 H1a 

T_bulkwater 0319-6G20 #N/A #N/A #N/A #N/A H2 

T_bulkwater 11-24 0 0 1 1 S 

T_bulkwater A0839 0 0 1 1 S 

T_bulkwater A4b 0 0 0 1 S 

T_bulkwater Abditibacterium 1 0 0 1 H1a 

T_bulkwater Acetobacteraceae_Unknown 1 0 1 1 H1a 

T_bulkwater AKYH767 0 0 1 1 S 

T_bulkwater Amb-16S-1323 0 0 1 1 S 

T_bulkwater Amphiplicatus #N/A #N/A #N/A #N/A H1b 

T_bulkwater Anaerolineaceae_Unknown #N/A #N/A #N/A #N/A S 

T_bulkwater Babeliales 0 0 1 0 H2 

T_bulkwater Bacteroidetes_VC2.1_Bac22 0 0 1 1 H2 

T_bulkwater Bauldia 0 0 1 1 H2 

T_bulkwater Beijerinckiaceae_Unknown #N/A #N/A #N/A #N/A H2 

T_bulkwater BIrii41 0 0 1 1 S 

T_bulkwater Blastocatellia_Unknown 0 0 0 1 S 

T_bulkwater Blastopirellula 0 1 1 1 S 

T_bulkwater Brevifollis 0 0 1 0 H2 

T_bulkwater Brevundimonas #N/A #N/A #N/A #N/A H1a 

T_bulkwater Brocadiaceae_Unknown 1 0 0 0 H1a 

T_bulkwater Bryobacter 1 0 0 1 H1a 

T_bulkwater Caenarcaniphilales 1 0 0 0 H1a 

T_bulkwater Candidatus_Alysiosphaera 0 0 1 1 H2 

T_bulkwater Candidatus_Captivus 0 0 1 1 H2 

T_bulkwater Candidatus_Endoecteinascidia 1 0 0 0 H1a 
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T_bulkwater Candidatus_Jidaibacter #N/A #N/A #N/A #N/A H1a 

T_bulkwater Candidatus_Jorgensenbacteria 0 0 1 1 #N/A 

T_bulkwater Candidatus_Moranbacteria 0 0 0 1 S 

T_bulkwater Candidatus_Nomurabacteria 0 0 0 1 S 

T_bulkwater Candidatus_Omnitrophus 0 1 0 0 H1b 

T_bulkwater Candidatus_Paracaedibacter 1 0 0 0 H1a 

T_bulkwater Candidatus_Peribacteria 0 0 1 1 S 

T_bulkwater Candidatus_Zambryskibacteria 0 0 1 0 H2 

T_bulkwater Cavicella 0 0 0 1 S 

T_bulkwater Cellvibrio #N/A #N/A #N/A #N/A H1b 

T_bulkwater Cerasicoccus 0 0 1 0 H2 

T_bulkwater Chitinimonas 0 0 1 0 H2 

T_bulkwater Chitinophagaceae_Unknown 0 0 0 1 S 

T_bulkwater Chitinophagales_Unknown 0 1 1 1 H2 

T_bulkwater Chloroflexi_Unknown 0 0 0 1 S 

T_bulkwater Chthoniobacter 1 0 1 1 H2 

T_bulkwater Chthonomonas 0 1 0 0 H1b 

T_bulkwater Coxiella 0 0 1 0 H2 

T_bulkwater Crocinitomix 0 0 1 0 H2 

T_bulkwater Cytophagales_Unknown 0 0 0 1 S 

T_bulkwater Dechloromonas 0 0 0 1 S 

T_bulkwater Defluviicoccales_Unknown 0 0 1 1 S 

T_bulkwater DEV007 0 1 1 1 H1b 

T_bulkwater DEV008 0 0 0 1 S 

T_bulkwater DEV114 0 0 1 1 S 

T_bulkwater Diplorickettsiaceae_Unknown 0 0 1 0 H2 

T_bulkwater DSSD61 0 0 1 1 S 
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T_bulkwater Ectothiorhodospiraceae_Unknown #N/A #N/A #N/A #N/A H1b 

T_bulkwater Edaphobaculum 0 0 1 1 S 

T_bulkwater Elev-16S-1166 0 1 0 1 S 

T_bulkwater Ellin6067 0 0 1 1 S 

T_bulkwater env.OPS_17 0 0 1 1 S 

T_bulkwater Family 0 0 0 1 S 

T_bulkwater FCPU426 0 1 0 1 S 

T_bulkwater Fimbriiglobus #N/A #N/A #N/A #N/A H1a 

T_bulkwater Fimbriimonadaceae 0 0 0 1 S 

T_bulkwater Flavobacterium 0 1 0 1 H1b 

T_bulkwater Fluviicola 0 0 1 0 H2 

T_bulkwater FukuN18_freshwater_group 0 0 0 1 S 

T_bulkwater Ga0077536 0 0 1 1 S 

T_bulkwater Gaiellales_Unknown 0 0 0 1 S 

T_bulkwater Gemmataceae 0 0 0 1 S 

T_bulkwater Gemmataceae_Unknown 0 0 1 1 H2 

T_bulkwater Gemmatimonadaceae_Unknown #N/A #N/A #N/A #N/A H2 

T_bulkwater Gemmatimonas 0 1 1 1 H2 

T_bulkwater Haliangium 0 1 0 1 S 

T_bulkwater Haliscomenobacter 0 0 1 1 S 

T_bulkwater Halomonadaceae_Unknown 1 0 0 0 H1a 

T_bulkwater Hirschia 0 0 1 1 H2 

T_bulkwater Holosporaceae_Unknown 0 0 1 1 S 

T_bulkwater Hydrogenedensaceae 0 0 0 1 S 

T_bulkwater Hydrogenophaga #N/A #N/A #N/A #N/A S 

T_bulkwater Hyphomicrobium 0 0 1 1 H2 

T_bulkwater Hyphomonas 0 0 1 1 H2 
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T_bulkwater Iamia 0 0 1 1 #N/A 

T_bulkwater IMCC26256 0 0 0 1 S 

T_bulkwater Inhella 0 0 1 1 S 

T_bulkwater IS-44 0 1 1 1 #N/A 

T_bulkwater Isosphaeraceae_Unknown 0 1 1 1 H2 

T_bulkwater JG30-KF-CM45 #N/A #N/A #N/A #N/A H1a 

T_bulkwater JGI_0001001-H03 0 0 1 1 S 

T_bulkwater Kaistia 0 0 1 0 H2 

T_bulkwater Kapabacteriales 0 0 1 1 H2 

T_bulkwater KD4-96 0 0 1 1 S 

T_bulkwater Lacibacter 0 0 1 1 H2 

T_bulkwater Lacunisphaera 0 0 0 1 S 

T_bulkwater Latescibacterota #N/A #N/A #N/A #N/A S 

T_bulkwater Legionella 0 1 1 1 H1b 

T_bulkwater Lewinella #N/A #N/A #N/A #N/A S 

T_bulkwater LiUU-11-161 #N/A #N/A #N/A #N/A H2 

T_bulkwater Luteimonas 0 0 1 1 S 

T_bulkwater Luteitalea 0 0 0 1 S 

T_bulkwater Luteolibacter 0 0 1 0 H2 

T_bulkwater MBNT15 0 0 0 1 S 

T_bulkwater Mesorhizobium 0 0 1 0 H2 

T_bulkwater Methylacidiphilaceae_Unknown #N/A #N/A #N/A #N/A S 

T_bulkwater Methyloceanibacter 0 0 1 0 H2 

T_bulkwater Micavibrionales_Unknown 0 0 1 0 H2 

T_bulkwater Micropepsaceae_Unknown 0 0 1 0 H2 

T_bulkwater Microscillaceae_Unknown 0 1 1 1 S 

T_bulkwater mle1-27 0 0 0 1 S 
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T_bulkwater mle1-7 0 1 1 1 H1b 

T_bulkwater mle1-8 0 0 0 1 S 

T_bulkwater MND1 0 1 1 1 S 

T_bulkwater Moraxellaceae_Unknown 0 0 0 1 S 

T_bulkwater Mycobacterium 0 0 1 1 S 

T_bulkwater Nannocystis 0 1 1 1 S 

T_bulkwater NB1-j 0 1 0 1 S 

T_bulkwater Nitrosomonadaceae_Unknown 0 1 1 1 #N/A 

T_bulkwater Nordella #N/A #N/A #N/A #N/A H1b 

T_bulkwater Novosphingobium #N/A #N/A #N/A #N/A H1a 

T_bulkwater NS9_marine_group 0 0 0 1 S 

T_bulkwater Oikopleura 0 0 1 1 H2 

T_bulkwater OLB12 0 0 1 1 S 

T_bulkwater Oleiphilus 0 0 0 1 S 

T_bulkwater Oligoflexus 0 0 0 1 S 

T_bulkwater OM190 0 1 1 1 H1b 

T_bulkwater Omnitrophales 0 0 0 1 S 

T_bulkwater Opitutaceae_Unknown 0 0 0 1 S 

T_bulkwater Opitutus #N/A #N/A #N/A #N/A H1b 

T_bulkwater Oxalobacteraceae_Unknown 0 0 1 0 H2 

T_bulkwater P3OB-42 0 1 1 1 H1b 

T_bulkwater Pajaroellobacter 0 1 1 1 H1b 

T_bulkwater Paludibaculum 0 0 1 1 H2 

T_bulkwater Paracaedibacteraceae_Unknown 0 1 1 1 H2 

T_bulkwater Parcubacteria_Unknown #N/A #N/A #N/A #N/A H2 

T_bulkwater Pedomicrobium 0 1 1 1 H2 

T_bulkwater Pedosphaeraceae #N/A #N/A #N/A #N/A S 
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T_bulkwater Peredibacter 0 1 0 0 H1b 

T_bulkwater Phaeodactylibacter 0 0 1 0 H2 

T_bulkwater Phaselicystis 0 0 1 1 S 

T_bulkwater Phenylobacterium 0 0 1 1 H2 

T_bulkwater Phreatobacter 0 0 1 0 H2 

T_bulkwater Phycisphaeraceae_Unknown #N/A #N/A #N/A #N/A H1b 

T_bulkwater Pirellula 0 1 1 1 H2 

T_bulkwater Pirellulaceae_Unknown 0 1 1 1 #N/A 

T_bulkwater Planctomycetales_Unknown #N/A #N/A #N/A #N/A H2 

T_bulkwater Planctopirus 0 1 0 1 S 

T_bulkwater PLTA13 0 0 1 1 S 

T_bulkwater Prosthecobacter #N/A #N/A #N/A #N/A H1a 

T_bulkwater Proteobacteria_Unknown 0 0 1 1 H2 

T_bulkwater Pseudorhodoplanes 0 0 1 1 H2 

T_bulkwater RBG-13-54-9 0 0 0 1 S 

T_bulkwater RCP2-54 #N/A #N/A #N/A #N/A H2 

T_bulkwater Reyranella 0 1 1 1 H1b 

T_bulkwater Reyranellaceae_Unknown 0 0 1 1 S 

T_bulkwater Rheinheimera 0 1 1 1 H1b 

T_bulkwater Rhizobiaceae_Unknown #N/A #N/A #N/A #N/A H1a 

T_bulkwater Rhizobiales_Incertae_Sedis_Unknown 0 0 1 1 H2 

T_bulkwater Rhizobiales_Unknown 0 0 1 0 H2 

T_bulkwater Rhizorhapis 0 0 1 0 H2 

T_bulkwater Rhodanobacteraceae_Unknown 0 0 0 1 S 

T_bulkwater Rhodobacter 0 0 1 1 H2 

T_bulkwater Rhodocyclaceae_Unknown 1 0 0 0 H1a 

T_bulkwater Rhodopirellula 0 1 1 1 S 
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T_bulkwater Rhodospirillales_Unknown 1 0 1 1 #N/A 

T_bulkwater Rickettsiaceae_Unknown 0 0 1 1 H2 

T_bulkwater Roseococcus 0 1 1 0 H1b 

T_bulkwater Roseomonas 0 1 1 1 H2 

T_bulkwater Sandaracinaceae_Unknown 0 0 0 1 S 

T_bulkwater Sandaracinus 0 0 0 1 S 

T_bulkwater Saprospiraceae_Unknown 0 0 1 1 H2 

T_bulkwater SAR324_clade(Marine_group_B) #N/A #N/A #N/A #N/A H1b 

T_bulkwater SCGC_AAA164-E04 0 0 1 1 S 

T_bulkwater Schlesneria 0 1 0 1 S 

T_bulkwater SH-PL14 0 1 1 1 H1b 

T_bulkwater SH3-11 0 0 1 1 S 

T_bulkwater SJA-28 0 0 1 1 S 

T_bulkwater SM1A02 0 0 1 1 S 

T_bulkwater SM1A07 0 0 0 1 S 

T_bulkwater Sphingomonas #N/A #N/A #N/A #N/A H1b 

T_bulkwater Sporocytophaga 0 0 0 1 S 

T_bulkwater Stella 0 0 1 0 H2 

T_bulkwater Stenotrophobacter 0 1 1 1 S 

T_bulkwater SWB02 0 0 1 1 S 

T_bulkwater Terrimonas 0 0 1 1 H2 

T_bulkwater UBA12409 #N/A #N/A #N/A #N/A H2 

T_bulkwater uncultured_Unknown 0 1 1 1 #N/A 

T_bulkwater vadinHA49 0 0 1 1 S 

T_bulkwater Vampirovibrionaceae #N/A #N/A #N/A #N/A H1a 

T_bulkwater Vampirovibrionales 1 0 0 1 H1a 

T_bulkwater Vicinamibacteraceae #N/A #N/A #N/A #N/A H1a 
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T_bulkwater WD2101_soil_group 0 0 1 1 S 

T_bulkwater WPS-2 0 0 1 1 S 

WB_bulkwater 0319-6G20 0 0 0 1 S 

WB_bulkwater 11-24 0 0 0 1 S 

WB_bulkwater Acetobacteraceae_Unknown #N/A #N/A #N/A #N/A H1a 

WB_bulkwater Aeribacillus #N/A #N/A #N/A #N/A H1b 

WB_bulkwater AKYH767 #N/A #N/A #N/A #N/A S 

WB_bulkwater Amphiplicatus 0 0 0 1 S 

WB_bulkwater Azoarcus #N/A #N/A #N/A #N/A H1b 

WB_bulkwater Babeliales 0 0 0 1 S 

WB_bulkwater Bdellovibrio #N/A #N/A #N/A #N/A H1a 

WB_bulkwater Beijerinckiaceae_Unknown #N/A #N/A #N/A #N/A H1a 

WB_bulkwater Brevifollis 0 0 0 1 S 

WB_bulkwater Bryobacter 0 0 0 1 S 

WB_bulkwater Candidatus_Jidaibacter 0 0 0 1 S 

WB_bulkwater Cellvibrio #N/A #N/A #N/A #N/A H1a 

WB_bulkwater Chitinophagaceae_Unknown 0 0 0 1 S 

WB_bulkwater Chthoniobacter #N/A #N/A #N/A #N/A S 

WB_bulkwater Comamonadaceae_Unknown 0 0 0 1 S 

WB_bulkwater Corynebacterium #N/A #N/A #N/A #N/A H1b 

WB_bulkwater Deinococcus #N/A #N/A #N/A #N/A H1b 

WB_bulkwater DEV007 0 0 0 1 S 

WB_bulkwater DEV008 #N/A #N/A #N/A #N/A S 

WB_bulkwater Dongia #N/A #N/A #N/A #N/A H1a 

WB_bulkwater DSSD61 0 0 0 1 S 

WB_bulkwater Family_Unknown 0 0 0 1 S 

WB_bulkwater Fenollaria #N/A #N/A #N/A #N/A H1b 
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WB_bulkwater Fimbriiglobus #N/A #N/A #N/A #N/A S 

WB_bulkwater Ga0077536 #N/A #N/A #N/A #N/A H1a 

WB_bulkwater Gemmata 0 1 0 1 H1b 

WB_bulkwater Gemmatimonas 0 1 0 1 S 

WB_bulkwater Gordonia #N/A #N/A #N/A #N/A H1b 

WB_bulkwater Hydrogenophaga 0 0 0 1 S 

WB_bulkwater Hyphomicrobium 0 0 1 0 H2 

WB_bulkwater Hyphomonadaceae_Unknown 1 0 1 1 H2 

WB_bulkwater Hyphomonas 0 0 0 1 S 

WB_bulkwater Lacibacter 0 0 0 1 S 

WB_bulkwater Lactobacillus #N/A #N/A #N/A #N/A H1b 

WB_bulkwater Legionella 0 0 0 1 S 

WB_bulkwater Micavibrionaceae_Unknown #N/A #N/A #N/A #N/A H1a 

WB_bulkwater Obscuribacteraceae #N/A #N/A #N/A #N/A H1a 

WB_bulkwater oc32 0 0 0 1 S 

WB_bulkwater Oligoflexales_Unknown 0 0 0 1 S 

WB_bulkwater Paludibaculum 0 0 0 1 S 

WB_bulkwater Paracoccus #N/A #N/A #N/A #N/A H1b 

WB_bulkwater Pedomicrobium 0 0 0 1 S 

WB_bulkwater Phenylobacterium 0 0 0 1 S 

WB_bulkwater Phreatobacter #N/A #N/A #N/A #N/A H2 

WB_bulkwater Pirellula 0 0 0 1 S 

WB_bulkwater Pirellulaceae_Unknown 0 0 0 1 S 

WB_bulkwater Planctopirus 0 0 0 1 S 

WB_bulkwater Prosthecobacter 0 0 0 1 S 

WB_bulkwater Pseudonocardiaceae_Unknown #N/A #N/A #N/A #N/A H1b 

WB_bulkwater Pseudorhodoplanes 0 0 0 1 S 
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WB_bulkwater Reyranella 0 0 0 1 S 

WB_bulkwater Rhizobiaceae_Unknown #N/A #N/A #N/A #N/A H1a 

WB_bulkwater Rhodanobacteraceae_Unknown 0 0 0 1 S 

WB_bulkwater Rhodospirillaceae_Unknown 0 0 0 1 S 

WB_bulkwater Rhodospirillales_Unknown #N/A #N/A #N/A #N/A H1a 

WB_bulkwater Roseburia #N/A #N/A #N/A #N/A H1b 

WB_bulkwater Roseococcus #N/A #N/A #N/A #N/A H1a 

WB_bulkwater RS25G 0 0 0 1 S 

WB_bulkwater Rubinisphaeraceae_Unknown #N/A #N/A #N/A #N/A S 

WB_bulkwater Runella #N/A #N/A #N/A #N/A H1b 

WB_bulkwater Sanguibacter #N/A #N/A #N/A #N/A H1b 

WB_bulkwater SAR324_clade(Marine_group_B) 0 0 0 1 S 

WB_bulkwater Schlesneria 0 0 0 1 S 

WB_bulkwater SM1A02 0 0 0 1 S 

WB_bulkwater SM2D12 #N/A #N/A #N/A #N/A H1b 

WB_bulkwater Sphingomonas #N/A #N/A #N/A #N/A S 

WB_bulkwater Sphingopyxis 1 0 0 1 H1a 

WB_bulkwater Stenotrophomonas #N/A #N/A #N/A #N/A H1b 

WB_bulkwater SWB02 0 0 0 1 S 

WB_bulkwater TRA3-20 0 0 0 1 S 

WB_bulkwater uncultured_Unknown 0 0 0 1 #N/A 

WB_bulkwater Veillonella #N/A #N/A #N/A #N/A H1b 

WB_bulkwater WD2101_soil_group 0 0 0 1 S 

 




