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Abstract 

Trypanosomes (Trypanosoma) are blood-borne kinetoplastid parasites of the family 

Trypanosomatidae. Generally exhibiting a complex, digenetic life cycle that alternates 

between vertebrate hosts and invertebrate vectors, trypanosomes are capable of 

infecting a wide variety of vertebrates. Accordingly, trypanosomes are parasites of 

veterinary and medical significance. In Australia, attention has predominantly focused on 

the presence of indigenous trypanosome species within mammalian hosts following the 

discovery that endemic trypanosomes may have a detrimental impact on the health of 

native wildlife. Specifically, trypanosome infections have been proposed as a contributing 

factor for the population decline of the critically endangered woylie (syn. brush-tailed 

bettong; Bettongia penicillata), a marsupial restricted to the southern regions of Western 

Australia. Equally, the biosecurity threat posed by the potential for establishment of 

exotic trypanosomes within Australia is of growing concern, particularly following the 

revelation that some indigenous trypanosomes not only seemingly share parallels in 

cellular behaviours but also genetic similarities to exotic pathogenic species. The close 

relatedness of the exotic human pathogen Trypanosoma cruzi to Australia’s T. noyesi 

raises concerns over whether the local vectors of wildlife trypanosomes are capable of 

transmitting T. cruzi. Nevertheless, despite these discoveries of conservation and 

biosecurity importance, nearly a decade on many questions persist in regard to the life 

histories of wildlife trypanosomes in Australia. Current knowledge gaps concerning 

Australia’s wildlife trypanosomes include: i) identification of the vectors involved in 

transmission, ii) the manner (mechanical, biological) in which trypanosomes are spread 

between different hosts, iii) the developmental stages that are present within vectors, 

and consequently, iv) understanding the host-parasite-vector interactions present, and 
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in a broader context, recognising the potential conservation and biosecurity 

consequences of this relationship. 

 

In this thesis, knowledge concerning the association between potential vector candidates 

and endemic trypanosomes is explored further. We focus on investigating 

haematophagous invertebrates that are common as well as share a corresponding 

geographical distribution to indigenous trypanosomes species, as found across the 

Australian continent. Moreover, these invertebrates have feeding behaviours that align 

with the necessary requirements to theoretically facilitate successful trypanosome 

transmission between different hosts. The invertebrates examined herein have been 

previously suggested as potential vectors for Australian wildlife trypanosomes, however 

due to insufficient scientific evidence and/or proposals based exclusively on anecdotal 

reports, a relationship between parasite and invertebrate has remained unconfirmed. In 

this context, emphasis was placed upon investigating ticks (Ixodidae) and biting flies 

(Tabanidae; syn. horse fly; March fly; tabanids) to deduce whether an invertebrate-

trypanosome association exists for Australian wildlife trypanosomes. A combination of 

techniques utilised included: PCR-based screening methods of invertebrates - whole 

specimens and individual, separate tissues. This involved DNA extraction, PCR 

amplification, Sanger sequencing and phylogenetic analyses; 2- and 3-dimentional 

microscopy for the purpose of corresponding DNA detection with the presence of intact 

trypanosome cells within invertebrate tissues. Smears were prepared from dissected 

tissues and staining using conventional methods. Smears were further analysed using a 

FISH protocol specifically designed for this project. Images were captured using 

epifluorescence and confocal instruments. For the purposes of examining trypanosomes 

in situ, tissues were prepared and subsequently examined using SEM. 
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Results generated from this research have for the first time revealed i) the presence of 

Trypanosoma DNA within Australian questing ticks; ii) visualisation of various 

developmental stages of T. noyesi cells within the gut and gland contents of questing ticks; 

iii) a direct comparison of Trypanosoma DNA of different species within questing ticks 

and feeding ticks; iv) tissue dissemination of Trypanosoma DNA within tabanids; v) visual 

evidence of trypanosome cells within the salivary glands of tabanids; and vi) confirmed 

presence of an intact trypanosome flagellate within the proboscis (i.e. feeding 

mouthparts) of a tabanid fly. Furthermore, molecular data from this study has confirmed 

the first international and domestic record of a Leptomonas sp. within tabanids. 

Conclusively, the research conducted in this thesis demonstrates that both ticks and 

tabanids are capable of harbouring Trypanosoma parasites. Overall, evidence provided 

herein warrants further investigation into the role of ticks and tabanids in the Australian 

Trypanosoma life cycle; we advocate the need for transmission studies to verify the 

transmission route(s) and hence confirm the vector competence of ticks and tabanids for 

Australian wildlife trypanosomes. 
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1.1.     Parasites and their importance in wildlife health 

Parasites comprise a significant proportion of Earth’s global biodiversity, with 

approximately 50% of all currently known species deemed parasitic (Poulin and Morand, 

2000). In natural environments, parasites have a role in structuring host communities 

and as a consequence, are considered important engineers in maintaining ecosystem 

health (Poulin, 1999; Hatcher et al., 2012). For instance, parasites play a vital role in 

regulating host populations through their influence on mortality and reproductive rates, 

which in turn ensures the most robust individuals survive and subsequently reproduce, 

therefore guaranteeing that ‘genetic fitness’ prevails in successive generations 

(Minchella and Scott, 1991; Hatcher et al., 2012). Certain parasites however can have 

a significant negative effect on the health of host populations by affecting growth and 

development, reducing fitness of infected animals, and consequently increasing mortality 

that, in turn, decreases reproductive rates (Poulin, 1999; Poulin and Combes, 1999). This 

negative host-parasite relationship usually arises from several major causes. Firstly, as 

many parasites play important immunoregulatory roles in host populations, when there 

is a decline in the natural occurring parasitic fauna within a community (i.e. usually due 

to depletion or a local extinction), this can result in a proportional imbalance between 

the microorganisms present. This loss of biodiversity may create opportunities for the 

emergence and establishment of disease-causing pathogens, which can have a 

detrimental effect on the overall health of the ecosystem (Harris and Dunn, 2013; 

Johnson et al., 2013). Secondly, the introduction of a species into an ecosystem the 

organism was previously absent from can create new host-parasite interactions. Though 

many invasive species fail to retain most of the parasites they would previously be 

exposed to in their native environments, approximately 12% of parasites have the 

potential to invade a new habitat along with their hosts (Torchin et al., 2003). This 
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becomes a serious issue when a parasite naturally hosted by one animal species ‘spills-

over’ into a novel host where it is unusually successful and can cause disease. On a larger 

scale, this has the potential to result in an epizoonotic outbreak, causing a catastrophic 

population decline in susceptible host species that can lead to their extinction.  An 

example of such an event occurred in the early 1900s on Christmas Island, following the 

unintentional introduction of the European black rat (Rattus rattus) infected with the 

protozoan parasite, Trypanosoma lewisi, and their accompanying flea vector. The 

introduction of this exotic, invasive species led to a ‘spill-over’ of T. lewisi into the 

populations of two endemic rodents (Rattus macleari and Rattus nativitatis). As 

susceptible hosts of T. lewisi, determined by the high trypanosome numbers and 

pathological changes observed within sick rodents by Andrews (1909), it has since been 

suggested that this exotic trypanosome was responsible for the extinction of these native 

rodents (Wyatt et al., 2008). In addition, with the endless expansion of the human 

population and incessant modification of the natural environment, both of which 

encroach on wildlife habitats and disrupts ecosystems, humans and wildlife are 

increasingly interacting at more interfaces. This has created more opportunities for 

parasite ‘spill-over’ in either direction between humans, wildlife or domestic animals. A 

well-known example is of the human pathogen Trypanosoma cruzi, the causative agent 

of Chagas disease. In this case, the close proximity of humans and domesticated 

animals to wildlife that are naturally infected with the parasite, has led to a ‘spill -over’ 

of T. cruzi into multiple animal hosts including humans, resulting in disease. Co-

habitation and environmental cross-over has further increased the potential for 

transmission of disease-causing zoonotic pathogens – a significant biosecurity concern of 

international significance, especially when considering continual human migration and 
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animal trade, and hence an ever-present risk of exotic introductions (Thompson et al., 

2018).  

 

It is now known that wildlife can act as natural reservoirs and potential amplifiers for 

diseases of humans and domesticated animals, therefore posing a growing health, 

economic, and biosecurity threat to our society. However, the health consequence of a 

‘spill-over’ of human and domestic animal diseases to wildlife hosts, and indeed the ‘spill-

over’ of parasites between different wildlife populations remains largely unknown 

(Daszak et al., 2000; Kruse et al., 2004). This is of significant concern for the conservation 

efforts of threatened species, as these pathogenic parasites can severely impact upon 

population dynamics of naïve and/or compromised hosts to the extent of species decline 

and possible extinction (Thompson et al., 2009; Thompson et al., 2010). An 

understanding of the life histories of parasites occurring within wildlife is therefore 

necessary for gaining insight into the processes by which these parasites develop and 

become established within their host. This can assist with the identification and 

subsequent control of parasite infections, as well as aid in the development of more 

effective management plans for diseases that threaten human, domestic animal and 

wildlife health (Thompson et al., 2009; Thompson et al., 2010; Thompson, 2013). In 

Australia, understanding the life histories of wildlife parasites is of utmost importance, as 

very little is currently known about the parasites that exist within native fauna. 

Furthermore, with the number of novel parasites found naturally occurring in Australian 

wildlife continually growing, and the fact that most pathogenic species have multiple 

hosts, suggests ‘spill-over’ events between wildlife populations occur quite frequently 

(Woolhouse et al., 2001). Hence, there exists an ever-increasing threat to Australia’s 
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vulnerable native wildlife by potentially pathogenic parasites, some of which include only 

recently discovered species of trypanosomes (Thompson 2018). 

 

1.2.    Protista (subkingdom Protozoa): Trypanosomes 

The Protists comprise a diverse group of eukaryotes that are motile, unicellular organisms 

containing organelles, but lack organ systems. Most protists are free living, however 

several families within this kingdom have complex life cycles that require more than one 

host to complete. Several parasitic protozoa are known to cause significant diseases of 

humans and animals, including amoebic dysentery, malaria, leishmaniasis and 

trypanosomiasis (Capinera, 2010; Wiser, 2011).  

 

Trypanosomes are a group of flagellated protozoan parasites found worldwide that are 

capable of infecting all classes of vertebrates and are transmitted primarily by 

haematophagous (i.e. blood-feeding) invertebrates (Hoare, 1972). Of the family 

Trypanosomatidae and class Kinetoplastea, trypanosomes are the causative agents of 

several known human and animal diseases. Trypanosomiasis is the disease caused by 

parasites within the genus Trypanosoma.  Similarly, Leishmaniasis, is caused by parasites 

of the genus Leishmania that are taxonomically related to trypanosomes (Wiser, 2011; 

Rosseau, 2016). Here we will focus on the protozoan parasites within the genus 

Trypanosoma. 

 

1.2.1. General morphology of trypanosomes 

The majority of trypanosome species have been described as polymorphic. That is, a 

species such as T. cruzi can exhibit several different morphological forms (i.e. shapes) 

related to a specific developmental stage, such as ‘stumpy’, ‘slender’ or ‘broad’ 
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trypomastigote forms (Brener, 1973). For simplicity during characterisation, Hoare (1972) 

has described the bloodstream vertebrate trypanosome form, called the trypomastigote, 

as the ‘reference trypanosome’ for which all morphometric measurements and 

descriptions are made. This bloodstream trypomastigote is generally described as a 

lanceolate shape with an elongated and compressed body that tapers to a point at the 

anterior end. In comparison, the posterior end often varies in shape, however is generally 

broader and tapers to a more rounded tip (Hoare, 1972). Trypanosomes have a nucleus 

that contains their hereditary (i.e. genetic, DNA) information, and coordinates the cell’s 

activities of growth, metabolism, reproduction (i.e. cell division) and differentiation (i.e. 

life cycle stages). The nucleus of trypanosomes can be positioned in different areas of the 

cell body, however in the vertebrate trypomastigote form, it is typically found near the 

centre or within the anterior half of the cell (Hoare, 1972). When considering the 

invertebrate infective form, the epimastigote, the nucleus is typically located in proximity 

to the posterior region, with the flagellar pocket and accompanying flagellum emerging 

near the nucleus, though on the anterior side of the cell (Fig. 1). Trypanosomes are 

kinetoplastids; distinguishable from other protozoan classes as they contain an 

extranuclear mass of DNA called the kinetoplast, which is situated within the cell body. 

The kinetoplast consists of a network of circular DNA that is usually within a large 

mitochondrion, an organelle involved in energy formation within the cell. Trypanosomes 

usually have only one mitochondrion which is connected to the kinetoplast to make the 

kinetoplast-mitochondrion complex (Zuma, 2021). The size and shape of the kinetoplast, 

including its position within the cell body, varies according to the developmental stage of 

the parasite as well as the species of trypanosome (de Souza et al., 2017; Hoare, 1972). 

Trypanosomes are typically flagellated, and therefore motile, parasitic protozoa. Their 

flagellum, which assists with their locomotion capabilities, arises from a point near the 
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kinetoplast, which is always within close proximity to the basal body and accompanies 

the flagellum during morphological changes during development within vertebrate, 

invertebrate, and in vitro culture (Hoare, 1972). Trypanosomes require a functional 

paraflagellar rod (PFR) within their flagellum before they are able to move freely 

throughout the circulatory system of their host. This complex lattice-like structure follows 

beside the flagellar sheath and enables trypanosomes to ‘swim’ via their flagellum that is 

attached along much of their body length. The point at which the flagellum arises is 

typically used as a feature to distinguish between various morphological forms indicative 

of different developmental stages during their life cycle.  

 

 

Fig. 1. Morphological features of the invertebrate infective form, the epimastigote.  

 

 

Several distinct morphological stages have been characterised for trypanosomes. The 

main forms (Fig. 2) represent the various developmental stages parasites of the genus 

Trypanosoma pass through during their life cycle within and between vertebrate and 

invertebrate hosts (Hoare, 1972). Whether the parasite differentiates into a particular 

developmental stage is dependent on its host as well as the species of trypanosome. For 
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example, T. cruzi has a unique developmental stage called the amastigote, which 

develops during an intracellular (i.e. within host cell) life cycle stage in the vertebrate host 

(Hoare, 1972; Brener, 1973; Burleigh and Andrews, 1998). Variations in trypanosome 

morphology are accompanied by modifications in their biochemistry, which the parasite 

requires to adapt to and consequently survive the vastly different environments 

encountered within vertebrate and invertebrate hosts (Sharma et al., 2009). As 

mentioned, the bloodstream vertebrate form, the trypomastigote, presents a flagellum 

that emerges near the posterior end of the cell body and typically runs the entire length 

of the cell. The nucleus is located close to the centre, or in some instances, nearer the 

anterior end of the cell. The kinetoplast is positioned posterior to the nucleus. The 

trypomastigote form can be polymorphic; long and slender (i.e. the vertebrate replicative 

form) or short and stumpy (i.e. the vertebrate non-replicative form), though the general 

positioning of the organelles including nucleus and kinetoplast remain unchanged. The 

amastigote, as described for T. cruzi, is the intracellular stage found within host tissues 

and presents as a rounded cell that lacks a protruding flagellum. The kinetoplast is 

positioned anterior to the nucleus. Not all Trypanosomatidae exhibit this intracellular 

developmental stage, which only succeeds the bloodstream trypomastigote form within 

vertebrate hosts for T. cruzi and species within the genus Leishmania. Upon entering the 

invertebrate host (herein referred to as the invertebrate vector), the typical vertebrate 

trypomastigote (Hoare 1972) differentiates into a procyclic form suited to replication via 

binary fission. This morphological change occurs because the trypomastigote is a non-

dividing form in the invertebrate vector. This form may remain in the gut or migrate to 

other tissues within the invertebrate vector typically associated with transmission, such 

as the salivary glands, before transforming into the epimastigote form. The epimastigote, 

generally a final replicative stage, formed within the invertebrate vectors digestive tract 
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following ingestion of a blood meal or after migration via the haemolymph to the salivary 

glands as in the case of the tsetse fly (Sharma et al., 2009), consists of a flagellum that 

emerges in the centre of the cell body and a kinetoplast located in an anterior position in 

relation to the nucleus (Fig. 1). Alternatively, upon entering the invertebrate vector, the 

amastigote (i.e. T. cruzi’s developmental stage), differentiates into the sphaeromastigote 

form which is characteristically more rounded in appearance with a lengthening flagellum 

located in the centre of the cell. The sphaeromastigote typically represents the 

transitional stage between the vertebrate and invertebrate forms and can be found in 

either vertebrate host or invertebrate vector (Brack, 1968; Hoare, 1972). Finally, the 

epimastigote differentiates into the metacyclic trypomastigote stage, which is the non-

dividing form that is infectious to the vertebrate host upon passing through the skin 

barrier. This metacyclic trypomastigote form will replicate at the site of infection in the 

vertebrate host before transforming into the long and slender trypomastigote that moves 

via the lymphatics and/or bloodstream to continue the spread of infection within the 

vertebrate host (Hoare, 1972). It should be noted that Hoare (1972) described three 

additional morphological stages for the family Trypanosomatidae, however two of these, 

the opisthomastigote and choanomastigote forms, are restricted to the subgenus 

Herpetomonas and genus Crithidia respectively. The third stage, the promastigote, is a 

form very similar to the epimastigote and is also found in the invertebrate vector, 

however the promastigote stage is characteristically a form exclusively attributed to 

parasites within the genus Leishmania. Of all the distinct morphological stages for 

trypanosomes, it is the epimastigote stage that is most often observed in vitro. This is due 

to the ease at which this particular stage grows in culture media, which contains similar 

nutrients and can be kept at temperatures that simulates the internal environment of the 

invertebrate vector (Shuster and Sullivan, 2002; Sharma et al., 2009; Nogueira et al., 2015; 
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Botero et al., 2016). Nevertheless, it has been discovered that cultivating trypanosomes 

at different temperatures, pH levels or changing their available nutrient composition in 

vitro, transforms this epimastigote form into the other morphological stages observed 

for trypanosomes (Castellani, 1967).  

 

* amastigote developmental stage only applicable to T. cruzi  

Fig. 2. General morphological developmental forms attributed to life cycle stages for 
trypanosomes observed within vertebrate hosts and invertebrate vectors. 
 
 
 

1.2.2. Trypanosome life cycle (biological transmission) 

Trypanosomes are a digenetic parasite, meaning their life cycle involves an interchange 

between two hosts (Hoare, 1972). One of these hosts is a vertebrate, whereas the 

haematophagous invertebrate serves as a sequential (typically intermediate) host, 
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termed the vector, that is responsible for transmitting the infective trypanosome from 

one vertebrate host to another. As described by Hoare (1972), the life cycle of 

mammalian trypanosomes involves the ingestion of the bloodstream form, the 

trypomastigote, by the invertebrate vector during the act of feeding on the vertebrate 

host. The trypanosome life cycle typically involves a complex series of developmental 

stages that involve multiplication, differentiation and migration within the vector. 

Eventually there is an accumulation of infective forms of the parasite, called metacyclic 

trypomastigotes. These metacyclic trypomastigotes are now ready to infect a new 

vertebrate host, which occurs via one of two modes of transmission, either the salivarian 

(i.e. salivary) or the stercorarian (i.e. faecal) route. The mode of transmission is 

dependent on the location of these infective trypanosomes within the vector at the time 

of their next feed.  

 

1.2.3. Salivarian trypanosomes 

Salivarian trypanosomes develop into their infective stage, the metacyclic trypomastigote, 

after migrating to the anterior station that is the mouthparts and the salivary glands of 

their invertebrate vector. Transmission of the parasite is through inoculation via the 

invertebrate vector’s saliva. African trypanosomes within the Trypanosoma brucei 

species complex as well as Trypanosoma congolense and Trypanosoma vivax are within 

this Salivaria group (Hoare, 1972).  Morphologically, salivarian trypanosomes are 

generally described with a broad and rounded posterior end containing either a terminal 

or marginal kinetoplast, and typically possess a short free flagellum (Taylor et al., 2016).  
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1.2.3.1. Salivarian life cycle (e.g. T. brucei) 

Development in the vertebrate host: The salivarian trypanosome life cycle is initiated in 

an infected vertebrate host following their inoculation through a skin wound produced 

by a biting invertebrate, such as the tsetse fly, which serves as a vector for trypanosomes 

within the T. brucei species complex (Trypanosoma brucei brucei, Trypanosoma brucei 

gambiense, Trypanosoma brucei rhodesiense). These infective forms, called metacyclic 

trypanosomes, develop into the long and slender trypomastigote form that is able to 

replicate (i.e. multiply) at the site of infection in the skin before migrating via the lymph 

vessels into the blood circulation, where they are able to maintain a bloodstream 

infection (Vickerman, 1985; Dyer et al. 2013). Trypanosomes reproduce in the vertebrate 

host by binary fission (Hoare, 1972). Sometimes, these parasites can penetrate the blood 

vessel endothelial cells where they can spread and replicate in the connective tissues and 

organs of their animal host (Dyer et al., 2013). Eventually, the non-replicating short and 

stumpy trypomastigote form is produced which is infective to invertebrates, and 

henceforth ready for ingestion as part of a bloodmeal by the next feeding invertebrate 

vector (Hoare, 1972; Vickerman, 1985).   

 

Development in the invertebrate vector: Bloodstream trypanosomes ingested by the 

invertebrate vector undergo various changes in morphology and metabolism due to the 

extreme change in environment encountered when passing from vertebrate host to 

invertebrate vector. Both the long slender and the short stumpy trypomastigote forms 

are ingested by the invertebrate during a bloodmeal, however only the short stumpy 

forms are capable of transforming into the procyclic form that is proliferative within the 

invertebrate’s digestive tract (Gibson and Bailey, 2003). The ingested long slender 

trypomastigotes are non-infective to the invertebrate and as they no longer serve a 
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purpose presumably die out in the digestive tract. The exact location of the procyclic 

forms within the digestive tract of their invertebrate vector can differ depending on the 

trypanosome species or strain involved. For example, Peacock et al. (2007) observed two 

strains of the T. brucei brucei parasite replicating in distinctly different regions of the 

tsetse fly’s midgut, independent of competition for nutrient resources. Nevertheless, 

regardless of their location within the digestive tract, these forms eventually migrate to 

other tissues, such as the salivary glands, where they transform into the replicative stage, 

the epimastigote. This form undergoes replication via binary fission until stimulated to 

transform into either premetacyclics, nascent metacyclics, and/or mature free 

metacyclics that are infective to vertebrate hosts (Hoare, 1972; Vickerman, 1985; Sharma 

et al., 2009). It is only once a population of metacyclic trypomastigotes are established in 

the salivary glands of the invertebrate that the cycle can repeat when the infected vector 

feeds on a successive vertebrate host (Peacock et al., 2012).  

 

1.2.4. Stercorarian trypanosomes  

Stercorarian trypanosomes transform into their infective metacyclic trypomastigote form 

within the posterior station, being the hindgut region, of the invertebrate vector. Hence, 

stercorarian trypanosomes are transmitted to a vertebrate host via the faecal route. Here, 

the invertebrate vectors faeces containing the infective parasites, contaminates the bite 

site of the vertebrate vector during feeding. Alternatively, the parasites are inadvertently 

passed onto, and infect, the mucus membrane of the new host.  The life cycle of several 

stercorarian trypanosomes have been well-documented including T. lewisi spread by 

fleas, T. theileri vectored by tabanid flies, and T. melophagium transmitted by sheep keds, 

however none have received more attention than that of T. cruzi, the South American 

human pathogen that is typically vectored by triotomine (I.e. reduviid) insects (Nouvellet 
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et al., 2013). Stercorarian parasites are generally characterised by their more pointed 

posterior end and are described as normally possessing a large, non-terminal (away from 

the posterior end of the cell body) kinetoplast, and contain a long free flagellum (Hoare, 

1972). 

 

1.2.4.1. Stercorarian life cycle (e.g. T. cruzi) 

Development in the vertebrate host: Infection of the vertebrate host is initiated when the 

animal infective trypanosome forms, called the metacyclic trypomastigotes, which 

originate within the hindgut of an infected invertebrate, such as the reduviid bug, enter 

the animal host’s bloodstream via faecal inoculation (Hoare, 1972). For the stercorarian 

life cycle, inoculation of these infective forms can occur through contamination of the 

insect bite-site with trypanosome infected faeces, or alternatively, through the action of 

the animal host accidentally rubbing contaminated faeces into the mucus membranes of 

the eye, mouth or via regions containing disrupted/abraded skin. As with the infective 

salivarian forms, the stercorarian metacyclic trypanosomes penetrate the mucus 

membranes where they develop into the long and slender trypomastigote form that is 

able to replicate at the site of infection. Eventually, these infective forms enter the animal 

host’s circulatory system. The bloodstream trypomastigotes, in particular for T. cruzi, 

represent pleomorphic stages that comprise of both long slender and short stumpy forms 

of the parasite. It is the latter form that appears capable of sustaining a bloodstream 

infection (Vickerman, 1985; Tyler and Engman, 2001; de Souza et al., 2017). Within the 

vertebrate’s circulatory system, trypomastigotes infect the animal host’s cells. The 

parasites achieve this via ‘parasite-directed endocytosis,’ which involves penetration of 

the host cell by the trypomastigotes, where they then transform into the amastigote form. 

The amastigotes replicate within the cell’s cytoplasm resulting in the formation of 
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pseudocysts, referred to as ‘parasitic nests’, because they can be observed as clusters or 

‘nests’ of these trypanosome forms within the cytoplasm. It is here that the amastigotes 

differentiate into trypomastigote forms that eventually accumulate, rupturing the cell 

membrane and enabling migration of the parasite into the bloodstream, ready to 

reinvade new host cells (Burleigh and Andrews, 1995). Any trypomastigotes that fail to 

invade new cells transform into short stumpy forms, before eventually progressing to 

amastigote forms. This direct pathway allows bloodstream amastigotes to infect 

phagocytic cells, such as macrophages, which ingest these forms as part of the host’s 

immune defence (Goldenberg and Avila, 2011). The short stumpy trypomastigote forms 

are infective to the invertebrate vector. It is through the act of feeding on the blood of 

the infected vertebrate host that enables these infective trypanosome forms to be 

acquired by the vector (Hoare, 1972). 

 

Development in the invertebrate vector: The ingested bloodstream trypomastigotes 

transform into the epimastigote form within the digestive tract of the invertebrate. This 

trypanosome form is capable of replication within the invertebrate vector (Hoare, 1972; 

Vickerman, 1985). Occasionally, amastigote forms are also ingested, or the bloodstream 

trypomastigote form develops into an amastigote (Tyler and Engman, 2001; Zuma, 2021). 

In the invertebrate, amastigotes swell in size and lengthen their flagellum, signifying the 

sphaeromastigote form. The sphaeromastigote is a transitional stage between the 

amastigote and epimastogote forms, or various epimastigote forms, and as such, the 

sphaeromastigote continues to elongate its shape, eventually establishing the primary 

epimastigote form (Tyler and Engman, 2001). Epimastigotes are predominantly located 

within the midgut, where they subsequently migrate and attach to the hindgut of the 

invertebrate (Kleffman et al., 1998). Once attached, epimastigotes undergo 
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morphological changes, transforming into the metacyclic trypanosome forms, which are 

now capable of infecting a subsequent vertebrate host. These metacyclic trypanosomes 

detach from the hindgut and migrate to the rectum where they await excretion with the 

invertebrate’s faeces (Kollien and Schaub, 2000; Tyler and Engman, 2001). According to 

Hoare (1972), the majority of mammalian trypanosomes use the stercorarian 

transmission route, theorised as the ancestor of salivarian transmission, and which occurs 

through biting wound or mucosa contact with the vector’s infected faeces. However, 

given the requirement for contact with abraded skin or mucus membrane to initiate 

inoculation, it would appear that compared to direct penetration of the parasite into the 

vertebrate host’s bloodstream (e.g. as with the infected ‘needle-like’ proboscis and 

salivary glands for salivarian transmission), stercorarian transmission is presumed far less 

efficient (Rabinovich et al., 1990). Nevertheless, despite the stercorarian T. cruzi‘s 

presumed lower probability of successful transmission between reduviid bug vector and 

human host, this pathogen has managed to establish an endemic human infection 

through this route (Nouvellet et al., 2013).  

 

1.2.5. Exception to the rule: Salivarian AND Stercorarian trypanosomes 

Whilst trypanosomes are traditionally separated according to two biological groups: 

Salivaria and Stercoraria (Hoare, 1972), as with most systems of classification, there are 

some organisms that show exception to this grouping. T. rangeli has confused many 

parasitologists over the years with its demonstrated capacity to be transmitted by both 

the anterior and the posterior end of a triatomine insect. Specifically, when a triotomine 

insect is infected with T. rangeli, the parasite migrates and develops into metacyclic 

trypomastigotes within the salivary glands as well as the hindgut, permitting a potential 

dual mode of transmission. T. rangeli is mainly transmitted by bite inoculation, as 
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observed for typical salivarian species such as the African trypanosomes (Hoare, 1972). 

Yet T. rangeli exhibits biological characteristics that simply do not fit with the description 

of the salivarian trypanosomes. Moreover, as T. rangeli shares a close evolutionary 

relationship with T. cruzi, many researchers now suggest T. rangeli should be placed 

within the Stercorarian group (Stevens, 1999; Grisard et al., 2002). Nevertheless, the idea 

of simply classifying T. rangeli as Stercorarian based on its genetic proximity to another 

stercorarian parasite, T. cruzi, is unsatisfactory. Although they share a similar 

geographical distribution, host range, and vectors, T. rangeli and T. cruzi differ 

significantly in their morphological and biological features. Additional studies have also 

found that although T. rangeli develops within the gut of the triatomine vector, the 

trypanosome forms present within the vector’s faeces are not the infective metacyclic 

trypomastigotes (Tobie, 1964; Añez, 1982; 1983a; b). As a consequence of these 

significant disparities, validating the appropriate positioning of T. rangeli within these 

groupings for the family Trypanosomatidae are not that simple, and further studies 

concerning the life cycle(s) in both vertebrate hosts and invertebrate vectors is needed 

(Grisard, 2002; Maia da Silva et al., 2004).  

 

1.2.6. Mechanical transmission 

In some cases, the invertebrate serves purely as a ‘bridge’ for transferring the infective 

parasite between successive vertebrate hosts. Termed mechanical transmission, the 

invertebrate vector passes the infective blood forms from one infected vertebrate to 

another in the course of interrupted feeding (Hoare, 1972). A major limitation of this 

transmission is that once the blood dries on the mouthparts or is metabolised within the 

gut of the invertebrate vector, the infective trypanosomes are no longer viable (i.e. they 

die). Hence, successful transmission of this parasite is dependent on the time period 
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between blood feeding. In addition, the size of the infective bloodmeal can influence the 

viability of ingested trypanosomes. For example, larger biting insects such as tabanid flies 

are able to ingest more blood than smaller insects such as mosquitoes. This larger volume 

of fresh blood can sustain the trypanosomes until the next flies bloodmeal, therefore 

increase the survival of the infective parasite and hence the ability of the fly to act as a 

mechanical vector (Desquesnes et al., 2009). This mode of transmission facilitated by the 

tabanid fly vector, has ensured the persistence of T. evansi and T. vivax in North Africa 

and Asia, and South and Central regions of America respectively (Hoare, 1972; Foil, 1989; 

Desquesnes and Dia, 2003a). Other forms of mechanical transmission can occur and are 

briefly reviewed in Table 1. 

 

Table 1. Various modes of mechanical transmission for certain species of Trypanosoma. 

Predator-prey:  Carnivorous animals can become infected with trypanosomes when they ingest 

the fresh meat and blood of infected animals. It is believed that infection via this 

mode most likely occurs through the mucosa of the mouth and can be exacerbated 

when the oral mucosae are damaged, as in the case of wounds developed from 

splintered bones.  Several studies and observations of T. brucei species and T. 

evansi have demonstrated the ability for contamination to occur in this manner 

(Moloo et al., 1973; Raina et al., 1985; Bhaskararao et al., 1995). However, 

carnivores are not the only animals that are susceptible to this route of infection. 

Omnivorous mice and rats have also been shown to acquire a T. evansi infection 

after feeding on trypanosome infected blood (da Silva et al., 2007; Vergne et al., 

2011). Vampire bats can also be infected via the oral route when they ingest blood 

from an infected prey animal (Hoare, 1965; 1972; Desquesnes, 2004).  

Ingestion of 

infected 

invertebrates: 

A variety of omnivorous and insectivorous animals are known to ingest 

hematophagous invertebrates as part of a partial or complete food source. The 

African oxpeckers are an example of a vertebrate reliant on ectoparasites including 

ticks, fleas and mites as its primary food source (Stutterheim et al., 1988). A 

number of blood-borne parasites can be transmitted between vertebrate hosts via 

infected invertebrate ingestion. For instance, bobtail lizards become infected with 

the parasite Hemolivia mariae following ingestion of an infected tick (Smallridge, 

1999) and sheep and rats can become infected with T. melophagium and T. lewisi 
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when they ingest infected Melophagus ovinus and fleas, respectively (Hoare, 

1972). Similarly, in an experiment by Votýpka et al. (2012), transmission of the T. 

culicavium parasite to canaries was achieved through the bird’s ingestion of 

infected mosquitoes. The behavioural act of grooming can also facilitate direct 

trypanosome transmission. For example, a colony of baboons were found to 

acquire a T. cruzi infection following the oral ingestion of lice contaminated with 

the undigested trypanosomes (Argañaraz et al., 2001).   

Congenital 

transmission: 

Trypanosome species can be occasionally transmitted congenitally, occurring 

between the infected female and offspring, either through the placenta while the 

foetus is still in the uterus, or when bleeding occurs during birth. For example, 

transplacental (i.e. congenital) transmission of T. vivax has been suggested as the 

cause of high parasitaemia levels in livestock calves in South America (Batista et 

al., 2011). Similarly, it is well known that T. cruzi can be transmitted from mother 

to foetus, resulting in the development of congenital Chagas disease, which 

transpires in around 5% of children born from mothers with a chronic infection in 

endemic regions of South America (Carlier et al., 2015). 

Venereal 

transmission: 

Dourine or covering sickness is a disease of animals in the family Equidae, which 

includes horses and donkeys. The causative agent of the disease is T. equiperdum 

and is the only trypanosome species known to be reliant on transmission via sexual 

contact and not invertebrate vector. T. equiperdum is present in the genital 

mucosa of equines and transmitted directly during copulation. It is believed T. 

equiperdum has a worldwide distribution unrestricted by climate (Brun et al., 

1998; Saganuma et al., 2016). 

Blood transfusions 

and organ 

transplants: 

An emerging route of transmission for the causative agent of Chagas disease, T. 

cruzi, is via blood transfusions and organ transplantation from infected individuals 

(Kun et al., 2009; Franco-Paredes et al., 2010; Huprikar et al., 2013).  

Iatrogenic 

infection: 

This refers to the transmission of infectious parasites by way of an operator, such 

as a medical professional, through the use of contaminated instruments. Using the 

same needle or an unsterilized surgical instrument on successive animals during a 

short period of time in which the blood does not dry enables contamination of 

trypanosomes between hosts to occur in this way. Similarly, accidental inoculation 

through a skin wound is a route in which laboratory personnel might acquire a 

trypanosome infection (Herwaldt, 2001).  

 

 

 

 

https://www.ncbi.nlm.nih.gov/pubmed/?term=Vot%C3%BDpka%20J%5BAuthor%5D&cauthor=true&cauthor_uid=21515704
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1.2.7. The importance of understanding trypanosomes 

Trypanosomes infect a wide range of vertebrates with varying degrees of pathogenicity, 

typically dependent on the species. Nevertheless, some trypanosomes that have 

originally been considered as ‘non-pathogenic’ in certain hosts appear capable of 

inducing adverse health effects in novel and/or susceptible hosts upon either their 

introduction to a new environment or when the infected host suffers additional 

environmental stressors (Brown et al., 2000; Smith et al., 2008; Wyatt et al., 2008). All 

trypanosomes are obligatory, digenetic parasites (Hoare, 1972). It is the blood-feeding 

actions of the invertebrate vector that facilitates the transmission of Trypanosoma 

between vertebrate host and invertebrate vector, and consequently enables this genus 

to persist within the natural environment. It is important to understand the various 

species of Trypanosoma that occur within a natural environment because not all 

trypanosomes utilise the same hosts or invertebrate vectors. Therefore, there can be 

considerable differences in the survival strategies and life cycles of trypanosome species 

that will subsequently influence the control measures and management plans 

implemented for trypanosomes that threaten human, domestic animal and/or wildlife 

health 

 

1.3. Invertebrate vectors of trypanosomes 

With terrestrial vertebrates, the majority of known vectors of trypanosomes are 

haematophagous invertebrates within the class Insecta and include the orders Diptera 

(e.g. biting flies), Hemiptera (e.g. triatomine insects) and Siphonaptera (e.g. fleas) (Hoare, 

1972). Other invertebrates within the subclass Acari (e.g. ticks and mites) have also been 

implicated in trypanosome transmission (Morzaria et al., 1986; Austen et al., 2011), whilst 

leeches (order Hirudinea) have been identified as the main vectors of trypanosomes in 
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aquatic and semi-aquatic vertebrates (Hayes et al., 2014; Lemos et al., 2015). Recent 

evidence suggests some terrestrial species are the potential vector candidates for various 

mammals (Ellis et al., 2021). Additional invertebrate groups comprised of facultative 

haematophages (i.e. can acquire nutrients from non-blood sources during one or more 

life stages) have also been associated with trypanosome transmission. These 

haemophages are typically the female adult invertebrate that only transitions to 

consuming blood (for iron and other blood nutrients) in preparation for egg production. 

Sandflies of the subfamily Phlebotominae, originating from parts of North and South 

America as well as Pakistan and Ghana, have been found carrying organisms of both the 

Leishmania and Trypanosoma genus (Ayala, 1971; Kato et al., 2010; 2011; Nzelu et al., 

2014). In particular, the females of two genera, Phlebotomus and Lutzomyia, are of most 

importance, as they are correspondingly known vectors of Eurasian and African 

leishmaniasis and American leishmaniases (Dostálová and Volf, 2012). Likewise, biting 

midges (Ceratopogonidae) and female tabanids (Tabanidae) have been found to transmit 

avian trypanosomes and T. evansi respectively (Desquesnes et al., 2009; Svobodová et al., 

2017). Despite the large variety of invertebrates that act as vectors for trypanosome 

transmission, two invertebrates have captured scientific interest for several decades due 

to their human pathogenicity and economic significance in the agricultural industry. 

These are the tsetse flies and triatomine insects of Africa and South America respectively. 

 

1.3.1.   American trypanosomiasis (Chagas disease) 

American trypanosomiasis, also known as Chagas disease, is an important yet neglected 

tropical disease affecting nearly 8 million humans worldwide, with infection cases 

originating in the poorer communities of Central and South America (World Health 

Organization, 2015). The protozoan parasite T. cruzi is the causative agent of Chagas 
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disease, and disease progression can be an acute inflammation or chronic infection that 

eventually leads to death (Dias, 2009). It has been estimated that Chagas disease is 

responsible for around 15,000 fatalities each year, many associated with complications 

developed 10-30 years post infection including tissue damage and necrosis of the 

cardiovascular, gastrointestinal and/or neurological systems (Clayton, 2010; World 

Health Organization, 2015). This pathogenic trypanosome is transmitted from infected 

wildlife to humans by the haematophagous triatomine insect (syn. reduviid or kissing bug) 

and is the principal vector of T. cruzi in South America (Dias, 2009; Gottdenker et al., 

2012). Other modes of T. cruzi transmission between humans do occur via congenital and 

through blood transfusions or organ transplants (Table 1; Bern et al., 2011). A diverse 

range of wildlife serve as reservoirs of T. cruzi (Rozas et al., 2007). Although, any 

mammalian species can potentially become infected with the parasite. For instance, 

Australian common brush-tailed possums (Trichosurus vulpecula) as well as other native 

animals have been experimentally infected with T. cruzi to determine their susceptibility 

to this exotic parasite. Findings suggest T. cruzi as highly pathogenic for the experimental 

hosts, occasioning host death (Backhouse and Bolliger, 1951). Whilst this interaction 

between Australian mammals and T. cruzi was experimentally induced, for wildlife hosts 

to become naturally infected with T. cruzi the presence of a suitable vector(s), which for 

T. cruzi presently involves triatomine insects (South and Latin America), is necessary. 

Hence, vertebrates that interact (i.e. co-habit an area) most frequently with suitable 

vectors have a greater prospect of becoming infected or to serve as the source of a T. 

cruzi infection.   

 

 

 



 26 

1.3.1.1. Triatomine insect and American trypanosomiasis  

There are several genera and around 147 extant species of triatomine insect (family 

Reduviidae and species within the genus Triatoma). Frequently referred to as reduviid or 

‘kissing’ bugs, all species of Triatoma are considered capable of transmitting the human 

pathogen T. cruzi (Galvão et al., 2003). Triatomines are large haematophagous insects (5-

30mm) with five nymphal stages followed by the sexually mature adult stage. Each of 

these stages requires at least one blood meal prior to the next moult, however 

triatomines can feed on blood every 4 to 9 days (Capinera, 2010; Rodhain, 2015). The 

majority of Triatoma species are not host specific and therefore often feed on the blood 

of a range of different vertebrate hosts including mammals, birds and some reptiles. They 

are nocturnal feeders, acquiring their bloodmeal from resting animals that include 

humans, with their feeding period lasting up to 20 minutes. It is during this time that 

infected insects can transmit trypanosomes via liquid defecation (i.e. faeces), 

contaminating the wound created while feeding, as well as other mucus membranes 

(Hoare, 1972; Rassi et al., 2010).  Their wide host range coupled with numerous 

haematophagous developmental stages and a frequent feeding habit, increases the 

insect’s capacity to acquire, as well as transmit, T. cruzi to different vertebrate hosts 

throughout its lifespan of 1-2 years (Rodhain, 2015). Concerning their life cycle, T. cruzi 

matures into an infective form, called the metacyclic trypomastigote, which transpires 

within the hindgut and faecal medium of the triatomine insect. Consequently, T. cruzi is 

transmitted to humans and animals when the bite wound(s) produced during blood-

feeding by the insect becomes contaminated with the triatomine’s trypanosome-infected 

faeces (Hoare, 1972).  
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1.3.2.  Human African trypanosomiasis (Sleeping sickness) 

Human African trypanosomiasis, also known as African sleeping sickness, is a disease 

caused primarily by two trypanosome subspecies that form part of the Trypanosoma 

brucei complex. T. brucei gambiense is the parasite that causes West African sleeping 

sickness, while T. brucei rhodesiense is responsible for East African sleeping sickness. A 

third parasite, T. brucei brucei, also exists in parts of Africa, however it is not considered 

a human pathogen under normal conditions for healthy people (Hoare, 1972). The 

parasites T. b. gambiense and T. b. rhodesiense cause symptomatically similar diseases. 

Both are able to cross the blood-brain barrier, therefore affecting the brain and other 

organs; initiating mental deterioration and system failure (Masocha and Kristensson, 

2012). However, the rate at which the disease progresses and the severity of infection 

differs between these trypanosome subspecies. Infection with T. b. rhodesiense results 

in an acute disease that spreads throughout the body rapidly, resulting in death within 

weeks to months of infection. In contrast, an infection with T. b. gambiense is 

progressively slower, taking between 1 and 3 years to develop into a serious disease 

occasioning death (Brun et al., 2010). Hence, where almost all T. b. rhodesiense infections 

typically cause death, not all T. b. gambiense infections are fatal (Jamonneau et al., 2012). 

T. brucei infections affect close to 50 million people that live in the tropical regions of 

sub-Saharan Africa. This tropical area of nearly 8.7 million km2 is known as the ‘tsetse 

belt’, named after the insect vector, the tsetse fly (genus Glossina). Several species of 

tsetse fly co-inhabit this region with humans and animals and are consequently 

responsible for transmitting pathogenic T. brucei parasites (Steverding, 2008). The 

transmission of T. b. rhodesiense to humans by the tsetse fly vector is usually via an 

infected animal that serves as a reservoir for the parasite. Human-tsetse-human 

transmission can occur, albeit less often. On the contrary, few animals are thought to 
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serve as reservoirs for T. b. gambiense infections passed to humans. However, because 

of the extended duration of infection within humans (between 1-3 years), the 

transmission of the parasite between humans (human-tsetse-human) is believed to be 

the more predominant cycle of transmission (Abenga and Lawal, 2005). T. b. rhodesiense 

and T. b. gambiense have been found in various African wildlife species, from buffalo 

(Syncerus caffer) and warthog (Phacocoerus africanus), to carnivores including the lion 

(Panthera leo) and leopard (Panthera pardus). Rodents such as the brush-tailed 

porcupine (Atherurus africanus) and giant rat (Cricetomys gambianus) have also been 

confirmed as capable of harboring T. brucei. Monkeys (Cercocebus torquatus and 

Cercopithecus nictitans) have similarly been found to carry T. brucei infections (Herder et 

al., 2002; Anderson et al., 2011).  

 

1.3.2.1. Tsetse fly and African trypanosomiasis 

Within the family Glossinidae (order Diptera), there are at least 30 known species or 

subspecies of haematophagous flies that belong to the genus Glossina. Commonly called 

tsetse flies, these biting insects are specific to regions within sub-Saharan Africa and are 

responsible for transmitting several species of trypanosome (collectively called the 

African trypanosomes).  Tsetse flies are vectors for the human infective parasites T. brucei 

gambiense and T. brucei rhodesiense, the causative agents of sleeping sickness (syn. 

human African trypanosomiasis) (Hoare, 1972; Wamwiri and Changasi, 2016). Tsetse flies 

range in size between 6-16 mm in length. They are larviparous and have three larval 

stages that occur within the uterus of a female. Following birth, the stage three larva 

burrows into soil where it completes larval stage four before it develops into a pupa (i.e. 

nymph). After 30 days the pupa transforms into a sexually mature male or female adult, 

both of which are haematophagous. Tsetse flies are rapid, persistent, diurnal feeders, 
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with an average lifespan of 2-3 months (Capinera, 2010; Rodhain, 2015). They transmit 

infective metacyclic trypanosomes via their saliva, which is injected into the bite site 

during feeding (Hoare, 1972). Trypanosome salivary gland infection rates in tsetse flies 

are low, at less than 1% (Maudlin et al., 1998), and only a small number of flies (1-5%) 

that acquire the infectious metacyclic trypanosomes actually become infectious and 

subsequently transmit the parasite (Aksoy et al., 2003). Nevertheless, their insistent 

feeding habit and efficient host seeking behaviour (Lord et al., 2017), coupled with a large 

population of feeding individuals, has enabled tsetse flies to successfully sustain the life 

cycle of African trypanosomes and their pervasive distribution in wildlife (Hoare, 1972; 

Munang’andu et al., 2012). 

 

1.3.3.   Animal trypanosomiasis (Nagana and Surra) 

Animal trypanosomiasis is a collection of symptomatically similar diseases that occur 

within animals and is caused by several different Trypanosoma species. The animals 

infected by these trypanosomes differ depending on the species of trypanosome. Certain 

trypanosomes are limited within a single animal host whereas other species can affect a 

diverse range of hosts (Le, 1986). For example, T. godfreyi and T. suis seem to primarily 

infect domestic and wild pigs. On the other hand, T. simiae, T. vivax, T. congolense and T. 

b. brucei affect a diverse host range including cattle, goats, pigs, camels and horses 

(Stephen, 1986; Loker and Hofkin, 2015). Nagana is the name used to describe animal 

African trypanosomiasis caused by T. b. brucei, T. b. rhodesiense, T. congolense and T. 

vivax in cattle, and T. simiae in pigs. Nagana causes fever, lethargy and chronic wasting 

leading to severe weight loss and anaemia in animals, and can be fatal (Murray and 

Dexter, 1988; Loker and Hofkin, 2015). Approximately 40 million cattle are affected and 

3 million die every year as a result of trypanosomiasis; a devastating impact on African 
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agriculture and is hence regarded as an important economical disease (Wilson et al., 1963; 

Swallow, 2000; Shaw, 2004; Desquesnes et al., 2013). Another significant animal 

trypanosomiasis, called surra, is caused by T. evansi. This widely distributed disease 

occurs in parts of Africa, America, Europe and Asia and causes illness similar to Nagana 

among livestock including cattle, camels and horses (Desquesnes et al., 2013). Moreover, 

the global spread of T. evansi is believed to be the result of accidental introductions of 

infected domestic animals between different continents (Desquesnes et al., 2013). 

Similarly, animal trypanosomiasis affects various wildlife species (Veer et al., 2002; 

Herrera et al., 2005; Anderson et al., 2011; Auty et al., 2012) and numerous species of 

trypanosomes have been found in the blood of wild mammals, birds, fish, reptiles and 

amphibians (Hoare, 1072). T. evansi has also been experimentally transmitted to 

Australian marsupials resulting in a high mortality rate (Reid et al., 2001). The biological 

vectors of the highly virulent African trypanosomes: T. brucei, T. congolense and T. vivax, 

are characteristically the tsetse flies (Roberts et al., 1989). Nevertheless, biting insects 

including stable flies (genus Stomoxys) and African tabanids (Atylotus agrestis and A. 

fuscipes) have similarly been reported as vectors (D’Amico et al., 1996; Sumba et al., 1998; 

Desquesnes and Dia, 2003a; b). However, this vector-parasite relationship is by way of 

mechanical transmission of the parasite via infective mouthparts as opposed to 

programmed maturation and migration of infective forms to specific vector organs, 

representative of cyclical (i.e. biological) transmission (Hoare, 1972; Sumba et al., 1998).  

 

1.3.3.1. Tabanid fly and Animal trypanosomiasis 

Tabanids (syn. horse flies, March flies) are haematophagous biting flies (Diptera) of the 

family Tabanidae. There are more than 4400 known species of tabanid (Roskov et al., 

2015), and at least 230 of these species are confirmed to inhabit Australia (Mackerras 
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1954; 1956; Lessard and Yeates, 2013). Tabanids have a ubiquitous distribution, 

indicative of their diverse ecological preferences (Baldacchino et al., 2014). In Australia, 

tabanids are found throughout the continent, however seasonal fluctuations in rainfall 

and temperature largely dictate their life cycle and seasonal occurrence. Tabanids are 

robust flies of approximately 10-30 mm in size. Their life cycle involves metamorphosis: 

egg, larva, pupa and adult stages. Both adult male and female tabanids feed on nectar 

and pollen from flowering plants, however the female adults for several species transition 

to blood feeding following successful mating. The mouthparts of female tabanids consist 

of serrated mandibles which the flies use to slash and lacerate the skin and blood vessels 

respectively, resulting in a pool of blood that is consumed through the labellae of the 

proboscis (Baldacchino et al., 2014). Tabanids are aggressive feeders, with their 

persistent yet intermittent feeding (i.e. host switching) behaviour facilitating the 

successful mechanical transmission of several parasites including species of trypanosome 

(Hoare, 1972; Baldacchino et al., 2014).  T. evansi, the agent of surra, is mechanically 

vectored by tabanids, with the parasite capable of persisting in low numbers in various 

hosts, enabling diffusion and continued maintenance within the ecosystem (Desquesnes 

et al., 2003a; b; 2013). Consequently, tabanid flies pose a significant threat to production 

animals used for agriculture as well as wildlife conservation efforts outside of Africa, with 

their potential for transmitting T. evansi and similar trypanosome species across 

continents an ever-increasing threat due to continuous globalisation and population 

migrations (Thompson, 2001; Reid, 2002; Thompson et al., 2003). Other trypanosomes 

including T. congolense, T. vixax and T. theileri have similarly been reported within 

tabanids, with Tabanidae serving as both mechanical and biological vectors for T. theileri, 

though the latter transmission route is less understood (Böse et al., 1987).  
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1.4. Australian wildlife and their trypanosomes 

Trypanosomes are blood-borne protozoan parasites of more than 500 described species 

and are capable of infecting all vertebrate classes. With this universal presence, it is 

unsurprising that several trypanosome species have been discovered in Australian 

wildlife (Cooper et al., 2016; Ortiz-Baez et al., 2020). The first recorded observation of 

trypanosomes in Australian fauna dates back to the 19th century when T. L.  Bancroft, 

who at the time was examining blood films collected from Queensland rats for 

microfilaria, inadvertently discovered the exotic parasite T. lewisi (Bancroft, 1888). 

Additional reports of T. lewisi identified in introduced rats from populated regions of 

Queensland, Western Australia, and New South Wales soon followed, however it was the 

in vivo studies by Mackerras that demonstrated the phases of infection in native rats 

(Mackerras, 1959). Four additional exotic trypanosome species have been introduced to 

Australia since European settlement, including T. theileri, observed in the blood of cattle; 

T. nabiasi, a parasite of European rabbits; T. melophagium, identified in sheep; T. evansi, 

originating from introduced camels (Mackerras, 1959; Hamilton et al., 2005a). Quick 

action in the destruction of T. evansi-infected camels that had been imported into the 

northwest region of Australia in 1907 successfully eradicated this exotic parasite from the 

mainland (Cleland, 1909). Nevertheless, T. theileri, T. melophagium, and T. lewisi, with 

their existing cosmopolitan distributions, continue to persist in the Australian 

environment. Interestingly, T. nabiasi has only been identified within introduced rabbits 

from south-east Australia during a single investigation by Hamilton et al. (2005a), 

warranting further investigation to determine its existence in Australia.   

 

Similarly, a growing number of indigenous trypanosome species and their genotypes have 

been found naturally infecting a range of native Australian wildlife since the 1950’s. Early 
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reports arose from trypanosome identification in blood smears from native hosts 

(Mackerras, 1959). However with the advent of the molecular era, advances in genetic 

diagnostic and detection technologies have resulted in an explosion of trypanosome 

species and genotypes being detected from various native animals across the country 

(Noyes et al., 1999; Hamilton et al., 2005b; Averis et al., 2009; Austen et al., 2009; 

McInnes et al., 2011; Paparini et al., 2011, Thompson et al., 2013; Barbosa et al., 2016a; 

b). Furthermore, the implementation of various molecular techniques such as high-

throughput and next generation sequencing, has aided the understanding of Australian 

trypanosome biodiversity, their evolutionary relationships, and various wildlife hosts. For 

instance, it is now understood that Australian native trypanosomes have a high genetic 

diversity yet low host specificity, with several species occurring within a broad range of 

native wildlife (Cooper et al., 2018). Such technology has further demonstrated that 

mixed infections with multiple trypanosome species are not uncommon in several native 

animals (Barbosa et al., 2017a). In addition, the discovery of the same trypanosome 

species infecting different wildlife hosts who themselves are restricted to certain 

Australian states and territories, has confirmed that many of these indigenous 

trypanosomes have no existing geographical boundaries. The wide-reaching occurrence 

of the parasite Trypanosoma copemani across the country despite the historical and 

present isolation of several of its known animal hosts such as the Gilbert’s potoroo and 

quokka of south-west Australia, is an evident example of the parasite’s sprawling 

distribution (Thompson et al., 2014). 

 

1.4.1.  The life histories of Australian trypanosomes 

The present list of described Australian trypanosomes in native wildlife, and in particular 

mammalian fauna (Table 2), is under frequent review. The majority of information 
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gathered has been from the opportunistic sampling of native animals intended for other 

research purposes or as part of population surveys. This ‘by chance’ screening 

throughout the years has meant that for many native trypanosomes, information about 

their life histories is severely lacking to the point of non-existent for most species.  Where 

this knowledge gap is momentously evident is with the on-going lack of information 

concerning the invertebrate vectors responsible for the maintenance of trypanosome 

infections in Australian wildlife. Several studies have suggested a number of potential 

vectors for Australia’s indigenous trypanosomes (Mackerras, 1959; Noyes et al., 1999; 

Jakes et al., 2001; Hamilton et al., 2005b; Austen et al., 2011; Jackson et al. 2014; Paparini 

et al., 2014; Botero et al., 2016a; Barbosa et al., 2017a). However, none have conclusively 

confirmed an association of significance between invertebrate(s) and trypanosome(s) 

that warrant further investigations for vector competence and subsequent transmission 

studies.  

 

Studies concerned with investigating the relationship between Australian invertebrates 

and trypanosomes have previously analysed data obtained from blood fed ectoparasites 

opportunistically retrieved from infected hosts. Haematophagous invertebrates naturally 

engorge themselves with the host’s blood when feeding (Lehane, 2005). This means that 

any trypanosomes observed, and the DNA detected within these studies, could very well 

be incidental; their presence simply the result of a recent bloodmeal and not necessarily 

indicative of an acquired infection. Hence, the incidence of trypanosomes in an 

invertebrate does not implicate it as a vector. Not unless, a) the invertebrate acquires the 

infection irrespective of metabolic processing and elimination of the infected blood meal 

via defecation, b) if they do acquire the infection, the parasite undergoes a life cycle 

within the invertebrate (though not applicable in the case of mechanical transmission), c) 
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the infected invertebrate requires more than one bloodmeal and so has the opportunity 

to transmit trypanosomes to another animal host during a successive feed, and d) the 

invertebrate is capable of transmitting the trypanosomes by biological (i.e. salivarian, 

stercorarian) and/or mechanical means to a subsequent host. As a consequence of the 

inconclusive findings concerning Australia’s trypanosome life cycle(s), it is clear that a 

more reflective approach is required that must succeed with the implementation of 

comprehensive investigations. This is the foundation upon which significant associations 

must be confirmed between invertebrates and trypanosomes, before the identification 

of the vector(s) of Australia’s trypanosomes is within reach (Thompson et al, 2014; 

Thompson and Thompson, 2015).  
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Table 2. The current list (as of November 2021) of Australian and exotic trypanosomes recorded from native mammalian hosts including their suggested invertebrate 
vectors, where applicable. 

 
Trypanosome 
species 

Geographical 
location 

Native vertebrate host(s) Host 
reference 

Suggested 
invertebrate 
vector(s) 

Evidence/Reasoning Vector 
reference 

Anecdotal Microscopic Molecular 

Native 
mammalian 
trypanosomes 

        

Trypanosoma sp. 
AAI (unclassified) 

VIC Wombat (Vombatus 
ursinus) 

Hamilton et 
al. (2005b) 

None 
suggested 

   n/a 

Trypanosoma sp. 
AAP (unclassified) 

VIC Wombat Hamilton et 
al. (2005b) 

None 
suggested 

   n/a 

Trypanosoma sp. 
ABF (unclassified) 

NSW; VIC Swamp wallaby (Wallabia 
bicolor) 

Hamilton et 
al. (2005b); 
Ortiz-Baez 
et al. 
(2020) 

Terrestrial 
leeches 
(Haemadipsida
e) 

  Terrestrial 
leech 
trypanosomes 
share a close 
genetic 
proximity to the 
wallaby 
trypanosomes 

Hamilton et 
al. (2005b) 

Trypanosoma sp. 
ABI (unclassified) 

VIC Wombat Hamilton et 
al. (2005b) 

None 
suggested 

   n/a 

Trypanosoma sp. 
ANU2 

WA (Chuditch (syn. Western 
quoll, Dasyurus geoffroii), 
Common brush-tailed 
possum (Trichosurus 
vulpecular), Woylie (syn. 

Cooper et 
al. (2018); 
Northover 
et al. 
(2019) 

None 
(however has 
been recently 
detected in 
fed ticks*) 

   n/a 
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brush-tailed bettong, 
Bettongia penicillata) 
 

Trypanosoma 
binneyi 

TAS Platypus 
(Ornithorhynchus 
anatinus) 

Mackerras 
(1959); 
Noyes et al. 
(1999); 
Jakes et al. 
(2001); 
Paparini et 
al. (2014);  

Biting flies, 
Ticks (Ixodes 
ornithorhynchi
), Leeches, 
Unknown 
leech sp. 

Platypus are liable 
to be bitten and 
fed upon by the 
host specific tick (I. 
ornithorhynchi) as 
well as blood-
sucking flies and 
leeches 

 T. binneyi DNA 
detected in fed 
platypus ticks; 
Leech-derived 
trypanosome 
isolate 
genetically 
similar to 
partial 
sequences 
obtained from 
platypus 

Mackerras 
(1959); 
Paparini et 
al. (2014) 

Trypanosoma 
copemani 

NSW; QLD; 
TAS; VIC; WA 

Chuditch, Common 
brush-tailed possum, 
Gilberts potoroo 
(Potorous gilbertii), Koala 
(Phascolarctos cinereus), 
Quenda (Isoodon 
obesulus fusciventer), 
Quokka (Setonix 
brachyurus), Tasmanian 
devil (Sarcophilus 
harrisii), Wombat, Woylie 

Noyes et al. 
(1999); 
Austen et 
al. (2009); 
McInnes et 
al. (2011a); 
Botero et 
al. (2013); 
Barbosa et 
al. (2917a); 
Cooper et 
al. (2018); 
Northover 
et al. 

Ticks*, Ticks 
(Amblyomma 
triguttatum, 
Ixodes 
australiensis, 
Ixodes 
holocyclus, 
Ixodes 
tasmani) 

 Observations of 
flagellates in tick 
haemolymph, 
midgut and 
faeces 

DNA detection 
of T. copemani 
in ticks 
removed from 
hosts 

Austen et 
al. (2011); 
Barbosa et 
al. (2017a) 
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(2019); 
Egan et al. 
(2020a) 

Trypanosoma 
cyclops-like spp. 
(including 
proposed 
subspecies) 

NSW; TAS Unconfirmed T. cyclops-
like trypanosomes 
identified by sequence 
surveys in Tasmanian 
devils  

Egan et al. 
(2020a); 
Ortiz-Baez 
et al., 2020; 
Ellis et al. 
(2021) 

Terrestrial 
leeches 
(Chtonobdella 
bilineata) 

  Blood-meal 
analysis from 
leech 
confirmed DNA 
from swamp 
wallaby, 
humans (Homo 
sapiens) and 
horse (Equus 
sp.) 

Ellis et al. 
(2021) 

Trypanosoma 
gilletti 

NSW; QLD; 
WA 

Koala, woylie McInnes et 
al. (2011a; 
b); Barbosa 
et al. 
(2017a); 
Cooper et 
al. (2018); 
Northover 
et al. 
(2019) 

Ticks (Ixodes 
holocyclus, 
Ixodes 
tasmani) 

Tick biology (i.e. 
haematophagous; 
life cycle) and 
presence on T. 
gilletti infected 
hosts. Also 
suspected as 
inferred by the 
phylogenetic 
placement of 
Trypanosoma sp. 
KGI (Thekisoe et 
al., 2007) with T. 
gilletti 

 

DNA sequences 
detected in fed 
ticks 

McInnes et 
al. (2011a; 
b); Barbosa 
et al. 
(2017a) 

Trypanosoma 
hipposideri 

QLD Dusky horseshoe bat 
(Hipposideros 

Mackerras 
(1959) 

None 
suggested 

  
 n/a 
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bicolor albosinensis) 

Trypanosoma 
irwini 

NSW; QLD; 
WA 

Koala, Woylie McInnes et 
al. (2009); 
Barbosa et 
al. (2017a); 
Cooper et 
al. (2018); 
Ortiz-Baez 
et al. 
(2020) 

Ticks (Ixodes 
holocyclus, 
Ixodes 
tasmani) and 
potentially 
fleas 
(Ctenophalus 
felis), mites 
(Austrochirus 
perkinsi, 
Sarcoptes 
scabiei, 
Demodex spp. 
and Notoedres 
cati) and 
mosquitoes 

Tick biology (i.e. 
haematophagous; 
life cycle) and 
presence on T. 
irwini infected 
hosts. Other 
ectoparasites 
suggested (i.e. 
fleas, mites and 
mosquitoes) due to 
observed presence 
on hosts 

 

DNA sequences 
detected in fed 
ticks 

McInnes et 
al. (2009; 
2011b); 
Barbosa et 
al. (2017a) 

Trypanosoma 
noyesi 

NSW; NT; 
VIC; WA 

Banded-hare wallaby 
(Lagostrophus fasciatus), 
Boodie (syn. burrowing 
bettong; Bettingia 
lesueur), Chuditch, 
Common brush-tailed 
possum, Eastern grey 
kangaroo (Macropus 
giganteus), Koala, Woylie 

Noyes et al. 
(1999); 
Hamilton et 
al. (2005b); 
Averis et al. 
(2009); 
Paparini et 
al. (2011); 
Botero et 
al. (2013); 
Barbosa et 
al. (2017a; 

Ticks*, 
Tabanids 
(Tabanidae)** 

 T. noyesi 
observed within 
the gut and gland 
contents of 
questing ticks*; 
T. noyesi-like 
flagellates 
observed within 
tabanid tissues** 

T. noyesi 
sequences 
detected in 
ticks* and 
tabanids** 

Botero et 
al. (2016a) 
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b); Cooper 
et al. 
(2018); 
Northover 
et al. 
(2019); 
Ortiz-Baez 
(2020) 

Trypanosoma 
pteropi 

QLD Black flying fox (Pteropus 
gouldii) 

Mackerras 
(1959) 

None 
suggested 

   n/a 

Trypanosoma 
teixeirae 

QLD Little red flying fox 
(Pteropus scapulatus) 

Barbosa et 
al. (2016a) 

None 
suggested 

   n/a 

Trypanosoma 
thylacis 

QLD Northern brown 
bandicoot (Isoon 
macrourus); Southern 
brown bandicoot (Isoon 
obesulus) 

Mackerras 
(1959) 

Ticks (Ixodes 
holocyclus, 
Ixodes 
tasmani) 

 Flagellates 
observed in fed 
ticks removed 
directly from 
bandicoots (wild 
and 
experimental) – 
host infection 
status 
unconfirmed 

 Mackerras 
(1959); 
Weilgama 
(1980) 

Trypanosoma 
vegrandis 

NSW; NT; 
QLD; WA 

Black flying fox (Pteropus 
alecto), Chuditch, 
Common brush-tailed 
possum, Gould’s wattled 
bat (Chalinolobus 
gouldii), Koala, Lesser 
long eared bat 

Smith et al. 
(2008); 
Paparini et 
al. (2011); 
Thompson 
et al. 
(2013); 

Ticks*, Ticks 
(Amblyomma 
triguttatum, I. 
holocyclus, I. 
tasmani) 

  Trypanosomes 
detected in 
ticks removed 
from infected 
koala hosts 

Barbosa et 
al. (2017a) 
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(Nyctophilus 
geoffroyi),Llittle red 
flying fox, Northern 
brown bandicoot, 
Quenda, Southern brown 
bandicoot, Tammar 
wallaby (Macropus 
eugenii), Western grey 
kangaroo (Macropus 
fuliginosus), Woylie 

Botero et 
al. (2013); 
Austen et 
al., 
(2015a); 
Barbosa et 
al. (2016b); 
Barbosa et 
al. (2017a; 
b); Cooper 
et al. 
(2018); 
Northover 
et al. 
(2019) 

Unidentified 
trypanosome 
isolates 

NSW; NT; 
QLD; TAS; 
VIC; WA 

Bare-nosed wombat 
(Vombatus ursinus), 
Brush-tailed rock wallaby 
(Petrogale penicillata), 
Burrowing bettong 
(Bettongia lesueur), 
Common planigale 
(Planigale 
maculate), Dibbler 
(Parantechinus apicalis), 
Eastern barred bandicoot 
(Perameles gunnii), 
Golden bandicoot 
(Isoodon auratus), Little 
red flying fox, Northern 

Bettiol et 
al. (1998); 
Noyes et al. 
(1999); 
Hamilton et 
al. (2005b); 
Averis et al. 
(2009); 
Paparini et 
al. (2011); 
Botero et 
al. (2013); 
Barbosa et 
al. (2017b); 
Mackie et 

None 
suggested 

   n/a 
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brown bandicoot, Brush-
tailed possum, Shark bay 
mouse (Pseudomys 
fieldi), Southern brown 
bandicoot, Swamp 
wallaby, Woylie 

al. (2017); 
Cooper et 
al. (2018); 
Ortiz-Baez 
et al. 
(2020) 
 

Exotic 
mammalian 
trypanosomes 

        

Trypanosoma 
dionisii 

WA Microbats (Chalinolobus 
gouldii, Chalinolobus 
morio, Nyctophilus 
geoffroyi 
 Nyctophilus major, 
Scotorepens balstoni) 
 

 

Austen et 
al. (2020) 

Cimicid 
(Cimicidae) 
bugs, Bat flies 
(Nycteribiids) 

Cimicids due to 
their confirmed 
vector status for T. 
dionisii 
internationally. Bat 
flies proposed due 
to common 
observation on 
bats 

  Austen et 
al. (2020) 

Trypanosoma 
evansi 

WA Note: T. evansi has been 
identified in introduced 
camels (Camelus 
dromedarius) 
 
Native marsupials (agile 
wallaby Macropus agilis 
and dusky pademelon 
Thylogale brunii) have 
been experimentally 

Cleland 
(1909); 
Mackerras 
(1959); 
Thompson 
et al. 
(2014) 

Tabanids Tabanid biology 
(intermittent 
feeding behaviour 
that facilitates 
mechanical 
transmission). 
Nevertheless, T. 
evansi has yet to 
be identified within 

  Van 
Hennekeler
, K., PhD 
thesis, 
James Cook 
University 
(2007); 
Muzari, 
M.O., PhD 
thesis, 
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infected with T. evansi 
 

any Australian 
invertebrate 

James Cook 
University 
(2010) 

Trypanosoma 
lewisi 

NSW; QLD; 
WA 

Ash-grey mouse 
(Pseudomys 
albocinereus), Bush rat 
(Rattus fuscipes), Water 
rat (Hydromys 
chrysogaster)  
 
Note: T. lewisi has been 
identified in introduced 
rodents including black 
rats (Rattus rattus), 
Brown rats (Rattus 
norvegicus) and the 
house mouse (Mus 
musculus) 

Mackerras 
(1959); 
Pickering 
and Norris 
(1996); 
Averis et al. 
(2009), 
Thompson 
et al. 
(2014; 
2015) 

Fleas, (Xenops
ylla cheopis, 
Nosopsyllus 
fasciatus) 
 

Fleas due to their 
confirmation as 
vectors for T. lewisi 
outside of 
Australia. 
Nevertheless, T. 
lewisi has yet to be 
identified within 
any Australian 
invertebrate  

  Mackerras 
(1959); 
Egan et al. 
(2020b) 

Trypanosoma 
melophagium 

continental Note: T. melophagium 
has only been identified 
in introduced sheep (Ovis 
aries) 

Mackerras 
(1959) 

None 
suggested for 
Australia 

   n/a 

Trypanosoma 
nabiasi 

NSW; VIC Note: T. nabiasi has only 
been identified in 
introduced rabbits 
(Oryctolagus cuniculus) 
during a single 
investigation 
 

Hamilton et 
al. (2005a) 

None 
suggested for 
Australia 

   n/a 
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Trypanosoma 
theileri 

NSW; TAS 
(native 
wildlife); 
continental 
(introduced 
host) 

Potentially: Swamp 
wallaby, Bare-nosed 
wombat, Southern 
brown bandicoot, Koala 
 
Note: T. theileri has been 
identified in introduced 
cattle (Bos taurus) 
 
 
 

Mackerras 
(1959); 
Ortiz-Baez 
et al. 
(2020) 

None 
suggested for 
Australia 

Tabanid biology 
(intermittent 
feeding behaviour 
that facilitates 
mechanical 
transmission). 
Nevertheless, T. 
theileri has yet to 
be identified within 
any Australian 
invertebrate 

  Ortiz-Baez 
et al. (2020) 

* Published findings (Krige et al.) as presented in the results section of Chapter 4 and Chapter 5 of this thesis 
** Published findings (Krige et al.) as presented in the results section of Chapter 6 of this thesis 
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1.4.2.   Australian cases of wildlife trypanosomiasis 

Unlike humans and domestic animals, many trypanosomes found infecting wildlife are 

typically non-pathogenic, and do not appear to cause any adverse effects on the overall 

health of their natural hosts.  Usually it is only when an exotic parasite is introduced into 

a susceptible and naïve host that debilitating health effects are noticed. Nevertheless, 

there is evidence that native trypanosomes can also cause disease, especially in naïve or 

immune compromised hosts. Trypanosomiasis typically presents with an inflammatory 

response in infected tissue as well as trypanosome-induced immune suppression. In 

some instances, anaemia results from the mechanical injury inflicted upon the host’s red 

blood cells (erythrocytes) by the trypanosome parasite or because of antibody-mediated 

erythrocyte destruction.  Consequently, there are a growing number of clinical cases 

(Table 3) suggesting that certain trypanosome species may be responsible for adversely 

affecting host health, and even involved in the population decline, of several Australian 

native mammals.  

 

Table 3. Significant reports of Trypanosoma infections in Australian wildlife.  

Case 1: Trypanosoma lewisi and the extinction of the Christmas Island rats 

Evidence had recently emerged indicating that native rats inhabiting Australia’s Christmas Island a 

century ago became infected with T. lewisi, an exotic parasite naturally infective to the then introduced 

black rat R. rattus, and spread by their fleas (Hoare, 1972). Moreover, the analysis of DNA retrieved from 

museum specimens has revealed that T. lewisi is the likely culprit in the eventual extinction of two native 

rats R. macleari and R. nativitatis, whose population decline dates back to this historic period (Wyatt et 

al., 2008). Reports during this time have correspondingly described these native rat species as frequently 

sick and when microscopically examined, heavily infected with flagellates and exhibiting pathological 

evidence suggestive of trypanosomiasis (Andrews, 1909). It is believed that T. lewisi was vectored 

through fleas carried by these introduced ship-borne black rats although there is no mention of flea 

species. Hence, we can only assume the most likely vectors at this time were Xenopsylla cheopis and 

Polyplax spinulosa. Clearly, it is suggested that these fleas were then capable of infesting native rats and 

thereby transmitting T. lewisi to these naïve hosts. Yet, in a recent study incorporating both microscopy 

and molecular tools to investigate trypanosomes in modern black rats and other rodent hosts inhabiting 
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the confined habitat of Christmas Island, no trypanosome species, including T. lewisi, were detected 

(Dybing et al., 2016). This is despite the continuing occurrence of known vectors X. cheopis and P. 

spinulosa on the Island. Interestingly, black rats and these fleas are similarly found throughout mainland 

Australia. Yet there are no records indicating T. lewisi infects any native mammals on the mainland, and 

as such this parasite has not been recorded since 1959. 

Case 2: Trypanosoma cruzi and T. evansi inoculated in native Australian mammals 

Exotic trypanosomes have been experimentally introduced to native Australian mammals. One study has 

demonstrated that the human pathogen T. cruzi causes trypanosomiasis in possums and short-beaked 

echidna whilst a second study investigating the health effects of T. evansi in various marsupials, has 

observed high parasitaemia. Both studies concluded severe morbidity of infected animals with a 60% 

and 100% mortality rate respectively (Backhouse and Bolliger, 1951; Reid et al., 2008). Yet neither study 

elaborated on the trypanosome isolate used to inoculate the various experimental mammals, and 

captive animals evidently have a greater stress and consequential immune-compromised status. 

Therefore, it remains to be determined whether the more commonly occurring T. evansi and T. cruzi 

strains, the latter of which can be found in humans, are highly infectious for wild Australian mammals. 

If this were the case, these exotic parasites would need to be successfully transmitted to native hosts by 

means of a competent invertebrate vector(s), the identity of which remain unknown in Australia.  This 

would be the first hurdle to overcome before the parasites can become established in the Australian 

ecosystem, and therein maintained by native reservoir hosts. Nevertheless, Australia’s reduviid bugs and 

tabanid flies as anecdotal candidates (Monteith, 1974; Jackson et al., 2014; Botero et al., 2016a) for 

potential spread of exotic species require further consideration, particularly as these pathogenic 

trypanosomes pose a serious biosecurity risk (Thompson and Thompson, 2015).   

Case 3: Native trypanosomes and the poor health of the quokka and koala 

Several trypanosome species have been found in Australia’s iconic marsupial, the koala. Although most 

infections appear to be low grade and non-pathogenic in a healthy host, cases of apparent 

trypanosomiasis have been documented in recent years. Reports have indicated that three species in 

particular, T. copemani, Trypanosoma gilletti and Trypanosoma irwini, are the likely causative agents for 

the poor body condition, extravascular haemolysis and anaemia present in several studied koalas. 

Trypanosome flagellates have also been observed in the blood and complemented with DNA 

identification. Furthermore, histology sections containing liver and central nervous system tissue have 

revealed small organisms similar to the trypanosome amastigote life stage, though identity of these 

organisms in this case was unconfirmed.  Unsurprisingly, trypanosomes have since been suggested as a 

contributory factor in the decline of koala populations in Australia. Similarly, T. copemani has been 

associated with the erythrocyte abnormalities suggesting haemolytic anaemia in several observed 

quokkas in Western Australia (Austen et al., 2009). Whether any of these trypanosomes indeed cause 

trypanosomiasis in healthy marsupials requires further investigation, as does the need to identify the 

invertebrate vector responsible for their transmission. Several reports have emerged suggesting ticks as 

a vector candidate, and one study has claimed the tick Ixodes australiensis as the vector for T. copemani 
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(Austen et al., 2011). However, because there were irregularities in the findings and a lack of data to 

support this proposal, further investigations are needed to transition the tick from potential candidate 

to confirmed vector, as extensively reviewed in Chapter 3.   

Case 4: Trypanosoma copemani and the population decline of the woylie 

Once occupying a significant portion of southern Australia, the woylie (syn. brush-tailed bettong; 

Bettongia penicillata) has experienced a near 90% population decline over the last few years with three 

wild populations currently restricted to a small area of south-western Australia (Yeatman and Groom, 

2012). Apart from the detrimental impact from introduced species (i.e. fox; feral cats) and human 

activity, there has been increasing evidence to suggest that pathogens, and in particular species of 

Trypanosoma, may have played a crucial role in the dramatic population declines experienced by the 

woylie, especially at the local level (Thompson et al., 2010). Whilst the woylie has been found to harbour 

several trypanosome species, T. copemani has been implicated as the potential causative agent for 

detrimental health and the subsequent population decline of this critically endangered native marsupial 

(Botero et al., 2013).  Two genotypes have been detected for T. copemani – T. copemani genotype 1 

(G1) and T. copemani genotype 2 (G2). The latter has been found to have a higher prevalence in declining 

populations of woylies (Botero et al, 2013; Northover et al., 2019). Furthermore, the G2 variant of T. 

copemani has been detected via molecular screening in the tissues from infected woylies, with 

concurrent histopathology revealing tissue inflammation akin to trypanosomiasis (Botero et al., 2013). 

Originally believed to have characteristics of intracellular invasion likened to the exotic T. cruzi, recent 

evidence has disproved the theory that T. copemani invades cells like the highly pathogenic T. cruzi. 

Nevertheless, new evidence concerning cell-parasite interactions has confirmed T. copemani as a 

causative agent for negative cellular health and hence supporting the suggestion that this Australian 

species of Trypanosoma may be pathogenic to susceptible wildlife hosts such as the woylie (Botero et 

al, 2016b; Cooper et al., 2018). Concerning the vector(s) for T. copemani, only one study has implicated 

an Australian haematophagous invertebrate. The native tick, I. australiensis, has been reported to 

harbour developmental forms of T. copemani within the haemolymph and midgut of specimens 

removed directly from infected quokkas (Setonix brachyurus). Moreover, flagellates have been 

seemingly observed in the dried faeces of collected ticks (Austen et al., 2011). These forms however 

were not a resemblance of the ‘animal infective’ metacyclic trypomastigote forms. Interestingly, whilst 

flagellate organisms were observed in the tick faeces, when screened using molecular tools, the same 

faeces was deemed negative for Trypanosoma and more specifically, T. copemani DNA (Austen et al., 

2011). To date, no transmission studies have been conducted to determine whether I. australiensis could 

in fact transmit T. copemani to a subsequent animal host, and given the previous study observed 

flagellates from a ticks that had been directly removed from infected hosts, cannot rule out the 

likelihood that the flagellates observed and DNA detected was simply due to an incidental infection 

acquired from the act of blood feeding. Chapter 3 reviews the current evidence to concerning Australian 

ticks and their potential to serve as trypanosome vectors. Interestingly, a dissertation (C. Thompson, 

PhD thesis, Murdoch University, 2014) investigating the population decline of the woylie has revealed 

several invertebrates as PCR positive for T. copemani. Ticks as well as lice, tabanids, mosquitoes and a 
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single sand fly were confirmed as DNA positive for T. copemani.  However, again the problem of 

incidental infection for ticks and lice could not be ruled out in this preliminary investigation, as all were 

directly retrieved from infected hosts. In addition, whilst the tabanids, mosquitoes and sandflies were 

all host free upon collection, their prevalence for T. copemani was extremely low at 12.3%, 0.8% and 

2.2% respectively, and so their likelihood of serving as important vectors remains to be determined. 

Although a lack of confirmation for the vector(s) for T. copemani persists, interestingly, if we consider 

the many genetic variants for several species of indigenous Trypanosoma, this alludes to the potential 

for a wide range of vectors (which may involve significant and opportunistic vectors), including non-

specific vectors for trypanosomes in Australia. Hence, the theory that there may be several vectors which 

may include ticks, responsible for transmitting T. copemani and likely other species of Trypanosoma, 

remains a very real possibility that requires further attention.  

Case 5: Trypanosome infection in a little red flying-fox 

Several species of trypanosome have been identified in Australian bats; Trypanosoma pteropi within the 

black flying-fox (Pteropus alecto), Trypanosoma hipposideri from the dusky horse-shoe bat (Hipposideros 

ater), the apparently cosmopolitan Trypanosoma vegrandis in both pteroptid bats (P. alecto, Pteropus 

scapulatus) and microbats (Chalinolobus gouldii, Nyctophilus geoffroyi), the exotic Trypanosoma dionisii 

most recently reported in five species of Australian microbat (C. gouldii, Chalinolobu morio, N. geoffroyi, 

Nyctophilus major and Scotorepens balstoni), and the novel Trypanosoma teixeirae sp. n. discovered 

within a little red flying-fox (P. scapulatus) (Mackerras, 1959; Mackie et al., 2017; Barbosa et al., 2016a; 

Austen et al., 2015a; Austen et al., 2020). Concerning the latter, there have been two published reports 

detailing a potential case of trypanosomiasis within the same little red flying-fox. The first study 

molecularly identified T. teixeirae sp. n. and suggested it as the causative agent of trypanosomaisis in 

this animal (Barbosa et al., 2016a). The second study focused on identifying the clinical findings, 

concluding severe anaemia and revealing intravascular haemolysis and inflammation (Mackie et al., 

2017). A blood smear examination further demonstrated the presence of trypanosome-like flagellates, 

with DNA analysis confirming the trypanosome was a novel species. However, as other pathologies such 

as interstitial pneumonia were also present at the time of examination, whether the trypanosome 

parasite was the causative factor in the animal’s poor health remains unknown. Furthermore, 

concerning the other trypanosome species discovered in Australian bats, there have been no reports of 

detrimental health or mortality arising from infection with these parasites. If we were to consider a likely 

invertebrate vector for Australian bat trypanosomes, we would have to refer to anecdotal suggestions 

based on studies investigating international bat species. Here, several vectors are proposed and not all 

via the traditional salivarian, stercorarian, or mechanical trypanosome-vector transmission routes.  If we 

were to contemplate these characteristic transmission routes, international studies have revealed sand 

flies are vectors of T. (Megatrypanum) leonidasdeanei in parts of South America (Zeledón and Rosabal, 

1969). Similarly, bat bugs (cimicids) are described vectors for T. dionisii and T. (Megatrypanum) incertum 

in African and European countries (Gardner and Molyneux, 1988). However, oral infection via the 

consumption of trypanosome-infected insect vectors (i.e. by insectivorous bats) and through the 

grooming habits of bats cannot be ruled out as potential routes of transmission for several species of 



 49 

trypanosome (Lima et al., 2013). In Australia, other haematophagous invertebrates may also play a role 

in trypanosome maintenance in bat populations; black flies (simulliids), biting midges (culicoides), and 

mosquitoes are all prospective vector candidates for both vector and oral transmission routes (Currie et 

al., 2018; Lakew et al., 2021). Hence, until further research is conducted on these numerous invertebrate 

candidates, the verdict is out on which would be the more likely vector(s) in maintaining Australia’s 

trypanosome transmission cycles.  

 

1.4.3. Zoonotic potential 

To date there is no evidence to suggest that native Australian trypanosomes are zoonotic. 

Nevertheless, a study has indicated that T. copemani may be resistant to human serum 

(Austen et al., 2015b). However, as vertebrate infective forms (i.e. metacyclic 

trypomastigotes) were not used, the actual relevance of this finding in terms of risk for 

human infection is presently unknown. Moreover, there are currently no reports of T. 

copemani infection in humans. As the vector for this parasite remains unknown, 

demonstrating a potential transmission between invertebrate vector and humans has yet 

to be attempted.  

 

1.4.4. The threat from exotic trypanosomes: Biosecurity concerns 

Whilst from a conservation perspective, there is an increasing awareness that indigenous 

Australian trypanosomes found within wildlife can have detrimental effects on host 

health and population fitness, biosecurity concerns have likewise been raised in regard 

to the potential for establishment of exotic trypanosomes - abetted by continuous 

migration and cross-continental trade - within Australia’s native wildlife (Thompson and 

Thompson, 2015). At present, several exotic trypanosomes have been identified in 

Australia from introduced fauna, with T. lewisi the only species currently described as 

naturally infecting native Australian rodents (Hydromys chrysogaster and R. fuscipes) 

(Mackerras, 1959). The exotic T. cruzi and T. evansi, responsible for disease in humans 
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and livestock respectively, and hence a significant economic burden in overseas countries, 

have previously been experimentally transmitted to native Australian mammals. 

Experimental infections have confirmed severe health effects that arise from extreme 

parasitaemia occasioning death in the majority of examined animals (Backhouse and 

Bolliger, 1951). In addition, given the recently established close genetic relationship 

between T. cruzi and the indigenous Trypanosoma noyesi, the latter of which has been 

described in multiple mammalian species (Botero et al., 2016a), there is a further 

biosecurity concern that the invertebrate vector(s) of T. noyesi, which remain 

unconfirmed, may have vector competence for T. cruzi, facilitating transmission between 

humans and native Australian wildlife (Thompson 2018). Nevertheless, assessing the 

potential biosecurity risk posed by both indigenous and exotic trypanosomes to 

Australian wildlife is currently problematic since the invertebrates capable of harbouring, 

and henceforth transmitting indigenous trypanosomes to date remain unknown.  

 

1.5. Research aims and hypotheses 

Considering the future research required in this area, the overarching aim of this study 

was to investigate Australian indigenous wildlife trypanosomes and their association with 

invertebrates as potential vector candidates; focusing on the mammalian Trypanosoma 

species located within an endemic region of south-west Australia.  

 

It is hypothesised that the vectors for indigenous Australian trypanosomes will be 

common invertebrates that have a widespread distribution across the continent; in 

keeping with the wide-ranging geographical distribution of frequently reported species 

including T. copemani, T. noyesi and T. vegrandis. To facilitate future research concerning 

vectors for Australian trypanosomes, the aims and outcomes for this research project will 
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be achieved by focusing our attention on presently suspected invertebrate vector 

candidates - ticks and tabanids - and investigating their association with indigenous 

mammalian trypanosomes. Specifically, this study aims to: 

• Investigate the presence of mammalian trypanosomes in ticks (questing and on-host) 

and tabanids (wild-caught) from an endemic region of south-west Australia using an 

integrated approach that incorporates molecular, cytogenetic and microscopy 

techniques. 

• Identify the species (and hence diversity) of trypanosomes present in ticks and 

tabanids so as to better understand the species that are affiliated with certain 

invertebrates which may be used to inform conservation and biosecurity efforts.  

• Visualise trypanosomes (if present) within ticks and tabanids and resolve 

developmental stages to determine the existence of a potential life cycle; important 

as the life cycle of Australian trypanosomes is unknown. 

• Investigate the potential route of transmission for trypanosomes (if present) by 

examining tissues that traditionally correspond with biological and mechanical spread 

of trypanosomes, so as to better understand invertebrate host-parasite interactions 

and the likely dissemination of these parasites within the Australian ecosystem.  

 

The aims and outcomes for this project will be achieved by investigating the following key 

research questions: 

1. Are questing ticks capable of harbouring trypanosomes, and if so, what tick life 

stage(s) are trypanosome parasites commonly found within? 

2. What are the developmental stages of trypanosome that are observable within 

invertebrates, and do these stages (if any) correlate with known morphological forms? 
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3. Which tissue(s) appear to be associated with trypanosomes, and hence, can we 

suggest the presence of a biological and/or mechanical route of transmission? 

 

In this thesis, the materials and methodologies applicable to multiple chapters are 

described in further detail in Chapter 2, as well as referred to within the relevant Chapters 

where the study design(s) and analytical approaches are covered.  

 

The key research questions are presented in each of the following Chapters of this thesis 

and include: 

Chapter 3. Addresses the scarcity of previous research concerning Australia’s 

trypanosome life cycle and the unknown vectors responsible for their transmission and 

maintenance within the ecosystem. Specifically, Chapter 3 provides an in-depth literature 

review assessing the current knowledge gaps concerning indigenous trypanosomes and 

the previously proposed vectors, Australian ticks (Ixodidae). The purpose for this 

comprehensive review was to establish areas where scientific evidence has been lacking 

so as to recommend ways in which to explore this invertebrate and their association with 

Australia’s trypanosomes more comprehensively, through the use of a combination of 

investigative techniques. 

Chapter 4. Describes the first investigation concerning questing ticks and Australian 

trypanosomes. Using a combination of molecular, cytogenetic and microscopy 

techniques involving DNA detection, direct visualisation using a FISH probe and protocol 

specifically designed for this study, and optical microscopy, we provide the first 

confirmation of Trypanosoma noyesi parasite cells of varying developmental life stages 

within the gut and gland contents of questing ticks. These combined data have been 

significant as they indicate trypanosomes as capable of surviving between tick life stages. 
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The findings from this study further support the proposal that ticks may serve as potential 

vectors for Australian trypanosomes.  

Chapter 5. Provides the first comparative molecular analysis of Trypanosoma DNA in 

questing ticks and feeding ticks from Australia. Using HRM-qPCR and Sanger sequencing 

techniques, different species of trypanosome including T. copemani, T. noyesi, T. 

vegrandis/T. gilletti and Trypanosoma sp. ANU2 were detected in both questing and 

feeding ticks. Statistical analyses were performed using the generated datasets, with the 

results suggesting the nymphal tick life stage as significant for the possible transmission 

of trypanosomes. This information is significant as it can be used to better inform 

conservation efforts for wildlife that may be vulnerable to trypanosome infections.  

Chapter 6. Investigates the association between Australian trypanosomes and the 

haematophagous biting fly (syn. tabanid). Given the anecdotal reports yet limited 

scientific studies concerning tabanids and their potential involvement as indigenous 

trypanosome vectors, this study focused on utilising the methods developed and 

successfully applied in Chapters 4 and 5 to subsequently examine wild-caught tabanids 

for the presence of trypanosomes. Individual tabanid tissues were isolated for the first 

time and screened for trypanosomes using a combination of techniques. The purpose for 

tissue separation and individual screening was to establish a potential route of 

Trypanosoma transmission. The data generated from this study revealed T. noyesi as a 

parasite of high prevalence within tabanids. Species detected at a lower incidence 

included T. copemani and T. vegrandis/T. gilletti. This study further revealed a novel 

molecular signature of a monoxenous trypanosomatid sp. not previously reported in 

Australian tabanids, which is investigated further in Chapter 7. For the first time, 

Trypanosoma cells resembling the epimastigote life stage were visualised within the 

salivary glands of DNA positive tabanids. Furthermore, SEM of a tabanid proboscis 
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revealed a Trypanosoma sp. flagellate attached to the lumen. Both observations confirm 

an important association between Australian trypanosomes and tabanids and are 

suggestive of tabanids serving a possible role as vectors in the salivarian and/or 

mechanical routes of transmission.  

Chapter 7. Provides an extension to our discovery of a unique molecular signature as 

presented in Chapter 6, that suggested the presence of a novel monoxenous 

trypanosomatid sp. within tabanids. By implementing a nested-PCR and sequencing 

approach, we were able to generate a longer fragment of the 18S rRNA gene that was 

suitable for performing downstream phylogenetic inferences. This investigation revealed 

the novel DNA signature as a Leptomonas sp., with phylogenetic positioning confirming 

its placement within the subfamily Leishmaniinae and sharing a close proximity to the 

species Leptomonas tenua. This investigation provides the first report of a Leptomonas 

sp. within tabanids at both the international and domestic level.  

Chapter 8. Here the combined findings from this research project are discussed in 

relation to the project aims and key research questions. Suggestions concerning future 

research directions are provided. 

 

The majority of the information presented in Chapters 3, 4, 5, 6 and 7 has been published 

or prepared for publication in international peer-reviewed journals prior to the 

submission of this thesis. These Chapters are presented as per their published/submitted 

versions; formatting has been modified to remain consistent with the style used 

throughout this thesis.  
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Part I  
Preparative methods for the study of invertebrates 

I. Introduction 

Prior to the collection of invertebrates for research purposes, it is important to establish 

a sampling strategy and research plan that incorporates the targeted organism, the most 

practical modes of collection, the objectives of the project and henceforth the 

downstream processing that may be required to ensure optimal utilisation of the 

collected specimens. The latter is of particular importance when considering the best 

preservation method to use and the required storage environment, whether it be for 

short- or long-term purposes (Thorp and Rogers, 2016). Following collection, taxonomic 

identification of the organism is typically a necessity, with the classification level to which 

the organism is identified at, largely dependent on the type and purpose of the research 

involved. Dissection is required for internal anatomical investigations as well as tissue 

isolation. Different tools can be used for this purpose; however, the choice of dissecting 

instrument(s) is primarily governed by the size and the nature of the specimen. 

Preservation is of paramount importance to the goal of maintaining cellular components 

as ‘lifelike’ and ‘natural-looking’ as possible. This routinely involves one of two 

approaches that essentially ‘fix’ the specimen – i.e. locks the cellular structures in place 

and inactivates the biochemical processes involved in breakdown and decomposition. 

The first is chemical fixation, which is the most commonly used approach to specimen 

preservation. Here the specimen and/or the specimen’s isolated tissues are immersed in 

a chemical fixative that stabilises cellular contents whilst also permanently suspending 

biological processes. The second approach, physical fixation, instead involves the rapid 

inactivation of cellular processes through the use of microwave energy or low 
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temperatures (Yeung et al., 2015). Both chemical and physical fixation methods however 

have their benefits and limitations. For instance, although physical fixation promotes the 

rapid immobilisation of cellular contents and thereby reduces artefact formation, this is 

only applicable to small specimens with a comparatively small surface to volume ratio. In 

larger specimens, the rate at which the physical fixation is applied would take too long 

for optimal penetration, henceforth increasing the likelihood of an altered structure that 

is not a true representation of the ‘lifelike’ state, which is of particular importance when 

considering ultrastructural studies (Platt et al., 1997; Montanaro et al., 2016).  Therefore, 

it is essential that the fixation method chosen for incorporation into the research plan is 

best suited to the techniques that would be required for downstream analyses. In many 

cases, this involves a combined use of both chemical and physical fixation to optimise 

preservation and subsequently, the desired research outcomes.  

   

II. Invertebrate collection and identification 

For this study, ticks (Acari: Ixodidae) and tabanids (Diptera: Tabanidae) were collected 

from the Upper Warren Region of south-western Australia, a 144 000-ha area of nature 

reserve that supports threatened and priority fauna including the woylie (syn. Brush-

tailed bettong; Bettongia penicillata; Fig. 1). Invertebrate sampling occurred throughout 

the spring and summer months of 2018-2020, in concurrence with wildlife surveys 

conducted by the Department of Biodiversity, Conservation and Attractions (DBCA) in 

collaboration with Murdoch University. Questing/free ranging invertebrates were also 

collected by individuals and wildlife organisations as part of a volunteer involvement 

initiative (Appendix C). All volunteers and organisations have been acknowledged in 

publications. Tick collection involved the opportunistic sampling of ticks that were 

actively questing in the field along known wildlife trails within designated trapping 



 77 

transects. Ticks were deemed questing when found actively climbing on clothing and 

equipment on which they had crawled. The collection of tabanids was similarly 

opportunistic, requiring careful swatting and/or net capture to preserve their 

morphology for later identification (Fig. 2). Both ticks and tabanids were immersed in 70% 

ethanol (EtOH) in individual prefilled 2 mL tubes (EppendorfTM, Germany) immediately 

after collection. These tubes were kept at ambient temperatures during field work before 

later transportation to the laboratory and stored at 4°C. Some tabanids were preserved 

in 2.5% glutaraldehyde for prospective electron microscopy (EM) analyses. Adult and 

nymph ticks were identified using a stereomicroscope and a dichotomous key including 

references specific to Australian ticks. Identification was to the species level for most of 

these specimens using Australian reference keys (Roberts, 1970; Barker and Walker, 

2014). The small size of larval ticks required the use of a compound microscope for 

identification purposes. Also, because current dichotomous keys are outdated and 

lacking in description for several species of Australian larval ticks, microscopic 

identification of these specimens was only confident to genus level. Ticks were 

categorised according to species, instar, collection site and date of collection.  

 

Tabanids were similarly identified under a stereomicroscope using morphological keys 

(Mackerras, 1954; 1955; 1960; 1961) and sorted based on date and collection site.  

 

Images of tick and tabanids were captured using a 5MP Dino-Eye Edge Digital Eye-Piece 

Camera attached to a stereomicroscope (Fig. 3). 
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Fig. 1. Woylie (Bettongia penicillata). 

 

Fig. 2. Pilot traps during the preliminary collection of questing ticks (left) and tabanids (right).  
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Fig. 3. Imaging station for tick and tabanid identification. 
 

 

III. Manual dissection techniques 

The following section details the preparation and protocol adopted for the dissection of 

ticks and tabanids for the purpose of tissue isolation for downstream analyses.  

 

Specimens were first rehydrated using a series consisting of 70% to 50% EtOH to 

phosphate buffered saline (PBS), prior to dissection. Individual specimens were placed in 

a sterile disposable petri dish and coated with a drop of PBS to prevent desiccation of the 

tissues. Using sterile forceps, specimens was orientated in preparation for dissection. A 

sterile disposable scalpel blade was used for each individual specimen. For ticks, the 

scalpel blade was positioned at the anterior end dorsally. The scutum was removed by 

cutting first across the dorsal shield and continuing to cut around the edges of the scutum. 

Using forceps, the dorsal section was removed to reveal the internal tissue contents.  Line 

drawings of internal tick structures were used as reference to identify tissues of interest 

(Sonenshine and Roe, 2013). Where possible, the salivary glands and midgut were 

isolated, removed and subsequently placed in separate 1.5 mL tubes (EppendorfTM, 

Germany) containing PBS for examination. In the instance in which ticks were too small 
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or damaged as a result of collection, these specimens were macerated using a sterile 

disposable scalpel blade so as to assist the release of tissue contents before being scraped 

into 1.5 mL tubes (EppendorfTM, Germany) containing PBS. Ticks that were destined for 

combined molecular and microscopy studies were bisected with sterile disposable 

scalpels; one half utilised for DNA extraction and the other half utilised for microscopy 

analyses.  

 

The dissection of tabanids involved the use of a sterile disposable scalpel blade for initial 

piercing of the exoskeleton dorsally, and longitudinal cutting of the chitin from the 

anterior end of the thorax continuously to the posterior end of the abdomen. Forceps 

were then used to separate the chitin and expose the tabanids internal tissues. Diagrams 

portraying Diptera internal structures (Haines, 2013) were used as a guide for tissue 

identification purposes. Using sterile forceps, tissues of interest: salivary glands, 

proventriculus, midgut and hindgut were isolated and placed within individual tubes 

(EppendorfTM, Germany) containing PBS. Similarly, forceps and the sterile scalpel blade 

were used to isolate the proboscis from the head. Where possible, the proboscis was 

segregated into its individual structures comprising the labium, labrum and hypopharynx. 

Mandibles were similarly isolated where feasible. In the instance in which tick and tabanid 

tissues were not used immediately for subsequent examinations, they were dehydrated 

to 70% EtOH and stored at 4°C until required.    

 

IV. Preservation techniques to optimise different downstream analyses 

The method of preservation used for a biological specimen depends on the intended use 

of the specimen of interest as well as the objectives of the study. For the purpose of DNA 

extraction, specimens should be immersed in a concentration of between 70 – 100% 
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ethyl alcohol (syn. ethanol; EtOH) to facilitate DNA extraction and downstream 

sequencing (Bressan et al. 2014; Stein et al. 2013). However, high concentrations of EtOH 

can cause specimens to become brittle and prone to damage, whereas a low 

concentration of EtOH permits shrinkage of the body and hence, alters internal features. 

For this study, the majority of specimens were stored in 70% EtOH which was found to 

protect specimens from degradation whilst also preserving external morphology for 

taxonomic identification. Furthermore, when preserved in 70% EtOH, specimens 

remained supple for dissections whilst also suitable for genetic analysis and optical 

microscopy. Since EtOH is relatively slow to diffuse throughout the body of invertebrates 

due to their exoskeleton, EtOH treated specimens were permanently stored under cold 

conditions at 4°C. Other preserving agents or ‘fixatives’ including paraformaldehyde and 

glutaraldehyde, similarly protect external morphology however these agents are better 

suited for studies in which the integrity of internal tissues is important. Such studies 

include ultrastructural examinations for which the use of EMs are required for minuscule 

detail and related interpretations (Platt et al., 1997; Montanaro et al., 2016). 

Unfortunately, these preserving agents remain limited in their applicational use for 

genetic studies. In order to retain the high level of structural integrity of soft tissues, these 

fixatives form cross-bridges in protein and DNA molecules which ultimately inhibit the 

successful extraction of high-quality genetic material. With this consideration, only a 

small number of specimens, designated for EM as part of this study, were fixed in 2.5% 

glutaraldehyde to be utilised for the purpose of gaining supplementary data. Specimens 

intended for light microscopy were either kept at 70% EtOH and later fixed on a 

microscope slide in 100% methanol for 5 min before being allowed to air-dry, or for the 

purpose of tissue sectioning and subsequent cytogenetic analysis involving molecular 

probing, immersed in a compatible fixative. For this study, 4% paraformaldehyde fixation 
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was used for a maximum of 16 h (i.e. O/N). To increase the rate of diffusion and hence 

minimise the potential structural damage from natural post-mortem degradation, legs 

were removed from specimens to facilitate a rapid penetration of the fixative used. 

Specimens fixed in glutaraldehyde and paraformaldehyde solutions were further stored 

at 4°C. Finally, a preliminary study investigating the suitability of cryosectioning for 

optimal FISH involved the use of liquid nitrogen (N2) at a temperature of -196°C to rapidly 

preserve the morphology of living specimens, thereby reducing degradation and the 

incidence of ice crystal artefacts which cause tissue structural disturbances. Despite its 

suitability for both ultrastructural and genetic applications, this method which required 

the use of a cryostat for tissue sectioning, was ultimately unsuitable for ticks and tabanids 

due to their hard exoskeleton that resulted in tissue tearing and hence a loss of structural 

integrity. Consequently, to maintain tissue integrity during tissue sectioning whilst 

ensuring nucleic acid preservation, specimens containing a hard exoskeleton were 

embedded in a clear glycol methacrylate resin (Technovit 8100, Kulzer, Germany) 

specific for cold polymerisation.  

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 



 83 

Part II  

Molecular approaches 

I. Introduction 

With the continual advancement of existing molecular tools, as well as influx of new 

techniques and platforms that are becoming increasingly available to researchers 

(Goodwin et al., 2016; Shendure et al., 2017), it can be somewhat overwhelming when 

deciding on the extraction method most suited to acquiring genomic information from a 

particular sample type. The selection of a DNA extraction method is a crucial step, 

especially when the subsequent analysis is dependent on the quality and quantity of the 

DNA. Unlike mammals and other vertebrate animals in which DNA retrieval from soft 

tissues and blood is generally a straightforward procedure, when dealing with 

invertebrates there are several factors – physiology, size, tissue type, tissue quantity – 

which must be taken into consideration in order to maximise DNA yield (Knudsen et al., 

2016). For the purpose of extracting DNA from small invertebrates such as ticks and 

minimal quantities of individual tissue including salivary glands, gut contents and even 

the insect proboscis as in the case of tabanid flies, several researchers have found success 

with using commercial kits purposed for DNA extraction from blood and tissue, with slight 

modifications in regard to digestion (i.e. tissue lysis) time and the amount of reagent used 

to increase DNA yield (Ammazzalorso et al., 2015). For example, due to the commonly 

low parasitaemia exhibited in Australian mammals with regard to Trypanosoma infection 

(Mackerras, 1959; Northover et al., 2019), it has been anticipated that infection in 

invertebrate vectors may similarly exhibit as a low infection. To facilitate the highest 

possible sensitivity in downstream PCR applications, it is therefore vital to maximise DNA 

retrieval by undertaking complete digestion of invertebrate tissues and the removal, 



 84 

where appropriate, of any potential inhibitors such as excess blood. This could simply 

involve a longer digestion time and reducing the amount of blood present (i.e. avoiding 

DNA extraction from unnecessary tissues such as the blood-filled crop of biting flies) at 

the time of DNA extraction. Following the extraction of DNA from samples the next step 

required, before analysis can commence, is amplification of the DNA present in order to 

facilitate DNA sequence detection. Although the traditional, conventional PCR method 

can qualitatively detect DNA, real-time quantitative PCR (qPCR) offers a more sensitive, 

measurable analysis of DNA present. This technique is particularly beneficial in instances 

where the DNA sequence of interest is naturally low in abundance within a sample, or 

there is a limited quantity of DNA available (Pereira et al., 2014). Both situations are 

common occurrences when dealing with invertebrate tissues. Furthermore, qPCR is 

beneficial in that it is capable of providing preliminary validation - that the DNA sequence 

of interest is in fact present in a sample, prior to sequencing; information that is 

accessible in a much shorter time frame when compared to conventional PCR. Lastly, 

qPCR is a cost-effective method that suits the testing of a large series of samples, as in 

the case of bulk screening of invertebrates. High Resolution Melt (HRM) analysis is a 

technique that is used in combination with qPCR and is a highly sensitive molecular tool 

for DNA quantification and detection. In addition, HRM-qPCR is extremely useful for 

genotyping as in the case of detecting mutations (i.e. alterations) in the sequence code. 

For example, HRM-qPCR can facilitate the identification of different species of a parasite, 

such as trypanosomes, by visually presenting an alteration in temperature, causing the 

melt curve of the DNA sequence, observed as a fluorescent signal on the qPCR machine, 

to change (Keatley et al., 2020). Furthermore, if the peak temperature of the melt curve 

has been previously linked to a particular species of trypanosome, then a comparison can 

be made between the sample and the known melt temperatures of reference species, 
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thereby providing an initial identification of the trypanosome species present in the 

sample tested (Masiero et al., 2017; Winder et al., 2011). HRM-qPCR also has the capacity 

to detect mixed infections within a DNA sample, a quality that is often unnoticed when 

using conventional PCR. Nevertheless, as these peak temperatures observed as 

alterations in the melt curve of an HRM-qPCR provide only preliminary information, 

validation is still required in the form of sequencing (Keatley et al., 2020). Conventional 

nested-PCR is a technique referred to primarily for the purpose of reducing non-specific 

amplification of the DNA template. A nested-PCR is therefore more specific, as it uses two 

primer sets and is performed by two successive PCR reactions. The second PCR reaction 

is important as it is this reaction which reduces the amount of non-specific binding since 

most of the amplicons here will only contain the target sequence, as opposed to the 

entire gene region (Kim et al., 2008). Similar to the HRM-qPCR presented, nested-PCR is 

also useful in that it can amplify genes present in low abundance, and therefore is a highly 

sensitive molecular detection technique. Nevertheless, nested-PCR does have its 

drawbacks in that the potential for carryover contamination of the reaction (i.e. false 

positives) is increased due to the additional manipulation of amplicon products. However, 

stringent protocols including separating pre- and post-PCR processes can minimise 

carryover and is routinely incorporated in DNA laboratories, particularly in ancient DNA 

analyses (Cooper and Poinar, 2000). Finally, and perhaps most important to note, is that 

where HRM-qPCR amplifies a small fragment of DNA (i.e. 250 bp), nested-PCR can target 

and amplify a significantly larger fragment of the genetic code (> 800 bp), vital for 

performing any downstream phylogenetic inferences including establishing genetic 

relationships between different species of a genus. Lastly, no matter which PCR 

technique is employed, verification of the amplicons is still required by way of sequencing. 

Dideoxy Sanger sequencing, known as Sanger or first-generation sequencing, is the most 
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routinely used sequencing method for detecting PCR amplified DNA sequences (i.e. 

amplicons). Despite the launch of rival sequencing technologies including the next 

generation sequencing (NGS) platforms which enable parallel sequencing of target DNA 

in a reduced timeframe (Goodwin et al., 2016), Sanger sequencing remains the gold 

standard in sequencing. Sanger sequencing has since been optimised from its early 

conception, with reduced run times and the incorporation of automation and 

fluorescently labelled dideoxy-nucleotides that can be detected via laser excitation and 

read by a sequencing machine, creating an output chromatogram that can be analysed 

against pre-existing data and various reference databases now in a timelier and cost-

effective manner (Heather and Chain, 2016). Combined, the data provided by the HRM-

qPCR assay and follow-up Sanger sequencing in particular, provides a cost effective and 

efficient turnaround time for deducing positive samples and acquiring subsequent DNA 

sequences for downstream analyses.  

 

II. DNA extraction from ethanol fixed invertebrate tissues 

The following sample preparation, digestion, and extraction methods were performed in 

a clean laboratory environment, as stipulated by Cooper and Poinar (2000) and 

summarised in Part V. Prior to commencing DNA extraction, ticks were surface sterilised 

with 10% bleach for 1 min followed by a 5 s vortex, before being submerged in 70% EtOH, 

vortexed, and rinsed in distilled water (dH2O). Each tick was then moved to a clean petri 

dish where a disposable sterilised scalpel was used to longitudinally cut the tick in half 

(Fig. 4). One half of the tick was placed into a 1.5 mL tube (EppendorfTM, Germany) in 

preparation for digestion. The other half was placed in 70% EtOH and stored at 4°C until 

required for further analysis. A QIAGEN DNeasy® Blood & Tissue Kit (QIAGEN, Germany) 
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and the supplementary protocol “Purification of total DNA from insects using the DNeasy® 

Blood & Tissue Kit” were used as the foundation for the following extraction method: 

 

For unengorged (i.e. questing) adults, nymph, and larval ticks, and tabanid tissues: 

proboscis (labium, labrum, hypopharynx), 180 μL ATL and 20 μL Proteinase K was added 

to the tubes (EppendorfTM, Germany) containing the prepared samples.  

For engorged adults, nymphs, and larval ticks (engorgement determined by their globular 

swollen appearance and decreased depth of festoon and scutum grooves), 360 μL ATL 

and 40 μL Proteinase K were added, with the amount recorded for subsequent referral.  

 

 

Fig. 4. Questing (unengorged) tick (left) and fed (engorged) tick (right). 

 

Tubes containing the lysis solution with sample were vortexed to mix and spun lightly on 

a mySPINTM Mini Centrifuge to collect the solution and sample at the bottom of each tube, 

before being placed in a heating block, oven or water bath to be incubated at 56°C for 16 

to 18 h. Post digestion, tubes were removed from the heating environment and 

centrifuged at 15,000 rpm for 1 min. For unengorged samples, 200 μL of supernatant was 

removed and added to 1.5 mL tubes containing 400 μL of 1:1 AL/EtOH solution. For 

engorged samples, 400 μL of supernatant was removed and added to tubes containing 

800 μL of 1:1 AL/EtOH solution. Tubes containing the solution were vortexed and spun 
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briefly. Using a pipette, 600 μL of the solution in each 1.5 mL tube was transferred into a 

spin column, which was placed in a collection tube, and spun at 8,000 rpm for 1 min, with 

flow-through discarded. For engorged samples, this process was repeated with the 

remaining 600 μL of solution. Next, 500 μL AW1 wash buffer was added to each spin 

column, centrifuged at 8,000 rpm for 1 min, and flow-through discarded. 500 μL AW2 

wash buffer was then added to each spin column, centrifuged at 15,000 rpm for 3 min, 

with flow-through discarded. Spin columns were placed into sterilised 1.5 mL tubes 

(EppendorfTM, Germany) with lids removed. The addition of 30-60^ μL AE buffer followed, 

with the AE buffer directly applied to the spin column membrane. Samples were 

subsequently incubated at rt for 4 min, before being spun at 8,000 rpm for 1 min. A 

second elution was performed with the flow-through pipetted back over the spin column 

membrane and incubated again for 4 min, followed by a centrifuge at 8,000 rpm for 1 

min. The flow-through in the 1.5 ml tubes containing the DNA was added to individually 

labelled 1.5 mL tubes (EppendorfTM, Germany) and stored in a freezer at -20 °C. Extraction 

reagent controls (EXT) were run in parallel with the DNA extractions in order to exclude 

cross contamination from downstream analyses.  

^ volume of AE buffer used was dependent on initial sample size – larger samples required more AE 

buffer; smaller samples required less.  
 

III. Quantitative PCR for increased sensitivity and preliminary species-specific 

identification 

Due to several factors: the small size of ticks, limited amount of tissue available for 

analysis in tabanids, potential for mixed infections as well as the low parasitaemia 

typically detected in Australian marsupials concerning trypanosome infection (Mackerras, 

1959; Northover et al., 2019), a qPCR protocol with HRM capability was chosen. The 

purpose of utilising the following HRM-qPCR protocol, specifically developed to detect 
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common West Australian mammalian trypanosomes including T. copemani, T. noyesi (syn. 

Trypanosoma sp. H25) and T. vegrandis, was to increase the sensitivity of detecting 

trypanosome DNA sequences of low abundance and within a short time frame, the latter 

particularly efficient for analysing bulk samples.  

 

Prior to commencing HRM-qPCR runs, lyophilised stock primers were reconstituted using 

PCR grade H2O and stored in the freezer at -20 °C. In preparation for qPCR, primers were 

diluted using PCR grade H2O, resulting in a 10 μM working primer suitable for qPCR. A 

Trypanosoma genus-specific HRM-qPCR protocol, developed by Murdoch University 

(Keatley et al., 2020), which amplifies a short ~250 bp region of the 18S ribosomal RNA 

gene (18S) was used as follows: 

 

DNA extracts were thawed at rt before a brief vortex to mix DNA followed by a quick spin 

down using a mySPINTM Mini Centrifuge to collect the DNA at the bottom of each tube. 

In a DNA-free room, qPCR consumables – qPCR tubes, caps, chilled tube holders, 1.5 mL 

tube (EppendorfTM, Germany) for Mastermix preparation, calibrated pipettes and filter 

tips were UV sterilised. In a UV sterilised fume hood, a Mastermix consisting of 

MeltDoctorTM HRM Master Mix (Applied Biosystems, California, USA), PCR grade H2O, and 

both forward 5’ AGCCTGAGAAATAGCTACCAC 3’ and reverse 5’ 

CGAACCCTTTAACAGCAACA 3’ primers were formulated in the 1.5 mL tube (EppendorfTM, 

Germany), before being vortexed and lightly centrifuged prior to distribution in 9 μL 

aliquots between qPCR tubes. DNA concentrations including neat DNA and dilutions 

consisting of 1:10 and 1:100 DNA: H2O were previously tested to determine suitable 

concentration for downstream sequencing. To make a reaction volume of 10 μL, 1 μL of 

DNA extract was added to each qPCR tube. The qPCR tubes were subsequently loaded 
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into a Rotorgene Q machine with HRM capability, and with the following thermal cycling 

profile: an initial denaturation at 95°C for 10 min, followed by 40 cycles of 95°C for 15 s, 

60°C for 30 s, and then a second cycle repeated once which included 95°C for 10 s and 

60°C for 60 s. The HRM involved a 60°C to 95°C increase by 0.2°C increments every 2 s. 

This followed with a 90 s pre-melt. All HRM-qPCRs were run with positive and negative 

controls consisting of Trypanosoma DNA clones (T. copemani, T. noyesi, T. vegrandis G6, 

T. vegrandis G7), a Leishmania control (L. macropodum) and reagent only (i.e. DNA-free) 

samples respectively. 

 

To assess the success of the HRM-qPCR run, Rotor-Gene Q Series Software 2.1.0 was used 

to analyse the melt curve for each sample. Samples with peaks corresponding to the 

positive controls were preliminarily identified to species level as either T. copemani, T. 

noyesi, T. vegrandis, or a mixed infection depending on curve features and alignment with 

positive controls. These positive samples were stored in the refrigerator at 4°C for the 

purpose of sequencing for species confirmation. Samples with peaks not corresponding 

to positive controls were similarly stored in the refrigerator at 4°C prior to sequencing.  

 

IV. Nested-PCR for improved gene specificity and phylogenetic inferences 

Whilst HRM-qPCR was utilised predominantly throughout the experiments performed 

within this thesis, nested-PCR was required for the purpose of gaining additional 

information for establishing phylogenetic relationships. In this thesis, a conventional 

nested-PCR targeting a 1.5 kb fragment of the 18S rRNA gene was performed on 

specimens initially determined as of ‘interest’, following a prior HRM-qPCR analysis. 

These specimens appeared to contain novel trypanosomatid DNA that had been 
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amplified by the HRM-qPCR technique, and therefore species validation via phylogenetic 

discrimination was required.  

 

Prior to commencing the nested-PCR, lyophilised stock primers were reconstituted using 

PCR grade H2O and stored in the freezer at -20 °C. In preparation for the primary reaction, 

primers SLF and S762R (McInnes et al., 2009) were diluted using PCR grade H2O, resulting 

in a 10 μM working primer suitable for the reaction. The nested-PCR protocol as 

described by Botero et al. (2013) was performed as follows: 

 

DNA extracts were thawed at rt before a brief vortex to mix DNA followed by a quick spin 

down using a mySPINTM Mini Centrifuge to collect the DNA at the bottom of each tube. 

In a DNA-free room, PCR consumables – PCR tubes, chilled tube holders, 1.5 mL tube 

(EppendorfTM, Germany) for Mastermix preparation, calibrated pipettes and filter tips, 

were UV sterilised. In a UV sterilised fume hood, a Mastermix consisting of 10X Buffer, 

25mM MgCl2, 4mM dNTPs, Cresol, Taq polymerase (InvitrogenTM, ThermoFisher), PCR 

grade H2O, and both forward reverse primers were formulated in the 1.5 mL tube 

(EppendorfTM, Germany), before being vortexed and lightly centrifuged prior to 

distribution in 24 μL aliquots between PCR tubes. Neat DNA was subsequently added to 

each tube to make a reaction volume of 25 μL. All nested-PCR reactions were run with a 

positive control consisting of Trypanosoma DNA and a negative (i.e. reagent only; DNA-

free) control. The PCR tubes were loaded into a conventional PCR machine (PT100 

thermocycler, MJ Research) preloaded with the following thermal cycling profile: a pre-

PCR denaturation at 94°C for 5 min, with annealing at 50°C for 2 min, and extension at 

72°C for 4 min. The PCR protocol proceeded thereafter with 35 cycles of 94°C for 30 s, 
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55°C for 30 s, and 72°C for 2 min 20 s. A final extension at 72°C for 7 min concluded the 

primary reaction.  

 

The secondary nested-PCR reaction specifically targeted and amplified a 959 bp fragment 

within the 1.5 kb fragment previously amplified during the primary reaction. For this 

secondary reaction, a second primer set (S825F and SLIR) was used in place of the first 

primer set as above and in accordance with the same reagents described for the first 

reaction (McInnes et al., 2009). Template DNA (i.e. amplicons) generated from the 

primary reaction was added to each PCR tube. The thermal cycling for the secondary 

reaction followed the same parameters as described for the primary reaction with one 

exception - the PCR annealing temperature was increased to 57°C for 30 s.  Post 

amplification, PCR tubes containing amplicons were stored in the refrigerator at 4°C for 

the purpose of sequencing. 

 

V. DNA sequencing from PCR products 

In preparation for DNA sequencing, HRM-qPCR and nested-PCR products were run on a 

1.5% (w/v) agarose gel electrophoresis (AGE). The agarose (FisherBiotech, Wembley, 

Australia) was dissolved in 1 X TAE buffer and stained with SYBR Safe Dye (InvitrogenTM, 

California, USA).  Blue/orange loading dye, 6X (Promega, Madison, USA) was added to 

each HRM-qPCR product. A 100 bp and 1 Kb molecular weight ladder (Promega, Madison, 

USA) was used to determine the size of the qPCR and nested-PCR products respectively. 

The AGE was run at 80 V and 300 amp, for 45 min. The DNA bands were visualized using 

a UV transillumination system, with images retrieved and saved using a Cannon camera 

and AlphaDigiDoc software. DNA bands of expected amplicon size (~250 bp for qPCR and 

~960 bp for nested-PCR) were excised from the agarose gel using a sterilised scalpel and 
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placed in 100 μL filter pipette tip cut to size (Yang et al. 2013) and placed in a labelled 1.5 

mL tube (EppendorfTM, Germany). Gel bands were placed on top of the filter tip, the tube 

lid closed, and the tube centrifuged at 14,000 rpm for 1 min. The tubes were opened, 

and filter tip removed. The purified DNA product was located at the bottom of each tube. 

Filter tip discarded, the tube containing purified product was stored in the freezer at -

20°C until sequenced. 

 

Purified PCR products were commercially sequenced by the State Agricultural 

Biotechnology Centre (SABC), Murdoch University, in forward and/or reverse directions 

using an ABI PrismTM BigDye v3.1. Cycle Sequencing Kit (Applied Biosystems, California, 

USA) on an ABI 373096 Capillary Sequencer according to the manufacturer’s instructions. 

For PCR products determined of poor concentration, AMPure XP beads (Beckman Coulter, 

Indianapolis, USA) were used to concentrate select PCR products prior to sequencing. 

Sequence chromatographs were received in FASTA file format for analysis.  

 

VI. Analyses and phylogenetic inferences 

Sequenced DNA chromatograms were aligned using the MUSCLE alignment tool (Edgar, 

2004) in Geneious v10.2.2 (Kearse et al. 2012) and identified using the Basic Local 

Alignment Search Tool (BLAST, http://blast.ncbi.nlm.nih.gov/Blast.cgi) for sequence 

comparison to the National Center of Biotechnology Information (NCBI) in an attempt to 

resolve species level taxonomy. Sequences were only assigned to a species if the query 

sequence matched a database reference sequence with a pairwise identity match of ≥ 95% 

(since ~5% can be considered a sequencing error) and ≥ 75% query coverage. Phylogenies 

were inferred using the maximum likelihood (ML) method. The software MEGA v7.0.21 

(Tamura et al., 2013) was used to determine the most suitable nucleotide substitution 
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model and selected based on the Bayesian Information Criterion (BIC). A ML phylogenetic 

tree with bootstrap resampling using 1000 replicates was constructed using PHyML v3.2 

in Geneious (Guindon et al., 2010; Kearse et al., 2012). 
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Part III  

Cytogenetic detection using fluorescence in situ 

hybridisation (FISH) 

I. Introduction 

Fluorescence in situ hybridisation (FISH) is a cytogenetic detection technique that is 

founded on the complementary nature of DNA and RNA. FISH uses known DNA or RNA 

nucleotide fragments (i.e. commercially synthesised short sequences) that and when 

coupled with a fluorophore, performs as a probe (i.e. a fluorescent beacon) to detect the 

presence or absence of complementary sequences in cells and tissues, visualised as a 

signal using a fluorescence microscope. Specifically, a labelled DNA or RNA probe is used 

to hybridise to a known target of DNA or mRNA in a cell or tissue sample. The 

fluorescence observed under the appropriate microscope (i.e. confocal or 

epifluorescence) is the product of electromagnetic excitation (Tyagi and Kramer, 1996). 

FISH technology has several advantages for parasite detection: high sensitivity, specificity 

in DNA or RNA recognition in a sample, direct application to targeted cells and tissues, 

rapid detection, and the ability visualise the hybridisation signal at the cellular level (Kliot 

and Ghanim, 2015). Nevertheless, successful FISH experiments are highly dependent on 

the protocol used and its suitability for the samples being tested, as well as other sample-

specific factors such as preservation (i.e. fixation) method, age and sample 

autofluorescence. When considering the most appropriate fixation method for samples 

designated for downstream FISH applications, cryopreservation is the best method. 

Cryopreservation involves the use of N2 or isopropanol to snap freeze live biological 

specimens. This almost instantaneous freezing reduces the potential for morphological 
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distortion in tissues, hence preserving tissue ultrastructure as if were still ‘alive’. If 

immediate (i.e. while fresh, alive or promptly upon the death of a biological sample), 

cryopreservation avoids the formation of tissue drying artefacts, autolysis due to 

enzymes within the tissue, and decomposition post mortem (Jang et al., 2017). 

Cryopreserved fresh and sectioned tissues are most suited to FISH applications, due to 

their ‘natural’ composition – they do not contain any added chemicals that can prevent 

penetration of the FISH probe for successful hybridisation. However, not all tissues are 

suited to cryopreservation. In particular, soft tissues with a hard-external layer are prone 

to a slower deep freeze, increasing the risk of internal discrepancies, especially in regard 

to the soft tissue structures. Furthermore, when it comes to cutting these tissues using a 

cryostat machine, there is a significant issue of tissue tearing as the density of the hard-

outer layer is so different from that of the internal softer layers (Bronson et al., 1991). 

This has been a particular drawback for work with invertebrates such ticks, which possess 

a hard exoskeleton that typically covers a soft, and in many instances, grossly engorged 

inner structure (Sonenshine and Roe, 2013). It is in cases such as these that an alternative 

method of preservation (i.e. fixation), is often required. Organic solvents such as ethanol 

and methanol preserve cells by way of dehydrating and precipitating proteins. Ethanol is 

the most effective preservation method particularly for molecular applications, as it 

preserves the nucleic acid content in cells, though at the cost of cell membrane integrity. 

Similarly, methanol is typically incorporated for a quick fixation of smears and tissue 

sections onto microscope slides (Hobro and Smith, 2017). Methanol is a good fixative 

here as it provides for effective FISH work and has a low background staining. However, 

for optimum results in structural integrity, an aldehyde-based fixative is usually needed 

prior to any downstream microscopy applications. Formaldehyde, paraformaldehyde and 

glutaraldehyde all provide a low level of tissue shrinkage, hence delivering a good 



 97 

preservation of cell structures (Platt et al., 1997). Unfortunately, these aldehydes are not 

suitable for molecular-based work as they cause cross-linking between proteins and 

nucleic acids in cells, preventing adequate nucleic acid retrieval for subsequent analyses 

(Hobro and Smith, 2017). Nevertheless, paraformaldehyde at a low concentration of 

around 4% has been shown to retain its suitability for FISH (Hammer et al. 2001; Bagheri 

et al., 2017), however fixation time must be carefully monitored to reduce the risk of 

decreased hybridisation due to nucleic acid cross-linking. Concerning the FISH protocol, 

it is important to incorporate several steps to maximise results. Firstly, background signal 

is a problem for many FISH applications, particularly when dealing with embedded tissues 

as opposed to single cells. Background signal can be reduced by acetylation of the 

microscope slide and mounted tissue. Acetylation commonly involves the application of 

triethanolamine and acetic anhydride which prevents non-specific binging of the probe, 

resulting in recued background signal (Jensen 2014; Hohagen et al., 2015). Secondly, 

incubation time is of paramount importance in the FISH protocol. An incubation time that 

is extensive increases non-specific binding, whereas a reduced incubation time has the 

potential to result in decreased binding of the probe to the target DNA or RNA, 

henceforth affecting detectability (Tang et al., 2005). Stringency washes post-

hybridisation are similarly important as they eliminate non-specific binding, helping to 

boost the fluorescent signal. The washing steps also assist in removing excess unbound 

probe from tissues, creating a better signal-to-noise ratio (Klyachko et al., 2007; Bagheri 

et al., 2017). Finally, to ensure the accurate interpretation of FISH results, it is crucial that 

appropriate controls are included in each experiment. These include both negative and 

positive controls that support the validity of hybridisation and help to identify any 

potential experimental artefacts.  
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II. Oligonucleotide probe design 

The Trypanosomatid-specific 18S rDNA oligonucleotide fluorescent probe used in this 

study, 5’ /5Alex647N/GTAGTCCACACTGCAAACGATG 3’ (Integrated DNA Technologies, 

Coralville, Iowa, USA), was designed by Dr. Adriana Botero as follows: 

Several Trypanosoma 18S rRNA reference sequences, specific for Trypanosoma spp. and 

genotypes within Australia as well as the T. cruzi clade, were obtained from GenBank. The 

18S rDNA sequences for Leishmania macropodum, Bodo spp. found in woylies (Northover 

et al., 2019), the universal Bodo sultans, and other invertebrate flagellates including 

Chrithidia, Leptomonas and Herpetomonas were also included. Th inclusion of Bodo spp. 

reference sequences into this analysis was important as Bodo spp. DNA had been 

amplified in ticks using the qPCR primers specified in Part II. Moreover, Bodo spp. DNA 

was similarly found in the blood of woylies (Northover et al., 2019). Therefore, by 

incorporating Bodo spp. DNA into the nucleotide alignment for analysis, a probe could be 

designed and refined to prevent hybridisation to Bodo spp. DNA as well as other 

invertebrate flagellates (Crithidia, Leptomonas, Herpetomonas), optimising the probe for 

Trypanosoma hybridisation specifically and avoiding the risk of probe-binding to a 

genetically similar flagellate organism. Sequence FASTA files were imported into 

Geneious v10.2.2 (Kearse et al., 2012) and a multiple nucleotide alignment performed for 

all sequences in this reference library. Conserved regions in the nucleotide alignment 

were observed and sequences of interest (i.e. a bp region that is the same for all 

appropriate reference sequences in the alignment) noted. Next, these conserved region 

sequences of interest were compared with the same region found in the Bodo spp. 

included in this reference library, and the conserved region sequence of interest that 

showed a two or three bp mismatch to the Bodo spp. noted. The remaining sequences of 

interest that were similar to Bodo spp. (i.e. showed the same bp sequence or only 1 
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mismatched bp) were discarded. The 22 bp conserved region sequence of interest 5’ 

GTAGTCCACACTGCAAACGATG 3’ for the 18S rDNA gene with a CG content of 50% and a 

melting/annealing temperature of 54.8°C was chosen for this study.   

 

Since many invertebrate tissues, and in particular tick tissues, exhibits autofluorescence 

when excited with UV illumination (Hammer et al. 2001; Shade 2018), prior to the 

commercial synthesis of the oligonucleotide probe, a suitable fluorophore had to be 

selected to attach to the 22 bp sequence (as above). In an attempt to determine an 

appropriate wavelength signal for the probe used in this study, resin-embedded 

(Technovit 8100, Kulzer, Germany) ticks were sectioned at 4 μm on a microtome 

(Sorvall JB-4), with sections floated on a microscope slide (Superfrost® Plus, 

ThermoFisher Scientific) using dH2O and subsequently stained with DAPI (ThermoFisher 

Scientific, Australia). Upon drying and mounting with a coverslip, tissue sections were 

observed using different UV filters attached to a confocal microscope (Nikon A1Si). As the 

tick tissues showed significant autofluorescence in both the green and red spectrum, the 

far-red spectrum was chosen due to its wide bandwidths. Consequently, the Alexa Fluor 

647 fluorophore with an excitation peak of 650 nm and emission peak of 665 nm, 

optically viewed as a strong red signal, was selected. The DNA oligonucleotide probe was 

commercially synthesised with the Alexa Fluor 647 fluorophore attached to the 5’ end 

and suspended in IDTE Buffer at a pH of 8.0 (Integrated DNA Technologies, Coralville, 

Iowa, USA).  

 

III. Pre-treatment to reduce non-specific binding 

Prior to commencing FISH using the DNA oligonucleotide probe designed for this study, 

the microscope slides with attached sections and smears to be tested, were acetylated 
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with triethanolamine and acetic anhydride, so as to reduce non-specific binding of the 

probe. This step was important for the purpose of preventing non-specific binding of the 

probe, as the Alexa 647 fluorochrome showed increased background signal in trial 

experiments. Slides were equilibrated in 0.1 M triethanolamine (Sigma-Aldrich) at pH 8.0 

for 10 min. Specifically, 50 μL of triethanolamine was added to each section or smear 

using a calibrated pipette. After 10 min, the triethanolamine was removed from the slides 

using a plastic fine pipette; the pipette was changed per section or smear. Slides were 

immediately acetylated with 50 μL each of 0.25% acetic anhydride (Sigma-Aldrich) mixed 

vigorously in fresh 0.1 M triethanolamine at pH 8.0 for 5 min. Post acetylation, excess 

solution was removed using sterile plastic pipettes, before slides were rinsed with 2xSSC 

for 10 min. Treated slides were allowed to air dry O/N at rt.  

 

IV. FISH protocol 

The FISH protocol tailored for this study required the construction of humidified 

chambers for microscope slide incubation (Fig. 5). These chambers were important as 

they ensured the tissue sections and smears saturated with the probe mixture would not 

dry out - the consequence being non-specific binding and a high background staining 

affecting subsequent parasite detection. Humidified chambers were assembled from 

plastic pipette tip boxes. These boxes with pipette rack removed, were sealed with 

masking tape to create an air tight environment during incubation. Polystyrene 

rectangles, cut to fit the internal length of the chamber boxes, were glued in place so as 

to create a rack to place microscope slides on. To simulate a humidified environment, 

filter paper, wet with dH2O, was lined at the bottom of the chamber boxes. Therefore, 

the polystyrene racks provided a level raised surface for the slides to rest on, away from 
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the wet filter paper and therefore minimising the loss of reagents during the incubation 

periods.   

 

The FISH protocol used in this study was partially adapted from Klyachko et al. (2007) and 

included several modifications to suit this study. For prehybridisation, 40 μL of 50°C 

prewarmed hybridisation solution (HS) (Sigma-Aldrich) without probe was added to the 

slides containing tissue sections or smears, and subsequently incubated at 56°C in a 

prewarmed vacuum oven, for 1 hr in a humidified chamber. The HS was removed using a 

sterile plastic fine pipette, changed between sections or smears to avoid contamination. 

Probe preparation involved the dilution of the probe in HS at a ratio of 1:10. Dilution was 

achieved in a tube (EppendorfTM, Germany), with the mixture vortexed for 2 s and briefly 

spun down using a mySPINTM Mini Centrifuge. To facilitate probe binding to the target 

region of DNA, the probe and HS mixture was heated to 95°C for 2 min. For hybridisation, 

slides were incubated at 56°C for 2.5 h in 40 μL of HS with 50 ng/μL of fluorescent probe 

in a humidified chamber. To prevent photo beaching, the vacuum oven window was 

covered with aluminium during the incubation period. Post-hybridisation, in a reduced 

light environment the slides were stringency washed in SSC as follows: 100 μL of 1xSSC 

added to each section or smear for 10 min at rt. SSC removed using plastic fine pipettes; 

100 μL of 1xSSC added to each section or smear for 10 min at 56°C. SSC removed using 

plastic fine pipettes; this incubation step repeated; 100 μL of 1xSSC added to each section 

or smear for 10 min at rt. SSC removed using plastic fine pipette; finally, dH2O added to 

slides for 1 min. Tap dried on Kimwipes (Kimtech ScienceTM) and air dried in the dark 

O/N. Microscope slides were coverslipped and mounted using anti-fade ProLongTM Gold 

with DAPI (Thermo Fisher Scientific, Eugene, Oregon, USA) before subsequently stored in 

the dark at 4°C. In each FISH experiment, fixed cells of cultured Trypanosoma spp. (T. 
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copemani, T. noyesi) as well as Trypanosoma-DNA negative tick sections and Bodo-DNA 

positive tick sections were included as controls for validation. At least 12 sections per tick 

were analysed. Hybridised tissue sections were examined with an epifluorescence 

microscope (Zeiss, Axioskop 2 Plus) equipped with a HAL 100W lamp and EXFO X-Cite 120 

Fluorescence Illumination System at 400x and 1000x magnification. Narrow-band filter 

cubes for red and blue excitation were used to observe the fluorescin Alexa 647 and 

DAPI signals respectively. Micrographs were captured using a Zeiss Axiocam digital 

camera and Zeiss ZEN 3.0 software (Carl Zeiss, Jena, Germany). Smears consisting of 

macerated tick and tabanid tissues were processed and visualised in the same routine as 

outlined above.  

 
 
Fig. 5. Humidified chamber purposefully constructed for FISH assays. 
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Part IV 

Microscopy techniques 

I. Introduction 

Microscopy is the universal, gold standard technique for diagnosing blood-borne 

infections (Ricciardi and Ndao, 2015). Although molecular techniques are arguably more 

time efficient, and the quantitative technologies highly sensitive at detecting DNA from 

samples with low parasitaemia (Ndao, 2009; Sow et al., 2017), when it comes to 

investigating the morphology and life stages of various parasites, microscopy remains an 

essential requirement. There are several different microscopy techniques that can be 

applied to parasite cells for the purpose of providing comprehensive information 

concerning their shape and structure. Light or optical microscopy refers to a microscope 

that uses visible light with lenses to magnify a field of view. Combined with an appropriate 

stain so as to enhance visualisation of the cell and cellular components, optical 

microscopy is useful for detecting and visualising basic features of cells (Murphy and 

Davidson, 2012b). For example, Giemsa stain, which is the prototypical stain used to 

detect blood-borne parasites including Trypanosoma (Moody and Chiodini, 2001), is 

capable of morphologically differentiating the nucleus and cytoplasm regions of a cell by 

staining them red (i.e. the eosin component) and blue (i.e. the methylene blue 

component) respectively. Whilst highly proficient for detecting trypanosomes in blood 

smears, Giemsa however can fall short when attempting to visualise parasite cells within 

other ‘more complex’ media such as insect tissues. Since Giemsa highlights nucleic acids 

and cytoplasmic features in all cell types, the ability to detect trypanosomes in media 

other than blood - the cellular types of which are typically very straightforward to discern 

(i.e. RBCs and WBCs are easy to discriminate from trypanosome cells) - is extremely 
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challenging. This was confirmed by Minuzzi-Souza et al. with a study that aimed to 

identify T. cruzi in field-caught triatomine bug vectors. The results generated using both 

microscopy and qPCR technology revealed that microscopy screening of Giemsa-stained 

slides failed to detect more than half of the infections in the triatomine bugs, significantly 

underestimating the frequency of T. cruzi infections in these insects (Minuzzi-Souza et al., 

2018). Certainly, this difficulty is only amplified when the morphology and life stages of a 

trypanosome species is unknown. This has been a significant challenge when 

investigating the presence of trypanosomes within the gut, tissues and glands of 

unexplored invertebrates such as Australian ticks and tabanids. To compensate for this 

difficulty, the combination of microscopy with cytogenetic techniques has proven 

invaluable for trypanosome detection and visualisation, as highlighted in Part III with the 

utilisation of FISH technology. Specifically, this technique requires the use of an 

epifluorescence and confocal microscope that exploits the characteristic of 

fluorochromes, which are commercially synthesised fluorescent labels that are attached 

to a synthetic DNA oligonucleotide sequence called a probe, so as to emit a fluorescent 

light following excitation with light of a certain wavelength (Murphy and Davidson, 

2012a). For superior image clarity, a confocal microscope is required. Additional 

microscopy platforms for observing morphological features of cells include the electron 

microscopes: Scanning (SEM) and transmission (TEM). As their names suggest, both SEM 

and TEM utilise an electron beam. For SEM, this beam is scanned over the surface of a 

sample, rather than through the sample as in the case of TEM, with SEM producing a 

magnified image of the sample so as to provide morphological, compositional and 

topographical information (Schatten, 2012). Where SEM is useful for visualising the 

external features of a parasite, such as the flagellum and overall shape of a trypanosome, 

what this technique does not facilitate is an understanding of the cell’s viability or its life 
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stage. Hence, TEM is typically employed to investigate the internal structures of a 

Trypanosoma cell, which correspondingly informs as to life stage - based on the 

orientation of internal components such as the nucleus and kinetoplast in relation to the 

flagellar - and other useful internal features such as the organisation of kinetoplast 

minicircles and maxicircles, which can provide further understanding of the relationship 

between different Trypanosoma species that share a similar kinetoplast arrangement 

(Botero et al., 2018). Finally, a useful yet often overlooked platform especially in the 

parasitology field (O’Sullivan et al., 2018), is micro-CT. Similarly referred to as 

microtomography or micro computed tomography, micro-CT (μCT) is fundamentally a 3D 

microscope that employs X-rays to provide a detailed image on structure observations 

within a histological scale, yet in a larger spatial context. Essentially, μCT affords the 

opportunity to view the internal features within a specimen, section by section, but 

without the need to physically dissect or segment the specimen as per other microscopy 

practices. μCT facilitates this non-destructive method of interrogation by creating virtual 

slices of any orientation within an unsectioned specimen, enabling regions of interest to 

be viewed intact. This ability to view the inside structures of a specimen prior to physical 

dissection supports anatomical analyses as well as the capacity to potentially locate any 

unusual features within a specimen (O’Sullivan et al., 2018; Sumner-Rooney et al., 2019). 

μCT allows for a volume to be interrogated, in contrast to standard microscopy platforms 

that only provide 2D information of cross-sectional areas, which may or may not intersect 

with the region of interest. Hence, μCT is beneficial for its ability to generate data 

concerning the spatial orientation of internal features, such as organ placement, without 

the need for manual tissue sectioning, which in itself has several drawbacks including 

disturbance of cellular structures and creation of artefacts (Paterson et al., 2014). 

Evidently, various microscopy platforms have different benefits depending on the 
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investigator’s line of enquiry. For this study, several different microscopy platforms were 

utilised in combination with molecular technologies for the purpose of providing a more 

well-rounded and complete approach to answering the questions generated throughout 

this project.  

 

II. Sample preparation: tissue sections 

Invertebrates destined for downstream analysis as tissue sections were processed for 

cold resin embedding. Invertebrates were initially stored in 70% EtOH, and dissections 

were performed as per the protocol described in Part I. Briefly, ticks were bisected (½ for 

molecular analysis and ½ for microscopy applications). The tick half purposed for cold 

resin embedding also involved leg removal using a sterile scalpel, so as to facilitate resin 

infiltration. Tabanid organs (proventriculus, midgut, hindhut, salivary glands) including 

the proboscis and its constituent structures (labium, labrum, hypopharynx) were 

dissected out and placed in separate tubes containing 70% EtOH. In preparation for resin 

embedding, samples were rehydrated in 50% EtOH for 30 min, followed by 100% PBS for 

1 h. Samples in PBS were placed under vacuum to remove air bubbles that could affect 

subsequent infiltration steps. PBS was replaced with fresh 4% paraformaldehyde (PFA) in 

PBS. Samples were kept in this fixative O/N at 4°C. The Technovit 8100 infiltration 

solution (Technovit 8100, Kulzer, Germany) was prepared fresh a day prior to 

infiltration, as per the manufacturer’s instructions. To wash samples, the PFA was 

replaced with PBS, 3x for 15 min each, and finally dH2O. Samples were dehydrated in a 

cold ethanol series: 50%, 70%, 90%, 100%, 100% for 30 min each. Samples in 100% EtOH 

were placed under vacuum to remove any air bubbles. To facilitate ethanol infiltration, 

samples were placed on a shaking block set at a low speed for 10 min prior to 

refrigeration at 4°C. The 100% EtOH was replaced with 100% acetone 3x for 1 h each per 
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sample. An infiltration mixture consisting of 1:3 infiltration solution : acetone (100 %) was 

prepared. Acetone was removed from the samples using a plastic pipette and replaced 

with 2 mL of the infiltration mixture. Samples were maintained in a dark environment 

using aluminium foil. To assist infiltration, samples were placed on a shaking block set at 

a low speed for 10 min prior to refrigeration at 4°C O/N under dark conditions. 

Subsequent infiltration steps comprising of increasing concentrations of infiltrate to 

acetone ratios over several consecutive days at 4°C, were as follows: infiltration mixture 

of 1:1 infiltration solution : acetone (100%) at 4°C O/N; infiltration mixture of 3:1 

infiltration solution : acetone (100%) at 4°C O/N; infiltration 100% infiltration solution at 

4°C O/N; and a final infiltration 100% infiltration solution at 4°C O/N and maintained until 

subsequent embedding. To prepare samples for embedding, samples submerged in the 

100% infiltration solution were transferred to a labelled plastic embedding capsule and 

orientated at the bottom of the capsule as required. An embedding solution consisting 

of infiltration solution and Hardener II was prepared using a magnetic stirrer according 

to the manufacturer’s instructions. As polymerisation occurs quickly with this resin 

(Technovit 8100, Kulzer, Germany), the infiltration solution in the embedding capsules 

was removed using a fine plastic pipette and immediately replaced with the embedding 

solution. The embedding solution was removed using a fine plastic pipette and 

immediately replaced with fresh embedding solution to rinse the samples. Since the 

Technovit 8100 resin requires the absence of oxygen for complete polymerisation, 

embedded samples were placed on ice packs under vacuum for up to 4 h, prior to long 

term refrigeration at 4°C under dark conditions (Fig. 6). Samples ready for sectioning 

were first removed from the embedding capsule using a sterile scalpel blade and 

subsequently mounted on a purposed microscope stage holder and cut to size (i.e. excess 

resin surrounding the sample was removed) using a sterile scalpel blade. Samples were 
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sectioned on a Sorvall JB-4 microtome using previously prepared sterile glass knives. 

Tissue sections (5 μm thick) were floated on sterile dH2O placed on charged microscope 

slides (Superfrost® Plus, ThermoFisher Scientific) to facilitate tissue adherence for later 

staining and FISH applications. Microscope slides were subsequently air-dried and 

labelled. Dried microscope slides were stored at 4°C in a dark slide box until required for 

downstream processing. 

 

 
 

Fig. 6. Tick embedded in Technovit 8100 resin. Labelled embedding capsule with prepared tick 
(A), Tick embedded in cured resin (B), Aerial view of tick embedded in cured resin (C). 

 

 

III. Sample preparation: smears 

Bisected nymph and adult ticks, as well as tabanid tissues (proboscis, proventriculus, 

salivary glands, midgut, hindgut) were processed to produce cell smears for various 

downstream histological staining and cytogenetic detection. Tick smears were prepared 

from the contents of one half of a tick (the other tick half purposed for molecular 

analyses), previously preserved in 70% EtOH and stored at 4 C. Tick halves and tabanid 

tissues were individually macerated in PBS using sterile forceps and disposable scalpel 

blades. Centrifugation and vortexing assisted in cell dispersal. A pipette containing 40 uL 
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of the tissue and PBS mixture was used to spread the contents onto a microscope slide; 

a second glass slide was used to spread the contents atop the bottom glass slide to 

produce a thin smear. After air drying, slides were submerged in 100% methanol for 5 

min. Methanol-fixed slides were air dried at rt in a dark room under laboratory conditions 

O/N. Smears were subsequently prepared for the purpose of histological staining or FISH 

as described below. 

 

IV. Staining for distinct features and identification 

Giemsa – blood-borne parasite detection and morphological identification 

Giemsa stain (Sigma-Aldrich) is the gold standard staining technique used for the 

detection and histopathological diagnosis of blood-borne parasites including those within 

the Trypanosomatidae family (i.e. Leishmania, Leptomonas, Phytomonas, Trypanosoma). 

Its application is beneficial for morphological differentiation between nuclear, kinetoplast 

and cytoplasm components of parasite cells particularly. Following methanol fixation and 

subsequent drying, smears intended for Geimsa staining were placed on a clean bench 

surface atop of paper towels. Using a sterile plastic pipette, several drops of Geimsa stain 

solution (Sigma-Aldrich 4800) were dispensed onto the smeared slides until covered 

evenly with solution. Smears remained immersed in solution for 45 min. Using a sterile 

plastic pipette. Smeared slides were rinsed with dH2O to remove excess stain. Rinsing was 

performed until the water ran clear. Stained smears were left to air dry before mounted 

with DPX (Sigma-Aldrich) and systematically examined on an optical microscope. 
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Haematoxyin and Eosin (H&E) – histological features, tissue orientation and anatomical 

reference 

Tissue sections were stained with haematoxylin and eosin using a generic laboratory 

protocol to correlate the histology with recognisable tick structures for future reference. 

Briefly, tissue sections heat fixed atop of microscope slides, were placed on a slide rack 

in preparation for staining. Haematoxylin (Harris) stain was applied to the sections until 

covered, using a sterile plastic pipette. Stain was left to penetrate the tissue for 8 min. 

Slides were rinsed with dH2O for 2 min or until the water ran clear. Submersion in acid 

alcohol (i.e. a quick dip) followed by a rinse in dH2O for 2 min prepared the slides for the 

next step. Alkaline blue was applied to the tissue sections for 10 s, then a dH2O rinse for 

2 min to remove excess stain. Slides were dried on a heating block for 30 min prior to the 

final staining. Eosin stain was applied to the tissue sections using a sterile plastic pipette 

and allowed to penetrate the tissue for 15 min. Lastly, slides were rinsed in acetone for 

1 min before a final air dry prior to mounting with DPX (Sigma-Aldrich). Tissue sections 

were subsequently examined using an optical microscope.  

 

DAPI – kinetoplast (kDNA) and nuclear DNA counterstain in fluorescence microscopy 

For the purpose of initial nucleic acid identification and differentiation (i.e. between 

kinetoplast and nuclear DNA) within tissue sections and smeared cellular contents, 

including those of cultured Trypanosoma spp. positive cells, a DAPI working solution was 

added to fixed specimens atop of microscope slides. This working solution was prepared 

as follows: 

 

DAPI stock solution: 1 mL dH2O added to the DAPI (Sigma-Aldrich) to make 14.3 mM (5 

mg/mL) DAPI stock solution. As DAPI has poor solubility in H2O, sonication was necessary 
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to mix. This stock solution was divided between 1.5 mL tubes (EppendorfTM, Germany) 

and stored in the dark at -20°C until required. 

 

DAPI intermediate dilution: Tubes (EppendorfTM, Germany) containing DAPI stock solution 

were thawed in the dark at rt. To prepare an intermediate dilution, 2.1 uL of stock 

solution was added to 100 uL PBS to make 300 μM DAPI. Mixture was vortexed for 5 s. 

 

Working solution: In preparation for cell staining, the 300 μM DAPI intermediate dilution 

was further diluted in 1 mL PBS (i.e. 1:1000) to make a 300 nM DAPI stain working solution. 

Mixture was vortexed for 5 s. 

 

On methanol fixed, air dried tissue sections or smears, 50-100 uL of DAPI working solution 

(i.e. adequate amount required to sufficiently cover the entire tissue section or smeared 

area) was added using a filter tip pipette and subsequently incubated in the dark at rt for 

5 min. Slides were rinsed 2x with PBS for 30 s each, followed by a rinse 2x with dH2O for 

20 s each. Microscope slides were either observed uncovered or mounted with 

ProLongTM Gold Antifade Mountant (InvitrogenTM, ThermoFisher) and coverslipped.  

 

For the purpose of DAPI as a second stain (i.e. counterstain) incorporated with FISH 

experiments, tissue sections and smears hybridised with the fluorescent oligonucleotide 

probe as described in Part III, were subsequently air dried in the dark at rt, before 

mounted with ProLongTM Gold Antifade Mountant with DAPI (InvitrogenTM, 

ThermoFisher). A mountant containing DAPI was used instead of the working solution as 

previously described, so as to avoid additional washing steps which increased the risk of 

probe loss.   
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DAPI stained specimens were examined with an epifluorescence microscope (Zeiss, 

Axioskop 2 Plus) equipped with a HAL 100W lamp and EXFO X-Cite 120 Fluorescence 

Illumination System at 400x and 1000x magnification. Narrow-band filter cube for blue 

excitation was used to observe the DAPI signal. Micrographs of smears were captured at 

1000x magnification.  

 

V. Optical and scanning electron microscopy 

A standard optical microscope (Zeiss, Axioskop 2 Plus) with objectives 5x, 10x, 20x, 40x, 

and 100x oil was used for visualising stained tissue sections and smears. Digital light 

micrographs of trypanosomes and trypanosome-like flagellates were captured at 1000x 

magnification. To compensate for the size of bisected ticks, digital light micrographs of 

tissue sections were captured at 2.5x magnification and merged.  

 

For SEM, tissues previously fixed in 2.5% glutaraldehyde were dehydrated in an ethanol 

series consisting of 30%, 50%, 70%, 90%, 100%, 100% using a PELCO Biowave machine or 

at rt for 20 min each with gentle agitation on a shaking block. The drying method 

depended on the sample type and size. For small and fragile tissues such as proboscis 

constituents, chemical drying with hexamethyldisilazane (HMDS) was incorporated. 

Chemical drying was as follows: 1 part 100% EtOH : 1 part 100% HDMS for 15 min. 

Mixture removed with sterile plastic pipette; 100% HMDS only for 15 min. Removed with 

sterile plastic pipette and repeated once; the final 100% HMDS covering the sample was 

left to evaporate O/N in a fume hood. Larger specimens and tissues were processed in a 

critical point dryer for up to 3 h with liquid N2 flushing performed 3x at 1 h each. In both 

drying processes, dried tissues were removed using sterile forceps and mounted on stubs 
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with adhesive carbon or copper. To view to lumen of gut tissues and the internal tubes 

of the tabanid proboscis, a sterile disposable scalpel was used to gently section and 

expose the internal contents of the tissue of interest. Tissues on stubs were then coated 

with 10 nm gold (Au). Tissue smears spread on microscope slides were air dried prior to 

coating with 10 nm Au. Slides were attached to the SEM stage using conductive tape. 

Both tissues and smears were imaged at 5 kV at a working distance of 12 mm using a 

Zeiss 55VP field emission SEM.  

 

VI. Epifluorescence and confocal microscopy 

Tissue sections and smears hybridised with the complementary fluorescent 

oligonucleotide sequence as described in Part III, were examined with an epifluorescence 

microscope (Zeiss, Axioskop 2 Plus) equipped with a HAL 100W lamp and EXFO X-Cite 120 

Fluorescence Illumination System at 400x and 1000x magnification. Narrow-band filter 

cubes for red and blue excitation were used to observe the fluorescein Alexa Fluor 647 

and DAPI signals respectively. Micrographs were captured using a Zeiss Axiocam digital 

camera and Zeiss ZEN 3.0 software (Carl Zeiss, Jena, Germany).  For the purposes of 

assessing tissue autofluorescence (Fig. 7) and increasing optical resolution, a Nikon A1Si 

confocal microscope was employed with similar parameters.  
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Fig. 7. Tick tissue autofluorescence observed using a confocal microscope. Colour channels: top 
left (DAPI) and right (Alexa 488); bottom left (Alexa 594) and right (Alexa 647). 
 

VII. Micro-computed tomography (syn. micro-CT; μCT) 

Micro-computed tomography (μCT) was employed for the anatomical orientation of 

samples without inflicting damage to important structures. This non-destructive 

technique was crucial for obtaining the initial internal anatomical references that were 

needed for downstream tabanid proboscis dissections and resultant analyses. Specifically, 

μCT facilitated the virtual dissection of the head and mouthparts of tabanids by way of 

generating a series of virtual sections that could be viewed in 2D and 3D perspectives. 

This data supported preliminary microanatomical investigations of the proboscis 

constituents by providing a realistic representation of anatomical positioning and areas 
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of interest requiring further exploration, without the disruption that results from 

dissections and sectioning practices. 

 

With the aim of visualising the 3D structures of the proboscis at the micrometer (μm) 

scale so as to determine precise spatial relationships, size, shape and proportion of the 

three main proboscis constituents (labium, labrum, hypopharynx), tabanids were 

processed as follows: The head with attached proboscis of a tabanid fixed in 2.5% 

glutaraldehyde was removed using a sterile disposable scalpel blade. The tissue was 

stained with 1% iodine solution (1% iodine in 100% dH20) to increase tissue contrast, and 

gently agitated on a shaking block for up to 48 h. To avoid shrinking artefacts caused by 

water loss during the μCT process, the tabanid head with attached proboscis was 

processed in a critical point dryer for up to 3 h with liquid N2 flushing performed 3x at 1 

h each. The dried specimen was subsequently mounted (at the base of the head) onto a 

metal stage pin using superglue. Tabanids were scanned at 80 kV and 7W (max) using an 

X-ray μCT system (Versa 520, Zeiss, Pleasanton, CA, USA) running Scout and Scan 

software (v11.1.5707.17179, Zeiss). Suitable X-ray transmission was achieved using an air 

filter. A total of 3201 projections were collected over 360o, each with a 5 s exposure. 

Source and detector positions were adjusted together with the use of the 0.4x optical 

objective and 2x camera binning to achieve a 7.9 μm pixel resolution. Raw projection data 

were reconstructed automatically using XMReconstructor software (v11.1.5707.17179, 

Zeiss) using the standard 0.7 kernel size recon filter setting. The visualization and analysis 

of data generated from X-ray μCT scans was performed using Avizo (v. 8.1.1, 

ThermoFisher) software using a customised workflow.  
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Part V  

Good Laboratory practices, standards and quality 

control 

I. Introduction 

The significance of maintaining clean standards throughout the experimental process in 

the laboratory setting cannot be understated. A clean laboratory – in other words free of 

dirt, aseptic, and under constant controlled conditions in regard to room temperature 

(rt), airflow, and humidity – is paramount to minimising the risk of contamination. This 

good laboratory practice is especially crucial for any work involving molecular analyses, 

where DNA and resultant PCR amplicon contamination is a real risk for altering the 

validity of results obtained (Cooper and Poinar, 2000). This is because one of the most 

important sources of contamination in molecular studies involving the use of PCR, is the 

generation of aerosols from PCR amplicons that can be easily, and unfortunately 

unknowingly until after the fact, introduced into the reaction mix or post-PCR analysis 

(Witt et al., 2009). Having segregated workbenches purposed for either pre-PCR or post-

PCR work assists in minimising contamination risk. Moreover, the use of UV irradiation 

and laminar flow hoods further assists to eliminate DNA contamination and supports in 

decontaminating surfaces, equipment and consumables. Therefore, ensuring the 

laboratory is suitably equipped and permits a DNA-PCR workflow that minimises 

contamination risk must be assessed prior to commencing any work (Mifflin, 2007). 

When choosing a suitable disinfectant for the working environment, sodium hypochlorite, 

more commonly known as bleach, is the standard choice. Bleach is a fast-acting oxidant 

that can prevent DNA contamination - chlorine effectively breaks the bonds between 
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DNA base pairs, therefore degrading any residual DNA from previous experiments. 

However, as bleach can take longer to degrade DNA and has limited effectiveness on 

certain microorganisms including non-enveloped viruses, fungal spores, and some 

bacteria, a second disinfectant is often required for use in combination with bleach. Ethyl 

alcohol (syn. ethanol; EtOH) is active against most vegetative bacteria, fungi, and lipid-

containing viruses. Ethanol is considered an optimum disinfectant at a concentration of 

70% in water. This is because whilst pure alcohol can dehydrate the cell wall of 

microorganisms, water supports the denaturation of microbial proteins, and therefore a 

water and ethanol mixture is most effective for this purpose. In addition, ethanol in an 

aqueous solution does not leave any residue on disinfected surfaces or equipment and is 

also non-corrosive, unlike bleach. Corrosion is an important factor to consider when 

choosing an appropriate disinfectant, particularly for use with metal equipment (Penna 

et al. 2001; Wu et al. 2017). For experiments requiring a DNA-free work area, special 

formulations such as DNA AWAYTM (Thermo ScientificTM) are available to degrade 

unwanted DNA without affecting subsequent DNA samples. Finally, quality control is 

paramount to supporting the validity of results in a research experiment. Whether 

molecular (i.e. PCR), cytogenetic (i.e. FISH) or microscopy-based (i.e. FISH and histological 

staining) detection, the ability to confidently interpret results by eliminating adverse 

factors including contamination, amplification inhibition, or problems with protocol, 

requires the use of appropriate controls (Cooper and Poinar, 2000; Lorenz, 2012). The 

inclusion of a negative control in each experiment rules out the possibility of 

contamination, the likes of which can lead to a false positive result, especially with 

molecular analyses. On the other hand, the presence of a positive control in each 

experiment is just as important as it ensures the validity of the results obtained (i.e. that 

the test has indeed worked). Again, the significance of including positive controls, 
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particularly in molecular-based experiments, is fundamental to eliminating false negative 

results (Niederhauser et al., 1994).      

 

II. Disinfection of the working environment 

Molecular work was conducted in dedicated laboratories – DNA extraction laboratory at 

Murdoch University, pre-PCR room and post-PCR room, both located at the Western 

Australian State Agricultural Biotechnology Centre (SABC), Murdoch University. A pre-

PCR laboratory located at King Edward Memorial Hospital (KEMH) and a post-PCR 

laboratory situated within UWA’s Human Anatomy and Physiology building were also 

utilised for some samples. Prior to the initiation of molecular-based work, a stringent 

disinfection protocol was followed which involved saturating the working benchtop 

surface in 10% bleach and 70% EtOH. After 5 min, the surface was wiped dry with clean 

paper towels. This was repeated after concluding the work. The pre-PCR work was 

specifically conducted in a UV sterilised laminar flow hood to minimise the potential for 

contamination. The addition of DNA to the PCR reaction mixture prior to thermocycling 

occurred in a separate location and the working bench top had been cleaned with bleach, 

EtOH, and DNA AWAYTM Surface Decontaminant (Thermo ScientificTM). Cytogenetic 

detection involving FISH was performed in the chemical laboratory at the Centre for 

Microscopy, Characterisation and Analysis (CMCA) at UWA. Before any experiments 

commenced, all working surfaces were disinfected with 70% EtOH and wiped dry using 

paper towels. Smears and sections were created on sterile microscope slides atop of 

clean Kimwipes (Kimtech ScienceTM). Reagents were added to microscope slides in a 

laminar flow hood. Finally, for microscopy-based experiments involving various staining 

techniques, working surfaces were similarly disinfected with 70% EtOH prior to and after 

use.  
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III. Sterilisation of equipment 

Depending on the nature of the experiment and the available equipment, sterilisation 

involved the use of UV, 100% EtOH and pre-sterilised disposable consumables. Metal 

forceps used for dissections and manual handling of invertebrates were sterilised in 100% 

EtOH between specimens. Dissections were performed using sterilised disposable scalpel 

blades, changed between each specimen, and for tissue specific experiments, between 

different tissue types. Similarly, microscope slides, petri dishes and plastic pipettes used 

were pre-sterilised. Molecular and cytogenetic experiments – DNA extractions, PCRs, 

FISH - involved the use of pre-sterilised PCR grade consumables including tubes, caps and 

filtered pipette tips. Calibrated pipettes were UV sterilised and cleaned with 70% EtOH 

prior to and after use. Tissue sectioning for microscopy applications was performed on a 

disinfected microtome using disposable glass knives, changed between samples to 

prevent cross contamination. Samples were floated on dH2O atop of sterile microscope 

slides. All microscope slides were subsequently stored in a disinfected slide box and cover 

slipped where appropriate, to prevent aerosol contamination. To maintain a clean, 

aseptic working environment, disposable gloves were worn at all times.  

 

IV. Use of positives and negatives for quality control 

Each experiment involving parasite detection incorporated negative and positive controls 

to assist in results interpretation and validate findings.  DNA extractions included an 

extraction blank (EXT) control per each extraction batch, which contained the reagents 

only. This was important so as to ensure the reagents were not contaminated with foreign 

or sample cross-contamination DNA during the extraction process. PCR assays were run 

with negative controls consisting of reagents only, reagents and PCR grade H2O, and the 
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DNA EXT controls. Positive controls for PCRs included Trypanosoma DNA clones such as 

T. copemani, T. noyesi, T. vegrandis G6 and T. vegrandis G7, or the addition of DNA from 

a previously established trypanosome positive sample. Cytogenetic detection involving 

FISH assays incorporated the following negative controls: resin only sections, DNA-

negative tick sections and DNA-negative tick smears, and reagent only samples. Positive 

controls involved the use of appropriate positives such as sections from resin-embedded 

T. copemani and T. noyesi cultures, and smears from cultures of T. copemani and T. noyesi. 

Finally, for microscopy analyses that required staining procedures such as Giemsa, 

trypanosome cultures were similarly included as validating positive controls.  Importantly, 

DNA extractions, followed by pre-PCR set-up, PCR, and post-PCR processing of amplicons 

all occurred in separate rooms within the laboratory so as to minimise cross-over of DNA 

and amplicons that could otherwise generate false positive results.  
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Linking statement 

 

This opinion review article was developed as a result of an extensive, in-depth cross 

analysis of previous research studies (domestic and international) that were concerned 

with ticks and their association with trypanosomes. The purpose for this article was to 

identify the current knowledge gaps and to recognise areas requiring further research. 

The following article has been formatted in the style of this thesis. 
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Abstract 

Trypanosomes are global blood parasites that infect a wide range of vertebrate hosts. 

Several species of Trypanosoma cause disease in humans and domesticated animals and 

the majority are transmitted between hosts by haematophagous invertebrate vectors. 

Ticks have long been speculated as vectors for Australian trypanosomes. Recent studies 

using advanced molecular techniques have refocused attention on these arthropods, and 

whilst they have renewed discussions about Trypanosoma species and their vectors, 

these reports have simultaneously led to premature conclusions concerning the role of 

ticks as vectors. Here the controversy surrounding ticks as trypanosome vectors is 

discussed. We highlight the unanswered questions concerning the role played by ticks in 

trypanosome transmission and suggest future approaches to resolving these key 

knowledge gaps.  

 

Ticks and their predestined fate as disease vectors 

Found throughout the world ticks belong to the largest and most diverse phylum, the 

Arthropoda. Ticks are obligate haematophagous invertebrates of a diverse array of 

vertebrate hosts (Parola and Raoult, 2001; Sonenshine and Roe, 2013). Although ticks 

feed on blood as a way of obtaining essential nutrients for the purpose of moulting and 

reproducing, it is this promiscuous blood feeding lifestyle that has predestined the tick to 

a life of efficient ‘taxi service’ for a plethora of opportunistic, hitchhiking microorganisms 

(Jongejan and Uilenberg, 2004). Similarly, highly complex relationships have evolved 

between ticks and several of their parasites, like Babesia microti and Theileria parva, 

whose life cycles are purposely adapted to coincide with that of their tick host (Chauvin 

et al., 2009; Nene et al., 2016). Whilst several important vectors such as mosquitoes and 
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biting flies have a holometabolous life cycle, ticks undergo a hemimetabolous 

development (Marquardt, 2005; Sonenshine and Roe, 2013). This can be an important 

factor for the survival of several microorganisms within the tick, because although various 

internal structures are involved in the cell degeneration and regeneration that form part 

of the metamorphosis process, the midgut remains unaltered (Tarnowski and Coons, 

1989; Kahl et al., 1990; Sonenshine and Roe, 2013). This ‘spectatorship’ carried out by 

the midgut and anything within it affords parasites harboured in ticks an opportunity to 

endure the precarious phases of the moult (Sonenshine and Mather, 1994).  

 

Ixodid “hard” ticks are by far the most frequently studied ticks in respect to vector 

capacity (Kahl, 2018). Specifically, it is the multi-host ixodid ticks that are some of the 

most efficient vectors for numerous pathogens because of their interactions with 

different vertebrate hosts throughout their life cycle (Parola and Raoult, 2001; Jongejan 

and Uilenberg, 2004; Kolonin, 2007). Ixodids are the predominant tick family associated 

with Australian wildlife and have several biological features that enhance their vector 

competence (Box 1). There are 71 currently recognised Australian tick species (57 ixodid 

ticks), 55 of which parasitise wild animal hosts (Roberts, 1970; Barker et al., 2014; Ash et 

al., 2017).  The majority of these tick species have a non-host specific lifestyle coupled 

with a cosmopolitan distribution, making them prime suspects in the transmission cycle 

for several infectious diseases in Australia (Barker and Walker 2014; Graves and Stenos, 

2017). 

 

Box 1. What makes ticks efficient vectors? 

Most of the 900 or more recognised species of ticks (order Ixodida) belong to two 

major tick families: the Ixodidae, or “hard ticks”, and the Argasidae or “soft ticks” 

(Guglielmone et al., 2010). Despite their difference in physical appearance, which has 
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rooted their respective “hard vs. soft” tick terms, ixodid and argasid ticks further differ 

in anatomy and life cycle (Sonenshine and Roe, 2013). As a consequence, though 

argasids are certainly capable of and indeed attributed to transmitting several disease-

causing microorganisms, ixodids are by far the most frequently studied ticks in terms 

of vector potential (Parola and Raoult, 2001; Jongjan and Uilenberg, 2004; Fritz, 2009; 

Sonenshine and Roe, 2013). 

 

Table I summarises the biological characteristics of ixodid ticks that facilitates their 

efficient vector capacity for a multitude of parasitic microorganisms. Most ixodid 

species are three-host ticks, acquiring a blood meal at three different times 

corresponding with their three-stage life cycle (larva, nymph and adult), consequently 

feeding from three different animal hosts that are often of different taxa (Kolonin, 

2007; Sonenshine and Roe, 2013). This three-host life cycle is significant for 

dissemination of disease-causing microorganisms between infected and uninfected 

animal hosts (Jongejan and Uilenberg, 2004). Similarly, one-host ticks also take three 

blood meals throughout their life cycle, however feeding is restricted to the same 

individual animal, making parasites ingested by one-host ticks depended on 

transovarial transmission for successful circulation between animal hosts (Sonenshine 

and Roe, 2013; Kahl, 2018).  

 

Table I. The main biological characteristics that enhance the vector potential of the three-host 

ixodid ticks. 

Biological characteristic     Amount/Frequency 

Number of blood meals 3 

Size of blood meals Large (ticks can engorge on blood by a factor of 100-200x for adult 

ticks) 

Duration of blood meals 2-12 days 

Digestion process Commences a few hours after feeding is initiated but can last for 

several weeks or monthsa 

Metamorphosis 2 hemimetabolous moults 

Host specificity For several tick species, feeding involves a great variety of different 

vertebrates 

Distribution Many occupy diverse habitats 
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a Since digestion is so prolonged in ticks, microorganisms acquired from the blood meal have an 

increased likelihood of successful passage from the midgut barrier of the tick to the body tissues and 

organs. 

 

Trypanosomiasis: A tick-transmitted infection? 

The majority of known vectors of trypanosomes are haematophagous invertebrates 

within the class Insecta, and include the orders Diptera (e.g. flies), Hemiptera (e.g. 

triatomine ‘reduviid’ bugs) and Siphonaptera (e.g fleas) (Hoare, 1972), and for aquatic 

and semi-aquatic vertebrates, the leech (order Hirudinea) is the implicated vector (Hayes 

et al., 2014; Lemos et al., 2015). For several years other haematophages including ticks 

have been associated, albeit infrequently, with trypanosome transmission (Ayala, 1971; 

Morzaria et al., 1986; Kato et al., 2010; Svobodová et al., 2017) (Box 2). However, recent 

findings of trypanosome DNA in ticks using modern molecular techniques (Thekisoe et al., 

2007; Austen et al., 2011; Barbosa et al., 2017; Marotta et al., 2018a; b) has once again 

reignited the debate about their role as vectors for trypanosomes.  

 

Flagellates of different morphologies, believed to be trypanosome life stages, have been 

observed in tick species removed from various host animals since 1857 (Leydig, 1857; 

Schaudinn, 1904; Novy et al., 1907; Swellengrebel and Strickland, 1910; Bishop, 1911; 

O’Farrell, 1913; Carpano, 1932; Rodhain, 1942a; b; Mackerras, 1959; Arifdzhanoy and 

Nikitina, 1961). However, C. A. Hoare in his 1972 detailed monograph on trypanosomes, 

clearly denounced any suggestion of ticks as trypanosome vectors, instead proposing 

these parasite forms observed within ticks to be the result of the arthropod haemolymph 

acting as a culture medium (Hoare, 1972). Nevertheless, with a founding (O’Farrell, 1913) 

and agricultural interest in the bovine parasite Trypanosoma theileri, several publications 

ensued suggesting multiple tick genera as hosts (Burgdorfer et al., 1973; Krinsky and 
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Burgdorfer, 1976; Aeschlimann et al., 1979; Shastri and Deshpande, 1981). Similarly, 

investigations concerning ticks that parasitise wildlife hosts (Mackerras, 1959; Weilgama, 

1980) implicated ticks as vector candidates for other trypanosome species. In 1986, the 

first biological transmission of T. theileri-like flagellates to cattle by the ixodid tick 

Hyalomma anatolicum anatolicum was reported (Morzaria et al., 1986) (see below) but 

never confirmed.  It was not until 2007, with advances in molecular technologies, that 

the vectorial potential of ticks re-emerged with the first report of trypanosome DNA 

isolated from the tick Haemaphysalis hystricis (Thekisoe et al., 2007). More recently, 

there have been sporadic accounts of trypanosome infection in ticks (Austen et al., 2011; 

Barbosa et al., 2017; Marotta et al., 2018a; b) raising the question again of whether ticks 

play an important role in trypanosome transmission. 

 

Box 2. Trypanosomes and their transmission 

Trypanosomes are obligate protozoan parasites that are responsible for a group of 

diseases referred to as the trypanosomiases (Desquesnes et al., 2013). The 

trypanosome life cycle is dixenous, involving a vertebrate that typically acts as a 

definitive host called a reservoir and an invertebrate vector that serves as the 

intermediate host (or for some species a definitive host) that is responsible for 

transferring the parasite between different vertebrates (Hoare, 1972). Species of 

Trypanosoma are divided into two groups; the salivarian and the stercorarian 

trypanosomes, a grouping determined by their final infective location within the 

invertebrate vector, prior to transmission (Hoare, 1972). The extent to which the 

invertebrate vector serves as a host can vary and is dependent on several factors 

including the invertebrate species, it’s ecology which encompasses the invertebrate-

vertebrate relationship, the number of vertebrate hosts and hematophagous 

invertebrates present, as well as the species of trypanosome (Hoare, 1972; Lehane, 

2005). In some cases, the invertebrate serves purely as a ‘bridge’ for transferring the 

parasite between successive vertebrate hosts, typically in the course of interrupted 

feeding. Referred to as a mechanical vector, transmission largely relies on the 
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accidental uptake of the infective parasite by a haematophagous arthropod. In most 

instances however, the trypanosome parasite remains within a biological vector and 

undertakes various stages of development necessary to multiply and become infective 

to a subsequent vertebrate host. This biological transmission concludes at the time of 

the vectors next feed (Vickerman, 1985; Dyer et al., 2013). In the tick life cycle (Figure 

I), transmission would be successful if: 

 

1) it feeds on an infected vertebrate host,  

2) acquires the parasite during feeding,  

3) maintains the parasite throughout its life cycle (trans-stadial ‘vertical’ transmission) 

and/or transovarial ‘vertical’ transmission), and  

4) can transfer the parasite to another host when feeding (trans-stadial ‘horizontal’ 

transmission) (Sonenshine and Mather, 1994; Marquardt, 2005; Chauvin et al., 

2009; Sonenshine and Roe, 2013). 

 

Figure I. The differences between trans-stadial and transovarial transmission routes in the 

tick life cycle. 
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Ticks as vectors of trypanosomes: the microscopy era 

The hypothesis that ticks could be vectors of trypanosomes was first made following 

observations of trypanosome-like flagellates within a tick removed from infected cattle 

in 1932 (Carpano, 1932). Several reports followed, all presenting varying degrees of 

morphological evidence depicting the presence of different trypanosome-like forms 

(trypomastigotes, amastigotes, epimastigotes, promastigotes, sphaeromastigotes) in 

various ixodid and argasid ticks (Box 1) from different geographical locations (Rodhain, 

1942a; 1942b; Mackerras, 1959; Arifdzhanoy and Nikitina, 1961; Burgdorfer et al., 1973; 

Krinsky and Burgdorfer, 1976; Aeschlimann et al., 1979; Shastri and Deshpande, 1981). 

However, as appropriately denoted by C. A. Hoare, ticks cannot be identified as a vector 

because the animal infective forms of the parasite - metacyclic trypanosomes – have not 

been observed in ticks (Hoare, 1972). In addition to confirming infective trypanosome 

forms, recognition of the manner in which trypanosomes are transmitted to vertebrate 

hosts is imperative to confirming vector status. 

 

Evidence of transmission by tick bite and feeding 

The only published report describing the biological transmission of trypanosomes by tick 

bite was in 1986 (Morzaria et al., 1986). Conducted in Sudan, this study involved cattle 

and their ticks infected with a trypanosome-like parasite believed to be T. theileri based 

on morphological similarities to flagellates previously described in the tick Amblyomma 

americanum (Krinsky and Burgdorfer, 1976). Several different flagellate forms, not unlike 

those reported in previous studies (Burgdorfer et al., 1973; Krinsky and Burgdorfer, 1976), 

were documented from engorged ticks. The authors proceeded to inoculate three 
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presumably uninfected calves with either a suspension containing trypanosome-like 

flagellates from ground-up infected tick gut contents, or through the application of 

infected adult ticks to the calves ears. Only one of the calves showed any trypanosome-

like flagellates, which were observed on one blood smear from a biopsy of an enlarged 

lymph node. This report, which tantalisingly hints at H. a. anatolicum as a possible vector 

for the bovine parasite T. theileri, unfortunately falls short of confirming vector status. 

 

An alternative transmission route: ingesting infected ticks 

Transmission via either salivary inoculation, faecal contamination of a wound or mucus 

membrane, or through infected mouthparts during interrupted blood feeding are the 

primary routes of infection employed by trypanosome parasites through their 

haematophagous invertebrate vector (Hoare, 1972). Nonetheless, other routes of 

transmission do occur and in 2011 the potential for transmission of Trypanosoma evansi 

to laboratory rodents via the oral route was investigated (Vergne et al., 2011). First, 

rodents were fed T. evansi infected blood resulting in 70% of the experimental rodents 

developing parasitaemia. For the second experiment, uninfected rats were fed engorged 

Rhipicephalus sanguineus adult ticks that had originally fed on the blood of parasitaemic 

rats. Despite ingestion of up to 75 infective engorged ticks over three consecutive days, 

no trypanosomes were observed in any of the rats (Vergne et al., 2011). Several reports 

have emerged of trypanosome species being spread by way of the host ingesting various 

infected invertebrates, but none have implicated ticks (Hoare, 1972; Argañaraz et al., 

2001; Votýpka et al., 2012). 

 

Indications of trypanosome passage between tick life stages and their hosts  

There are several important factors to consider when attempting to understand the 
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transmission dynamics of a particular parasite within a tick vector. For ixodid ticks, 

feeding only occurs once per developmental life stage prior to undergoing an incomplete 

metamorphosis. Additionally, an ixodid tick’s subsequent feed may only take place 

several weeks to months later (Box 1) (Sonenshine and Roe, 2013). Successful trans-

stadial transmission of a parasite from a tick to a vertebrate host depends on whether 

the microorganism can survive the moulting process as well as an extended duration 

within the tick vector.  The trans-stadial (vertical) passage of trypanosome parasites 

between life stages in ticks and subsequent trans-stadial (horizontal) transmission to an 

animal host (Box 2) has been claimed by several early studies. In 1980 D. J. Weilgama 

reported trans-stadial transmission of the parasite Trypanosoma thylacis by the native 

tick Ixodes tasmani to the Australian short-nosed bandicoot (Isoodon macrourus). Results 

indicating the presence of an apparent T. thylacis infection in the moulted ticks suggested 

a successful trans-stadial transmission between tick life stages. Moreover, findings 

suggested that subsequent to the application of what we can only assume were T. thylacis 

infected ticks, the experimental bandicoots presented with a peripheral blood T. thylacis 

infection several days later. However, as T. thylacis in natural conditions presents only as 

a very low-grade infection in bandicoots (Weilgama, D.J. PhD thesis, University of 

Queensland, Australia, 1979), there remains a possibility of misdiagnosis or a transient 

(non-replicative) infection. Yet, without evidence to suggest an alternative route such as 

venereal (e.g. Trypanosoma equiperdum in horses) or maternal transferal (e.g. 

Trypanosoma cruzi in humans) (Norman and López-Vélez, 2013; Gizaw et al., 2017), 

transmission of this parasite via tick feeding is plausible, albeit in need of further 

investigation.  
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The next record of trans-stadial transmission came from researchers in India who were 

investigating the role of ticks (in this case H. a. anatolicum) as vectors of T. theileri (Shastri 

and Deshpande, 1981). Larvae and nymph ticks were fed on experimentally infected 

calves, before being removed for moulting under laboratory conditions. Flagellates of 

various developmental forms were reported in 31% of moulted ticks post infection, 

indicating that trypanosome-like flagellates could persist within the tick from one life 

stage to the next. This is an important finding when contemplating the feasibility of ticks 

as trypanosome vectors, however their report that “infective nymphs lost their infections 

upon feeding on the [subsequent] animals,” is confusing (Shastri and Deshpande, 1981), 

as it would be expected that they would have continued to harbour the insect infective 

flagellate forms, such as epimastigotes.  

 

Early microscopy studies (Weilgama, 1980; Shastri and Deshpande, 1981; Morzaria et al., 

1986; Latif et al., 2004) have clearly demonstrated that for certain trypanosome species, 

such as T. theileri, ticks appear capable of retaining trypanosome forms following 

moulting from one life stage to another. Similarly, it would seem that maintenance of 

some wildlife trypanosome species in ticks between life stages is plausible (Weilgama, 

1980). However, evidence of tick infectiousness under natural conditions remains 

deficient and in serious need of validation.  

 

Another potential route: Ovarian infection 

Transovarial transmission is an alternative route for parasite maintenance in nature 

(Randolf, 1994). This was proposed for the tick H. a. anatolicum based on the observation 

of flagellates within the ovaries of female ticks (Arifdzhanoy and Nikitina, 1961) and 

others have also reported the presence of flagellate forms within this reproductive tissue 
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(O’Farrell, 1913; Burgdorfer et al., 1973; Krinsky and Burgdorfer, 1976). It was not until 

2008 that a detailed examination of tick eggs for trypanosomes was conducted (Martins 

et al., 2008). This study described flagellates believed to be T. theileri, in the ovaries of 

the cattle tick Boophilus microplus (syn. Rhipicephalus microplus). However, following the 

oviposition of eggs by the same colony of female ticks, no flagellate forms were present 

in any of the eggs. As tick species have shown potential to harbour flagellates in their 

reproductive tissues (O’Farrell, 1913; Arifdzhanoy and Nikitina, 196; Burgdorfer et al., 

1973; Krinsky and Burgdorfer, 1976) we cannot fully discount the possibility of 

transovarial transmission based on what remains a solitary investigation (Martins et al., 

208). 

 

The molecular detection of trypanosomes in ticks: a new era 

The first use of molecular tools for the identification of trypanosomes in ticks utilised 

contemporary sequencing technologies to detect and subsequently deduce the 

phylogeny of the tick isolate Trypanosoma KG1 (Thekisoe et al., 2007). The midgut 

contents from field collected ixodid Haemaphysalis hystricis were cultured and 

subsequently inoculated into several argasid Ornithodoros moubata via injection or 

artificial feeding. The authors further inoculated several animals (mice, rats, rabbits, 

sheep) with their trypanosome cultures. Injected ticks showed the insect infective 

epimastigote forms only, whereas artificially fed ticks presented with the ‘animal infective’ 

trypomastigote forms in the midgut and salivary glands. However, no flagellates were 

microscopically observed or genetically detected in their animal experiments.  

 

The next study to incorporate molecular detection methods in the trypanosome-tick 

context was by Australian researchers in 2011 (Austen et al., 2011). They reported 
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developmental forms of Trypanosoma copemani and positive DNA detection of the 

parasite within the haemolymph and midgut of Ixodes australiensis, 49 and 117 days post 

removal from infected quokkas (Setonix brachyurus). In addition, the authors reported 

seeing flagellates in the dried faeces of collected ticks, though not the ‘animal infective’ 

trypomastigote forms that would have suggested a potential stercorarian transmission 

route (Austen et al., 2011). The tick faeces however were negative for T. copemani DNA. 

There is no mention of a post feed moult for any of the ticks so the capacity for this 

parasite to survive a trans-stadial transmission, necessary prior to their next blood meal, 

is unknown. To date, no transmission studies have been conducted to determine whether 

I. australiensis could in fact transmit T. copemani to a subsequent animal host.  

 

In 2017 Australian researchers described mixed trypanosome infections within ticks 

(Barbosa et al., 2017) by analysing the trypanosome DNA present in ticks (Ixodes 

holocyclus and I. tasmani) and their wild koala hosts (Phascolarctos cinereus). Several 

trypanosomes were detected concurrently in ticks and koalas, including T. copemani, 

which was the dominant trypanosome found in ticks. The authors concluded that these 

two tick species are vector candidates for these trypanosome species. However, this 

proposal is premature as it is unknown whether the DNA detected was from viable 

trypanosomes or if the trypanosomes were remnants from an infective blood meal. 

 

In 2018, novel trypanosomes were described in South American ticks Amblyomma 

brasiliense and R. microplus (Marotta et al., 2018a; b). The ticks were directly removed 

from wild animal hosts and the detected epimastigotes were subsequently cultured. The 

authors inferred that the ticks harboured a natural infection but this cannot be concluded 

as in both cases the trypanosomes were most likely derived from a recent blood meal.  
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Vector competence and prevalence of trypanosomes in field ticks remains unknown 

Evaluating the vector competence of ticks for trypanosomes is fundamental to 

establishing whether they can act as a potential source of infection to their vertebrate 

hosts.  Concerning prevalence, the majority of published studies either analyse a small 

number of field collected ticks (Thekisoe et al., 2007) or they refer to ticks collected 

directly from infected animals; the latter significantly increases the probability of finding 

trypanosomes within the tick (Mackerras, 1959; Austen et al., 2011; Barbosa et al., 2017) 

without necessarily establishing that an infection is present. To date only two studies 

have conducted a prevalence screening of ticks for trypanosome parasites. The first 

investigation was carried out over a six-year period and examined more than 3,000 Ixodes 

ricinus ticks that had been collected from forests in Lithuania (Žygutienė, 1998). Dissected, 

the gut contents of ticks were smeared and microscopically examined for flagellates. Only 

3 ticks (0.1%) presented with trypanosome-like flagellates. Additionally, only insect stages 

including epimastigotes and some amastigote forms were reported.  Unfortunately, a 

morphological description of these flagellates was not provided so there is no way of 

knowing the trypanosome species observed. Furthermore, since the level of 

engorgement was not stated, it is not known how recently the ticks had dropped off their 

host, or if they were freshly moulted and thus questing for their next blood meal. The 

second study was in Australia and involved a preliminary investigation of several 

Australian haematophagous invertebrates. The ixodid tick was identified as a 

hypothetical vectorial candidate of T. copemani as well as another native parasite, 

Trypanosoma vegrandis. Removed directly from animal hosts originating from a 

trypanosome endemic area, it is not surprising that the reported infection rates in these 
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ticks were high at 14% and 12% for T. copemani and T. vegrandis respectively (C. 

Thompson, PhD thesis, Murdoch University, 2014). Apart from Žygutienė (1998), no study 

has since determined the prevalence of trypanosome infection in questing ticks from any 

global arena. This is of utmost importance in Australia where the tick has been repeatedly 

suggested as a likely vector for trypanosomes implicated in the poor health and 

population decline of several native Australian mammals (Austen et al., 2011; Barbosa et 

al., 2017). 

 

The Australian trypanosome conundrum: no confirmed vectors 

Very few published reports have detailed the screening of Australian invertebrates for 

trypanosome parasites. Studies to date have all relied on opportunistic sampling, and the 

majority have been from native hosts intended for other research purposes or as part of 

population surveys. The consequence of this random and ‘by chance’ screening of 

invertebrates throughout the years has meant that the identity of vectors for Australian 

trypanosomes remain unconfirmed. Several studies have examined and subsequently 

suggested a number of potential invertebrate vectors (e.g. fleas, ticks, leeches) for some 

of Australia’s native trypanosomes (Mackerras, 1959; Richardson and Hunt, 1968; 

Weilgama, 1980; Hamilton et al., 2005; Austen et al., 2011; Paparini et al., 2014; 

Thompson and Thompson, 2015; Barbosa et al., 2017). However, none have conclusively 

determined the vectorial capability of these invertebrates beyond observing flagellates 

in their tissue contents and/or detecting trypanosome DNA from invertebrates that have 

been directly removed from infected animal hosts. Perhaps of most concern though is 

that anecdotal reports have exacerbated the situation by arguably proposing various 

vector candidates (e.g. the tick I. australiensis) prematurely (Jakes et al., 2001; Smith et 

al., 2008; McInnes et al., 2009; 2011). The danger lies in that these suggestions can give 
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undue bias towards a particular invertebrate candidate, and for Australia’s native 

trypanosomes, this has meant that information about their life histories has continued to 

remain largely neglected. 

 

Why do we continue to assume ticks are vectors for Australian trypanosomes? 

Ticks have been reported as potential vectors for Australian trypanosomes based on 

various forms of incomplete scientific evidence as well as anecdotal suggestions (Table 

1). As common ectoparasites of Australian mammals, the collection and subsequent 

analysis of ticks is more achievable than other, less noticeable, haematophagous 

invertebrates. For instance, Ixodes ornithorhynchi is host specific to the platypus, a 

monotreme frequently infected with the parasite Trypanosoma binneyi. As a 

consequence of their common association with their host, this tick species has been 

assumed a likely vector for T. binneyi (Mackerras, 1959). However, platypuses are equally 

exposed to other haematophages including freshwater leeches and biting flies 

(Mackerras, 1959). In fact, the molecular screening of unengorged and partially fed 

platypus ticks was negative for trypanosome DNA whereas a platypus freshwater leech 

was trypanosome positive (Paparini et al., 2014).  

 

To date, all published studies have investigated ticks directly removed from hosts where 

the potential contamination from a blood meal cannot be ruled out. Therefore a key 

outstanding question remains: Do ticks collected from the field (i.e. have moulted and 

are questing for a new blood meal) carry trypanosome infections (Box 3)?  
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Box 3. Why the examination of questing ticks for trypanosomes is so important 

Ticks that are actively searching for their next blood meal are referred to as questing. 

Questing ticks can either be specialists - focusing on a limited number of host species 

and typically found in close proximity to animal burrows, or they can be opportunistic 

generalists - non-host specific and therefore capable of feeding on a vast variety of 

vertebrate hosts (Sonenshine and Mather, 1994; Kolonin, 2007). This active host-

seeking behaviour occurs between blood meals and after the moulting period. For 

three-host ixodid ticks, questing typically occurs at three different periods that 

correspond with their life cycle (Sonenshine and Mather, 1994; Sonenshine and Roe, 

2013) (Figure I). As such, the examination of questing ticks is important for establishing 

whether ticks can maintain a trypanosome infection in nature, both between host 

feeding and throughout a moult. Currently, no study has properly assessed the 

prevalence of trypanosome infection in questing ticks. Published studies refer to a 

limited number of ticks opportunistically collected from infected animal hosts 

(Mackerras, 1959; Morzaria et al., 1986; Austen et al., 2011; Barbosa et al., 2017; 

Marotta et al., 2018a; b). Consequently, the reported infection rate in these ticks is 

relatively high and cannot exclude a blood meal contamination. As a result there is a 

presently unresolved question as to whether trypanosomes are found naturally 

occurring in questing ticks and if so, whether they represent an important source of 

infection.  

 

Figure I. Questing behaviour in relation to the tick life cycle.  
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Critical comments 

Presently, no published report provides a comprehensive assessment of the vectorial 

capability of ticks for trypanosome parasites. The suggestion that the Australian tick I. 

australiensis is a vector for T. copemani (Austen et al., 2011) was based on xenodiagnosis, 

an established method for monitoring T. cruzi infection in the reduviid bug. This test 

however is not appropriate for monitoring trypanosome progression in ticks as reduviid 

bugs belong to a taxonomically distinct group – invertebrates differ in their incubation 

period, hence their vectorial capacity for trypanosomes cannot be correlated. Next, the 

suggested stercorarian transmission of trypanosomes from tick to vertebrate host 

(Austen et al., 2011) is unlikely for several reasons. Firstly, tick faeces dry rapidly and 

therefore do not provide the moist medium that is required for maintaining trypanosome 

viability (Hoare, 1972; Sonenshine and Roe, 2013). For this reason, O’ Farrell (1913) 

considered faeces an impractical source of infection. While contamination through 

infected faeces is common for fleas, biting flies and reduviid bugs as a result of their 

intermittent, interrupted feeding patterns and constant passage of fluid faeces while 

feeding, the feeding and defaecation habits of ticks are not conducive for successful 

transmission by faecal contamination (Sonenshine and Roe, 2013). Ultimately, because 

of the efficient plug of cement substance produced by several ixodid ticks for secure 

adhesion to their host during feeding, it is highly improbable that trypanosomes could 

enter by this route as long as the tick is attached.  

 

Concluding remarks 

Currently there is no conclusive evidence that ticks are involved in the transmission of 

trypanosomes to Australian wildlife. Existing evidence using advanced molecular 
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technologies suggest that trypanosomes found within Australian ticks collected from 

parasitaemic hosts could be viable several weeks post blood feeding (Austen et al., 2011) 

and researchers have likewise established that the trypanosome DNA present within ticks 

and their hosts correlate (Barbosa et al., 2017). However, blood meal contamination 

remains the primary obstacle in discerning a blood meal infection from a naturally 

acquired infection in the fed tick. The practical approach to overcoming this problem is 

by examining ticks that have already digested a previous blood meal - questing ticks. This 

remains an unexplored field with no investigation having yet assessed the presence of 

trypanosomes in Australian questing ticks. Evaluating whether viable trypanosomes are 

present as an infection within ticks that have moulted and are seeking their next blood 

meal is fundamental to establishing whether they can act as a source of infection to 

subsequent hosts (see Outstanding Questions Box).  

 

Remaining questions are centred upon the post ingestion, internal environment of ticks 

and whether they support the survival and subsequent establishment, multiplication, and 

development of the Trypanosoma species in question. The need to verify viability and 

presence of infective developmental stages – metacyclic trypomastigotes – go hand in 

hand. Clearly, solving these questions will be dependent on a fusion of existing molecular 

and microscopy techniques that afford us information concerning species identity as well 

as morphology and structural integrity. Finally, experimentally confirming transmission 

of infective trypanosomes from infected tick to uninfected host would be the ‘icing on 

the cake’ for validating vector capability. With Australian trypanosomes however, this is 

difficult to achieve given the ethical dilemma of dealing with native species, many of 

which are critically endangered. Nevertheless, perhaps resolution is achievable through 
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extensive sampling of ticks on and off hosts and exploring their vectorial capacity using a 

combination of molecular and ultrastructural analyses. 

  

Outstanding Questions 

 

Do trypanosomes survive the tick moult and subsequent timespan between blood 

meals?  

I. Where are trypanosomes located within the tick tissues? 

II. What trypanosome developmental form do they represent? 

III. At what prevalence are trypanosomes found in questing ticks? 

 

Are trypanosomes transmitted by ticks to vertebrate hosts during a blood meal? 

I. If so, by what route(s) does transmission take place?  

II. Are these forms found in ticks infective for vertebrate hosts? 

III. What is their epidemiological significance in trypanosome transmission? 

 

Does the life cycle of trypanosomes and Australian ticks match up? 

I. Are trypanosomes ingested during a blood meal capable of surviving the tick’s 

subsequent moulting period? 

II. Can Australian ticks maintain a trypanosome infection during the several 

months between successive blood meals? 
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Table 1. Studies suggesting ticks as vectors for Australian trypanosomes. 

Trypanosome 

species 

Recorded vertebrate 

host(s) 

Tick species Tick life 

stage(s) 

Vector evidence Refs 

Anecdotal Microscopic Molecular 

Trypanosoma 

thylacis 

Southern brown 

bandicoot 

(Isoon obesulus); 

Northern 

brown bandicoot (Isoon 

macrourus) 

Ixodes holocyclus; 

Ixodes tasmani 

L; N; A 

 

 

 
 ✔  

(Mackerras, 

1959; 

Weilgama, 

1980) 

Trypanosoma 

binneyi 

Platypus 

(Ornithorhynchus 

anatinus) 

Ixodes 

ornithorhynchi 

N/A 

 ✔  ✔ 

(Mackerras, 

1959; Jakes et 

al., 2001) 

Trypanosoma 

irwini 

Koala (Phascolarctos 

cinereus) 

Ixodes holocyclus; 

Ixodes tasmani 

A 

 
✔  ✔ 

(McInnes et 

al., 2011; 

Barbosa et al., 

2017) 

Trypanosoma 

gilletti 

Koala (Phascolarctos 

cinereus) 

Ixodes holocyclus; 

Ixodes tasmani 

A 

✔  ✔ 

(McInnes et 

al., 2011; 
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Barbosa et al., 

2017) 

Trypanosoma 

copemani 

Wombat (Vombatus 

ursinus); Quokka 

(Setonix brachyurus); 

Gilberts potoroo 

(Potorous gilbertii); 

Koala (Phascolarctos 

cinereus); Quenda 

(Isoodon obesulus 

fusciventer); Common 

brush-tailed possum 

(Trichosurus vulpecular); 

Woylie (syn. Brush-

tailed bettong, 

Bettongia penicillata) 

Amblyomma 

triguttatum; 

Ixodes 

australiensis; 

Ixodes holocyclus; 

Ixodes tasmani 

 

 

 

 

 

 

 

A 

 ✔ ✔ 

(C. Thompson, 

PhD thesis, 

Murdoch 

University, 

2014) (Austen 

et al., 2011; 

Barbosa et al., 

2017)  
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Trypanosoma 

vegrandis 

Chuditch (syn. Western 

quoll, Dasyurus 

geoffroii); Woylie (syn. 

Brush-tailed bettong, 

Bettongia penicillata) 

Amblyomma 

triguttatum; 

Ixodes holocyclus; 

Ixodes tasmani A   ✔ 

(C. Thompson, 

PhD thesis, 

Murdoch 

University, 

2014) 

(Barbosa et al., 

2017) 

✔– indicates available evidence 
Abbreviations: N/A, not available; L, Larvae; N, Nymph; A, Adult 
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In conclusion, when considering the available evidence (Table 1), what is lacking is 

systematic and correlative experimental data that marries physical evidence with 

molecular information. We advocate the need for a holistic approach using molecular 

and ultrastructural analyses to better understand both the vertebrate and invertebrate 

aspects of the life cycle of Australian trypanosomes, and hence to work toward the holy 

grail of confidently identifying their invertebrate vector(s) and modes of transmission. 

Until then, the significance of ticks in the life cycle of Australian trypanosomes and their 

potential impact upon endangered wildlife populations will remain nothing more than 

speculation. 
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Chapter 4 
 
 
 
 
 
 

‘Hook, line, and sinker’: Fluorescence in situ 
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Linking statement 

 

With the knowledge obtained from the in-depth review presented in Chapter 3, this 

study focused on a novel approach to investigating trypanosomes in Australian ticks. 

The aim of this paper was to use a combination of molecular and microscopy-based 

techniques to examine questing ticks from a trypanosome endemic region of Western 

Australia and establish whether Australian ticks may serve as potential vectors for 

native trypanosomes.   

https://doi.org/10.1016/j.ttbdis.2020.101596
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Abstract 

Trypanosomes are blood-borne parasites infecting a range of mammalian hosts 

worldwide. In Australia, an increasing number of novel Trypanosoma species have been 

identified from various wildlife hosts, some of which are critically endangered. 

Trypanosoma noyesi is a recently described species of biosecurity concern, due to a close 

relationship to the South American human pathogen, Trypanosoma cruzi. This genetic 

similarity increases the risk for introduction of T. cruzi via a local vector. Unfortunately, 

there is a lack of knowledge concerning the vectorial capacity of Australian invertebrates 

for native Trypanosoma species. Australian ixodid ticks (Ixodidae), which are widespread 

ectoparasites of mammalian wildlife, have received the most attention as likely 

candidates for trypanosome transmission and have been previously implicated as vectors. 

However, as all studies to date have focused on blood-fed ticks collected directly from 

infected mammalian hosts, the question of whether ticks maintain a trypanosome 

infection between blood meals is unknown. In this study, we investigated the presence 

of Trypanosoma within 148 Australian adult and nymph questing ticks of the species 

Amblyomma triguttatum, Ixodes australiensis, Ixodes myrmecobii and larvae Ixodes spp., 

collected from an endemic region of south-west Australia. Using a novel HRM-qPCR 

detection method that can discriminate between species of Trypanosoma based on 

primer melting temperature (Tm), we report the first molecular detection of 

Trypanosoma DNA in Australian questing ticks, with 6 ticks DNA positive for T. noyesi. 

Additionally, the presence of intact T. noyesi parasites within all (n = 3) smeared gut and 

gland contents of questing ticks was confirmed using a fluorescence in situ hybridisation 

(FISH) assay. Whilst this study was unable to determine the in situ tissue location of 

trypanosomes for the purpose of discerning a potential route of transmission, these 

combined molecular and FISH smear data indicate that trypanosomes can persist in ticks 
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between blood meals and that ticks are possibly vectors in the transmission of T. noyesi 

between native wildlife. Transmission experiments are still required to evaluate the 

competency of Australian ticks as vectors for T. noyesi. Nevertheless, these novel findings 

warrant further investigation concerning potential life stages and the development of 

trypanosomes in both Australian, and other, tick species. 

 

1. Introduction 

Trypanosomes are global protozoan parasites that infect all classes of vertebrates and 

are typically transmitted by haematophagous invertebrate vectors. Awareness of the 

presence of Trypanosoma infections in Australian wildlife has grown in recent years due 

to an increase in the number and diversity of native species found infected with 

indigenous trypanosomes (Thompson et al., 2014; Cooper et al., 2016). Studies have 

further confirmed that while there is extensive genetic and morphological variation 

between indigenous trypanosomes, several endemic Australian species appear to share 

similar attributes with exotic Trypanosoma species. Of particular concern is the recent 

discovery that certain Australian trypanosomes not only share a close genetic proximity 

to the South American human pathogen, Trypanosoma cruzi (McInnes et al., 2011; 

Botero et al., 2016b; Botero et al., 2018), but that they may also possess behavioural 

similarities regarding their capability to invade cells within vertebrate hosts (Botero et al., 

2016a). This intracellular capability with the potential to cause an inflammatory-like 

disease in susceptible hosts has been documented in native Australian wildlife, some of 

which are critically endangered (Botero et al., 2013).   
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Trypanosoma noyesi (formally Trypanosoma sp. H25) is a species with a diverse marsupial 

host range (e.g. Banded-hare wallaby Lagostrophus fasciatus, Boodie syn. burrowing 

bettong; Bettingia lesueur, Chuditch, syn. Western quoll, Dasyurus geoffroii, Common 

brush-tailed possum Trichosurus vulpecular, Eastern grey kangaroo Macropus giganteus, 

Koala Phascolarctos cinereus, Woylie syn. brush-tailed bettong, Bettongia penicillata). 

The species has a geographical distribution that extends across the Australian continent, 

not unlike many other indigenous trypanosomes (Thompson et al., 2014). However, it is 

the recent description and phylogenetic confirmation of T. noyesi within the T. cruzi clade 

that has revived the necessity for resolving the largely neglected life history of Australia’s 

Trypanosoma species (Botero et al., 2016b). Specifically, very little is known about the 

vectors for Australian trypanosomes (Thompson and Thompson, 2015). This has 

significant biosecurity implications, given the genetic similarities between T. noyesi and 

T. cruzi, which increases the possibility that the vector(s) for T. noyesi may be capable of 

transmitting T. cruzi to native fauna, should the exotic pathogen be introduced into 

Australia’s ecosystem (Thompson and Thompson, 2015; Thompson, 2018). Nevertheless, 

the mode in which trypanosomes including T. noyesi are transmitted between Australian 

wildlife hosts, and consequently the vector(s) responsible, remains unclear as few studies 

have comprehensively screened Australian invertebrates for trypanosomes (Krige et al., 

2019).  

 

Ticks are obligate haematophagous arthropods that are recognised as reservoirs and 

vectors of numerous microorganisms worldwide, many of which have the potential to 

cause disease (Parola and Raoult, 2001; Jongejan and Uilenberg, 2004). Ticks are also one 

of the most common and widespread ectoparasites found within Australia, with native 
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wildlife frequently parasitised by a number of tick species (Roberts, 1970; Barker et al., 

2014; Ash et al., 2017). Consequently, Australian ticks have been repeatedly suggested 

as vectors for trypanosomes following several studies reporting the presence of 

trypanosomes, by DNA detection or the microscopic visualisation of trypanosome-like 

forms, within blood-fed ticks collected directly from infected hosts (McInnes et al., 2009; 

Austen et al., 2011; McInnes et al., 2011; Barbosa et al., 2017). Despite these findings 

indicating a potential for ticks to acquire trypanosomes, the capacity for ticks to transmit 

trypanosomes between hosts remains inconclusive since screening blood-fed ticks 

significantly increases the likelihood of detecting trypanosomes within the tick 

(Mackerras, 1959; Austen et al., 2011; Barbosa et al., 2017) without necessarily 

establishing that an infection exists.  

 

The present bias towards haemoparasite screening of blood-fed ticks collected directly 

from infected wildlife hosts, has meant that ticks have not only been prematurely 

implicated as a vector for trypanosomes in Australia, but investigations concerning mode 

of transmission and life cycle have gone largely neglected (Krige et al., 2019). A practical 

approach to establish whether Australian ticks are capable of sustaining a trypanosome 

infection between blood meals is to examine questing ticks for the presence of 

trypanosomes (Krige et al., 2019). The assessment of whether viable trypanosome 

parasites are present within ticks that have since moulted and are actively seeking their 

next blood meal is fundamental to establishing whether they can serve as a source of 

infection to subsequent vertebrate hosts and consequently, act as a potential vector for 

Trypanosoma species.  

 

In this study, we conducted a PCR-based molecular detection for Trypanosoma DNA in 
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questing ticks, with a subsequent focus on T. noyesi DNA positive ticks. Molecular findings 

were combined with a fluorescence in situ hybridisation (FISH) assay to directly visualise 

T. noyesi parasites within questing tick smears and confirm the presence of intact cellular 

forms. This assay used a fluorescent probe to bind to a target DNA sequence with a high 

degree of sequence specificity for Australian trypanosomatids, which was verified by PCR 

detection. This work is novel in that it is the first study to investigate Australian questing 

ticks for the presence of Trypanosoma spp., and the first to subsequently visualise intact 

T. noyesi parasites within the smeared gut and gland contents of questing ticks.  

 

2. Materials and methods 

2.1 Tick collection and identification 

The study was conducted in the Upper Warren Region (UWR) of south-western Australia, 

a priority fauna conservation area consisting of 144 000 ha of nature reserve and forested 

areas that supports several threatened native species, including the woylie (syn. Brush-

tailed bettong; Bettongia penicillata). Questing larvae, nymphs and adult ticks were 

collected from 34 different forest block sites from 15 geographical locations within the 

UWR (Fig. 1). Sampling occurred throughout the spring and summer months of 

September 2018 to December 2018 in concurrence with wildlife surveys conducted by 

the Department of Biodiversity, Conservation and Attractions (DBCA) in collaboration 

with Murdoch University. Collection involved opportunistic sampling of ticks that were 

actively questing – ticks were removed from clothing and equipment on which they 

crawled. Ticks were immersed in 70% ethanol immediately after collection and stored at 

ambient temperatures during field work before later being transported to the laboratory 

and stored at 4°C. Ticks were identified under a stereomicroscope using established 
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morphological keys (Roberts, 1970) and sorted according to species, life stage, collection 

site, and date of collection.  

 

 

Fig. 1. Geographical locations within the Upper Warren region where opportunistic tick collection 
occurred. Tick collection was successful at 34 collection sites: (a) Balban (2 sites), (b) Camelar (2 
sites), (c) Corbal (1 site), (d) Chariup (3 sites), (e) Dudijup (1 site), (f) Dwalgan (1 site), (g) Keninup 
(1 site), (h) Kingston (3 sites), (i) Meribup (1 site), (j) Talling (1 site), (k) Walcott (3 sites), (l) Warrup 
(4 sites), (m) Yackelup (7 sites), (n) Yendicup (2 sites), (o) Yeticup (2 sites). 

 

 

2.2 DNA extraction 

Ticks were bisected with sterile disposable scalpels; one half was utilised for DNA 

extraction and the other half was preserved for downstream microscopy analyses. Prior 

to bisection, the tick’s external surface was washed in 10% sodium hypochlorite followed 

by 70% ethanol, before a final rinse in sterile phosphate buffered saline (PBS; 10 mM 

Na2HPO4, 150 mM NaCl at pH 7.4). DNA was extracted from individual ticks using a 
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DNeasy Blood & Tissue Kit (Qiagen, Hilden, Germany) according to the manufacturer’s 

instructions with the following modifications (QIAGEN Supplementary Protocol: 

Purification of total DNA from insects): subsequent to the addition of buffer ATL and 

proteinase K, samples were incubated overnight at 56°C; the volume of the elution buffer 

AE was decreased to 30 µL to increase DNA concentration; the elution step was repeated 

on the 30 µL eluate to increase DNA yield. Extraction reagent blank controls were 

included together with each DNA extraction batch. DNA was stored at -80°C until 

required. 

 

2.3 HRM-qPCR detection of Trypanosoma DNA 

The DNA from individual adult and nymph ticks (n = 123) and two larvae pools (n = 15 and 

10), plus extraction blank controls, were screened for a 250 bp region of the 18S 

ribosomal RNA gene (18S rRNA) using primers TrypF and TrypR specific to the 

Trypanosoma genus (Table 1). High-Resolution Melting coupled with Real Time 

quantitative PCR (HRM-qPCR) analysis, which is capable of both detecting and 

discriminating between species of trypanosomatid (Trypanosoma, Leishmania) based on 

primer melting temperature (Tm) values (Fig. 2), was used to amplify Trypanosoma DNA.  

Specifically, all HRM-qPCR assays were carried out in a reaction volume of 10 µL 

consisting of 5 µL MeltDoctorTM HRM Master Mix (Applied Biosystems, California, USA) 

with 10 µM of each primer and 1 µL neat DNA. Thermal cycling conditions involved an 

initial denaturation at 95°C for 10 min, followed by 40 cycles at 95°C for 15 s, and 60°C 

(annealing temperature) for 30 s. HRM analysis was carried out post qPCR, which involved 

a 60°C to 95°C increase by 0.2°C increments every 2 s. All HRM-qPCRs were run with 

positive controls from three Trypanosoma species (cloned DNA from genotypes 

belonging to T. copemani, T. noyesi and T. vegrandis) that commonly infect Australian 
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fauna, negative controls including PCR-grade H2O, no template control (NTC), and 

Leishmania macropodum sp. nov. (Keatley et al., submitted for publication). Positive 

samples by HRM-qPCR were purified using Agencourt AMPure Purification System 

(Beckman Coulter, California, USA) as per the manufacturer’s instructions and samples 

were Sanger sequenced in forward and reverse directions using an ABI PrismTM BigDye 

v3.1 Cycle Sequencing Kit (Applied Biosystems, California, USA) to validate species 

identity. Sequence chromatograms were aligned using the MUSCLE alignment tool (Edgar, 

2004) in Geneious v10.2.2 and identified using the Basic Local Alignment Search Tool 

(BLAST, http://blast.ncbi.nlm.nih.gov/Blast.cgi) for sequence comparison to the National 

Center of Biotechnology Information (NCBI). 

 
Table 1 
 
Primers and oligonucleotide probe targeting the 18S rRNA gene for qPCR and FISH applications 
 

Oligonucleotide Organism(s) 
specificity 

Sequence (5’ – 3’) Label Reference 

     

Primers used for 
qPCR 

    

TrypF Kinetoplastida AGCCTGAGAAATAGCTACCAC n/a Keatley et al., 
[submitted for 
publication] 

TrypR Kinetoplastida CGAACCCTTTAACAGCAACA n/a Keatley et al., 
[submitted for 
publication] 

Probe used for FISH     

Tryp-specific Trypanosomatid  GTAGTCCACACTGCAAACGATG Alexa 

Fluor 
647 

This study 

n/a, not applicable 

 
 
 
 



 169 

 

Fig. 2. HRM-qPCR curves with melting temperature (Tm) generated from controls for 
Trypanosoma species (T. copemani, T. noyesi, T. vegrandis) and Leishmania macropodum sp. nov. 
Representative melt curve for questing tick sample included for comparison.  

 

 

2.4 Processing of tick samples for microscopy 

Bisected nymph and adult ticks were processed to produce both cell smear samples and 

whole-tissue sections. Tick smears were prepared from the contents of one half of a tick 

which was macerated in PBS using sterile forceps, spread on a microscope slide, 

methanol fixed, and air-dried. Tick tissue sections were prepared by cold resin embedding 

(Technovit 8100, Kulzer, Germany) one-half of an intact tick. For this, ticks were fixed 

with 4% paraformaldehyde in PBS, washed in PBS (4x for 15 min), dehydrated in 

increasing concentrations of ethanol, and infiltrated with an increasing concentration of 

resin to acetone ratio over several consecutive days at 4°C. Hardener II was subsequently 

added, and ticks aligned in embedding capsules. Polymerisation occurred in an oxygen-

free, N2 flushed chamber maintained under vacuum, and capsules were stored at 4°C 

prior to sectioning. Capsules were sectioned on a Sorvall JB-4 microtome using glass 
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knives. Tissue sections (4 µm thick) were floated on sterile water placed on microscope 

slides and subsequently air-dried.  

  

2.5 Oligonucleotide probe design for FISH 

A 22 bp trypanosomatid-specific oligonucleotide probe (Table 1) directed to the 18S rRNA 

gene was designed after comparative sequence analysis of 18S rRNA reference 

sequences for the Trypanosoma genus from the GenBank database and using the 

program Geneious v10.2.2 (https://www.geneious.com). The oligonucleotide sequence 

was further refined to avoid hybridisation with several invertebrate flagellates including 

Crithidia (accession numbers: Y00055, AF038025), as well as Herpetomonas (L18872, 

JQ359718) and Bodo species (AY028450, AY425015, AY753617, AY753625, DQ207594, 

MF962814). The probe used for FISH was synthesised commercially with the 5’ end 

labelled with Alexa Fluor 647 (Integrated DNA Technologies, Coralville, Iowa, USA).  

 

2.6 FISH and microscopy – Smear samples 

Four smears consisting of tick gut and gland contents were individually prepared from T. 

noyesi DNA positive tick halves. Of these, one smear was stained with Giemsa (Sigma-

Aldrich), mounted in DPX (Sigma-Aldrich) and examined with similarly prepared positive 

control smears obtained from cultured T. noyesi (Botero et al., 2016b). Digital light 

micrographs of trypanosomes and trypanosome-like flagellates were captured at 1000x 

magnification using a Zeiss Axiocam digital camera and Zeiss ZEN 3.0 software (Carl Zeiss, 

Jena, Germany).  

 

The remaining three tick smears that were DNA positive for T. noyesi were prepared for 

FISH. The FISH protocol used in this study was partially adapted from Klyachko et al. (2007) 
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with the following modifications: For prehybridisation, prewarmed hybridisation solution 

(HS) (Sigma-Aldrich) without probe was added to the slides containing smeared contents 

and subsequently incubated at 56°C for 1 h in a humid chamber. For hybridisation, slides 

were incubated at 56°C for 2.5 h in HS with 50 ng/µL of fluorescent probe in a dark humid 

chamber. Following hybridisation, slides were washed in saline-sodium citrate (SSC) as 

previously described (Klyachko et al., 2007), air dried and mounted using anti-fade 

ProLongTM Gold (Thermo Fisher Scientific, Eugene, Oregon, USA) containing 4′,6-

diamidino-2-phenylindole (DAPI) before subsequently stored in the dark at 4°C. In each 

FISH experiment, fixed cells of cultured Trypanosoma spp. (T. noyesi, positive control) as 

well as negative controls including Trypanosoma-negative (as determined by PCR) tick 

smears and tissue sections, and Bodo-positive tick smears and tissue sections were 

included for validation. Hybridised smears were examined with an epifluorescence 

microscope (Zeiss, Axioskop 2 Plus) equipped with a HAL 100W lamp and EXFO X-Cite 120 

Fluorescence Illumination System at 400x and 1000x magnification. Narrow-band filter 

cubes for red and blue excitation were used to observe the fluorescein Alexa Fluor 647 

and DAPI signals respectively. Micrographs of smears were captured at 1000x 

magnification.  

 

2.7 FISH and microscopy – Tissue sections 

Tissue sections from two T. noyesi DNA positive ticks and two negative controls (T. noyesi 

DNA negative tick and a Bodo DNA positive tick) were similarly hybridised and imaged as 

described above for smear samples. At least 12 tissue sections per tick were analysed. To 

compensate for the size of bisected ticks, digital light micrographs for the purpose of 

capturing entire tissue sections were performed at either 2.5x, 5x or 10x magnification 

using the same microscope, and merged (Supplemental S1). 
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3. Results 

3.1 Identification of questing ticks 

A total of 148 individual questing ixodid ticks (n = 25 larvae, 82 nymphs, 21 adult males, 

and 20 adult females) were collected from within the UWR. Tick collection was 

opportunistic and therefore not standardised with respect to collection area and time. 

Adult and nymph ticks were identified as Amblyomma triguttatum, Ixodes australiensis 

and Ixodes myrmecobii, whilst larvae were identified as Ixodes spp. based on the standard 

morphological criteria for Australian ticks as described by Roberts (1970).   

 

3.2 Detection of Trypanosoma DNA in questing ticks 

Out of the 125 individual DNA samples, 46 (37%) showed a qPCR signal and corresponding 

gel band of the correct amplicon size for Trypanosoma DNA (Fig. 3). Of these, Sanger 

sequencing confirmed a total of 35 (28%) of adult (n = 9) and nymph (n = 26) ticks as 

positive for Trypanosoma spp., of which six were DNA positive for T. noyesi as confirmed 

by alignment to published sequences in GenBank (KX008320, KX008319, KX008318, 

KX008317, KX008316, KX008315, KX008314, KX008313, KX008312, KU354263, 

KC753537, AJ009168) with query coverage between 98-100% and identity at 97.97-

99.16%. All T. noyesi positive ticks were of the species A. triguttatum and of the nymphal 

life stage. Due to the abundance and biological relevance of T. noyesi in Australia, the 

study was focused on these DNA positive samples. In addition, the primers used in the 

HRM-qPCR assay further amplified Bodo sp. DNA in a total of 19 ticks (Table 2). In this 

study, T. noyesi DNA positive ticks were examined further using the diagnostic FISH assay 

in combination with histological staining methods. 
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Fig. 3. Representative images of HRM-qPCR amplification of Trypanosoma 18S rRNA gene from 
questing ticks. A) Representative image of HRM-qPCR curve of Trypanosoma specific 18S rRNA 
gene signal from 1 questing tick (tick # 15). Peak 1: Positive control. Peak 2: 18S rRNA gene signal 
from genomic DNA isolated from questing tick. Peak 3: Duplicate 18S rRNA gene signal from the 
same questing tick. B) Representative image of Trypanosoma specific 18S rRNA gene amplicon 
from 14 questing ticks (ticks # 57, 58, 63, 64, 65, 66, 67, 68, 69, 70, 72, 75, 77, 78). Lane 2-20: 18S 
rRNA amplicon from genomic DNA isolated from questing ticks. Lane 1 and 21 (M): 100 bp DNA 
ladder marker. 
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Table 2 
Tick identification and 18S rRNA HRM-qPCR screening results for Trypanosoma DNA in questing ticks collected from geographical localities within the Upper Warren 
Region, south-west Australia. 
 

Location Date 
(year/month) 

Tick species Total Number of HRM-qPCR positive 
samples (%) 

  Amblyomma 
triguttatum 

Ixodes australiensis Ixodes myrmecobii Ixodes spp.  Trypanosoma Bodo 

  L N M F L N M F L N M F L N M F    

Balban 2018/10, 
2018/12 

   1   1 1         3 2 (0.67)  

Camelar 2018/11, 
2018/12 

 2               2   

Corbal 2018/11  1               1  1 (1.0) 

Chariup 2018/09, 
2018/12 

 17 2   2 2 1     15    39 6 (0.15) 3 (0.08) 

Dudijup 2018/11, 
2018/12 

 5          1     6 1 (0.17) 1 (0.17) 

Dwalgan 2018/12   1              1   

Keninup 2018/12  1      1         2 1 (0.50)  

Kingston 2018/12  8               8 1 (0.13) 1 (0.13) 

Meribup 2018/12  2               2 1 (0.50)  

Talling 2018/10       1          1   

Walcott 2018/10, 
2018/12 

 1  2             3 1 (0.33) 1 (0.33) 
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Warrup 2018/10, 
2018/11, 
2018/12 

 8  2   1 1    1     13 4 (0.31) 2 (0.15) 

Yackelup 2018/09, 
2018/10, 
2018/11, 
2018/12 

 27 7 3  2 3     5 10    57 18 (0.32) 5 (0.09) 

Yendicup 2018/10, 
2018/11 

 6  1   1          8  4 (0.50) 

Yeticup 2018/10       2          2  1 (0.50) 

                     

Total                  148 35 (0.24) 19 (0.13) 

qPCR, quantitative polymerase chain reaction 
L, larva 
N, nymph 
M, male adult 
F, female adult 
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3.3. Direct visualisation of T. noyesi in smeared contents of questing ticks  

Initial microscopy investigation employed conventional Giemsa staining of tick smears 

due to its traditional use in detecting haemoparasites. Surprisingly, staining with Giemsa 

proved ineffective for confidently visualising any recognisable trypanosome forms, a 

likely result of parasite morphologies that are different to those commonly observed in 

the vertebrate host and thus not readily identified in invertebrate host smears (data not 

included). This led to the application of a trypanosomatid-specific probe to detect any 

parasite forms that may have been overlooked using routine optical microscopy 

techniques, FISH was performed on smeared contents derived from T. noyesi DNA 

positive questing ticks using the trypanosomatid-specific oligonucleotide probe labelled 

with Alexa Fluor 647 (Table 1). The oligonucleotide designed for hybridisation to a 

conserved region of the 18S rRNA gene was specific to include known Australian wildlife 

trypanosomatid species and genotypes, as well as the South American T. cruzi, but not 

other kinetoplastids. This was necessary as several ticks were qPCR positive for Bodo sp. 

DNA. The oligonucleotide probe was considered successful in meeting this criterion as it 

did not hybridise with any Trypanosoma-negative ticks or Bodo-positive ticks that were 

used as controls. Nevertheless, the probe did react with the appropriate positive controls 

(Fig. 4A) and a strong and stable red signal was observed in all (n = 3) T. noyesi DNA 

positive tick smears examined in this study. Several parasite cells displaying varying 

morphologies were visualised in each of the T. noyesi tick smears; observed as seemingly 

intact Trypanosoma cells, due to their uniform cellular boundaries and distinct presence 

of both the nucleus and kinetoplast as highlighted with blue DAPI staining. These T. noyesi 

cells were either visualised in clusters (Fig. 4B-D) or singularly (Fig. 4E-L) within the 

contents of tick smears. Moreover, some T. noyesi cells showed evidence of potential 

division (Fig. 4F, arrowed). Specifically, the majority of observed parasite cells most 
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closely resembled the stout and wide dividing epimastigotes as described by Botero et al. 

(2016b), with both the nucleus and kinetoplast close to the anterior end of the 

trypanosome, and a clear absence of a discernible flagellum (Fig. 4B-E). Moreover, several 

clusters likened to rosettes (Fig. 4B-D), of trypanosomes resembling common dividing 

epimastigotes of varying sizes, were visualised within questing tick smears. Rosettes have 

been previously documented in trypanosomes and may form as a result of cell division 

by way of binary fission (Botero et al., 2016b). Singular trypanosomes of different 

morphologies were also visualised, demonstrating a highly pleomorphic nature as 

anticipated for T. noyesi (Botero et al., 2016b). These singular cells were predominantly 

stout and wide with the nucleus and kinetoplast in close proximity, indicative of a possible 

intermediate epimastigote form (Fig. 4E-H) as previously described (Botero et al., 2016b; 

Peacock et al., 2018). Furthermore, potential trypomastigote forms were detected, 

apparent due to the orientation of the kinetoplast-nucleus and the position of the 

kinetoplast at the posterior end of the cell body. A flagellum was discernible (Fig. 4F, 

circled, and H-J), and a characteristic undulating membrane can be observed (Fig. 4H and 

J). Trypomastigotes resembled both the slender and elongated (Fig. 4I), and the stout and 

stumpy (Fig. 4H and J) forms (Botero et al., 2016b). A likely emerging spheromastigote 

(Fig. 4K) and spheromastigote (Fig. 4L), with rounded cellular bodies and absent flagella, 

were also evident.  
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Fig. 4. Trypanosoma detection in tick smears using epifluorescent microscopy showing hybridised 
red probe signal (left) and corresponding blue DAPI signal (right). Positive control from T. noyesi 
cultured cells (A). Questing tick smears (B-L) from T. noyesi DNA positive ticks displaying brightly 
red T. noyesi parasite cells (left) counter stained with blue DAPI (right) to confirm nucleus and 
characteristic Trypanosoma kinetoplast (asterisk) feature. T. noyesi epimastigotes exhibiting 
‘rosette’ clustering (B-D). Potential binary fission (arrowed) of T. noyesi cells (F). T. noyesi 
trypomastigotes (F, H-J) with discernible flagellum (circled). Likely spheromastigotes (K, L). Scale 

bars at 10 μm. 
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3.4 Localisation of T. noyesi in tissue sections of questing ticks 

Fluorescent microscopic screening for the presence of trypanosome parasites in situ 

within tissue sections proved difficult due to the natural autofluorescence of the tick 

tissues under UV light. Some red signalling was observed in tick tissues, predominantly 

within the midgut region, however they did not correlate with the blue DAPI staining used 

to indicate fluorescent position of the nucleus and kinetoplast, and hence confirm the 

presence of a trypanosome form (Supplemental S1). Despite attempts to increase FISH 

resolution by reducing background staining by way of incorporating an acetylation pre-

treatment and creating thinner sections (4 µm) so as to increase probe penetration into 

the cells, certainty in regard to visualisation and hence attempted localisation of 

trypanosome forms in situ within tick sections was unsuccessful. Nevertheless, 

autofluorescence of tick tissue structures did allow for useful histological orientation in 

the gross tick anatomy (Supplemental S1). 

 

4. Discussion 

In this study, we investigated the presence of Trypanosoma species with a focus on the 

native trypanosome, T. noyesi, within Australian questing ticks, which have never before 

been examined for trypanosomes. Using a Trypanosoma sensitive HRM-qPCR protocol, 

we have revealed for the first time that Australian questing ticks harbour trypanosome 

DNA. This finding is significant, as to date there has been no conclusive evidence to 

validate the prospect of tick involvement in the transmission of trypanosomes to 

Australian native wildlife (Krige et al., 2019). This is despite ticks being implicated, albeit 

prematurely, as their vectors (Austen et al., 2011). Furthermore, whilst previous studies 

have detected trypanosome DNA from Australian ticks, these specimens have all been 

removed directly from infected hosts prior to analysis. Consequently, the results 
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generated from these fed ticks have been unsuitable for studies concerning potential 

vector status, due to the unavoidable possibility of an incidental blood meal infection (i.e. 

discerning a blood meal infection from a naturally acquired infection is impossible). 

Therefore, the only practical, alternative approach to establish whether a naturally 

acquired trypanosome infection exists within ticks, is to examine the questing (i.e. off 

host) tick (Krige et al., 2019).  This addresses this issue of blood meal infection since the 

tick, upon entering the state of questing, has metabolised the previous blood meal for 

the purpose of moulting to its next life stage (Apanaskevich and Oliver, 2013). 

Furthermore, it is at the state of questing that the tick’s internal environment is  most 

representative of any significant parasite-host interactions that may infer potential for 

transmission, prior to tick attachment and feeding on the next vertebrate host 

(Soneneshine and Roe, 2013; de la Fuente et al., 2016; de la Fuente et al., 2017). 

 

Whilst the molecular findings in this study provide evidence for the existence of 

Trypanosoma DNA within questing ticks, they do not serve as proof for any suggestion 

concerning the existence of intact, and potentially viable, parasites. This is due to the 

destructive nature of DNA extraction, and the subsequent lack of information concerning 

biological context (i.e. gene sequence amplification can be remnant DNA from a 

previously digested blood meal, degraded/dead cells, or viable cells), when relying solely 

on PCR-based detection methods. Therefore, for the purposes of directly visualising 

parasites, a microscopy approach is necessary. Nevertheless, identifying trypanosomes 

within novel invertebrates such as ticks is difficult, particularly as limited documentation 

exists describing life stage morphologies outside of the conventional forms that are 

typically observed in vertebrate blood and tissues using traditional, haemoparasite stains 

such as Giemsa (Hoare, 1972). As a consequence, this study specifically incorporated a 
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cytogenetic detection technique in the form of a FISH assay to complement our initial 

molecular findings. This assay not only corroborated Trypanosoma detection, but further 

confirmed the existence of intact T. noyesi parasites within the smeared contents of 

questing ticks by way of direct visualisation. Our observations of highly pleomorphic 

flagellate and non-flagellate Trypanosoma forms within the tick smears examined using 

FISH is consistent with the in vitro stages of T. noyesi as previously described (Botero et 

al., 2016b). In addition, the presence of epimastigotes is representative of the 

trypanosome life stage typically observed in the invertebrate vector (Peacock et al., 2018). 

Clusters of trypanosomes resembling rosettes were similarly viewed within tick smears. 

Although their functional significance is unclear, it has been suggested that the presence 

of rosettes may be indicative of cells undergoing active division by way of binary fission 

(Botero et al., 2016b; Peacock et al., 2018). Moreover, rosettes have been associated 

with vector tissue and deemed a potential reservoir for infection within the invertebrate 

vector (Dias et al., 2015).  We believe that the predominant occurrence of atypical 

trypanosome forms corresponds with the unsuccessful detection of characteristic and 

therefore recognisable, blood-borne flagellate morphologies usually observed with 

traditional Giemsa staining (Hoare, 1972; Botero et al., 2013). Nevertheless, whilst the 

Giemsa smears were inconclusive (data not shown), all tick smears analysed using the 

FISH assay presented with intact T. noyesi parasites (Fig. 4).  

 

Several thin histological sections from bisected ticks embedded in resin that were PCR 

positive for T. noyesi were similarly hybridised with the FISH probe developed in this study. 

Unfortunately, the results generated did not facilitate the recognition of any 

trypanosome forms in situ. Despite the observation of bright red signals within several 

tick tissues including the midgut (Supplemental S1), a previously established region of 
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interest for potential stercorarian trypanosome transmission (Austen et al., 2011), a 

positive detection was not confirmed as the probe could not be correlated with DAPI 

staining of a nucleus and/or kinetoplast. Furthermore, due to the nature of horizontally 

sectioning tissues, morphological distinction of elongated flagellate forms is extremely 

difficult, particularly if transverse-sectioning occurs through the parasite. This 

undoubtedly increases the potential for trypanosome forms to be overlooked during in 

situ tissue screening. The natural autofluorescence of tick tissues (Supplemental S1) 

similarly added to the challenging task of visualising and therefore confidently discerning 

any likely trypanosomes using the fluorescently labelled probe. The autofluorescence of 

these tick tissues had previously been tested using a confocal scanning microscope and 

confirmed across the entire UV spectrum using unlabelled tick sections. The far-red 

spectrum was chosen for the least amount of autofluorescence, and the far-red probe 

(Alexa Fluor 647 fluorophore) matched these spectral characteristics. Despite a loss of 

a portion of the probe’s emission spectrum due to an overlap with the autofluorescence 

spectrum in ticks, this was deemed acceptable since the fluorophore is very bright and 

hence showed promise as a suitable probe.  Nevertheless, resulting background 

fluorescence was too high to confidently distinguish trypanosome cells from the signal 

noise attributed to the autofluorescent properties of tick tissue, a problem reported in 

previous FISH studies concerning ticks (Hammer et al., 2001; Epis et al., 2013; Bagheri et 

al., 2017). Conversely, autofluorescent tick structures did provide good histological 

orientation and highlighted recognisable features in the gross tick anatomy 

(Supplemental S1).  

 

The presence of trypanosomes in macerated (i.e. smeared) ticks and tick haemolymph 

(Thekisoe et al., 2007; Austen et al., 2011; Marotta et al., 2018; Kaulich et al., 2019; Luu 
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et al., 2020) has been confirmed for several ixodid species. Whilst the generation of these 

tick smears is relatively direct with minimal handling, the processing required for tick 

tissue embedding involves several wash stages. Hence, in the bisected ticks this additional 

treatment may have increased the potential for trypanosomes located in the 

haemolymph to be washed out prior to embedding. Another explanation for the lack of 

trypanosome detection in tick sections could be due to a low infection rate which has 

typically been observed with Australian trypanosomes and their mammalian hosts 

(Mackerras, 1959; Northover et al., 2019). This low-density infection exhibited within 

Australian mammals could be replicated in their invertebrate vectors, therefore reducing 

the likelihood of visualising trypanosome forms within the bisected tick.  

 

The relatively high prevalence of Bodo DNA, a free living non-parasitic flagellate typically 

found in soil and water environments, in the questing tick DNA extracts necessitated the 

subsequent design of a FISH probe that would be specific for hybridisation to relevant 

trypanosomatids such as Trypanosoma spp., whilst excluding the extraneous Crithidia, 

Herpetomonas and Bodo genera. A trypanosomatid-specific probe was of paramount 

importance so as to avoid the potential for false positive results during the hybridisation 

process; confirmed as the Alexa Fluor 647 probe reacted with the appropriate controls 

and displayed no hybridisation when applied to Bodo sp. positive controls. The presence 

of Bodo DNA was not unusual given its prior detection in the blood of woylies collected 

from the same region of south-west Australia (Northover et al., 2019).  As no Bodo 

organisms were observed in either the Giemsa tick smears or FISH assays, is suggestive 

that the Bodo DNA detected is either remnant of a prior blood meal or more likely, an 

external DNA contaminant from areas less accessible (i.e. leg joints, cuticle crevice’s, 

between the barbs of the hypostome) during the decontamination process performed 
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prior to DNA extraction. Whilst the FISH probe in this study can bind to Leishmania spp., 

including the only documented Australian species, L. macropodum sp. nov. (Dougall et al., 

2009), the HRM-qPCR assay (incorporating L. macropodum sp. nov. as a negative control) 

combined with Sanger sequencing results ruled out the possibility of Leishmania DNA in 

all of our tick samples.  

 

In conclusion, evidence is now accumulating in support of the hypothesis that ticks may 

serve as potential vectors for some native trypanosomes. This study has detected 

Trypanosoma DNA and subsequently visualised what appear to be viable - nucleus and 

kinetoplast intact; no degradation of cellular membrane boundaries - T. noyesi parasites 

within Australian questing ticks. Moreover, smears from questing ticks examined in this 

study have provided evidence to indicate that cellular division by trypanosome cells can 

occur within ticks. This finding strongly suggests that ticks may be implicated in the 

transmission of T. noyesi. Furthermore, this correlative experiment involving the 

combination of molecular detection (i.e. PCR) and direct visualisation (i.e. FISH and 

microscopy) provides a solid foundation that now warrants further investigation 

concerning the potential vector candidacy of ticks in relation to other Australian 

Trypanosoma species. Although we were unable to conclusively determine the location 

of T. noyesi in situ within the tissues of sectioned ticks, T. noyesi parasites comprising of 

various morphologies akin to T. noyesi in culture, including life stages typically observed 

in known invertebrate vectors, were detected and visualised in tick smears. Furthermore, 

all T. noyesi positive ticks were of the common and widespread species, A. triguttatum, 

hence their occurrence coincides with reports of T. noyesi on both west and east of 

Australia, further supporting their potential vector candidacy. Transmission studies are 

required to determine whether T. noyesi is capable of being transferred to a new host 
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during the ticks next feed, and whether the parasite is subsequently capable of inducing 

infection in the vertebrate host.  
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Supplemental S1. FISH assays on DNA positive T. noyesi tick tissue sections. Autofluorescence of 
bisected longitudinally sectioned tick (A). Tissue autofluorescence reveals the histology of the tick. 
C, cuticle; F, festoon; P, palp; PM, pre-transverse muscles; M, muscles; MG, midgut; SG, salivary 
gland; I-IV, legs. Box enclosing magnified content as shown in B and C. Distinct red signals (left) 
within the midgut region showing probe hybridisation however no blue DAPI (right) co-

localisation (B and C). Section of T. noyesi positive control (D). Scale bars at 100 μm (A) and 10 

μm (B-D).    
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Molecular detection of Trypanosoma spp. in 
questing and feeding ticks (Ixodidae) collected from 

an endemic region of south-west Australia 
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Linking statement 

 

This paper provides further evidence in support of Australian ticks as potential vectors 

for indigenous trypanosomes and is presented as a continuation to the article published 

by Ticks and Tick-Borne Diseases titled “Hook, line, and sinker: Fluorescence in situ 

hybridisation (FISH) uncovers Trypanosoma noyesi in Australian questing ticks” as 

presented in Chapter 4. This paper expands our investigation concerning the association 

between ticks and trypanosomes through a molecular survey for different species of 

indigenous Trypanosoma as well as presents data for the first direct comparison between 

questing and feeding ticks collected at the same time and location. This data was 

necessary for conducting meaningful statistical analyses concerning the significance of 

Trypanosoma detection at various tick life stages.  
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Abstract 

A growing number of indigenous trypanosomes have been reported to naturally infect a 

variety of Australian wildlife with some species of Trypanosoma implicated in the 

population decline of critically endangered marsupials. However, the mode of 

transmission of Australian trypanosomes is unknown since their vectors remain 

unidentified. Here we aimed to fill this current knowledge gap about the occurrence and 

identity of indigenous trypanosomes in Australian invertebrates by conducting molecular 

screening for the presence of Trypanosoma spp. in native ticks collected from south-west 

Australia. A total of 231 ticks (148 collected from vegetation and 83 retrieved directly 

from 76 marsupial hosts) were screened for Trypanosoma using a High-Resolution Melt 

(HRM) qPCR assay. An overall Trypanosoma qPCR positivity of 37% (46/125) and 34% 

(26/76) was detected in questing ticks and host-collected (i.e., feeding) ticks, respectively. 

Of these, sequencing revealed 28% (35/125) of questing and 28% (21/76) of feeding ticks 

were infected with one or more of the five species of trypanosome previously reported 

in this region (T. copemani, T. noyesi, T. vegrandis, T. gilletti, Trypanosoma sp. ANU2). 

This work has confirmed that Australian ticks are capable of harbouring several species 

of indigenous trypanosome and likely serve as their vectors. 

 

Introduction 

Trypanosomes are universal, unicellular blood-borne protozoan parasites of the class 

Kinetoplastea, with some species of veterinary and medical significance due to their 

ability to cause debilitating infections in a broad range of hosts. With a digenetic life cycle, 

transmission between mammalian hosts is typically dependent on haematophagous 

invertebrates that function as vectors (Hoare, 1972). In countries other than Australia, 
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the common vectors for mammalian trypanosomes include haematophagous 

representatives within the order Diptera: Glossinidae (tsetse flies), Tabanidae (tabanids) 

and Ceratopogonidae (biting midges). Other vectors include Siphonaptera (fleas) and 

members of the heteropteran family, Reduviidae (triatomines) (Hoare, 1972; Lazzari et 

al., 2013; Svobodová et al., 2017; Gieger et al., 2018; Mulandane et al., 2020). 

 

Within Australia, a growing number of indigenous trypanosomes have been found to 

naturally infect a variety of native wildlife (Thompson et al., 2014; Cooper et al., 2016; 

Barbosa et al., 2017; Northover et al., 2019; Egan et al., 2020; Ortiz-Baez et al., 2020). Of 

particular concern is the reported association of species of indigenous trypanosomes as 

the causative agents in the deteriorating health, and subsequent population decline, of 

certain wildlife such as the woylie (syn. brush-tailed bettong, Bettongia penicillata) 

(Northover et al., 2019; Botero et al., 2013; Wayne et al., 2015). A native marsupial whose 

geographical distribution has become restricted to a region of south-western Australia, 

the woylie has undergone a greater than 90% decline in population numbers since 1999, 

affirming it as critically endangered on the IUCN list of threatened species (Wayne et al., 

2015). Whilst there have been various hypothetical proposals for this dramatic decline, 

their present spatial distribution suggests the potential role of an infectious agent (Smith 

et al., 2008; Wayne et al., 2015). Recent surveys have confirmed the woylie as capable of 

harbouring at least five indigenous trypanosome species: Trypanosoma copemani, T. 

gilletti, T. noyesi and T. vegrandis, as well as a currently undescribed species, tentatively 

designated as Trypanosoma sp. ANU2 (Cooper et al., 2018; Northover et al., 2019). One 

genotype of T. copemani has been detected in woylie tissues and subsequently 

associated with tissue pathology (Botero et al, 2013).  
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Ticks (Ixodidae) are arthropods with a life history that involves four developmental 

stages, three of which require a blood meal from a vertebrate host (Apanaskevich and 

Oliver, 2013). It is during this act of blood-feeding that ticks are capable of acquiring 

several infectious agents from a reservoir host including bacteria, viruses and parasites. 

Moreover, some of these pathogens have the potential to persist within the ticks by 

trans-stadial survival (i.e. between different developmental stages), making ticks globally 

recognised as important vectors for an array of infectious diseases in humans and animals 

(Jongejan and Uilenberg, 2004). Ticks have persisted for several years as the prime 

suspect responsible for transmitting Australian trypanosomes between wildlife. 

Unfortunately, since previous studies have focused solely on the opportunistic screening 

of blood-fed ticks collected directly from infected vertebrate hosts, the lack of conclusive 

evidence has delayed any advancement in our understanding of the life histories of 

Australia’s trypanosomes (Krige et al., 2019). Consequently, the vectors responsible for 

maintaining Australia’s Trypanosoma spp. life cycles and the ubiquitous persistence of 

several species within native fauna remains unknown (Thompson and Thompson 2015). 

 

A recent study investigating the presence of T. noyesi, an Australian parasite of special 

biosecurity interest due to its genetic proximity to the South American human pathogen 

T. cruzi (Botero et al., 2016; Thompson, 2018), revealed ticks collected from the 

vegetation (i.e. questing) as capable of harbouring this parasite despite the apparent 

absence of a blood meal (Krige et al., 2021). Furthermore, this study determined that 

several different morphotypes for T. noyesi were present within the combined smeared 

gut and salivary gland contents of questing ticks, including the trypomastigote form; the 

developmental stage infectious to vertebrate hosts.  
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With an aim to fill the current gaps in knowledge concerning the identity and prevalence 

of trypanosomes within Australian ticks, the focus of the present study was to molecularly 

screen questing and feeding ticks, collected from an endemic region of south-west 

Australia, for indigenous species of Trypanosoma parasites. All questing ticks were 

examined in a previous study (Krige et al., 2021) to detect and visualise T. noyesi. The aim 

of the present study was to survey Australian ticks for additional species of Trypanosoma 

common to the native wildlife that inhabit this region of south-western Australia. 

 

2. Materials and Methods 

2.1. Study sites, sampling and tick Identification 

Sampling was conducted within the Upper Warren Region (UWR) of south-western 

Australia (approximately 144,000 ha of nature reserve and forested areas). Questing ticks 

were collected by opportunistic sampling—ticks were removed from clothing and 

equipment on which they had crawled. Given the observable size of nymphs and adults, 

these life stages were further collected from the ground as and when observed. 

Collection occurred in 34 different forest block sites from 15 geographical locations 

within this region. Sampling was in concurrence with wildlife surveys conducted by the 

Department of Biodiversity, Conservation and Attractions (DBCA) (formally Department 

of Parks and Wildlife) Fauna Taking (Scientific or Other Purposes) Licence (08-000995-3; 

FO25000048; FO25000173) in collaboration with Murdoch University, a joint 

collaboration throughout the spring and summer months of September-December 2018. 

During these fauna monitoring surveys, several species of wildlife were trapped under 

DBCA permit number DBCA AEC 2018_22F during which time feeding ticks were 

removed. Wildlife were trapped within five geographical localities within the UWR. Upon 

collection, all ticks were immediately preserved in 70% ethanol and stored at ambient 



 199 

temperature during field work before subsequently stored at 4°C in the laboratory until 

downstream analyses. Ticks were identified morphologically in accordance with 

published tick identification keys (Roberts, 1970; Barker et al., 2014).  

 

2.2. DNA extraction and HRM-qPCR detection of Trypanosoma spp. 

Following identification, the external surface of each tick was cleaned in a series of 10% 

sodium hypochlorite, followed by 70% ethanol and a final rinse in sterile phosphate 

buffered saline (PBS; 10 mM Na2HPO4, 150 mM NaCl at pH 7.4) prior to DNA extraction. 

Ticks were bisected as previously described (Krige et al., 2021). The total genomic DNA 

was extracted from individual bisected ticks using a DNeasy Blood & Tissue Kit (QIAGEN, 

Hilden, Germany) following the manufacturers recommendations (QIAGEN 

Supplementary Protocol: Purification of total DNA from insects): overnight digestion at 

56°C; elution buffer AE decreased to between 30–40 μL (depending on the size of the 

tick); double elution step to increase DNA yield. Each DNA extraction batch contained 

blank controls subsequently checked by PCR for contamination. Trypanosoma spp. 

detection was performed on genomic DNA extracts from individual adult and nymph 

questing ticks (n = 123) and two questing larvae pools (n = 15 and 10). For feeding ticks, 

individual adults, nymphs and larvae (n = 72) and four feeding larvae pools (n = 2, 3, 2 

and 4) were analysed. Screening was employed for a 250 bp region using a High-

Resolution Melt (HRM) real-time qPCR assay that targets the 18S rRNA gene for 

trypanosomatids, with amplification parameters followed in accordance with the cycling 

protocol (Keatley et al., 2020). All HRM-qPCRs were run with positive controls obtained 

from cloned DNA from three Trypanosoma species: T. copemani, T. noyesi and T. 

vegrandis, which are species endemic to the region in which sampling took place. 

Negative controls included extraction blanks, PCR-grade H2O, no template control (NTC) 
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(i.e. reagents only) and Leishmania macropodum (Krige et al., 2021). All analyses were 

carried out in duplicate. Post amplification melt curve analysis allowed for initial 

differentiation of Trypanosoma species (Keatley et al., 2020) that was subsequently 

confirmed with sequencing.  

 

2.3. Confirmation of qPCR positive results by DNA sequencing 

PCR products were visualised on 1.5% agarose gels stained with SYBR Safe (Invitrogen, 

California, USA). Amplicons were purified using Agencourt AMPure Purification System 

(Beckman Coulter, California, USA). Sequencing was carried out at the Western Australian 

State Agricultural Biotechnology Centre (SABC) at Murdoch University, using an ABI 

Prism™ BigDye v3.1 Cycle Sequencing Kit (Applied Biosystems, California, USA) and an ABI 

3730 96 capillary machine. Forward and reverse DNA strands were sequenced and 

subsequently analysed in Geneious v10.2.2 (https://www.geneious.com). Sequence 

identification was performed using BLAST (http://blast.ncbi.nlm.nih.gov/Blast.cgi) against 

the NCBI nucleotide (nt) database. Phylogenetic analyses of the amplified section of 18S 

rRNA was conducted for Trypanosoma spp. (T. copemani, T. noyesi, T. vegrandis/T. gilletti 

and Trypanosoma sp. ANU2) and Bodo DNA detected within ticks. Maximum likelihood 

(ML) trees were generated using the HKY85 genetic distance model with bootstrap 

resampling using 1000 replicates and constructed using PHyML v3.2 in Geneious 

(Guindon et a l., 2010; Kearse et al., 2012).  

 

2.4. Statistical analysis 

Statistical analyses were performed using a chi-squared test (Minitab 18 Statistical 

Software) to examine the difference in Trypanosoma spp. infection between questing 

and feeding ticks. Due to the small sample size, a Fisher exact test was used to compare 
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the infection rate between life stages: larvae, nymphs and adults collected from 

vegetation against those retrieved from marsupial hosts. Significance level (alpha) was 

set to 0.05. 

 

3. Results 

3.1. Tick collection and identification 

A total of 231 ticks were collected in the UWR and molecularly screened for Australian 

species of Trypanosoma using a trypanosomatid-specific HRM-qPCR assay. Of these, 148 

questing ticks (n = 25 larvae, 82 nymphs, 21 adult males and 20 adult females) were 

retrieved from vegetation. Questing adult and nymph ticks were identified as 

Amblyomma triguttatum, Ixodes australiensis and I. myrmecobii, with larvae identified as 

Ixodes spp. Feeding ticks (n = 83; 21 larvae, 21 nymphs, 1 adult male and 40 adult females) 

were collected from a total of 76 marsupial hosts including the woylie (n = 59), brush-

tailed possum Trichosurus vulpecula (n = 15), quenda Isoodon obesulus (n = 1) and 

tammar wallaby Macropus eugenii (n = 1). Adult and nymph feeding ticks were 

predominantly identified as I. australiensis, I. myrmecobii, I. tasmani and the newly 

described I. woyliei (Ash et al., 2017), with a single A. triguttatum and I. fecialis retrieved 

from a woylie and quenda, respectively. Larval ticks were identified as Amblyomma spp. 

and Ixodes spp. The sampling of both questing and feeding ticks were opportunistic and 

therefore not standardised with respect to collection area or time. The developmental 

stages of collected tick species are represented in Table 1. Notably woylies carried the 

highest diversity of tick species detected (Table 1). Ixodes australiensis was the most 

common tick species retrieved from the woylie, whereas I. tasmani was the prevalent 

species collected from the brush-tailed possum.
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Table 1. Summary of tick identification and the incidence of Trypanosoma positivity per developmental stage (larva, nymph, adult male, adult female) for ticks 
collected from vegetation (i.e. questing) and hosts (i.e. feeding). 

Tick Species 
Life Stage 

Total Host Species 
Larva Nymph Male Female 

Questing       

Amblyomma triguttatum 0 78 10 9 97 n/a 

Ixodes australiensis 0 4 11 4 19 n/a 

Ixodes myrmecobii 0 0 0 7 7 n/a 
Ixodes spp. 25 0 0 0 25 n/a 

 n/qPCR+/%   

Total 25/0/0.0 * 82/30/36.6 21/8/38.1 20/8/40.0 148/46/31.1  

DNA extracts     125/46/36.8  

Feeding     

Amblyomma triguttatum 0 1 0 0 1 Woylie 

Amblyomma spp. 20 0 0 0 20 
Tammar wallaby, 

Woylie 

Ixodes australiensis 0 7 1 18 26 
Brush-tailed 

possum, Woylie 

Ixodes fecialis 0 0 0 1 1 Quenda 

Ixodes myrmecobii 0 2 0 9 11 
Brush-tailed 

possum, Woylie 

Ixodes tasmani 0 9 0 1 10 Brush-tailed possum 

Ixodes woyliei 0 2 0 11 13 Woylie 

Ixodes spp. 1 0 0 0 1 Woylie 
 n/qPCR+/%   

Total 21/8/38.0 * 21/10/47.6 1/0/0.0 40/7/17.5 83/25/30.1  

DNA extracts     76/25/32.9  

qPCR, quantitative polymerase chain reaction. qPCR+, qPCR Trypanosoma positivity. * Larvae were pooled for DNA extracts. 
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3.2. HRM-qPCR Detection of Trypanosoma spp. in Questing and Feeding Ticks 

The recently published HRM-qPCR assay specific for trypanosomatids (Keatley et al., 

2020), revealed 35% (71/201) of collected ticks as positive for Trypanosoma DNA. Data 

was confirmed by qPCR signal within the amplification parameters for Trypanosoma spp., 

as previously established (Keatley et al., 2020), and the presence of an amplicon of ~250 

bp. The difference between ticks retrieved from vegetation (37%; 46/125) compared to 

feeding ticks removed from hosts (33%; 25/76) was insignificant. The distribution of 

Trypanosoma qPCR data across the different life stages for questing and feeding ticks is 

presented in Table 1. In the feeding ticks collected from marsupial hosts, the detection 

of Trypanosoma DNA was highest in the brush-tailed possum (53%; 8/15) followed by the 

woylie (22%; 13/59). Neither the quenda or tammar wallaby sampled in this study were 

qPCR positive; however, only a single marsupial of each species was opportunistically 

sampled. 

 

3.3. Sequence based identification of Trypanosoma spp. in ticks 

Sanger sequencing established that 28% of questing (n = 35; 9 adults and 26 nymphs) and 

28% of feeding ticks (n = 21; 7 adults, 10 nymphs and 4 larval pools) were infected with 

one or more of the trypanosome species previously documented in the region (Cooper 

et al., 2018; Northover et al., 2019). These species include T. copemani, T. noyesi, T. 

vegrandis/T. gilletti species complex (Cooper et al., 2018), and Trypanosoma sp. ANU2. 

Table 2 displays the occurrence of these Trypanosoma spp. in the questing and feeding 

ticks sampled in this study. Representatives for each species of trypanosome detected in 

this study are presented in Figure 1. Sequence identity from BLAST results identified T. 

copemani in 11% (14/125) and 8% (6/76) of questing and feeding ticks, respectively. The 
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Trypanosoma 18S rRNA sequence amplified from ticks was found to share 95.24–100% 

sequence similarity to partial sequences from T. copemani genotypes. T. noyesi was 

confirmed in 5% (6/125) of questing ticks as previously published (Krige et al., 2021) and 

1% (1/76) of feeding ticks. The region amplified shared 97.97–99.19% sequence similarity 

to deposited GenBank sequences for T. noyesi and T. vegrandis/T. gilletti and was 

identified in 10% (13/125) and 15% (11/76) of questing and feeding ticks, respectively. 

Sequences shared 97.73–100% similarity to deposited sequences corresponding to 

species within this complex. Analysis concluded that 2% (2/125) questing and 4% (3/76) 

feeding ticks contained DNA for Trypanosoma sp. ANU2 (98.46–100% similarity). One 

questing tick generated sequences for T. copemani and T. vegrandis DNA indicating a 

mixed infection. Whilst data is insufficient to deduce meaningful phylogenetic inferences 

between Trypanosoma spp. and different tick species (Figure 1), sequence disparities 

were apparent and primarily the result of small sequence variants including SNPs. T. 

noyesi and T. vegrandis/T. gilletti sequences with reduced sequence similarity shared 

SNP’s at the terminal ends. Although T. noyesi-positive ticks were of the species A. 

triguttatum, a single questing tick contained a nucleotide insertion that was not shared 

by the remaining T. noyesi-positive ticks. Similarly, the sequence from a questing I. woyliei 

contained one nucleotide insertion that was not shared by other T. copemani-positive 

ticks. SNP and nucleotide insertions may account for different trypanosome genotypes, 

however no significant nucleotide diversity was correlated with different tick species. The 

Bodo DNA detected in A. triguttatum, I. australiensis, and I. myrmecobii ticks shared 

similarity with Bodo spp. (Supplementary Figure S1). All questing ticks were previously 

examined for the presence of T. noyesi DNA (Krige et al., 2021) with amplified sequences 

from the study available in GenBank. New sequences obtained in the present study have 

been deposited in GenBank for Trypanosoma spp. (accession numbers: MW881302-
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MW881349) and Bodo spp. (accession numbers: MZ669864-MZ669882) (Supplementary 

Table S1). 

 

Table 2. Occurrence of Trypanosoma spp. in Australian ticks collected in this study. 

 Questing Ticks Feeding Ticks 

Trypanosoma copemani n (%) 14 (11.2) 6 (7.9) 

Trypanosoma noyesi n (%) 6 (4.8) (Krige et al., 2021) 1 (1.3) 

Trypanosoma vegrandis/T. gilletti 
n (%) 

13 (10.4) 11 (14.5) 

Trypanosoma sp. ANU2 n (%) 2 (1.6) 3 (3.9) 

Total n (%) 35/125 (28) 21/76 (27.6) 

 

 

Finally, among the feeding ticks screened, Trypanosoma spp. DNA was frequently 

detected in I. tasmani (50%; 5/10). In comparison, the dominant detection of 

Trypanosoma spp. DNA in questing ticks was within A. triguttatum (89%; 31/35). Overall, 

the tick developmental phase in which Trypanosoma DNA was most prevalent in both 

feeding and questing ticks was the nymphal life stage. 

 

3.4. Statistical analyses 

The difference between the percentage of Trypanosoma infected questing ticks (28%) 

and Trypanosoma infected feeding ticks (~28%) was not statistically significant (p = 

0.5408). Similarly, the difference between infected nymphs (questing vs. feeding) and 

adult ticks (questing vs. feeding) was not statistically significant. However, the difference 

between the percentage of infected questing larvae (0%) and infected feeding larvae 

(38%) was statistically significant (p = 0.0008). 
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Fig. 1. ML tree constructed from a 193 bp alignment of Trypanosoma 18S rRNA partial sequences. Numbers represent bootstrap support generated from 
1000 replications. Support values above 60% are indicated. GenBank accession numbers in brackets. Sequences generated in the previous investigation 
(Krige et al., 2021) and this study are in bold type.



 207 

4. Discussion 

This study provides molecular evidence for the presence of five Australian Trypanosoma 

spp. (T. copemani, T. noyesi, T. vegrandis, T. gilletti and Trypanosoma sp. ANU2) from 

questing and feeding ticks (genera Amblyomma and Ixodes) collected from south-west 

Australia. These data provide the first survey of several Trypanosoma spp. in Australian 

questing ticks, as well as a direct comparison with that of feeding ticks collected at the 

same time and location. 

 

Trypanosomes of Australian wildlife are significantly understudied despite several reports 

suggesting that some species might be pathogenic, affecting the fitness and consequently 

the population numbers for certain native hosts (Botero et al., 2013). A major knowledge 

gap persists in regard to understanding the Australian Trypanosoma life cycle(s) since the 

vectors have not been identified. Whilst ticks have been proposed as vectors due to the 

frequency in which they are found on wildlife, in addition to sporadic reports of flagellate 

forms within opportunistically collected fed ticks, to date there has been a scarcity of 

published reports detailing the screening of any potential invertebrate vector candidates 

for Australian trypanosomes (Hamilton et al., 2005; Thompson and Thompson, 2015; 

Botero et al., 2016; Ellis et al., 2021; Krige et al., 2019; 2021). This is despite the 

continuing discovery of new species and the revelation that many indigenous species of 

Trypanosoma appear to be ubiquitously distributed across the Australian continent and 

found in a remarkably diverse range of vertebrate hosts (Paparini et al., 2011; Thompson 

et al., 2014; Cooper et al., 2018; Ortiz-Baez et al., 2020; Hall et al., 2021). 

 

The presence of Trypanosoma DNA in questing ticks suggests that ticks may serve as 

potential vectors for indigenous trypanosomes in Australia, hence contributing to the 



 208 

extensive distribution of these Trypanosoma spp.; corresponding with the common and 

widespread dissemination of ticks throughout the continent (Roberts, 1970; Barker et al., 

2014). Trypanosoma DNA was detected in all examined stages (larvae, nymph, adult) of 

both feeding and questing ticks, however statistical comparison between stages is 

difficult because of the differences in ratios among the collected developmental stages 

of ticks. Hence, a direct comparison of the unequally distributed stages of ticks in these 

two groups was deemed impractical. Nevertheless, our observations are in agreement 

with the known biology of ticks: adults are the life stage more frequently found on hosts, 

whilst immature nymphs are more prevalent on vegetation. Interestingly, a number of 

larvae were also retrieved from two host species in this study. In the Australian 

ecosystem, these hosts, woylie and brush-tailed possum, are considerably smaller when 

compared to the larger macropods that inhabit the environment. As inferred for the 

ecology of ticks, these smaller marsupials are opportunistic hosts for immature stage ticks 

such as larvae, due to their close proximity to the ground (i.e. leaf litter) where immature 

stages are generally found (Apanaskevich and Oliver, 2013). 

 

The overestimation for trypanosomatid DNA by HRM-qPCR (37%; Table 1) compared to 

the Trypanosoma DNA confirmed by subsequent sequencing (28%) was accounted for as 

a result of the presence of Bodo DNA, as previously reported (Krige et al., 2021). Whilst 

further evaluation concerning the occurrence of Bodo DNA within ticks was beyond the 

scope of this study, the presence of this kinetoplastid may be attributed to various 

factors, including contaminated moist leaf litter/soil and the consumption of water—

environments in which these free-living protozoa are often located. Statistical analyses 

suggested significance in regard to the frequency rate of Trypanosoma DNA in feeding 

larvae when compared to the absence of infection in questing larvae. This difference may 
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be explained in terms of tick biology, where questing larvae are yet to receive their first 

blood meal and hence have not had an opportunity to acquire a Trypanosoma infection. 

The presence of Trypanosoma DNA in feeding larvae suggests acquisition from a 

parasitaemic host. The occurrence of Trypanosoma spp. infection in wildlife collected 

from this region has been previously detected at high prevalence (>80%) (Botero et al., 

2013). Consequently, when we consider a blood meal acquired infection, the presence 

of Trypanosoma DNA in feeding ticks directly removed from infected hosts within this 

region is not unusual (Krige et al., 2019). However, when the occurrence in feeding larvae 

is subsequently compared to the high detection of Trypanosoma DNA in questing 

nymphs, these data may suggest that the larvae, having previously fed on a parasitaemic 

host, is capable of maintaining the acquired infection between developmental stages and 

therefore supporting the hypothesis of trans-stadial transmission. Hence, we can assume 

that the infection acquired during the larval stage has every possibility of persisting from 

larval to nymphal stage. This may explain the significant number of questing nymphs 

found infected with Trypanosoma DNA in this investigation. 

 

Infection with more than one trypanosome was confirmed for a single questing tick, 

however the potential for mixed infections in other ticks cannot be excluded. HRM-qPCR 

analysis provided one indication of mixed Trypanosoma spp. DNA. Co-infection with T. 

copemani and T. vegrandis or T. gilletti (undistinguishable from each other by the 

amplified fragment) was detected in a questing immature nymphal stage. This suggests 

that the infection was likely acquired from feeding at the larval stage on a host harbouring 

a blood infection comprising of these Trypanosoma species. This theory is plausible given 

ongoing reports of multiple infections for several species of trypanosome within 
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Australian wildlife, such as the woylie (Northover et al., 2019), a marsupial endemic to 

the area sampled. 

 

In this study, the Trypanosoma species identified within feeding ticks revealed T. 

vegrandis/T. gilletti as most prevalent (15%), followed by T. copemani (8%), Trypanosoma 

sp. ANU2 (4%) and T. noyesi (1%). This prevalence gradient directly corresponds with the 

statistical data from a recent study investigating trypanosome incidence in woylies from 

the same area sampled (Northover et al., 2019). Interestingly, of the 21 (28%) feeding 

ticks that contained Trypanosoma DNA, only one was DNA positive for T. noyesi (Table 2), 

compared to the six questing ticks positive for T. noyesi (Krige et al., 2021). Whilst not 

statistically significant, it can be expected that the percentage of infection would be 

higher in feeding ticks due to the increased likelihood of a blood meal acquired infection 

from a host exhibiting parasitaemia. However, since the infection status of the hosts at 

the time in which feeding ticks were collected was unknown, we cannot confirm whether, 

corresponding with a potential absence of T. noyesi infected hosts, these feeding ticks 

were simply free from T. noyesi DNA. Incidentally, woylies, the primary host species 

surveyed for feeding ticks in this study, have been reported to harbour a low infection 

rate for T. noyesi, particularly when compared with the other species of trypanosome for 

which the marsupial is a known carrier (Botero et al., 2013; 2016; Northover et al., 2019). 

Consequently, the outstanding question remains as to the identity of the main reservoir 

host(s) for T. noyesi within the Australian ecosystem. Of further interest is the single 

feeding tick positive for T. noyesi DNA which belonged to the species A. triguttatum; the 

same species of tick reported as positive for T. noyesi in the recently published study 

concerning questing ticks collected from the same area (Krige et al., 2021). 
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In conclusion, this study adds to the growing evidence that ticks may serve as vectors for 

Australian trypanosomes. A limitation of this study is the sample size, whereby sampling 

was neither systematic nor exhaustive; the sample size for certain tick species was small 

and given the variety of prospective wildlife hosts in this area compared to the number 

of species opportunistically sampled during targeted surveys (i.e. woylie-specific), 

confirms that overall the hosts of feeding ticks collected in this study were understudied. 

A comprehensive representation for the prevalence of Trypanosoma in feeding ticks 

compared to questing ticks remains to be elucidated, with the results generated from 

this study providing a snapshot to guide a more thorough systematic, year-round, 

investigation. 
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Supplementary Figure S1. Representative ML phylogenetic tree constructed from Bodo 18S rRNA partial sequences (243 bp). Numbers represent bootstrap support 
generated from 1000 replications. Values above 60% are indicated. GenBank accession numbers in brackets. Sequences from this study are in bold type.  
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Supplementary Table S1. Trypanosoma and Bodo sequences generated in Krige et al. (2021) and the present study. 
 

Sample ID Trypanosoma sp.  Tick species Tick life stage Status Accession number 

2018QT9 T. copemani I. myrmecobii Female Questing MW881302 

2018QT12 T. copemani A. triguttatum Nymph Questing MW881303 

2018QT33 T. copemani A. triguttatum Nymph Questing MW881304 

2018QT34 T. copemani A. triguttatum Nymph Questing MW881305 

2018QT35 T. copemani A. triguttatum Nymph Questing MW881306 

2018QT45 T. copemani A. triguttatum Female Questing MW881307 

2018QT57 T. copemani A. triguttatum Nymph Questing MW881308 

2018QT65 T. copemani A. triguttatum Nymph Questing MW881309 

2018QT79 T. copemani A. triguttatum Nymph Questing MW881310 

2018QT75 T. copemani A. triguttatum Male Questing MW881311 

2018QT78 T. copemani A. triguttatum Female Questing MW881312 
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2018QT78 T. copemani A. triguttatum Female Questing MW881313 

2018QT86 T. copemani A. triguttatum Male Questing MW881314 

2018QT109 T. copemani A. triguttatum Nymph Questing MW881315 

2018FT26 T. copemani I. australiensis Female Feeding MW881316 

2018FT31b T. copemani I. australiensis Nymph Feeding MW881317 

2018FTJ5 T. copemani I. tasmani Nymph Feeding MW881318 
 

2018FTJ9 T. copemani I. myrmecobii Nymph Feeding MW881319 

2018FTJ11 T. copemani I. woyliei Female Feeding MW881320 
 

2018FT31 T. copemani I. tasmani Nymph Feeding MW881321 

2018QT26 T. noyesi A. triguttatum Nymph Questing MW079253 

2018QT34 T. noyesi A. triguttatum Nymph Questing MW079254 

2018QT50 T. noyesi A. triguttatum Nymph Questing MW079255 

2018QT51 T. noyesi A. triguttatum Nymph Questing MW079256 
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2018QT66 T. noyesi A. triguttatum Nymph Questing MW079257 

2018QT69 T. noyesi A. triguttatum Nymph Questing MW079258 

2018FT4 T. noyesi A. triguttatum Nymph Feeding MW881322 

2018QT13 T. vegrandis/T. gilletti I. australiensis Male Questing MW881323 

2018QT32 T. vegrandis/T. gilletti A. triguttatum Nymph Questing MW881324 

2018QT62 T. vegrandis/T. gilletti A. triguttatum Male Questing MW881325 

2018QT63 T. vegrandis/T. gilletti A. triguttatum Female Questing MW881326 

2018QT77 T. vegrandis/T. gilletti A. triguttatum Nymph Questing MW881327 

2018QT84 T. vegrandis/T. gilletti A. triguttatum Nymph Questing MW881328 

2018QT91 T. vegrandis/T. gilletti A. triguttatum Nymph Questing MW881329 

2018QT100 T. vegrandis/T. gilletti A. triguttatum Nymph Questing MW881330 

2018QT104 T. vegrandis/T. gilletti A. triguttatum Nymph Questing MW881331 

2018QT111 T. vegrandis/T. gilletti I. australiensis Female Questing MW881332 
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2018QT118 T. vegrandis/T. gilletti A. triguttatum Nymph Questing MW881333 

2018QT122 T. vegrandis/T. gilletti I. australiensis Nymph Questing MW881334 

2018FT6a T. vegrandis/T. gilletti Amblyomma spp. Larva Feeding MW881335 

2018FT7b T. vegrandis/T. gilletti Amblyomma spp. Larva Feeding MW881336 

2018FT30a T. vegrandis/T. gilletti I. tasmani Nymph Feeding MW881337 

2018FT31a T. vegrandis/T. gilletti I. australiensis Nymph Feeding MW881338 

2018FT55 T. vegrandis/T. gilletti I. myrmecobii Female Feeding MW881339 

2018FTJ7 T. vegrandis/T. gilletti I. tasmani Nymph Feeding MW881340 

2018FTJ14 T. vegrandis/T. gilletti I. woyliei Female Feeding MW881341 

2018FTJ19 T. vegrandis/T. gilletti I. myrmecobii Female Feeding MW881342 

2018FTJ21 T. vegrandis/T. gilletti I. tasmani Nymph Feeding MW881343 

2018FTJ26 T. vegrandis/T. gilletti I. australiensis Nymph Feeding MW881344 

2018FTJ28 T. vegrandis/T. gilletti Amblyomma spp. Larva Feeding MW881345 
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2018QT20 Trypanosoma sp. ANU2 A. triguttatum Nymph Questing MW881346 

2018FTJ20 Trypanosoma sp. ANU2 I. myrmecobii Female Feeding MW881347 

2018FTJ25 Trypanosoma sp. ANU2 I. myrmecobii Female Feeding MW881348 

2018FTJ29 Trypanosoma sp. ANU2 Ixodes spp. Larva Feeding MW881349 

2018QT3 Bodo sp. A. triguttatum Nymph Questing MZ669864 

2018QT25 Bodo sp. A. triguttatum Nymph Questing MZ669865 

2018QT28 Bodo sp. A. triguttatum Nymph Questing MZ669866 

2018QT37 Bodo sp. I. myrmecobii Female Questing MZ669867 

2018QT39 Bodo sp. I. australiensis Male Questing MZ669868 

2018QT44 Bodo sp. A. triguttatum Nymph Questing MZ669869 

2018QT64 Bodo sp. I. australiensis Nymph Questing MZ669870 

2018QT72 Bodo sp. A. triguttatum Male Questing MZ669871 

2018QT90 Bodo sp. I. myrmecobii Female Questing MZ669872 
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2018QT93 Bodo sp. I. australiensis Male Questing MZ669873 

2018QT96 Bodo sp. A. triguttatum Nymph Questing MZ669874 

2018QT97 Bodo sp. A. triguttatum female Questing MZ669875 

2018QT101 Bodo sp. A. triguttatum Nymph Questing MZ669876 

2018QT106 Bodo sp. A. triguttatum Nymph Questing MZ669877 

2018QT107 Bodo sp. I. australiensis Male Questing MZ669878 

2018QT113 Bodo sp. A. triguttatum Nymph Questing MZ669879 

2018QTW1 Bodo sp. A. triguttatum Nymph Questing MZ669880 

2018QTJ12 Bodo sp. A. triguttatum Nymph Questing MZ669881 

2018QTJ17 Bodo sp. A. triguttatum Nymph Questing MZ669882 
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Chapter 6 
 
 
 
 
 
 

‘A flying start’: Wildlife trypanosomes in tissues of 
Australian tabanids (Diptera: Tabanidae) 
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Linking statement 

 

In this Chapter we investigate the association between Australian trypanosomes and the 

haematophagous horse fly (syn. March fly; tabanid). Given the anecdotal reports yet 

limited scientific studies concerning tabanids and their potential involvement as 

indigenous trypanosome vectors, this study focused on utilising our established 

techniques as applied in Chapters 4 and 5 to investigate the presence of trypanosomes 

within tabanids. Individual tabanid tissues associated with the transmission of exotic 

trypanosomes were isolated from Australian specimens for the first time, facilitating 

exploration of the potential route in which Australian Trypanosoma may be transferred 

between different wildlife hosts. In keeping with Chapter 4 and 5, the tabanids in this 

study were collected from a trypanosome endemic region of Western Australia. The aim 

of this study was to establish whether Australian tabanids may serve a role as potential 

vectors for native trypanosomes.   
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Abstract 

Tabanids (syn. horse flies) are biting-flies of medical and veterinary significance because 

of their ability to transmit a range of pathogens including trypanosomes – some species 

of which carry a combined health and biosecurity risk. Invertebrate vectors responsible 

for transmitting species of Trypanosoma between Australian wildlife remains unknown, 

thus establishing the role of potential vector candidates such as tabanids is of utmost 

importance. The current study aimed to investigate the presence of indigenous 

trypanosomes in tabanids from an endemic area of south-west Australia. A total of 148 

tabanids were collected, with morphological analysis revealing two subgenera: Scaptia 

(Pseudoscione) and S. (Scaptia) among collected flies. A parasitological survey using an 

HRM-qPCR and sequencing approach revealed a high (105/148; 71%) prevalence of 

trypanosomatid DNA within collected tabanids. Individual tissues - proboscis (labrum, 

labium and mandibles, hypopharynx), salivary glands, proventriculus, midgut, and 

hindgut and rectum - were also tested from a subset of 20 tabanids (n = 140 tissues), 

confirming the presence of Trypanosoma noyesi in 31% of screened tissues, accompanied 

by T. copemani (3%) and T. vegrandis/T.gilletti (5%). An unconfirmed trypanosomatid sp. 

was also detected (9%) within tissues. The difference between tissues infected with T. 

noyesi compared with tissues infected with other trypanosome species was statistically 

significant (p < 0.05), revealing T. noyesi as the more frequent species detected in the 

tabanids examined. Fluorescence in situ hybridisation (FISH) and scanning electron 

microscopy (SEM) confirmed intact parasites within salivary glands and the proboscis 

respectively, suggesting that both biological and mechanical modes of transmission could 

occur. This study reveals the presence of Australian Trypanosoma across tabanid tissues 

and confirms intact parasites within tabanid salivary glands and the proboscis for the first 
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time. Further investigations are required to determine whether tabanids have the 

vectorial competence to transmit Australian trypanosomes between wildlife.   

 
 
1. Introduction 

Tabanids (syn. horse flies, March flies) are haematophagous insects of the family 

Tabanidae (Diptera) that universally comprises more than 4400 known species (Pape et 

al., 2011; Roskov et al., 2015), of which approximately 230 species have been identified 

within Australia (Mackerras, 1954; 1956; Lessard and Yeates, 2012). Tabanids are robust 

flies, with their ecological preference exceptionally diverse as exhibited by their extensive 

geographical distribution that only excludes the extreme northern and southern latitudes 

(Strother, 1999; Baldacchino et al., 2014). In Australia, tabanids are ubiquitous; found 

across the continent including Tasmania, and there are several mainland species that 

inhabit adjacent islands of the Torres Strait and neighbouring Papua New Guinea 

(Mackerras, 1956; Mackerras, 1964; Daniels, 1989). 

 

Tabanids are known biological or mechanical vectors in the transmission of several 

infectious agents of veterinary and medical importance including tularemia (rabbit fever), 

surra, and even anthrax (Baldacchino et al., 2014). In particular, their mechanical 

transmission of various pathogens, accomplished either through contamination of 

mouthparts or regurgitation, has been documented for several decades (Foil, 1989; 

Baldacchino et al., 2014). Tabanid flies therefore serve as vectors for various species of 

bacteria, viruses, helminths, and protozoa. Concerning the latter, protozoan 

haemoparasites transmitted by tabanid flies include Trypanosoma - confirmed species 

include T. brucei brucei, T. congolense, T. evansi, T. theileri, and T. vivax (Baldacchino et 

al., 2014). All of these species of Trypanosoma are mechanically transmitted to 
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susceptible vertebrate hosts during the interrupted feeding behaviour of tabanid flies 

(Hoare, 1972; Desquesnes and Dia, 2003). T. theileri and T. vivax are further reported as 

capable of being transferred between hosts via biological transmission routes (Hoare, 

1972; Baldacchino et al., 2014).  

 

In Australia, the detection of novel indigenous trypanosomes is becoming more frequent 

with parasitological surveys of various species of native wildlife revealing a widespread 

geographical distribution for several indigenous trypanosome species (Thompson et al., 

2014; Cooper et al., 2016; Barbosa et al., 2017). An area extensively researched over the 

last decade has been the south-western region of Western Australia, with several native 

fauna listed as vulnerable or critically endangered on the IUCN list of threatened species. 

Of particular concern has been the dramatic population decline of the woylie (syn. brush-

tailed bettong; Bettongia penicillata), with trypanosome infections proposed as one of 

several likely driving influences (e.g. introduced predators, habitat destruction) in the 

rapid regression in population numbers (Smith et al., 2008; Wayne et al., 2015).  

 

To date, the majority of research on the diversity and characterisation of Australian 

Trypanosoma species has focused directly on the affected vertebrate hosts (Paparini et 

al., 2011; Thompson et al., 2014; Northover et al., 2019; Ortiz-Baez et al., 2020) or most 

recently, suspected vectors such as ticks (Krige et al., 2021a; b). Consequently, there is a 

significant knowledge gap concerning the life cycle of Australian trypanosomes, with the 

vectors responsible for their transmission speculated but at present, unconfirmed. Apart 

from an opportunistic survey of a small number of tabanid flies for the presence of T. 

noyesi (Botero et al., 2016), a species of biosecurity concern attributed to its shared 

genetic proximity to the South American pathogen T. cruzi, there remains a lack of data 
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on the occurrence of trypanosome parasites in tabanid flies in Australia. Given: a) the 

ubiquitous distribution of tabanids across Australia, b) the biting behaviour of female flies 

that can lead to the mechanical transmission of pathogens, c) their known capacity as a 

family to transmit exotic trypanosomes and hence, the impending biosecurity risk should 

Australian tabanids serve as common vectors for trypanosomes within the T. cruzi clade 

(Thompson and Thompson, 2015), understanding the association between Australian 

tabanids and indigenous trypanosomes is of utmost importance. In the present study, we 

conduct a combined molecular and microscopy survey for species of indigenous 

Trypanosoma harboured by tabanid flies collected from an established endemic region 

(i.e. known to contain parasitaemic vertebrate hosts) of south-west Australia.  

 

 

2. Materials and Methods 

2.1. Study sites, sampling and tabanid identification 

Tabanid sampling by way of opportunistic trapping using hand-held netting was carried 

out in the Upper Warren Region (UWR) located in south-west Australia, a 144,000 ha of 

nature reserve and forested areas in which several native fauna inhabit (Fig. 1). A total of 

20 sites were targeted for collection. Sampling occurred between the months of October 

2019–March 2020 (spring/summer). Tabanids were immersed in 70% ethanol 

immediately following collection and stored at ambient temperatures during field work 

before subsequently being stored at 4°C on the same day. Sequential photographs of 

different features of each fly were captured using a stereo optical microscope with 

attached 5.0 MP Dino-Eye Edge digital eye piece camera (ANMO Electronics Corporation, 

Taiwan). Tabanid flies were identified to genus and where possible subgenus level by 

discerning the unique morphological features that differentiate between genera and 
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subgenera of Australian tabanids as described in the taxonomic keys of Mackerras (1954; 

1956; 1959).  

 

 

Fig. 1. Geographical areas within the Upper Warren Region of south-western Australia. 

 

2.2. Tabanid dissections 

Tabanids were rinsed in sterile phosphate buffered saline (PBS; 10 mM Na2HPO4, 150 mM 

NaCl at pH 7.4). Tabanid tissues were isolated using sterile forceps and disposable scalpel 

blades and thoroughly rinsed in PBS. Tissues of interest (n = 7) that included proboscis 

components: labrum (P1), labium and mandibles (P2), hypopharynx (H); salivary glands 

(S); proventriculus (V); midgut (M); and hindgut and rectum (G) were dissected for the 

purpose of downstream molecular and microscopy applications. Dissected tissues from 
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each fly were placed into separate 1.5 mL microfuge tubes in preparation for DNA 

extraction. 

 

2.3. Tabanid DNA extractions – whole fly 

Initial DNA extractions involved collating all tissues of interest into a single microfuge tube 

per individual fly (n = 148). DNA was extracted using a DNeasy Blood & Tissue Kit (Qiagen, 

Hilden, Germany) according to the manufacturer’s instructions (QIAGEN Supplementary 

Protocol: Purification of total DNA from insects) and with modifications as previously 

described in Krige et al. (2021a). Extraction reagent blank controls were incorporated 

with each batch of DNA extractions, and genomic DNA subsequently stored at -80°C.  

 

2.4. Tabanid DNA extractions – individual tissues 

The DNA from individual tissues of interest (P1, P2, H, V, M, G, S; n = 140) retrieved from 

a subset of Trypanosoma DNA positive tabanids (n = 20) were extracted and analysed 

separately using the same methodology as described above. Extraction reagent blank 

controls were similarly included for each batch of tissue DNA extractions with the DNA 

eluents stored at -80°C.  

 

2.5. HRM-qPCR detection of trypanosomatid DNA 

Genomic DNA extracted from whole flies (n = 148) or individual tissues of interest were 

screened for trypanosomatid DNA using primers TrypF and TrypR (Krige et al., 2021a) that 

amplify a 250 bp region of the 18S ribosomal RNA gene (18S rRNA). Screening was 

performed using an established High-Resolution Melting (HRM) coupled with Real Time 

quantitative PCR (HRM-qPCR) technique (Keatley et al., 2020) that has both 

trypanosomatid detection and species discrimination capabilities attributed to variances 
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in melting temperature (Tm) values between different species (Keatley et al., 2020). All 

HRM-qPCR assays were carried out in a reaction volume of 10 μL and using the reagents 

and thermocycling steps specified in Krige et al. (2021a). Positive controls obtained from 

the cloned DNA of Trypanosoma spp. genotypes (T. copemani, T. noyesi and T. vegrandis) 

found to commonly infect Australian fauna in the area sampled, as well as negative 

controls (PCR-grade H2O, no template control, Leishmania macropodum sp. nov.) were 

included in each HRM-qPCR run.  

 

2.6. Confirmation of qPCR positives by sequencing  

Positive samples by HRM-qPCR were run on 1.5% (w/v) agarose gels prior to purification 

of extracted bands using a filtered pipette tip method (Yang et al., 2013). Samples were 

subsequently Sanger sequenced in both forward and reverse directions using an ABI 

PrismTM BigDye v3.1 Cycle Sequencing Kit according to the manufacturer’s protocol 

(Applied Biosystems, California, USA). For the purpose of validating HRM-qPCR species 

identification, generated sequence chromatograms were aligned using the MUSCLE 

alignment tool (Edgar, 2004) in Geneious v10.2.2 and identified using BLASTn 

(http://blast.ncbi.nlm.nih.gov/Blast.cgi). The gene sequences with 90-100% similarity 

match score to existing sequences within the National Center of Biotechnology 

Information (NCBI) database were considered as significant. Phylogenetic analysis of the 

amplified 18S rRNA region was performed for Trypanosoma spp. (T. copemani, T. noyesi, 

T. vegrandis/T. gilletti) and ‘other’ trypanosomatid sp. DNA detected within tabanids. A 

maximum likelihood (ML) tree was generated using the HKY85 genetic distance model 

with bootstrap resampling using 1000 replicates and constructed using PHyML v3.2 in 

Geneious (Guindon et al., 2010; Kearse et al., 2012).  
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2.7. Fluorescence in situ hybridisation (FISH)  

In preparation for FISH, dissected salivary glands (n = 5 samples per pool) and hindguts 

(n = 5 samples per pool) were retrieved from a subset of 20 tabanids DNA positive for 

Trypanosoma using HRM-qPCR. Tissues were macerated in PBS using sterile forceps, 

spread on a microscope slide, methanol fixed, and air dried. A 22 bp 18S rRNA probe 

specific for trypanosomatid DNA (5’ -GTAGTCCACACTGCAAACGATG- 3’) labelled at the 5’ 

end with the fluorophore Alexa Fluor® 647 was utilised in this study. FISH was performed 

on the smeared contents of salivary glands and hindguts using the protocol described in 

Krige et al. (2021a). Samples were mounted with anti-fade ProLong™ Gold (Thermo Fisher 

Scientific, Eugene, Oregon, USA) containing 4′, 6-diamidino-2-phenylindole (DAPI) prior 

to visualisation. Fluorescent signals were observed at 400x and 1000x magnification 

under an epifluorescence microscope (Zeiss, Axioskop 2 Plus) equipped with a HAL 100 

W lamp and EXFO X-Cite 120 Fluorescence Illumination System. Red and blue excitation 

using narrow-band filter cubes supported observations of the Alexa Fluor® 647 and DAPI 

signals respectively. Controls consisted of tabanid tissues confirmed DNA negative (via 

HRM-qPCR) for trypanosomatid DNA (i.e. negative control) and smears of fixed T. noyesi 

cells from culture (i.e. positive control).  

 

2.8. Scanning electron microscopy (SEM) 

Proboscises from tabanids (n = 2) opportunistically collected and preserved in 2.5% 

glutaraldehyde were dissected, dehydrated through an ethanol series (30%, 50%, 70%, 

90%, 100%, 100%) and processed in a critical-point dryer. Samples were mounted directly 

on stubs with adhesive carbon, before longitudinally cut using a sterile scalpel blade to 

expose the internal structures, particularly the lumen(s) of the labrum and hypopharynx. 
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Mounted samples were sputter coated with 10 nm gold (Au).  Structures were imaged at 

5 kV using a Zeiss 55VP field emission SEM. 

 

2.9. Statistical analysis 

Statistical analyses were performed using a chi-squared test to examine the relationship 

in Trypanosoma infection among different tissues: P1, P2, H, S, V, M, and G removed from 

dissected tabanids. Specifically, data for P1 (labrum) and P2 (labium and mandibles) were 

combined as this represented a potential mechanical route of transmission; data from S 

(salivary glands) and H (hypopharynx) were similarly collated to reflect a salivarian (i.e. 

biological) route of transmission; data generated for G (hindgut and rectum) was included 

to represent a stercorarian (i.e. biological) route. A chi-square test was further performed 

to compare the occurrence of infection between the different species of mammalian 

trypanosome (T. copemani, T. noyesi and T. vegrandis/T. gilletti) using the data generated 

from dissected tissues. Statistical significance was defined as p < 0.05. 

 

 

3. Results 

3.1. Tabanid flies collected and their morphological identification 

A total of 148 individual tabanid flies were collected from within the UWR of south-west 

Australia. Collection of flies was opportunistic and therefore not standardised with 

respect to collection area and time. Based on the morphological classifications for 

Australian tabanids as described by Mackerras (1954; 1956; 1959) and the recent 

taxonomic key by Lessard & Yeates (2012), 8 morphologically distinct species of the 

Scaptia genus were identified (Fig. 2). Specifically, the dominant subgenera identified in 

this study was Scaptia (Pseudoscione) with six species morphologically distinguishable 

from collected specimens (n = 135).  Moreover, two species were identified within the S. 
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(Scaptia) subgenera, albeit at lower incidence (n = 7).  Due to the external damage 

acquired during trapping, six specimens from the total number of collected tabanids were 

unable to be allocated to a subgenus using traditional taxonomic keys. Whilst tabanids 

were identifiable to subgenera using Australian morphological keys and allocated a 

parataxonomic reference, species-level confirmation required concurrent molecular 

work that was beyond the scope of the current study. Nevertheless, allocation to 

subgenera was achievable using identifiable traits including the orientation of frons such 

as strongly diverging [Fig. 2A1-F1 (i)], a distinctive trait of the S. (Pseudoscione) subgenera, 

or uniquely parallel [Fig. 2G1-H1 (i)] as evident for species of the subgenera S. (Scaptia). 

Specimens were subsequently grouped based on similar key characteristics and 

designated a parataxonomic species number. Observable morphological differences 

included the colour of the antennae as either pale [Fig. 2B1, D1, E1, F1 (ii)], dark [Fig. 2A1, 

C1, G1 (ii)] or bicoloured [Fig. 2H1 (ii)]; the presence or absence of features on the pale 

ventral abdomen [Fig. 2A3-H3] including whether there are 3 parallel pigmented darker 

spots per segment [Fig. 2D3 (iii)], or whether the ventral abdomen consists of the latter 

3 segments pigmented darker [Fig. 2E3 (iii)]; and defining features on the wings including 

whether the veins R5 + M1 are merged [Fig. 2A4, C4, D4, E4 (iv)] or run parallel [Fig. 2B4, 

F4, G4, H4 (iv)], and the presence or absence of an appendix at the junction between R5 

and R4 [Fig. 2F4, G4, H4 (v)].  
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Fig. 2. Optical microscopy images of tabanid flies collected in this study; (1) head, (2) dorsal 
abdomen, (3) ventral abdomen, (4) single wing. (A) S. (Pseudoscione) sp. 1; (B) S. (Pseudoscione) 
sp. 2; (C) S. (Pseudoscione) sp. 3; (D) S. (Pseudoscione) sp. 4; (E) S. (Pseudoscione) sp. 5; (F) S. 
(Pseudoscione) sp. 6; (G) S. (Scaptia) sp. 1; (H) S. (Scaptia) sp. 2. Key features for parataxonomic 
identification: (i) orientation of frons (diverging, parallel); (ii) colour of antennae (dark, pale, 
bicoloured); (iii) ventral abdomen (colour, segment patterns); (iv) orientation of wing veins 
(merging, parallel); (v) wing vein features (appendix). Scale-bars: 0.5 mm. 
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3.2. HRM-qPCR detection with sequence-based identification of Trypanosoma spp. in 

tabanids 

From the 148 tabanid flies that were collected from the UWR, a total of 71% (105/148) 

tested positive for the presence of Trypanosoma spp. DNA by HRM-qPCR. Sanger 

sequencing confirmed the presence of three Trypanosoma spp. previously described in 

fauna collected from this region sampled. These species detected within tabanid flies 

included T. copemani (3%; 4/148), T. noyesi (69%; 102/148), and genotypes within the T. 

vegrandis/T. gilletti complex (2%; 3/148). BLAST and phylogenetic analyses 

(Supplemental S1) were unable to separate T. vegrandis and T. gilletti sequences into 

separate species, therefore samples positive for T. vegrandis and T. gilletti were assigned 

to the same species complex: T. vegrandis/T. gilletti as described by Cooper et al. (2018). 

Trypanosomatid DNA not previously reported in this area was molecularly detected in 5% 

(8/148) of collected flies (Table 1A). This unconfirmed trypanosomatid sp. DNA has been 

referenced as ‘other’ in this study. Of the 105 positive flies, seven were found to carry a 

mixed infection comprising DNA for two or more Trypanosoma spp., as determined 

through the screening of individual tissues (Table 1B). Interestingly, DNA from a Bodo sp. 

was detected in six flies. Whilst the combination of HRM-qPCR and sequencing was 

sufficient for species-level identification, the short sequences generated meant that no 

further phylogenetic inferences were made in this study. Retrieved trypanosomatid DNA 

sequences from tabanids collected in this study were deposited in GenBank under 

accession numbers (MZ379840-MZ379976). 
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Table 1A. Prevalence of Trypanosoma spp. DNA in tabanid flies identified to different subgenera. 

 

 

Tabanid 

Trypanosoma 

copemani  

n (%) 

Trypanosoma noyesi 

n (%) 

Trypanosoma 

vegrandis/T. gilletti  

n (%) 

‘Other’ 

Trypanosomatid 

n (%) 

Total n (%) 

Scaptia (Pseudoscione) sp. 1 2/39 (5.1) 18/39 (46.2)   1/39 (2.6) 3/39 (7.7) 24/39 (61.5) 

Scaptia (Pseudoscione) sp. 2  19/19 (100.0)   19/19 (100.0) 

Scaptia (Pseudoscione) sp. 3  2/39 (5.1) 20/39 (51.3) 2/39 (5.1) 5/39 (12.8) 29/39 (74.4) 

Scaptia (Pseudoscione) sp. 4  24/28 (85.7)   24/28 (85.7) 

Scaptia (Pseudoscione) sp. 5  7/7 (100.0)   7/7 (100.0) 

Scaptia (Pseudoscione) sp. 6  2/3 (66.7)   2/3 (66.7) 

Scaptia (Scaptia) sp. 1  1/1 (100.0)   1/1 (100.0) 

Scaptia (Scaptia) sp. 2  6/6 (100.0)    6/6 (100.0) 

Unclassified tabanids*  5/6 (83.3)   5/6 (83.3) 

Total (incl. tabanids with mixed infections)     117** /148 (79.1) 

Net total (i.e. overall positivity; 

tabanids represented once) 

    105/148 (70.9) 
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* Specimens not allocated to subgenus due to morphological damage acquired during sampling; ** This total includes mixed infections detected in tabanids (n = 11); therefore, these 
tabanids were represented more than once in this table. 
 
 
 

Table 1B. Prevalence of Trypanosoma spp. DNA within a subset of 20 tabanids, with tissues (n= 140) individually screened using molecular detection. 

 Trypanosoma copemani  

n (%) 

Trypanosoma noyesi n 

(%) 

Trypanosoma vegrandis/ 

T. gilletti  

n (%) 

‘Other’ Trypanosomatid 

n (%) 

Total n (%) 

P1: labrum  4/140 (2.9) 1/140 (0.7)   5/140 (3.6) 

P2: labium and mandibles  10/140 (7.1) 1/140 (0.7)  2/140 (1.4)  13/140 (9.3) 

H: hypopharynx 1/140 (0.7) 4/140 (2.9) 2/140 (1.4)   7/140 (5.0) 

S: salivary glands 2/140 (1.4) 7/140 (5.0) 1/140 (0.7)  2/140 (1.4)  12/140 (8.6) 

V: proventriculus 1/140 (0.7) 5/140 (3.6) 1/140 (0.7)  3/140 (2.1)  10/140 (7.1) 

M: midgut  7/140 (5.0)  2/140 (1.4)  9/140 (6.4) 

G: hindgut and rectum  6/140 (4.3) 1/140 (0.7)  4/140 (2.9)  11/140 (7.9) 

Total 4/140 (2.9) 43/140 (30.7) 7/140 (5.0) 13/140 (9.3) 67/140 (47.9) 
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3.3. Dissemination of Trypanosoma spp. DNA within tabanid tissues 

The detection of Trypanosoma spp. DNA by the HRM-qPCR approach was performed on 

DNA samples isolated from the individual tissues from a randomly selected subset of 20 

tabanid flies. Altogether, 67/140 tissues (48%) were positive for trypanosomatid DNA as 

confirmed with subsequent sequencing (Supplemental S2). Specifically, T. noyesi was 

detected in 31% (43/140), T. copemani in 3% (4/140), T. vegrandis/T. gilletti in 5% (7/140) 

and ‘other’ trypanosomatid sp. DNA detected in 9% (13/140) of tabanid tissues (Table 

1B). No DNA from Trypanosoma sp. ANU2, a species of trypanosome previously reported 

in wildlife from the area sampled, was detected in any of the tabanid flies sampled in this 

study. The tissues in which each of these species of Trypanosoma: T. copemani, T. noyesi, 

T. vegrandis/T. gilletti and ‘other’ trypanosomatid sp., have been molecularly detected 

and their rate of occurrence within each distinct tissue, is presented as a schematic 

diagram (Fig. 3).  

 

3.4. Occurrence of Australian trypanosome parasites in tabanids  

Pseudoscione and Scaptia subgenera both contained T. noyesi DNA, whereas 

Pseudoscione was exclusively DNA positive for the additional species detected: T. 

copemani, T. vegrandis/T.gilletti and ‘other’ trypanosomatid sp. DNA (Table 1A). Whilst 

relevant for future investigations concerned with establishing the vector potential of 

individual flies and their specificity for certain trypanosome species, due to a limited 

number of collected Scaptia no meaningful statistical inferences could be made regarding 

Trypanosoma spp. distribution among the subgenera examined. The proportion of 

infected tissues did not differ significantly between P1 and P2, H and S, and G tissues that 

were compared so as to reflect the tissues characteristically involved in mechanical, 



 242 

salivarian and stercorarian trypanosome transmission. The molecular data generated for 

both T. noyesi and T. vegrandis/T. gilletti infected tabanid tissues suggested a systemic 

dissemination of Trypanosoma DNA throughout the flies, whereas T. copemani was only 

detected in screened salivary glands, hypopharynx and a single proventriculus, suggestive 

of a potential salivarian transmission route (Table 1B). Whilst chi-square tests of 

independence revealed no significant relationship between infected tissues, the 

difference between the percentage of tabanid tissues infected with T. noyesi compared 

with tabanid tissues infected with T. copemani and T. vegrandis/T. gilletti was statistically 

significant (p < 0.00001).  

 

Fig. 3. Occurrence and dissemination of different species of Trypanosoma: T. copemani, T. noyesi, 
T. vegrandis/T. gilletti  and ‘other’ trypanosomatid sp. within the tissues (P1: labrum; P2: labium 
and mandibles; H: hypopharynx; S: salivary glands; V: proventriculus; M: midgut; G: hindgut and 
rectum) retrieved from tabanids (n = 20) and individually screened using molecular detection. 
Colours represent the prevalence of different trypanosome species within distinct tabanid tissues. 
Scale-bars: 1 mm. 
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3.5. FISH observations of individual tabanid tissues 

When smeared and hybridised salivary glands (n = 5) were microscopically observed using 

the filter cubes for red excitation, clusters of intact parasite cells were detected (Fig. 4A1-

C1) within three of the smears. These cells resembled the flagella-free stout and wide 

epimastigote forms as described by Botero et al. (2016) and as observed in cultured T. 

noyesi smears used as positive controls (Fig. 4D1, E1). Correlation with DAPI staining 

confirmed the presence of a nucleus and kinetoplast structure in close proximity (Fig. 

4A2-C2), with positive controls verifying these structures as characteristic of 

Trypanosoma cells (Fig. 4D2, E2). In addition, epimastigote cells indicating potential 

division were observed (Fig. 4C2, circled). No other parasite morphologies were apparent 

in the salivary glands. Images of the hindguts (n = 5) failed to confirm the presence of 

trypanosomatids and were deemed negative for the presence of intact Trypanosoma 

parasites.  

 

3.6. Visualisation of a Trypanosoma sp. flagellate in the proboscis of a tabanid fly 

Scanning electron microscopy (SEM) was performed on the internal structures of the 

proboscis retrieved from tabanids (n = 2) opportunistically collected from the study area. 

Dissected specimens provided a good opportunity to examine the internal lumen of the 

labrum and hypopharynx. Scanning electron micrographs (Fig. 5) reveal the presence and 

morphology of a Trypanosoma sp. flagellate observed within the proboscis of a single 

tabanid fly. Attachment of the flagellate was in the proximal part of the proboscis of a S. 

(Pseudoscione) sp. tabanid. The shape of the body is suggestive of a possible stumpy 

trypomastigote life stage exhibiting a long flagellum. At an estimated 8±1 μm in length, 

both the morphology and size are representative of a potential T. noyesi life stage. 
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Fig. 4. Trypanosoma detection and visualisation in the smeared salivary glands from DNA positive 
tabanids using epifluorescence microscopy. Hybridisation with red probe signal (left) and 
corresponding blue DAPI signal (right). Tabanid salivary gland smears (A-C) showing brightly red 
Trypanosoma parasite cells (A1-C1) and counter stained with blue DAPI (A2-C2) to confirm the 
nucleus and the presence of the kinetoplast (asterisk); a characteristic feature of Trypanosoma 
species. Parasite cell bodies within smeared salivary glands resembled stout and wide 
epimastigotes (A-C), which can be observed in the positive controls from T. noyesi cultured cells 
(D, E; arrowed). Indication for binary fission was also apparent (C2; circled). Scale-bars: 10 μm.   
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Fig. 5. Attachment of a Trypanosoma sp. flagellate near the proximal part of the proboscis of a S. 
(Pseudoscione) sp. (A) Flagellate is visible on the internal wall of the labrum. (B) Flagellar pocket 
(arrowed), a distinguishing feature for species of Trypanosoma. (C) SEM image of proboscis with 
part of the labrum removed showing the area in which the Trypanosoma sp. flagellate was 
observed on the internal wall (lumen) of the labrum. Scale-bars: (A) 1 μm; (B) 200 nm; (C) 10 μm.  

 

 

4. Discussion 

Using a trypanosomatid sensitive HRM-qPCR protocol combined with cytogenetic 

detection by implementing an established FISH assay, we have confirmed various tissue 

locations in which Australian tabanids harbour both trypanosome DNA and intact parasite 

cells. This finding is significant as to date there has been an absence of conclusive 

evidence to confirm whether tabanids may serve a role as potential vectors for Australia’s 
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largely understudied wildlife trypanosomes. This is despite several indigenous 

trypanosomes presenting as either a biosecurity and/or conservation threat to the overall 

health of the Australian ecosystem (Thompson and Thompson, 2015; Thompson, 2018). 

Accordingly, this study provides the first indication of tabanid involvement in the 

Australian trypanosome life cycle.  

 

Molecular data indicates that T. noyesi is the most prevalent species of Australian 

trypanosome found within tabanids collected from this region of south-west Australia. 

Using PCR and sequencing Botero et al. (2016) reported 30% of tabanids as positive for 

T. noyesi. In comparison, we report prevalence to be much higher (~69% of tabanids as 

positive for T. noyesi DNA). Seasonal fluctuations and collection times may have resulted 

in this varied prevalence; the season of adult activity for Australian tabanids is typically 

bimodal as a consequence of a secondary hatching peak during late Summer–Autumn, 

which correlates with the wet season. At this stage the relationship between the two 

tabanid seasonal peak times: the first peak (October–December) compared with the 

second peak (February–April) and their respective influence on the seasonal prevalence 

of detected Trypanosoma species is unknown. Moreover, adult tabanids 

characteristically exhibit aggressive feeding behaviour on animal hosts that occurs only 

during the latter stage of their seasonal peaks due to females transitioning from nectar 

and pollen feeding to acquiring blood for the purposes of oviposition (Taylor and Smith, 

1989). Hence, several factors can influence the reported prevalence at any given time of 

collection. Also, Botero et al. (2016) pooled samples together, likely leading to an 

underrepresentation of true prevalence. 

 



 247 

For the purposes of establishing whether indigenous trypanosomes have an association 

with tabanids beyond their molecular signature – the origins of which may simply derive 

from the remnants of a previous blood meal – a FISH cytogenetic detection technique 

specific for trypanosomatids was utilised. Performed on tissues with an established 

association with either the salivarian route (i.e. salivary glands) or the stercorarian route 

(i.e. hindgut and rectum) for biological vectors of trypanosomes (Hoare, 1972), this FISH 

assay provided visual evidence for the presence of intact parasites within the smeared 

contents of salivary glands. Observations of cellular bodies resembling the stout and 

stumpy epimastigote stage of the trypanosome life cycle is consistent with both the in 

vitro stages of documented Australian Trypanosoma (Botero et al., 2016) and the 

epimastigote form associated with known invertebrate vectors (Peacock et al., 2018). 

Moreover, the parasite cells observed in tabanids morphologically resemble the 

epimastigote forms visualised within Australian ticks (Krige et al., 2021a). Interestingly, 

the only reported presence of Trypanosoma in tabanid salivary glands was for the species 

T. vixax, where flagellates resembling the epimastigote stages of the parasite were 

observed within the tissues of specimens collected in Columbia, South America (Parra-

Henao and Alarcon-Pineda, 2008). The presence of Trypanosoma developmental stages 

within salivarian tissues is significant as it is suggestive of a biological transmission route 

for this parasite. Specifically, trypanosomes that infect the salivary glands subsequently 

infect the saliva of their vector, facilitating the inoculation of vertebrate hosts. African 

trypanosomes within the T. brucei complex as well as T. congolense and T. vivax are 

confirmed salivarian trypanosomes as they are spread via the salivary glands and saliva 

of infected tsetse flies (Hoare, 1972).  However, T. vivax is most commonly documented 

as transmitted by tabanids via mechanical means (Baldacchino et al., 2014; Desquesnes 

and Dia, 2003). T. theileri is the only confirmed species capable of being transmitted by 
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tabanids via both biological and mechanical routes, albeit the biological route is 

stercorarian – by way of the hindgut and faeces (Baldacchino et al., 2014). In the current 

study, no parasite forms were microscopically observed in any of the smeared hindgut 

and rectum tissues screened using FISH.  

 

The species of trypanosome(s) observed within the salivary glands remains unknown. 

Whilst the tabanids from which the salivary glands were subsequently retrieved for the 

purpose of FISH analysis were all confirmed as positive for T. noyesi DNA, individual tissue 

screening revealed the potential for species of lower abundance including T. copemani, 

T. vegrandis/T. gilletti and the ‘other’ trypanosomatid sp. to be masked by the dominant 

T. noyesi. This was particularly evident with the HRM-qPCR amplification that depicted 

amplification plots for T. noyesi positive tabanids as having a lower CT value yet 

significantly higher amplification curve when compared to the other species of 

trypanosome detected in this study (Supplemental S3). As a result, whilst the parasite cell 

bodies observed in the salivary glands resemble T. noyesi epimastigotes (Botero et al., 

2016; Krige et al., 2021a), we cannot be confident of their identity without further 

investigations using additional tissues and concurrent molecular screening.   

 

The proboscis of tabanids and corresponding internal structures such as the labrum, 

labium and hypopharynx were of interest as tabanids are most commonly associated as 

mechanical vectors for trypanosomes (Baldacchino et al., 2014). A single flagellated 

trypanosome seemingly attached to the wall of the labrum was observed in the proximal 

region of the proboscis, with morphology and dimensions comparable to the T. noyesi 

trypomastigote life stage. This finding corresponds directly with the DNA detection of T. 

noyesi within this tissue and suggests a likely role of tabanids in mechanical transmission 
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of indigenous trypanosomes. Unfortunately, species identity for this flagellate observed 

using SEM is unknown due to the DNA cross-linking nature of glutaraldehyde, making 

DNA retrieval impossible. Interestingly, no trypanosomes were visible in either the labium 

or hypopharynx despite T. noyesi having the highest molecular frequency of this parasite 

in the labium and mandibles. Nevertheless, it has been reported that it is generally much 

easier to observe trypanosomes in the labrum compared to labium, the latter of which is 

highly pigmented and much thicker, making visualisation more difficult (Gibson et al., 

2017). Whilst the study by Gibson et al. referred to tsetse flies, this observation remains 

applicable to the tabanid proboscis. Therefore, the presence of trypanosomes within the 

labium remains plausible.    

 

Molecular screening of individual tabanid tissues revealed the presence of other 

Trypanosoma species previously documented from the region sampled, albeit at a 

significantly lower prevalence when compared to T. noyesi. These additional species 

included T. copemani and genotypes of the T. vegrandis/T. gilletti complex. The inability 

to isolate T. vegrandis and T. gilletti sequences into separate species resulted in their 

grouping into the same species complex. Whilst this outcome may be a limiting result of 

amplifying a smaller region of the 18S rRNA, interestingly, a previous study has similarly 

reported an unclear genetic boundary between the two species (Cooper et al., 2018). 

Moreover, these authors have suggested that given the many genotypes of T. vegrandis 

and the lack of morphological data describing T. gilletti, it is plausible they are of the same 

species complex (Cooper et al., 2018). Future evaluation of Australian Trypanosoma 

phylogenetic positioning is needed to confirm this relationship. The DNA from a 

trypanosomatid sp. not presently described within Australia was detected for the first 

time in this study. Whilst further investigations concerning this species was beyond the 
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scope and purpose of this investigation, early results indicate this DNA as potentially of a 

monoxenous (i.e. insect) origin, which correlates with its higher incidence in the gut of 

tabanids (Frolov et al., 2021).  

 

Overall, of the tabanids subjected to individual tissue screening, seven demonstrated the 

presence of a mixed infection of several Trypanosoma species. Tabanids exhibit an 

interrupted feeding behaviour that results in frequent host-switching before completion 

of a blood meal (Foil, 1983). Therefore, their proficiency for acquiring several 

trypanosome species in a single meal is significantly increased (Desquesnes et al., 2009; 

Magnarelli and Anderson, 1980). This feeding ecology combined with the high incidence 

of trypanosome co-infection in wildlife from the study site sampled (Cooper et al., 2018; 

Godfrey et al., 2018), suggest that the presence of multiple trypanosome species in 

tabanids is to be expected.  

 

S. (Pseudoscione) was the most prevalent tabanid subgenus identified in this study, with 

the only other subgenus detected as S. (Scaptia). Despite descriptions by Mackerras 

(1954; 1956; 1959) identifying Australian tabanids, species-level taxonomic work is 

significantly impeded by the general morphological uniformity of the genitalia; 

delimitation of species can also be challenging as preservation techniques can 

significantly alter the external colouration of specimens (Mackerras et al., 2008). 

Henceforth, the employment of molecular analyses is recommended for future studies 

that seek to expand upon this research and establish the vector potential of specific 

tabanid species for Australian trypanosomes.  Whilst identification of tabanids to species-

level was beyond the scope and purpose of this study, tabanids were nevertheless 

documented and grouped into subspecies based on established morphological 
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descriptions (Fig. 2), which may prove useful for these future studies. Notably, the genus 

Scaptia has an exclusively southern hemisphere distribution, with species restricted to 

Australia, New Guinea, New Zealand and South America. S. (Pseudoscione) is considered 

to be the most species-rich subgenus of Scaptia, with approximately 66 extant species 

described. Moreover, S. (Pseudoscione) is a resilient fly, adaptable to diverse climates, 

particularly drought and arid prone regions, and consequently has a widespread 

geographical distribution across Australia (Lessard and Yeates, 2012). The species within 

S. (Pseudoscione) have been further recorded to parasitise a diverse range of hosts 

including humans (Mackerras, 1960). This is of importance as should transmission studies 

reveal species of S. (Pseudoscione) as capable of serving as vectors for T. noyesi, then this 

could account for the evident universal distribution of T. noyesi across the continent and 

within a diverse range of wildlife hosts (Barbosa et al., 2017; Thompson et al., 2014). Of 

increasing concern however, is that should these tabanids serve as vectors for T. noyesi, 

a parasite of close genetic similarity to the South American human pathogen T. cruzi, this 

raises the potential biosecurity risk to the health of the Australian ecosystem should the 

highly pathogenic T. cruzi be introduced into our native wildlife (Thompson, 2018).   

 

Lastly, besides the known trypanosomes and novel trypanosomatid sp. revealed in 

tabanids, DNA from a species of Bodonidae was also detected. Interestingly, Bodo sp. 

DNA has been previously detected in questing ticks (Krige et al., 2021a) as well as 

reported in the blood of woylies (Northover et al., 2019), both of which were collected 

from the same region of south-west Australia. Whilst Bodonidae are typically classified as 

free living non-parasitic flagellates associated with soil and water environments, their 

repeated detection in wildlife from south-west Australia should not be overlooked given 

their otherwise neglected life history.  
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5. Conclusion 

This study has confirmed the presence of several species of Trypanosoma in tabanids 

from two commonly occurring subgenera: S. (Pseudoscione) and S. (Scaptia), from south-

west Australia. T. noyesi, a species of biosecurity concern due to its genetic similarity to 

the South American pathogen T. cruzi, was the most frequently detected parasite 

followed by genotypes within the T. vegrandis/T. gilletti complex and T. copemani. 

Interestingly, a novel trypanosomatid sp. was also detected in tabanids for the first time, 

with initial data suggesting a monoxenous origin.  Molecular screening has further 

revealed the widespread dissemination of Trypanosoma DNA throughout several tissues 

that are characteristically associated with trypanosome transmission. The molecular data 

generated in this study combined with the direct visualisation of cellular forms within the 

salivary glands is suggestive of a potential biological route for transmission of 

trypanosomes by Australian tabanids. This finding is significant as to date there has been 

limited evidence to indicate tabanids as serving a potential role as vectors for Australian 

trypanosomes. Furthermore, the mechanical transmission of trypanosomes by tabanids 

predominates as the primary route of spread for several exotic trypanosome species, and 

so the presence of a possible biological route in Australia is a significant discovery towards 

understanding the tabanid-trypanosome relationship. In addition, the presence of an 

intact flagellate in the labrum of the proboscis of a tabanid fly, as well as the high 

incidence of Trypanosoma DNA in both the labrum and the labium and mandibles of the 

proboscis, further suggests a likely mechanical role in trypanosome transmission. This is 

not unlike the exotic T. theileri and T. vivax that are capable of both biological and 

mechanical transmission by biting flies, with tabanids confirmed as biological and 

mechanical vectors of T. theileri. The high occurrence of T. noyesi DNA in tabanid tissues 
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lends to a probable infection with this species of parasite. Further studies are now needed 

to construct a more complete life cycle, as well as to establish tabanid vector competency 

for the indigenous trypanosome species detected in this study. Understanding the role 

of tabanids in the Australian trypanosome life cycle(s) will aid in establishing vector 

control measures for both biosecurity and conservation efforts.  
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Supplemental Figure S1. ML tree constructed from 190 bp alignment of Trypanosoma 18S rRNA partial sequences. Numbers represent bootstrap support generated from 1000 
replications. Support values 60% and above are indicated. GenBank accession numbers in brackets. Sequences generated in this study are in bold type. 
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Supplemental Table S2. Trypanosomatid DNA sequences generated from the screening of individual tabanid tissues (subset of 20 tabanids; n = 140 tissues) and whole tabanid flies (n 
= 148) in the present study. 

 

Sample ID Tabanid tissue  Tabanid subgenera Trypanosomatid sp. GenBank identity (%) Accession number 

ASK-201934S Salivary glands Pseudoscione T. copemani 100.00 MZ379840 

ASK-201936S Salivary glands Pseudoscione T. copemani 95.17 MZ379841 

ASK-201937V Proventriculus Pseudoscione T. copemani 98.09 MZ379842 

ASK-201948H Hypopharynx Pseudoscione T. copemani 98.40 MZ379843 

ASK-201934P1 Labrum Pseudoscione T. vegrandis/T. gilletti 96.89 MZ379844 

ASK-201934H Hypopharynx Pseudoscione T. vegrandis/T. gilletti 100.00 MZ379845 

ASK-201935H Hypopharynx Pseudoscione T. vegrandis/T. gilletti 99.38 MZ379846 

ASK-201935V Proventriculus Pseudoscione T. vegrandis/T. gilletti 98.46 MZ379847 

ASK-201935S Salivary glands Pseudoscione T. vegrandis/T. gilletti 95.10 MZ379848 

ASK-201935G Hindgut Pseudoscione T. vegrandis/T. gilletti 98.98 MZ379849 

ASK-201936P2 Labium and mandibles Pseudoscione T. vegrandis/T. gilletti 97.88 MZ379850 
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ASK-201934P2 Labium and mandibles Pseudoscione T. noyesi 100.00 MZ379851 

ASK-201934M Midgut Pseudoscione T. noyesi 95.83 MZ379852 

ASK-201935P2 Labium and mandibles Pseudoscione T. noyesi 100.00 MZ379853 

ASK-201935M Midgut Pseudoscione T. noyesi 96.95 MZ379854 

ASK-201937H Hypopharynx Pseudoscione T. noyesi 99.51 MZ379855 

ASK-201937M Midgut Pseudoscione T. noyesi 100.00 MZ379856 
 

ASK-201937G Hindgut Pseudoscione T. noyesi 100.00 MZ379857 

ASK-201938P2 Labium and mandibles Pseudoscione T. noyesi 100.00 MZ379858 
 

ASK-201940S Salivary glands Pseudoscione T. noyesi 99.00 MZ379859 

201942P1 Labrum Pseudoscione T. noyesi 100.00 MZ379860 

201942V Proventriculus Pseudoscione T. noyesi 98.48 MZ379861 

201945P2 Labium and mandibles Pseudoscione T. noyesi 100.00 MZ379862 

201950G Hindgut Pseudoscione T. noyesi 98.96 MZ379863 
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201966S Salivary glands Pseudoscione T. noyesi 97.33 MZ379864 

201969P2 Labium and mandibles Pseudoscione T. noyesi 100.00 MZ379865 

201970P2 Labium and mandibles Pseudoscione T. noyesi 99.02 MZ379866 

201970S Salivary gland Pseudoscione T. noyesi 98.98 MZ379867 

ASK-201976H Hypopharynx Pseudoscione T. noyesi 98.87 MZ379868 

ASK-201976P1 Labrum Pseudoscione T. noyesi 100.00 MZ379869 

ASK-201976P2 Labium and mandibles Pseudoscione T. noyesi 100.00 MZ379870 
 

ASK-2019105P1 Labrum Pseudoscione T. noyesi 96.65 MZ379871 
 

ASK-2019108G Hindgut Pseudoscione T. noyesi 100.00 MZ379872 
 

ASK-2019108M Midgut Pseudoscione T. noyesi 100.00 MZ379873 
 

ASK-2019108P2 Labium and mandibles Pseudoscione T. noyesi 100.00 MZ379874 
 

ASK-2019108S Salivary glands Pseudoscione T. noyesi 99.50 MZ379875 
 

ASK-2019108V Proventriculus Pseudoscione T. noyesi 100.00 MZ379876 
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ASK-2019110G Hindgut Pseudoscione T. noyesi 100.00 MZ379877 
 

ASK-2019110H Hypopharynx Pseudoscione T. noyesi 100.00 MZ379878 
 

ASK-2019110M Midgut Pseudoscione T. noyesi 100.00 MZ379879 
 

ASK-2019110P2 Labium and mandibles Pseudoscione T. noyesi 100.00 MZ379880 
 

ASK-2019110S Salivary glands Pseudoscione T. noyesi 100.00 MZ379881 
 

ASK-2019110V Proventriculus Pseudoscione T. noyesi 99.48 MZ379882 
 

ASK-2019111G Hindgut Pseudoscione T. noyesi 100.00 MZ379883 
 

ASK-2019111H Hypopharynx Pseudoscione T. noyesi 100.00 MZ379884 
 

ASK-2019111M Midgut Pseudoscione T. noyesi 100.00 MZ379885 
 

ASK-2019111P1 Labrum Pseudoscione T. noyesi 100.00 MZ379886 
 

ASK-2019111S Salivary glands Pseudoscione T. noyesi 98.99 MZ379887 
 

ASK-2019111V Proventriculus Pseudoscione T. noyesi 100.00 MZ379888 
 

ASK-2019116G Hindgut Pseudoscione T. noyesi 100.00 MZ379889 
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ASK-2019116M Midgut Pseudoscione T. noyesi 100.00 MZ379890 
 

ASK-2019116P2 Labium and mandibles Pseudoscione T. noyesi 100.00 MZ379891 
 

ASK-2019116S Salivary glands Pseudoscione T. noyesi 100.00 MZ379892 
 

ASK-2019116V Proventriculus Pseudoscione T. noyesi 99.48 MZ379893 
 

ASK-201934G Hindgut Pseudoscione Trypanosomatid sp. 100.00 MZ379894 
 

ASK-201937P2 Labium and mandibles Pseudoscione Trypanosomatid sp. 100.00 MZ379895 
 

ASK-201938S Salivary glands Pseudoscione Trypanosomatid sp. 98.45 MZ379896 
 

ASK-201938V Proventriculus Pseudoscione Trypanosomatid sp. 100.00 MZ379897 
 

ASK-201938M Midgut Pseudoscione Trypanosomatid sp. 100.00 MZ379898 
 

ASK-201938G Hindgut Pseudoscione Trypanosomatid sp. 100.00 MZ379899 
 

ASK-201940V Proventriculus Pseudoscione Trypanosomatid sp. 100.00 MZ379900 
 

ASK-201940M Midgut Pseudoscione Trypanosomatid sp. 98.45 MZ379901 
 

ASK-201940G Hindgut Pseudoscione Trypanosomatid sp. 98.97 MZ379902 
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ASK-201948G Hindgut Pseudoscione Trypanosomatid sp. 94.91 MZ379903 
 

ASK-201949P2 Labium and mandibles Pseudoscione Trypanosomatid sp. 100.00 MZ379904 
 

ASK-201949S Salivary glands Pseudoscione Trypanosomatid sp. 99.58 MZ379905 
 

ASK-201949V Proventriculus Pseudoscione Trypanosomatid sp. 99.49 MZ379906 
 

ASK-201958 Whole fly Pseudoscione T. noyesi 99.49 MZ379907 
 

ASK-201961 Whole fly Pseudoscione T. noyesi 99.50 MZ379908 
 

ASK-201964 Whole fly Pseudoscione T. noyesi 100.00 MZ379909 
 

ASK-201965 Whole fly Pseudoscione T. noyesi 100.00 MZ379910 
 

ASK-201967 Whole fly Pseudoscione T. noyesi 100.00 MZ379911 
 

ASK-201968 Whole fly Pseudoscione T. noyesi 99.48 
MZ379912 
 

ASK-201973 Whole fly Pseudoscione T. noyesi 100.00 
MZ379913 
 

ASK-201974 Whole fly Pseudoscione T. noyesi 98.97 
MZ379914 
 

ASK-201977 Whole fly Pseudoscione T. noyesi 98.96 
MZ379915 
 



 265 

ASK-201978 Whole fly Pseudoscione T. noyesi 99.49 
MZ379916 
 

ASK-201979 Whole fly Pseudoscione T. noyesi 98.99 
MZ379917 
 

ASK-201981 Whole fly Scaptia T. noyesi 99.41 
MZ379918 
 

ASK-201982 Whole fly Pseudoscione T. noyesi 98.45 
MZ379919 
 

ASK-201983 Whole fly Pseudoscione T. noyesi 98.98 
MZ379920 
 

ASK-201985 Whole fly Pseudoscione T. noyesi 98.34 
MZ379921 
 

ASK-201986 Whole fly Pseudoscione T. noyesi 97.35 
MZ379922 
 

ASK-201987 Whole fly Pseudoscione T. noyesi 100.00 
MZ379923 
 

ASK-201988 Whole fly Scaptia T. noyesi 100.00 
MZ379924 
 

ASK-201989 Whole fly Scaptia T. noyesi 98.97 
MZ379925 
 

ASK-201990 Whole fly Scaptia T. noyesi 100.00 
MZ379926 
 

ASK-201991 Whole fly Scaptia T. noyesi 100.00 
MZ379927 
 

ASK-201992 Whole fly Pseudoscione T. noyesi 100.00 
MZ379928 
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ASK-201993 Whole fly Pseudoscione T. noyesi 100.00 
MZ379929 
 

ASK-201994 Whole fly Pseudoscione T. noyesi 100.00 
MZ379930 
 

ASK-201995 Whole fly Pseudoscione T. noyesi 100.00 
MZ379931 
 

ASK-201996 Whole fly Unclassified; damaged T. noyesi 100.00 
MZ379932 
 

ASK-201997 Whole fly Pseudoscione T. noyesi 100.00 
MZ379933 
 

ASK-201998 Whole fly Pseudoscione T. noyesi 100.00 
MZ379934 
 

ASK-201999 Whole fly Pseudoscione T. noyesi 100.00 
MZ379935 
 

ASK-2019101 Whole fly Pseudoscione T. noyesi 100.00 
MZ379936 
 

ASK-2019102 Whole fly Pseudoscione T. noyesi 100.00 
MZ379937 
 

ASK-2019103 Whole fly Pseudoscione T. noyesi 98.43 
MZ379938 
 

ASK-2019104 Whole fly Pseudoscione T. noyesi 100.00 
MZ379939 
 

ASK-2019106 Whole fly Pseudoscione T. noyesi 100.00 
MZ379940 
 

ASK-2019107 Whole fly Pseudoscione T. noyesi 98.96 
MZ379941 
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ASK-2019109 Whole fly Unclassified; damaged T. noyesi 99.46 
MZ379942 
 

ASK-2019113 Whole fly Unclassified; damaged T. noyesi 100.00 
MZ379943 
 

ASK-2019114 Whole fly Pseudoscione T. noyesi 100.00 
MZ379944 
 

ASK-2019115 Whole fly Pseudoscione T. noyesi 98.49 
MZ379945 
 

ASK-2019118 Whole fly Pseudoscione T. noyesi 100.00 
MZ379946 
 

ASK-2019119 Whole fly Pseudoscione T. noyesi 100.00 
MZ379947 
 

ASK-2019120 Whole fly Pseudoscione T. noyesi 98.95 
MZ379948 
 

ASK-2019121 Whole fly Pseudoscione T. noyesi 98.90 
MZ379949 
 

ASK-2019122 Whole fly Pseudoscione T. noyesi 100.00 
MZ379950 
 

ASK-2019123 Whole fly Pseudoscione T. noyesi 100.00 
MZ379951 
 

ASK-2019124 Whole fly Pseudoscione T. noyesi 100.00 
MZ379952 
 

ASK-2019125 Whole fly Pseudoscione T. noyesi 100.00 
MZ379953 
 

ASK-2019126 Whole fly Pseudoscione T. noyesi 100.00 
MZ379954 
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ASK-2019127 Whole fly Pseudoscione T. noyesi 100.00 
MZ379955 
 

ASK-2019128 Whole fly Pseudoscione T. noyesi 100.00 
MZ379956 
 

ASK-2019129 Whole fly Pseudoscione T. noyesi 100.00 
MZ379957 
 

ASK-2019130 Whole fly Pseudoscione T. noyesi 100.00 
MZ379958 
 

ASK-2019131 Whole fly Pseudoscione T. noyesi 100.00 
MZ379959 
 

ASK-2019132 Whole fly Pseudoscione T. noyesi 99.45 
MZ379960 
 

ASK-2019133 Whole fly Pseudoscione T. noyesi 99.48 
MZ379961 
 

ASK-2019134 Whole fly Pseudoscione T. noyesi 97.97 
MZ379962 
 

ASK-2019135 Whole fly Pseudoscione T. noyesi 100.00 
MZ379963 
 

ASK-2019136 Whole fly Pseudoscione T. noyesi 100.00 
MZ379964 
 

ASK-2019137 Whole fly Unclassified; damaged T. noyesi 100.00 
MZ379965 
 

ASK-2019138 Whole fly Pseudoscione T. noyesi 100.00 
MZ379966 
 

ASK-2019139 Whole fly Pseudoscione T. noyesi 100.00 
MZ379967 
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ASK-2019140 Whole fly Pseudoscione T. noyesi 100.00 
MZ379968 
 

ASK-2019141 Whole fly Pseudoscione T. noyesi 96.70 
MZ379969 
 

ASK-2019142 Whole fly Pseudoscione T. noyesi 100.00 
MZ379970 
 

ASK-2019143 Whole fly Unclassified; damaged T. noyesi 100.00 
MZ379971 
 

ASK-2019144 Whole fly Pseudoscione T. noyesi 100.00 
MZ379972 
 

ASK-2019145 Whole fly Pseudoscione T. noyesi 100.00 
MZ379973 
 

ASK-2019146 Whole fly Pseudoscione T. noyesi 99.49 
MZ379974 
 

ASK-2019147 Whole fly Pseudoscione T. noyesi 100.00 
MZ379975 
 

ASK-2019148 Whole fly Pseudoscione T. noyesi 98.49 
MZ379976 
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Supplemental Figure S3. Representative image of HRM-qPCR amplification curves with melting temperature (Tm) generated from Trypanosoma DNA positive tabanids. Peak 1: 18S 
rRNA gene signal for T. noyesi DNA positive sample. Peak 2: 18S rRNA gene signal for T. copemani DNA positive sample. Peak 3: 18S rRNA gene signal for T. vegrandis/T. gilletti DNA 
positive sample. 
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Linking statement 

 

In this Chapter we present additional data concerning the molecular detection of a novel 

trypanosomatid sp. within the tissues of tabanids investigated in Chapter 6. Here, further 

molecular analyses combined with phylogenetic inferences reveal a novel Leptomonas sp. 

within tabanids. This finding provides the first report of Leptomonas in tabanids and is 

the first documented case of Leptomonas in Australia.  
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Abstract 

The molecular signature for a novel Leptomonas sp. was detected within tissues (labium 

and mandibles, salivary glands, proventriculus, midgut, hindgut and rectum) retrieved 

from tabanids of the genus Scaptia (Pseudoscione) from south-west Australia. An HRM-

qPCR targeting a region of the 18S rRNA gene was performed as part of a larger survey 

for detecting species of Trypanosoma. The detection of a novel melt curve led to a 

subsequent nested-PCR for the purpose of phylogenetic analyses. An alignment 

containing the novel sequence generated in this study and different species within the 

Trypanosomatidae family (Crithidia, Leptomonas, Leishmania and Trypanosoma) was 

performed. Phylogenetic analyses revealed the trypanosomatid sp. detected within 

tabanids is not related to the genus Trypanosoma as expected, and instead shares a close 

genetic proximity to the species Leptomonas tenua. This study provides the first reported 

presence of a Leptomonas sp. in tabanids and the first record in Australia. A lack of 

morphological data restricts the inferences that can be completed from the current 

findings. Nevertheless, this study has revealed a clear knowledge gap concerning the 

ecology of this group of monoxenous trypanosomatids. 

 

1. Introduction 

Biting flies are cosmopolitan Diptera of the family Tabanidae (syn. tabanid, horse fly, 

March fly) and are some of the most significant ectoparasites of humans, livestock and 

wildlife (Baldacchino et al., 2014). Their painful bite and persistent blood feeding 

behaviour facilitate the transmission of numerous pathogens including several species 

within the genus Trypanosoma (T. evansi, T. vivax, T. theileri, T. brucei, T. congolense, and 

potentially Australian trypanosomes) (Hoare, 1972; Desquesnes and Dia, 2003; 

Baldacchino et al., 2014; Krige et al., 2021a). Whilst members of the genera Trypanosoma 



 274 

and Leishmania are causative agents for disease in humans and animals, species within 

the genus Leptomonas (subfamily Leishmaniinae) are almost exclusively confined to 

insects (e.g. flies, true bugs, fleas) wherein they carry out a monoxenous (one-host) life 

cycle (Votýpka et al., 2012). 

 

Recently, Krige et al. (2021a) detected the molecular signature for a novel 

trypanosomatid sp. within the tissues of S. (Pseudoscione) tabanids collected from south-

west Australia. The present study reports the findings from an extension to this discovery, 

with phylogenetic analyses revealing the organism as a Leptomonas sp. Here we provide 

the first record of this genus in tabanids and a first record for Leptomonas in Australia. 

 

2. Materials and Methods 

2.1. Collection of tabanids 

Tabanids of the genera Scaptia (Pseudoscione) and S. (Scaptia) were collected between 

October 2019-March 2020 from forested areas within the Upper Warren Region (UWR) 

of south-west Australia as part of a comprehensive survey for indigenous species of 

Trypanosoma (Krige et al., 2021a). Tabanids were preserved in 70% ethanol immediately 

following collection and stored at ambient temperatures during field work before 

subsequently being stored at 4°C within 12 hours of collection.  

 

2.2. Tabanid dissections and DNA isolation 

Fly dissections were performed as described by Krige et al. (2021a). Specifically, 

specimens were rinsed with sterile phosphate buffered saline (PBS; 10 mM Na2HPO4, 150 

mM NaCl at pH 7.4) before individually dissected using sterile disposable scalpel blades. 

Dissections were completed for respective tissues of interest (n = 7) that included 
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proboscis components: labrum (P1), labium and mandibles (P2), hypopharynx (H); 

salivary glands (S); proventriculus (V); midgut (M); and hindgut and rectum (G). Separated 

tissues from each tabanid were placed into individual 1.5 mL microfuge tubes prior to 

DNA extraction. DNA was isolated from individual tissues (P1, P2, H, V, M, G, S; n = 140) 

retrieved from a subset of 20 tabanids using a DNeasy Blood & Tissue Kit (Qiagen, Hilden, 

Germany) according to the manufacturer’s instructions (QIAGEN Supplementary Protocol: 

Purification of total DNA from insects) and using modifications as previously described 

(Krige et al., 2021b). Extraction reagent blank controls were included with each batch of 

extracts; genomic DNA was stored at -80°C for downstream analyses.  

 

2.3. HRM-qPCR amplification  

Tabanid tissues were screened for trypanosomatid DNA using an established High-

Resolution Melting (HRM) coupled with Real Time quantitative PCR (HRM-qPCR) 

technique (Keatley et al., 2020). Primers TrypF and TrypR (Krige et al., 2021b) that amplify 

a ~250 bp region of the 18S ribosomal RNA gene (18S rRNA), were used for each reaction 

volume of 10 μL and using the reagents and thermocycling steps specified in Krige et al. 

(2021b). Positive controls (cloned DNA of Australian trypanosomatids: T. copemani, T. 

noyesi, and T. vegrandis; and Leishmania macropodum) and negative controls (PCR-grade 

H2O, reagent only control) were included in each HRM-qPCR run.  

 

2.4. Nested-PCR amplification and sequencing 

To facilitate the identification of trypanosomatid DNA presenting with a novel melt curve 

as established in the HRM-qPCR runs (Fig. 1), samples (n = 6) were screened using a 

nested-PCR assay targeting a ~959 bp product of the 18S rRNA locus (secondary half of 

the gene fragment). External primers SLF/S762R and internal primers S825F/SLIR were 
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included for each reaction volume of 25 μL and comprised of 0.4 μM of each primer 

respectively. The reaction volume contained reagents and their respective 

concentrations as previously described (Botero et al., 2013). Amplification was 

performed in a PT100 thermocycler (MJ Research) using the following conditions: initial 

cycle of 94 °C for 5 min, 50 °C for 2 min, 72 °C for 4 min, followed by 35 cycles of 94 °C 

for 30 s, 55 °C (primary reaction) or 57 °C (secondary reaction) for 30 s, 72 °C for 2 min 

20 s. A final extension of 72 °C for 7 min concluded the reaction.  

 

 

Fig. 1. Representative HRM-qPCR amplification of Trypanosoma 18S rRNA (˜250 bp) from 
tabanids. Novel trypanosomatid DNA indicated. Peak 1: melting temperature (Tm) for T. noyesi 
control. Peal 2: Tm for L. macropodum sp. nov. control. Peak 3: Tm for T. copemani control. Peak 
4: Tm for T. vegrandis control.  

 

 

PCR amplicons generated during HRM-qPCR and nested-PCR amplifications were run on 

1.5% (w/v) agarose gels stained with SYBR safe (Invitrogen, USA) and visualised using a 

UV trans-illuminator system. Bands of corresponding size were extracted, and Sanger 

sequencing was performed in both forward and reverse directions as per Krige et al. 

(2021a). 
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2.5. Phylogenetic analyses 

Sequence chromatograms were aligned using the MUSCLE alignment tool (Edgar, 2004) 

in Geneious v10.2.2 and analysed using BLASTn (http://blast.ncbi.nlm.nih.gov/Blast.cgi) 

to identify the most similar species and genotypes. A sequence match score of ≥95-100% 

similarity to existing sequences within the NCBI nucleotide (nt) database were considered 

significant. Reference sequences retrieved from GenBank were aligned with the 

sequences obtained in the present study. Phylogenies were inferred using the maximum 

likelihood (ML) method. The software MEGA v7.0.21 (Tamura et al., 2013) was used to 

determine the most suitable nucleotide substitution model and selected based on the 

Bayesian Information Criterion (BIC). A ML phylogenetic tree for the 18S rRNA locus was 

generated using the HKY85 genetic distance model with bootstrap resampling using 1000 

replicates constructed using PHyML v3.2 in Geneious (Guindon et al., 2010; Kearse et al., 

2012). HRM-qPCR sequences are published in Krige et. al. (2021a) under accession 

numbers MZ379894-MZ379906. The longest 18S rRNA nested-PCR sequence generated 

in this study has been deposited in GenBank (accession number: MZ618661). 

 

3. Results and discussion 

This study presents the first report of a Leptomonas sp. in tabanids and the first record in 

Australia. An HRM-qPCR targeting the 18S rRNA region specific for trypanosomatid DNA 

revealed the presence of a melting temperature (Tm) not previously observed using this 

assay (Keatley et al., 2020; Krige et al., 2021b). The unique Tm was confirmed within P2, 

S, V, M and G tabanid tissues (n = 13) originating from S. (Pseudoscione) flies. The 

resultant melt curve (Fig. 1) suggested the presence of a trypanosomatid sp. that was 

dissimilar to species of Trypanosoma or Leishmania previously reported from the area 
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sampled and from within Australia, respectively (Keatley et al., 2020; Krige et al., 2021a; 

2021b). Sequencing of the HRM-qPCR amplicons established the DNA as of 

trypanosomatid origin, however the short sequence (˜250 bp) coupled with lack of 

established reference data (i.e. primer melting temperature values for this species) 

(Keatley et al., 2020) could not confirm identity.  A different molecular signature detected 

within three additional tissues also shared a similarity with several different sequences in 

GenBank including Phytomonas spp. and various undescribed species of 

Trypanosomatidae (95-100% query cover and 88.24-99.47% identity; sequence data not 

included). A sequence of ˜959 bp of the 18S rRNA locus was targeted and subsequently 

amplified from tabanid tissues (n= 6 total; three from the unique trypanosomatid sp. and 

three from the potential Phytomonas sp.) for the purpose of performing phylogenetic 

inferences. All three DNA samples presenting with the novel trypanosomatid sp. were 

successfully amplified (Fig. 2) at this locus. Sequencing of the 18S rRNA amplicons 

confirmed the presence of a Leptomonas sp. within tabanid tissues. Specifically, 

sequences generated from DNA isolated from S. (Pseudoscione) tabanids from south-

west Australia shared a 98.87% sequence similarity to Leptomonas tenua isolates 

(KF054114.1; JF717839.1) detected in the flea Ceratophyllus (Monopsyllus) sciurorum 

from within the Czech Republic (Votýpka et al., 2013). Whilst generated sequences varied 

in length, all were 100% identical in their nucleotide composition. A ML phylogenetic tree 

was constructed based on the longest fragment - 530 bp produced in this study - and a 

subsequent alignment of 577 bp (to accommodate for gapped alignments) was 

generated with reference sequences obtained from the NCBI nucleotide (Nt) database. 

We can confirm that this sequence of Leptomonas sp. infecting S. (Pseudoscione) from 

south-west Australia (GenBank accession number: MZ618661) is related to L. tenua with 

bootstrap support value of 83% (Fig. 3). Sequence disparity was the result of five SNP’s, 



 279 

three of which were positioned at the terminal ends of the alignment with L. tenua. Both 

L. tenua and the Leptomonas sp. detected in this study are positioned within the 

Leishmaniinae subfamily, as supported by a 100% bootstrap value. Furthermore, the 

sequence generated in this study does not share a close proximity with Australian 

Trypanosoma species (Fig. 3).  

 

 
Fig. 2. Representative image of Trypanosoma specific 18S rRNA gene amplicons generated using 
HRM-qPCR (lane 2-10; ˜250 bp) and nested-PCR (lane 13-18; ˜959 bp). Positive controls: Lane 11 
and 19. Lane 1 and 12 (M): 100 bp and 1 kb DNA markers respectively. 
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Fig. 3. Maximum-likelihood tree constructed from an alignment of Trypanosoma 18S rRNA partial sequences (577 bp). Numbers represent bootstrap support generated 
from 1000 replications. Phytomonas serpens as the outgroup. Values higher than 60% are indicated. Number of substitutions per nucleotide position is represented 
by the scale bar. Sequence generated in the present study in bold type. GenBank accession numbers indicated in brackets.  
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Species of Leptomonas have been documented in Diptera including sandflies 

(Phlebotomus spp.) and Brachycera flies (Yurchenko et al., 2014; Kraeva et al., 2015). Our 

finding is significant as very little is known about this understudied genus of 

trypanosomatid. It is believed that monoxenous trypanosomatids including Leptomonas 

species are transmitted between insects via food sharing, cannibalism or coprophagy 

(Frolov et al., 1987; 2021). The pool feeding behaviour of tabanids facilitates 

trypanosomatid spread between hosts for several species of Trypanosoma (Desquesnes 

and Dia, 2003; Baldacchino et al., 2014). It is plausible that tabanid telmophagous 

behaviour (i.e. feeding from a blood pool produced by tissue laceration) enables the 

transmission of species of Leptomonas. Tabanids are also predaceous as larvae, 

displaying cannibalistic behaviour that involves attachment and consumption of insect 

prey including other Tabanidae larvae (McKeever and French, 1992). Most species of 

Leptomonas are assumed to be restricted to the digestive tract of their insect hosts 

(Vasconcellos et al., 2019; Frolov et al., 2021). However, Leptomonas DNA was detected 

not only in the midgut and hindgut of tabanids, but also within the salivary glands and 

proboscis. This is not unlike L. pyrrhocoris which has been documented to occasionally 

invade the insect host’s haemolymph and salivary glands. Furthermore, the migration of 

certain Leptomonas species to additional tissues of their hosts suggests some degree of 

pathogenicity (Frolov et al., 2021). However, adverse effects on their insect host remain 

unconfirmed. 

 

The remaining three samples indicating a possible Phytomonas sp. based on HRM-qPCR 

sequencing results failed to produce amplicons in the nested-PCR assay. Failure to 

generate the longer amplicons could be the result of poor DNA quality as indicated with 

the reduced sequence similarity generated from the HRM-qPCR amplicons. Moreover, 
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since this DNA signature was exclusively detected within the proboscis of blood feeding 

tabanids, it suggests that any Phytomonas DNA detected may simply be the remnants 

from a nectar feed prior the female tabanids transition to haematophagy. Nevertheless, 

as a significant genus of plant-parasite (Jaskowska et al., 2015), further exploration of the 

potential for Phytomonas spp. in tabanids is recommended.  

 

Very little is known about the genus Leptomonas, including species diversity, geographic 

distribution and host range. This is in contrast to the more thoroughly investigated 

vertebrate-infecting trypanosomatid genera of Trypanosoma and Leishmania. Further 

investigations concerning this neglected group of trypanosomatids are therefore 

warranted, so as to better understand their transmission and maintenance within the 

ecosystem. 
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1. Overview 

The purpose of the current investigation was to explore the association between 

Australian trypanosomes and two of their potential vectors: ticks and tabanids, to identify 

the species of Trypanosoma present at the molecular level and their prevalence using a 

statistically significant sample size; to visualise trypanosomes to confirm their presence 

beyond a remnant DNA signal; and subsequently examine different tissues to deduce a 

likely route(s) of transmission. Focus was placed upon examining haematophagous 

invertebrates – ticks (Ixodidae) and tabanids (Tabanidae) – that are common 

ectoparasites of native mammals as well as share a ubiquitous geographical distribution 

corresponding to known localities for wildlife trypanosome infections. Specifically, the 

presence of mammalian trypanosomes within invertebrates, trypanosome diversity, and 

invertebrate host-parasite interactions as determined through tissue dissemination were 

revealed. Both ticks and tabanids were infected with trypanosomes as confirmed using a 

combination of molecular techniques that involved DNA detection and subsequent 

observations at the cellular level.  

 

Importantly, for the first time it was revealed that questing ticks not only harboured 

trypanosome DNA but were also able to maintain intact trypanosome cells within the 

contents of their gut and gland tissues. Moreover, these intact trypanosome cells were 

morphologically diverse, presenting as several developmental life stages that not only 

included the invertebrate and vertebrate infective forms of epimastigote and 

trypomastigote, respectively, but further displayed evidence of cellular division by binary 

fission as observed in vitro (Botero et al., 2016). Molecular evidence confirmed these 

parasite cells as Trypanosoma noyesi, supporting the hypothesis that ticks have the 
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potential to harbour trypanosomes between their life stages, and consequently 

supporting the proposal that ticks may serve as potential vectors for trypanosome 

transmission (Mackerras, 1959; Austen et al., 2011; Barbosa et al., 2017). A comparative 

investigation of questing and feeding ticks collected from the same region of south-west 

Australia confirmed the DNA signature for several species of Trypanosoma including T. 

copemani, T. noyesi, T. vegrandis/T. gilletti and Trypanosoma sp. ANU2. In addition, a 

statistical comparison between tick life stages revealed the nymphal stage as significant 

for the potential spread of trypanosomes between wildlife, conforming to the typical 

three-host biology of ixodid ticks and indicating the possibility for trans-stadial 

transmission (Sonenshine and Mather, 1994; Sonenshine and Roe, 2013).  

 

Investigations similarly revealed a diverse number of Trypanosoma spp. present within 

tabanids. While the trypanosomes detected within ticks did not present statistical 

significance in terms of comparative frequency between different Trypanosoma species, 

T. noyesi was clearly the predominant parasite identified in tabanids. Moreover, whilst 

prevalence was consistent with previous data (Botero et al., 2016), the frequency of T. 

noyesi infection in tabanids was significantly higher in the present study. This strong 

association between tabanids and trypanosomes was further supported by the 

observation of intact trypanosomes within the salivary glands of tabanids; the parasites 

were morphologically similar to T. noyesi in vitro (Botero et al., 2016). Additionally, 

observation of an intact trypanosome within the proboscis of a tabanid - morphologically 

representative of the vertebrate-infective trypomastigote form - implies a more 

multifaceted relationship between tabanids and trypanosomes than previously thought. 

Host-parasite interactions as observed at the cellular level suggests the presence of both 
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a biological and mechanical route of transmission, similar to T. theileri as reported in 

exotic tabanids (Baldacchino et al., 2014).  

 

From this study it is evident that the extent of trypanosomatid infections in tabanids 

remains to be uncovered, particularly following the opportunistic discovery of a 

Leptomonas sp. in Australian tabanids for the first time. This revelation clearly points to 

a neglected area of research that warrants further attention. The nature of infections 

caused by Trypanosoma spp., especially T. noyesi, as observed within ticks and tabanids 

remains to be fully understood. Nevertheless, several key areas have been identified that 

will assist with further investigations. Principally, there is a substantial need for 

transmission studies to investigate the vector competence of both ticks and tabanids. 

This is an important next step towards advancing our understanding of the ‘adeptness’ 

of Australian trypanosomes to infect invertebrates. This information will be crucial to 

informing conservation management plans, particularly for vulnerable species such as 

the critically endangered woylie (syn. brush-tailed bettong; Bettongia penicillata), whose 

declining population health has been directly attributed to trypanosome infections 

(Smith et al., 2008; Wayne et al., 2015). Finally, understanding Australian vector-host-

parasite relationships will greatly enhance our biosecurity efforts. This is of utmost 

importance given the ongoing threat posed by the potential introduction of exotic 

parasites such as T. cruzi, whose genetic relatedness to T. noyesi may indicate a shared 

local vector (Thompson and Thompson, 2015; Thompson, 2018). Of major concern is the 

extensive and detrimental consequences to native wildlife, should this non-host specific, 

exotic pathogenic trypanosome be introduced into Australia’s ecosystems.   
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2. Ticks and indigenous trypanosomes 

2.1. The importance of investigating questing ticks 

All ticks are obligatory parasites of vertebrate animals and are characterised by a complex 

life cycle (egg, larva, nymph, adult) that occurs during intermittent periods involving on- 

and off-host activities (Sonenshine and Roe, 2013). Feeding occurs whilst on the host and 

requires tick attachment – via skin penetration – from which ticks subsequently obtain a 

blood meal. All active developmental stages require blood as a source of nutrition. 

Following engorgement with blood, ticks (Ixodidae) detach from the host and reside 

within vegetation where they undergo metabolic processes that facilitate 

metamorphosis (i.e. moulting). Prior to transforming to the next developmental stage, 

ticks must actively search for another host and hence, a subsequent blood meal. Ticks 

that are actively searching for a host are known as questing. The current research aimed 

to investigate the presence of indigenous trypanosome species within Australian 

questing ticks so as to establish whether ticks harbour, and can therefore maintain, a 

trypanosome infection both between host feeds and their subsequent developmental 

stages (i.e. trans-stadial transmission). This was as an important first step towards 

understanding the association between ticks and trypanosomes, and consequently 

whether ticks could serve as potential vectors for Australian trypanosomes (Krige et al., 

2019). A combination of molecular and microscopy techniques revealed for the first time 

that Australian ticks were capable of harbouring trypanosomes. Moreover, these 

trypanosomes were mammalian species (T. copemani, T. noyesi, T. vegrandis/T. gilletti, 

Trypanosoma sp. ANU2) that have been previously identified within several native wildlife 

(Smith et al., 2008; Botero et. al., 2013; Wayne et al., 2015).   
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Research concerning ticks as trypanosome vectors has been scarce, with none examining 

Australian questing ticks for trypanosomes. Published findings have referred to ticks 

collected from infected animal hosts, which for the majority have been opportunistic 

discoveries derived from ecologically driven research priorities concerning native fauna 

(Mackerras 1959; Austen et al., 2011; Barbosa et al., 2017). Not surprisingly, up until now, 

research involving ticks and trypanosomes has lacked careful design so as to avoid issues 

including blood meal contamination. Through the sole examination of feeding ticks 

collected directly from infected hosts, the reported infection rates and/or observations 

of flagellate forms have been unable to exclude this likelihood of their presence being a 

direct result of a blood meal. Hence, our ability to deduce a relationship between ticks 

and trypanosomes, and more importantly, the implication of ticks as vectors for 

Australian trypanosomes, has remained unresolved. A practical approach to determine 

whether intact trypanosomes are present within ticks without the concerns of blood meal 

contamination, is to examine questing ticks (Krige et al., 2019).   

 

The discovery of several Trypanosoma spp. within questing ticks as per Chapter 4 and 

Chapter 5 serve to fill the current knowledge gap concerned at determining whether ticks, 

in their unfed and questing state, represent an important source of trypanosome 

infection for their subsequent host(s). These investigations have been imperative for 

several reasons: 

• Ticks have previously been implicated or assumed as vectors for Australian 

trypanosomes based on limited scientific evidence. 

• Premature inferences that ticks are vectors for trypanosomes has placated research 

into understanding the life cycle(s) of Australian trypanosomes. 
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• The presence of trypanosomes within questing ticks has for the first time established 

the existence of a tick-trypanosome association (Krige et al., 2021a; b) which now 

requires further investigation to deduce whether this relationship is opportunistic or 

significant for Australian trypanosome transmission cycle(s).  

 

2.2. Visualisation of T. noyesi developmental stages within questing ticks 

Questing ticks were collected from a region of south-west Australia that is well-

documented as harbouring Trypanosoma-infected mammalian hosts. Ticks were initially 

investigated using molecular techniques for the purpose of detecting trypanosome DNA. 

Whilst the detection of trypanosome DNA within questing ticks was a novel discovery, we 

could not eliminate the possibility of this molecular signal being a result of remnant DNA 

from a previous blood meal (especially as all DNA positive ticks were of the nymphal life 

stage). Therefore, microscopy was required to determine whether the DNA detected 

within questing ticks was the result of the presence of intact trypanosome cells. Given 

the absence of data concerning the morphology of invertebrate developmental stages 

for Australian trypanosomes, an oligonucleotide probe specific for hybridisation to a 

conserved region of the Trypanosoma 18S gene was specifically developed to facilitate 

the detection of trypanosome cells, should they be present, within the contents of 

smeared tick tissues (Krige et al., 2021a). Microscopy observations from this study 

supported our earlier DNA detection, with T. noyesi visualised within ticks for the first 

time. Not only was this the first observation of T. noyesi within a wild-caught invertebrate, 

but the parasite cells indicated development with the presence of several morphotypes 

including epimastigotes, sphaeromastigotes and trypomastigotes. Moreover, 

epimastigote cells displayed features suggestive of cellular division by binary fission – 

rosette formations – that are consistent with observations for T. noyesi in vitro (Botero 
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et al., 2016). The existence of developmental stages, cell proliferation, and the uniform 

cell boundaries and distinct presence of nucleus and kinetoplast features (i.e. no 

indication of degeneration) suggests that the trypanosomes observed within questing 

ticks are viable (Krige et al., 2021a). This is a significant finding as the presence and 

potential viability of trypanosomes within questing ticks indicate their potential to serve 

as vectors for Australian species of Trypanosoma.  

 

A previous examination of ticks for trypanosomes has suggested the presence of a 

biological (i.e. cyclical) development within the invertebrate (Weilgama, D.J., PhD thesis, 

University of Queensland, Australia, 1979). Results from that study indicated the species, 

believed to be T. thylacis, as present within the Australian native tick Ixodes tasmani. 

Flagellate forms were observed within the haemolymph of ticks investigated by 

Weilgama, whereas in the current study, we observed developmental forms within the 

smeared contents of combined gut and gland tissues (Krige et al., 2021a). Unsurprisingly, 

T. copemani flagellates have similarly been observed within the haemolymph and midgut 

of I. australiensis ticks, albeit collected from infected native hosts (Austen et al., 2011). 

Moreover, Austen et al. likewise suggested transmission as cyclical and further inferred 

the route as stercorarian based on the observation of flagellate-like forms within tick 

faeces. Unfortunately, DNA analysis of this faeces could not confirm whether the 

observed forms were T. copemani, or indeed whether they were Trypanosoma parasites. 

Given the biology of Australian ixodid ticks, which involves the rapid desiccation of faeces 

and hence, unfavourable environment for maintaining trypanosome viability, as well as 

the cement plug produced during feeding that prevents faecal contamination of the bite 

wound, stercorarian transmission remains unlikely (Krige et al., 2019). On the other hand, 

Weilgama’s suggestion for cyclical development based on the subsequent presentation 
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of flagellates in the peripheral blood of bandicoots experimentally parasitised by infected 

ticks, alludes to transmission via either salivarian or regurgitation route(s). However, this 

could not be confirmed due to a lack of data to monitor the progress of developmental 

forms within individual tissues. Hence, a limitation of current studies has been an inability 

to analyse infection rates and developmental stages at the scale of individual tick organs. 

In the present study, the proximity between the salivary glands and the gut tissues 

hindered our confidence at isolating developmental forms within separate tick tissues 

(Krige et al., 2021a). Nevertheless, this study has made significant strides to extend our 

understanding of the role of ticks in trypanosome life cycle(s). For the first time, we can 

confirm that: 

• Trypanosomes persist between tick life stages (i.e. trans-stadial transmission). 

• Various trypanosome developmental stages endure without the presence of a 

blood meal to otherwise serve as a temporary culture for their sustained 

existence; formerly proposed as the likely reason for trypanosome persistence 

within recently fed ticks (Swellengrebel and Strickland, 1910).  

 

2.3. Questing vs feeding ticks 

With an aim of closing the current gaps in knowledge concerning the association between 

ticks and indigenous mammalian trypanosomes, the focus of this investigation (Chapter 

5) was to document species of Trypanosoma within both questing and feeding ticks 

collected from the same endemic region of south-west Australia. The present study 

provides the first correlation between the occurrence of trypanosomes in questing and 

feeding ticks in Australia. This ecological ‘snapshot’ that was ‘captured’ not only within 

the same region but during the same timeframe, is an important step towards resolving 
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the relationship between ticks and trypanosomes. Findings from this study revealed the 

following: 

• Questing and feeding ticks are infected with the same species of Trypanosoma (T. 

copemani, T. noyesi, T. vegrandis, T. gilletti, and Trypanosoma sp. ANU2) that have 

been previously documented in this region (Botero et al., 2013; Northover et al., 

2019).  

• Trypanosome DNA can be detected in several tick life stages (larva, nymph, adult), 

and the tick developmental stages correlate with the biology of ixodid ticks: adults 

found more frequently on hosts and immature stages (i.e. nymphs) more 

prevalent in vegetation (Sonenshine and Roe, 2013). 

• Trypanosomes appear to undergo potential trans-stadial transmission within ticks. 

Specifically, a comparison between the occurrence of Trypanosoma spp. in 

feeding larvae and the high detection of Trypanosoma DNA in questing nymphs 

suggests infection acquired during the larval stage likely persists to nymphal stage 

(Krige et al., 2021b).  

• Apart from the detection of T. noyesi within Amblyomma triguttatum ticks 

exclusively, overall the tick genera (Amblyomma and Ixodes) examined did not 

indicate species-specificity for trypanosomes. Initial findings suggest ticks may 

serve as generalists – capable of harbouring several species of trypanosome (Krige 

et al., 2021b). Nevertheless, a comprehensive large-scale investigation that 

incorporates transmission studies is required for confirmation. 

 

Understanding the vector-parasite relationship is crucial to deducing the epidemiology of 

trypanosomes. Generally, to complete their life cycle, trypanosomes must progress 

through a series of developmental stages within their vectors (Hoare, 1972). However, 
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the presence of vector candidates such as ticks, as well as infected wildlife within the 

same region, does not necessarily result in infection. Successful transmission is 

influenced by a multitude of biological and environmental factors including tick 

competence (for trypanosome transmission), seasonal prevalence, the tick life cycle, and 

host-specificity (Rizzoli et al., 2014; de la Fuente et al., 2017). We already know that most 

Australian ticks are capable of infecting a variety of wildlife and given the extensive 

distribution of Trypanosoma spp. in various marsupials, the Australian tick feeding 

behaviour complements the current data suggesting these arthropods may serve as 

trypanosome vectors.  

 

However, vector competence requires transmission studies that to date elude us due to 

the ethical considerations regarding the experimental infection of native hosts, many of 

which remain IUCN listed species (Thompson et al., 2014; Cooper et al., 2016). Seasonal 

prevalence of trypanosomes within ticks and their hosts is perhaps the next step towards 

understanding the ecological drivers for infection. Contact between ticks and their hosts 

are regulated by abiotic factors including temperature, humidity and day length. Biotic 

factors in play include the biological processes occurring within ticks, the processes that 

dictate the occurrence of hosts within the ticks questing range, and the interactions 

between these two groups (Gethmann et al., 2020); as trypanosome vector candidates, 

the life stage and seasonal occurrence of various tick species can influence the 

maintenance of parasites in the environment (Rizzoli et al., 2014; Hartemink and Takken, 

2016). Cumulatively, these ecological interactions are complex and difficult to explore, 

especially in the wild context of acquired infection. Although our investigations occurred 

within a small area of south-west Australia, the combined data of Chapter 4 and Chapter 

5 indicate our findings are likely reproducible in other areas of endemicity. Importantly, 
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the majority of tick species examined (except for I. woyliei) are common ectoparasites of 

mammals; widely distributed across Australia. Moreover, the wildlife hosts for Australian 

trypanosomes are numerous and for most species, similarly widespread (Thompson et 

al., 2014; Cooper et al., 2016).  

 

2.4. Outstanding questions 

Several questions remain concerning the likely transmission route of trypanosomes 

within ticks, including: 

• Considering the biology of Australian ixodid ticks, as reflected upon in Krige et al., 

2019, could cyclical transmission be achieved through the salivarian route? Or is 

regurgitation of infective trypanosomes the likely mode of transmission for this 

arthropod? It has been suggested that haematophagous invertebrates may 

regurgitate part of their intestinal contents at the beginning of a blood meal, 

which could facilitate transmission and therefore increase the risk of infection for 

the host (Ferenc et al., 1988). Bearing in mind the presence of seemingly viable 

trypanosomes of varying developmental forms (including trypomastigotes) within 

the gut and gland contents of questing ticks (Krige et al., 2021a), transmission via 

regurgitation seems highly plausible – but remains unconfirmed.  

• What effect do ecological factors, including the seasonality of ticks, have on the 

maintenance of trypanosome infection within wildlife populations? We can only 

anticipate that seasonal variation of ticks can influence the abundance and 

prevalence of trypanosomes, however to what degree remains to be explored. 

For instance, A. triguttatum is generally considered univoltine (i.e. reproduces at 

a rate of one generation per year), however the activity of developmental stages 

is significantly influenced by abiotic factors related to climate/weather/day 



 300 

conditions. This suggests that while larvae typically emerge from March to 

September, warmer weather and/or longer days can result in an earlier February 

emergence. This behaviour is applicable to all tick life stages (Guglielmone, A.A., 

PhD thesis, University of Queensland, Australia, 1984). Furthermore, occurrence 

of certain life stages may differ between different tick species (Sonenshine and 

Roe, 2013). Hence, knowledge concerning the seasonal distribution of the 

different life stages of a tick species is important in understanding its ecology, and 

therefore its influence on trypanosome maintenance in the ecosystem. 

• And, considering the generalist feeding behaviour of A. triguttatum that includes 

humans (Roberts, 1970), should A. triguttatum be confirmed as a vector for T. 

noyesi, could this species of tick serve as a potential vector for exotic pathogens 

including T. cruzi? This remains a major biosecurity concern particularly as 

migrants arriving in Australia with a T. cruzi infection could potentially serve as a 

source of infection (Thompson, 2018).   

 

3. Tabanids and indigenous trypanosomes 

3.1. High prevalence of T. noyesi in tabanids 

Previous studies concerning the prevalence of Trypanosoma spp. within the south-west 

region of Australia have focused on vertebrate hosts, reporting trypanosome frequency 

at 67-88% depending on the species of wildlife examined (Botero et al., 2013). Due to the 

association between trypanosome infections and the population decline of the critically 

endangered woylie, the presence of Trypanosoma spp. in this marsupial has been well-

documented throughout the past decade. Woylies are commonly infected by two species 

of trypanosome: T. copemani and T. vegrandis (Botero et al., 2013). Moreover, a growing 

number of investigations and continued monitoring has since revealed woylies as 
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infected by at least five trypanosome species that include the undescribed Trypanosoma 

sp. ANU2, T. gilletti (although the boundaries separating T. gilletti from T. vegrandis are 

presently unclear), and T. noyesi (Cooper et al., 2018; Northover et al., 2019). The 

research presented in Chapter 6 aimed to investigate the presence of indigenous 

trypanosome species within Australian tabanids collected from this endemic region of 

south-west Australia. The focus on tabanids was a response to a 2016 report describing 

the molecular detection of Trypanosoma DNA within several opportunistically collected 

tabanids (Botero et al., 2016).  

 

Molecular detection confirmed tabanids as infected with the same species of 

Trypanosoma reported from this area of south-west Australia: T. noyesi, T. copemani, and 

T. vegrandis/T gilletti. Moreover, the survey revealed a high prevalence (71%) of 

trypanosomatid DNA within collected tabanids. Sequencing confirmed T. noyesi as the 

most prevalent species detected in tabanids. Individual tissue screening did however 

suggest an underrepresentation of other trypanosome species (T. copemani, T. 

vegrandis/T. gilletti) and it was determined that this was likely due to signal masking 

resulting from the dominant T. noyesi infection (Krige et al., 2021c). Whilst there was no 

apparent statistical significance between the different tabanid tissues and the species of 

trypanosome detected within, it is anticipated that further investigations may reveal 

certain species as more likely to be located within specific tissues, particularly in the 

instance of mixed infections where competition between species can influence the 

tissues involved and hence, the dynamics of infection (Peacock et al., 2007). 

 

One study reported 30% of tabanids as positive for T. noyesi (Botero et al., 2016). In the 

current investigation approximately 70% of tabanids contained T. noyesi DNA. Whilst 
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several environmental influences (i.e. seasonal fluctuations, collection times, tabanid 

species) may have attributed to this significant disparity between documented 

prevalence, the frequency at which T. noyesi is detected within these biting-flies indicates 

a meaningful relationship. Interestingly, the 2018 tabanid season was near non-existent, 

with tabanids rarely observed in either seasonal peak times of October-December and 

February-April (Krige et al., 2021c). The decline in tabanid numbers and resultant impact 

on the maintenance of T. noyesi in the south-west region for the 2018 season is unknown, 

however given the significant association between tabanids and T. noyesi in this region, 

as a hypothetical vector it can be speculated that transmission rates may have been 

adversely affected. Could this have resulted in only a small number of woylies reported 

as infected with T. noyesi (Northover et al., 2019) in the following season? Of further 

interest is that whilst a significant proportion of tabanids harbour T. noyesi, to date no 

vertebrates have been reported to carry an infection for this trypanosome species at this 

frequency rate. T. noyesi has been recently documented in only 7.5% of the woylie 

population (Northover et al., 2019), with sporadic accounts of this parasite across the 

continent and in native wildlife including Eastern grey kangaroos, banded-hare wallabies, 

burrowing bettongs, brush-tailed possums, and koalas (Noyes et al., 1999, Paparini et al., 

2011; Botero et al., 2013; Barbosa et al., 2017). Consequently, the reservoir host(s) for T. 

noyesi likely remain to be established.  

 

3.2. Visualisation of trypanosomes in tabanid tissues 

The aim of this investigation was to demonstrate an association between tabanids and 

trypanosomes beyond the detection of their DNA. A molecular signal, whilst useful for 

indicating the presence of DNA, does not reveal whether the DNA detected is derived 

from remnants from a previous blood meal or intact parasites (Krige et al., 2019). The 
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existence of intact trypanosomes is crucial for establishing an association that can 

warrant subsequent investigations concerning vector competence. Utilising a 

combination of fluorescence and electron microscopy (i.e. FISH and SEM), we were able 

to provide the first reported observation for trypanosomes within tabanid tissues. FISH 

revealed the presence of parasites resembling the stout and stumpy epimastigote stage 

of the trypanosome life cycle; consistent with both the in vitro forms of documented 

Australian Trypanosoma (Botero et al., 2016) and the developmental stage associated 

with recognised invertebrate vectors (Peacock et al., 2018). In addition, the parasites 

observed in tabanids were comparable to epimastigote morphotypes previously 

visualised within Australian ticks (Krige et al., 2021a). Developmental forms observed 

using FISH appeared restricted to the salivary glands of tabanids, with no other tissues 

presenting with trypanosomes (Krige et al., 2021c). The presence of trypanosomes within 

salivarian tissues is significant as it suggests the potential for a biological transmission 

route. Interestingly, the internal observation a tabanid proboscis opportunistically 

preserved in a medium that would support SEM revealed the presence of a single 

flagellated trypanosome seemingly attached to the wall of the labrum. The morphology 

and dimensions of this flagellate were comparable to T. noyesi trypomastigotes (Botero 

et al., 2016) and the presence of this trypanosome corresponded directly with the 

detection of T. noyesi DNA within the proboscis (Krige et al., 2021c). This implies a likely 

role of tabanids in the mechanical transmission of T. noyesi. 

 

Mammalian trypanosomes typically fall within two group: salivarian and stercorarian; 

originally defined by their biological mode of transmission via saliva or faeces, 

respectively (Hoare, 1972). Implementation of phylogenies based on molecular data have 

however blurred the boundaries between these two groups. For example, molecular data 
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places the South American T. rangeli within the stercorarian group in which species 

known for transmission via faeces (e.g. T. cruzi and T. lewisi) reside (Da Silva et al., 2004). 

However, transmission studies have confirmed the spread of T. rangeli occurs via the 

salivary glands (saliva) of its vectors, and whilst its presence has been documented in 

vector faeces, its presence there has remained incidental (Ferreira et al., 2015; Peterson 

and Graham, 2016). The likely visualisation of the phylogenetically placed ‘stercorarian’ 

T. noyesi within the salivary glands and proboscis of tabanids is therefore not unusual, 

and perhaps encourages a redefinition of what we describe as salivarian and stercorarian 

based on phylogenetic interpretation. In the current study, no parasite forms were 

microscopically observed in any of the smeared hindgut and rectum tissues screened 

using FISH (Krige et al., 2021c). Interestingly, T. theileri is the only confirmed species 

capable of being transmitted by tabanids via both biological and mechanical routes, albeit 

the biological route is stercorarian (Baldacchino et al., 2014). Presently, data indicates 

Australian tabanids may serve as both biological and mechanical vectors for 

trypanosomes, however transmission studies are needed for confirmation.  

 

3.3. Outstanding questions 

The findings from our study concerning tabanids and trypanosomes has raised several 

questions, some of which include the following: 

• Which species of wildlife are tabanids feeding on that has resulted in the high 

frequency rate of T. noyesi detection? Whilst T. noyesi has been detected in 

various wildlife (Noyes et al., 1999, Paparini et al., 2011; Botero et al., 2013; 

Barbosa et al., 2017), the incidence of infection has been low (Northover et al., 

2019), resulting in a current knowledge gap concerning the identity of the 

reservoir host(s) for this species of trypanosome. 
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• Can the trypanosomes observed within the salivary glands and proboscis of 

tabanids transfer to a vertebrate host during the tabanids next feed? Data from 

this study suggests the presence of a salivarian route and/or a mechanical route 

(Krige et al., 2021c). However, transmission studies are required to determine 

tabanid vector competence for trypanosomes.  

• Are the developmental forms observed in the salivary glands and the flagellate 

observed in the proboscis of the same species? This answer will further help to 

resolve the hypothesis that different species of trypanosome may inhabit 

separate tissues of their vectors so as to avoid competition (Peacock et al., 2007).   

• Does mechanical transmission serve as an efficient mode of spread for Australian 

trypanosomes? The duration between meals of tabanids is a significant factor in 

the transmission of this obligate group of parasites. As with studies concerning 

the mechanically transmitted T. evansi, we can expect that indigenous 

trypanosomes will not survive for long within the mouthparts of tabanids 

(Mitzmain, 1914; Desquesnes et al., 2009). Furthermore, the mouthparts of 

tabanids can hold a volume of approximately 6.12-12.5 nL of blood after 

interrupted feeding. For transmission of T. evansi to be successful, parasitaemia 

in the host must be at least one trypanosome per 6 nL of blood (Knaus et al., 1993). 

Australian wildlife typically exhibit low parasitaemia (Mackerras, 1959; Weilgama, 

D.J., PhD thesis, University of Queensland, Australia, 1979; Northover et al., 2019), 

so the question lingers as to the reservoir host(s) for several species including T. 

noyesi.  

• What effect does the tabanid season and the fluctuations in population numbers 

exhibited between different seasons (Krige et al., 2021c), have on the 

maintenance of trypanosomes within the ecosystem? Comprehensive 
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epidemiological studies involving tabanids, trypanosomes, and their reservoir 

hosts, conducted across several years is required to evaluate the true extent of 

seasonal influence.  

 

4. Concluding remarks 

The findings from this research project substantially enhance our understanding of the 

life history, and the potential life cycle(s) therein, of Australian wildlife trypanosomes. By 

investigating ticks and tabanids, the two main suspects long assumed to have an 

involvement in trypanosome transmission, the findings generated herein provide a 

strong foundation for more specific and tailored research to be conducted on the biology 

of vector candidates, as well as the relationship between potential vector, trypanosomes, 

and reservoir hosts through transmission studies. These research directions will not only 

deepen our understanding of the life histories of Australian trypanosomes but further 

inform conservation management strategies for wildlife susceptible to trypanosome 

infections, like the critically endangered woylie. Moreover, knowledge of Australian 

trypanosome vectors is crucial for implementing appropriate biosecurity strategies, 

especially as the risk of a shared local vector(s) remains plausible. Hence, further 

investigations of ticks and tabanids are essential to reduce the risk of introducing 

potentially compatible parasites, such as T. cruzi or the mechanically spread T. evansi, to 

the continent. The result of this introduction would have a devastating impact on our 

ecosystem, the consequences of which would be difficult if not impossible to reverse. 

Finally, the detection of a Leptomonas sp. for the first time within tabanids provides a 

glimpse into the expected plethora of parasites tabanids likely harbour, making their 

exploration even more crucial in our attempts at resolving the outstanding questions 

concerning the many poorly understood diseases of Australian wildlife.   
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Identifying potential vectors of Australian wildlife trypanosomes 

 
Anna-Sheree Krige1, R.C. Andrew Thompson2, Peta L. Clode1,3 

 

1School of Biological Sciences, The University of Western Australia, Perth WA 6009 
Australia, 2School of Veterinary and Life Sciences, Murdoch University, Murdoch WA 

6150 Australia, 3Centre for Microscopy, Characterisation & Analysis, The University of 
Western Australia, Perth WA 6009 Australia 

 
Trypanosomes are a group of flagellate protozoan parasites found worldwide, which are 
capable of causing disease in humans, domesticated animals and wildlife, and are most 
often transmitted by haematophagous (blood-feeding) invertebrates. In overseas 
countries, well known insect vectors of mammalian trypanosomes include Triatomine 
bugs and tsetse flies however ticks, mites and leeches have also been implicated in vector 
studies.  
 
In Australian wildlife, multiple trypanosome species have been found infecting individual 
animals, often with detrimental health effects [1,2]. Moreover, several trypanosome 
species found in Australian wildlife appear to be closely related to the South American 
human pathogen Trypanosoma cruzi [3]. Surprisingly, despite their negative impact on 
vulnerable native wildlife and the biosecurity risk posed by the potential for 
establishment of exotic trypanosome species in Australian wildlife hosts [4], the vectors 
of Australian trypanosomes presently remain unknown.  
 
Identifying insect vectors that are capable of potentially transmitting trypanosomes to 
Australia’s wildlife, some of which are critically endangered, is an important first step in 
closing the current knowledge gap in regard to understanding the process by which 
Australian trypanosomes are transmitted by, and develop within, their insect vector.  This 
information is essential for assessing any risks towards Australia’s wildlife populations [4, 
5]. Ticks, flies and leeches will be opportunistically collected from Australian mammals 
and/or their physical environment. Salivary glands, hindgut and haemolymph of dissected 
specimens will be subsequently examined for the presence of trypanosomes using optical, 
scanning-electron (SEM), transmission-electron (TEM) and X-ray (microCT) microscopy 
approaches.   
 
Information gained from this preliminary research into potential vectors of Australian 
wildlife trypanosomes will be a crucial first step towards aiding future investigations 
concerned with assessing the transmission dynamics and life histories of Australia’s 
trypanosomes.   With the current lack of information available on the identity of potential 
vectors of Australian wildlife trypanosomes, the risk they pose to Australia’s vulnerab le 
wildlife is uncertain. Consequently, it is only through this preliminary investigation and 
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later understanding of the life histories of Australia’s trypanosomes that we may begin to 
develop more effective management plans for the control of trypanosome infections. 
 
[1] McInnes LM et al. (2011). The potential impact of native Australian trypanosome 

infections on the health of koalas (Phascolarctos cinereus). Parasitology 138, 873–
883.  

[2] Botero A et al. (2013). Trypanosomes genetic diversity, polyparasitism and the 
population decline of the critically endangered Australian marsupial, the brush tailed 
bettong or woylie (Bettongia penicillata). International Journal for Parasitology: 
Parasites and Wildlife 2, 77–89. 

[3] Botero A et al. (2016). Morphological and Phylogenetic Description of Trypanosoma 
noyesi sp. nov.: An Australian Wildlife Trypanosome within the T. cruzi Clade. Protist 
167, 425–439. 

[4] Thompson, C. K., & Thompson, R. C. A. (2015). Trypanosomes of Australian Mammals: 
Knowledge Gaps Regarding Transmission and Biosecurity. Trends in Parasitology 31, 
553–562.  

[5] Thompson RCA et al. (2010). Parasites, emerging disease and wildlife conservation. 
International Journal for Parasitology 40, 1163–1170.  
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Trypanosoma spp. and questing ticks: an unexplored field and novel approach to 
investigating Australian wildlife trypanosomes 

A-S Krige
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2
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2
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2
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1School of Biological Sciences, The University of Western Australia, Perth WA 6009 
Australia 

2School of Veterinary and Life Sciences, Murdoch University, Murdoch WA 6150 
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3Centre for Microscopy, Characterisation and Analysis, The University of Western 
Australia, Perth WA 6009 Australia 

Studies of Australian blood-borne parasites have identified numerous wildlife hosts and 
novel Trypanosoma species and genotypes. They have also revealed that many 
trypanosomes are more widely distributed than previously thought [1,2]. Consequently, 
several vector candidates have been suggested though none confirmed, with Australian 
ticks (Ixodidae) having received the most attention as likely candidates [3,4,5]. However, 
as all studies to date have screened blood-fed ticks collected directly from parasitaemic 
hosts, the question of whether ticks maintain a trypanosome infection between blood 
meals is unknown and requires further study. In this preliminary investigation, questing 
ticks were collected from areas of southwestern Australia known to harbour 
Trypanosoma infected marsupial hosts. Ticks were preserved and morphologically 
identified, before being molecularly screened for Trypanosoma spp. using qPCR. Where 
applicable, conventional PCR was used to amplify extracted Trypanosoma 18S rRNA (18S) 
genomic DNA, and Sanger sequencing used to determine identity. Findings from this 
preliminary study are important as we are yet to determine whether ticks from the field 
(off host) carry trypanosomes, a crucial step if we are to consider the possibility that they 
might act as vectors of trypanosomes in wildlife. Further investigation is necessary to 
determine the significance of ticks in the Australian trypanosome life cycle.  

1. Thompson CK et al. (2014). Trypanosomes of Australian mammals: A review. 
International Journal for Parasitology: Parasites and Wildlife 3, 57–66.  

2. Cooper C et al. (2018). Next generation sequencing reveals widespread trypanosome 
diversity and polyparasitism in marsupials from Western Australia. International 
Journal for Parasitology: Parasites and Wildlife 7, 58-67.  

3. Austen JM et al. (2011). Vector of Trypanosoma copemani identified as Ixodes sp. 
Parasitology 138, 866–872.  

4. Thompson CK & Thompson RCA (2015). Trypanosomes of Australian Mammals: 
Knowledge gaps regarding transmission and biosecurity. Trends in Parasitology 31, 
553 - 562.  

5. 5. Barbosa, AD et al (2017). Increased genetic diversity and prevalence of co- infection 
with Trypanosoma spp. in koalas (Phascolarctos cinereus) and their ticks identified 
using next-generation sequencing (NGS). PLoS One 12, 1–20.  
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Ticks and trypanosome transmission – ‘Do Aussie ticks have an alibi?’ 
 

Anna-Sheree Krige 
 

Supervisors/Co-authors: Peta Clode, Andrew Thompson, Adriana Botero, Sarah Keatley, 
Anke Seidlitz 

 
Trypanosomes are blood-borne parasites that infect the vast majority of vertebrate 
species found worldwide. With a digenetic (two host) life cycle, the key to this parasite’s 
successful transmission between vertebrates depends on haematophagous (blood-
feeding) invertebrates that function as vectors. In Australia, a growing number of 
indigenous trypanosomes have been found naturally infecting a wide variety of wildlife. 
Moreover, several Australian trypanosomes have been implicated in the deleterious 
health of native species, some of which are critically endangered.  
 
Ticks have persisted for several years as the prime suspect responsible for transmitting 
trypanosomes between Australia’s wildlife. Unfortunately, with a lack of conclusive 
evidence to support these proposals, the role of ticks including other invertebrates in 
Australia’s trypanosome life cycle has remained neglected. In this investigation, a novel 
approach to the question of whether ticks may have a role in trypanosome transmission 
was pursued using questing ticks collected from areas of southwestern Australia known 
to harbour Trypanosoma infected marsupial hosts. Utilising a combination of molecular 
and microscopy techniques, findings from this study suggest that ticks do not play a 
significant role, if any, in the transmission of Australia’s trypanosomes, therefore 
warranting further investigation concerning other invertebrates as potential vector 
suspects.  
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FISHing for Trypanosoma noyesi in Australian questing ticks: an integration of 
microscopy and molecular techniques 
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Trypanosomes are blood-borne parasites that are responsible for trypanosomiasis, a 
potentially fatal disease of humans and animals worldwide. With a digenetic life cycle, 
their transmission is typically dependent on haematophagous invertebrates that function 
as vectors [1]. A growing number of indigenous trypanosomes have been reported to 
naturally infect a variety of Australian wildlife [2]. Of particular importance is the species 
Trypanosoma noyesi, due to its close genetic proximity to the South American human 
pathogen Trypanosoma cruzi and consequent biosecurity threat [3]. Ticks have persisted 
for several years as the prime suspect responsible for transmitting Australian 
trypanosomes between wildlife. Unfortunately, with a lack of conclusive evidence to 
support these proposals, the role of ticks in Australia’s trypanosome life cycle has 
remained neglected [4]. A novel approach to the question of whether ticks might serve a 
role in trypanosome transmission was pursued using questing ticks collected from areas 
of southwestern Australia known to harbour Trypanosoma-infected marsupial hosts. In 
this study, a combination of fluorescence in situ hybridisation (FISH) and High-Resolution 
Melt (HRM) qPCR techniques were used to visualise and identify trypanosomes directly 
within tick tissues. With a focus on T. noyesi, the findings from this study have revealed 
that intact trypanosome cells are present within questing ticks, indicating that 
trypanosomes can persist within ticks between blood meals and that ticks are possible 
vectors in the transmission of T. noyesi between Australian wildlife. These results provide 
a new insight into the life history of T. noyesi and warrant further investigation concerning 
the association between ticks and trypanosomes.   
 
 

1. Hoare CA (1972). The Trypanosomes of Mammals: A Zoological Monograph. Blackwell 
Scientific Publishing, Oxford, England. 

2. Cooper C et al. (2018). Next generation sequencing reveals widespread 
trypanosome diversity and polyparasitism in marsupials from Western Australia. 
International Journal for Parasitology: Parasites and Wildlife 7, 58-67. 

3. Thompson CK & Thompson RCA (2015). Trypanosomes of Australian Mammals: 
Knowledge gaps regarding transmission and biosecurity. Trends in Parasitology 31, 
553-562.  

4. Krige A-S et al. (2019). ’Hang on a tick’ – Are ticks really the vectors for Australian 
trypanosomes. Trends in Parasitology 35, 596-606. 
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Appendix B 
 
 

LAB DOWN UNDER  

GROUNDBREAKING AUSSIE RESEARCH THAT DOESN'T MAKE MAINSTREAM HEADLINES  

TICKS: HARMFUL DISEASE VECTOR OR 

MISUNDERSTOOD ARACHNID? 
PUBLISHED ON APRIL 1, 2020APRIL 1, 2020 BY MIKLOS BOLZA  

While ticks are often blamed for the transmission of certain parasites into wildlife, 
Australian scientists have found that many studies rely on anecdotal evidence and that 
serious questions remain about whether ticks are actually the method by which specific 
disease- causing parasites are spread.  

Trypanosomes are a type of blood-borne single-celled parasite which spread from 
animal to animal typically by invertebrates which ingest these microorganisms and then 
transmit them by biting the new host. Under the right conditions, they can cause clinical 
manifestations that are defined as a particular disease.  

While ticks have also been suggested as a possible means by which trypanosomes 
can jump from one animal to another, a review1 by Anna-Sheree Krige of the School of 
Biological Sciences at the University of Western Australia suggests that there is little 
real evidence to back up this claim.  



 322 

In the research, Krige and her team examined what the current state of scientific 
knowledge was regarding trypanosomes and ticks. She talked to Lab Down Under 
about the gaps that existed and how learning more about these parasites could assist 
with conservation efforts and biosecurity in future.  

‘Researchers can at times be quick to jump the  

gun’  

While Australian trypanosomes have been researched for nearly six decades, very few 
studies have actually looked at which invertebrates are candidates as vectors — or the 
means for the transmission — of these parasites, Krige said.  

The review found that researchers often incorrectly suggested that ticks were 
responsible for the spread of trypanosomes without actually determining whether this 
was true or not.  

“Researchers can at times be quick to jump the gun when they have in front of them a 
piece of evidence that could potentially suggest an answer to a long overdue question, 
as in the case of ticks as vectors for trypanosomes,” Krige said.  

“Regrettably, it would seem that some scientists are quick to publish a conclusion that 
is based on limited evidence, and in some instances, are largely assumption-based. 
After all, assumptions are easy, however certainty is much more difficult to prove and 
requires a plethora of sound scientific evidence to back up any claim.”  

While ticks feed off blood and are known to be a “taxi service” for a range of 
microorganisms, Krige said she was surprised by the vast amounts of anecdotal 
evidence used by scientists in supporting the theory that ticks spread trypanosomes.  

“I found it most interesting how many people might interpret anecdotal evidence as 
fact. For many studies, the quick jump to a conclusion of vector candidate or in some 
instances, vector status, has been based on very limited evidence. I believe that this 
has unfortunately had a knock on effect by placating questions on the topic, and has 
consequently impeded any subsequent research in the area.”  
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Figure 1. The differences between trans-stadial and transovarial transmission routes in 
the tick life cycle © 2019. This manuscript version is made available under the CC-BY-
NC-ND 4.0 licence.  

Trypanosomes: A global citizen  

Trypanosomes themselves are single-celled parasites from the protazoan group. They 
typically live in the host’s bloodstream, including in humans, and are found all over the 
world.  

They are usually transmitted from one host to another through a biting insect or 
arthropod. The most well-known vectors are the kissing bugs of South America and the 
tsetse flies of Africa which can cause significant health and economic costs within 
those regions.  

Over the past decade, increasing numbers of reports have described the presence of 
trypanosomes in Australian wildlife from koalas in the Eastern states2 to bandicoots in 
the Northern Territory3 and quokkas and woylies in Western Australia4, Krige said.  

However because these studies were confined to purely examining trypanosomes 
within the host’s blood, there is a significant knowledge gap in truly understanding the 
diversity and lifecycle of these single-celled parasites within Australia.  
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In particular, a major question that needs to be answered is just which vector is 
responsible for the transmission of trypanosomes and the resultant decline in health of 
Australian wildlife such as the woylie (or brush-tailed bettong) which is now critically 
endangered, Krige said.  

Harmful or harmless or something in-between?  

While some trypanosomes are pathogenic, or harmful, others could be relatively 
benign to their native hosts, Krige said.  

“Whether a trypanosome infects a human or animal is dependent of several factors 
including the species of trypanosome, their degree of pathogenicity, the susceptibility 
of the host, and whether there is an opportunity for transmission (i.e. a capable vector) 
to facilitate their spread.”  

Whether a trypanosome was harmful or benign could change if the parasite was 
transmitted into a novel host, Krige noted.  

“If introduced into a novel or susceptible host, the same trypanosome species that is 
otherwise benign in its natural host, may in fact cause disease in a naïve host. Such an 
example occurred more than 100 years ago, just off the coast of Australia, with the 
introduction of the exotic Trypanosoma lewisi parasite to Christmas Island.”  

T. lewisi was introduced by black rats and fleas aboard cargo ships, Krige said, and 
severely impacted the native rats of Christmas Island including Rattus macleari, 
Maclear’s rat, which had never come into contact with this parasite before. Subsequent 
disease and the death of vasts populations of native rats led to the extinction of this 
species5.  

Incorrect conclusions and opportunistic research  

Small scale studies and opportunistic sampling meant ticks were often directly 
collected from the skin of wild animals infected with trypanosomes during surveys and 
trapping activities, the review found. As expected, the blood within ticks also contained 
these parasites.  

“However, because ticks acquire a variety of microorganisms harboured in the blood of 
their hosts during the act of blood-feeding, the presence of any trypanosome parasites 
within their engorged bodies is not novel, yet their ability to actually maintain an 
infection between this period of feeding and their next, as well as the capacity to 
transmit these parasites, are the areas of research that we really need to focus on, as 
to date they remain a mystery,” Krige said.  

A lack of real evidence connecting ticks and trypanosomes was caused by a variety of 
factors including the lack of a correlative, all-inclusive evidential approach and 
methodological hurdles such as the contamination of the tick’s blood meal.  

“Clearly, any future approach would need to have a focus not only on detection, but 
also on tissue localisation – so we have an idea of how trypanosomes might be spread, 
and life stage – important to deduce whether animal infective trypanosome life forms 
are present,” Krige told Lab Down Under.  

“Finding insect infective forms are important, but to have any potential success of 
infecting a subsequent host animal, these trypanosomes need to transform into the 
correct life stage within the vector so as to be infective to wildlife.”  
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Figure 2. Questing behaviour in relation to the tick life cycle © 2019. This manuscript 
version is made available under the CC-BY-NC-ND 4.0 licence.  

Conservation and biosecurity benefits  

The major knowledge gap was simply that the Australian scientific community did not 
know about the life-cycle of trypanosomes, in particular which invertebrate vectors 
were responsible for transmitting these parasites between wildlife hosts, Krige said.  

“Since any further understanding of Australia’s trypanosomes is centred on identifying 
their vectors, until we answer this question of ‘who’ is involved in spreading them, 
subsequent questions concerning their life cycle and mode of transmission between 
wildlife, as well as their maintenance within Australia’s ecosystem, remain 
unanswered.”  

By understanding the lifecycle of these parasites, conservation efforts could be 
adapted to assist with the preservation of critically endangered animals such as the 
woylie which are at risk of extinction due to their susceptibility to trypanosome 
infections which compromise their overall health.  

 

Furthermore, this knowledge could also prevent the future introduction of exotic 
species into Australia, avoiding another episode similar to Christmas Island and was 
crucial to disease management and biosecurity surveillance, Krige told Lab Down 
Under.  

Regarding ticks, Krige listed three areas that needed to be examined.  

“Firstly, to eliminate blood meal contamination, we need to determine whether the 
unfed tick can harbour trypanosomes. Secondly, if these ticks do maintain a 
trypanosome infection, we need to deduce whether the parasite undergoes a life cycle 
in the tick in preparation for infecting a new host. And finally, we need to investigate 
whether ticks are in fact capable of transmitting these trypanosomes during their next 
blood feed on a host.”  
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Featured image: Ixodes ricinus, a hard tick. Picture by Richard Bartz. Used under the 
CC BY-SA 2.5 licence.  
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Appendix C 
 

 

 

‘Swat and Pop’ project 

 
– collecting March flies… for a good cause! – 

 

Hi ______________ and volunteers at __________________, 

 

Thank you so much for agreeing to help with collecting march flies for my research project. 

 

In a nutshell, my research is focused on blood parasites that are found in many of our 

native wildlife. In particular, I’m looking at those parasites that appear to impact on the 

health of our more vulnerable species, like our critically endangered woylie. The current 

problem however, is that we have no idea how these species, like the woylie, become 

infected with these parasites. The theory is that a blood-sucking insect, like a march fly, 

may be responsible for transmission, but there is very limited research in this area. This 

is where I, with your help, hopefully come in! I want to collect march flies that are at the 

stage of blood feeding (so they’re out and about biting everyone and everything, and 

being a real nuisance!). To do this I’ve sent you a box containing the following: 

 

1. collection tubes that are filled with 70% ethanol (which help with preserving DNA) 

2. ziplock bag to place ethanol tubes containing march flies in 

3. a prepaid Australia post satchel for returning these tubes (with flies in them) to 

me, here in Perth 
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Instructions for collection: 

 

1. ‘Swat’ (i.e. catch) a biting march fly – these are the females that are out and about 

looking for their next blood meal! (use your hands, a book, a container or an actual 

fly swatter if you have one) - if possible, could you please try to prevent 

completely squishing the fly (don’t burst her), as I need 

intact body parts for my research. 

2. ‘Pop’ (i.e. place) the march fly into a tube filled with 

ethanol - to help protect the proboscis (feeding 

mouthpart) I usually place the fly head first into a tube like 

in this image      ----------------------------------------> 

3. Place the tube which now contains your march fly into the refrigerator (4°C). I’ve 

included a ziplock bag to make it easier for you to keep all the tubes containing 

march flies together – and so they don’t roll around in your fridge.  

4. Eventually, you’ll have a fridge full of tubes containing march flies (and hopefully 

no more empty ethanol tubes left). When you reach this stage, can you please 

place all these tubes containing march flies into the prepaid Australia Post satchel, 

and send it to the address that’s on the postage satchel. 

And that’s all folks! 

 

So what will happen to these marchies once they arrive at my lab? 

Well, first I’ll identify them and take some photos (which I can send to you if you’d like 

some fly memorabilia ☺). Then I will dissect the flies for some downstream processing 

like DNA analysis and microscopy. 

 

Hopefully I’ll find what I’m looking for and when I do, you’ll be one of the first to know! 

 

This is where I leave you all, my fantastic fly catchers! Please don’t hesitate to contact me 

if you have any questions or would like to know a bit more about what I’m doing. I hope 

that by finding the culprit (whether march fly or other insect) responsible for transmitting 
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blood parasites to our Aussie wildlife, we can be proactive in their management so as to 

assist in wildlife conservation efforts. 

Thanks again, 

 

Anna-Sheree Krige 

 

The University of Western Australia 

School of Biological Sciences 
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Hi ____________________, 

 

A quick update – I am in need of some ticks – another 

suspect in the case of ‘who’s transmitting blood parasites 

to Aussie wildlife?’ 

 

Here I would really appreciate your help with collecting 

some questing ticks – these are ticks that are not feeding on an animal. Instead, questing 

ticks are those that you find before they bite and latch on. You’ll find them usually on 

your cloths, on equipment or crawling on the ground. 

 

Collection instructions: 

 

1. Walking around, minding your own business you come across 

a tick – either on your cloths or you spot it crawling on the 

ground towards you! Collect this questing tick (use fingers, 

forceps) and place it in one of my ethanol tubes. 

2. Place this ethanol tube containing the tick in the refrigerator (just as I described 

with the flies) – you can place these tubes containing ticks in the same ziplock bag 

you’re using to put the fly tubes in. 

3. Like with the ‘swat and pop’ instructions, eventually you’ll have a fridge full of 

tubes containing march flies and ticks (and hopefully no more empty ethanol 

tubes left). When you reach this stage, can you please place all these tubes 

containing march flies and ticks into the prepaid Australia Post satchel, and send 

it to the address that’s on the postage satchel. 

 

I’ve quickly added this page on to the ‘swat and pop’ information you’ve just read, as I 

have recently discovered the parasite I’m looking for in some questing ticks I collected 

from the Upper Warren Region.  It would be really amazing for my project to have more 
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questing ticks from this Region and the Perup area to compare – will I find this parasite 

in Perup ticks also? You’ll be the first to know! 

 

Thanks again my fly catchers AND tick hunters! 

 

Anna-Sheree Krige 

The University of Western Australia 

School of Biological Sciences 
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